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Experiments with white sweet clover (.Welilotus alba) (1) and 
Hierochloe odorata (2) have shown that o-coumaric acid (o-hy- 
droxy-trans-cinnamic acid) when administered to these plants is 
rapidly converted to its B-glucoside. When coumarin is ad- 
ministered to sweet clover, it is rapidly converted to melilotic 
acid (o-hydroxyhydrocinnamic acid) and its @-glucoside (1). 
The metabolic fate of the two glucosides in sweet clover, how- 
ever, has not been investigated. 

Experiments to be described demonstrate that the 8-glucosides 
of melilotic and o-coumaric acids are metabolically active in 
white sweet clover. Evidence is also presented which indicates 
that the G-glucoside of o-coumaric acid is converted to coumarin, 
and that its cis isomer, the 6-glucoside of coumarinic acid, is an 
intermediate in the conversion. Other studies to be described 
indicate that white sweet clover contains a @-glucosidase which 
readily hydrolyzes the cis but not the trans isomer of the 6- 
glucoside of o-coumaric acid. The enzyme has been purified 
40-fold from an acetone powder of white sweet clover plants and 
some of its properties are described. The evidence to be pre- 
sented suggests a possible role for this enzyme in the biosynthesis 
of coumarin. 


EXPERIMENTAL PROCEDURE 


Materials and Methods 


To prepare the @-glucoside of o-hydroxyphenylacetic acid, 
o-hydroxyphenylacetic acid was esterified with methanol by the 
procedure of Levine et al. (3). The ester (m.p. 71-72°) was made 
to react with acetobromoglucose by the procedure of Robertson 
and Waters (4); the tetra-O-acetyl-G-p-glucopyranoside deriva- 


_ tive (m.p. 153-154°) was deacetylated by 0.1 m sodium methox- 


ide in absolute methanol (5), and the product, isolated as a 
syrup, was hydrolyzed with 0.2 m Ba(OH).e (5). Because the 
glucoside is difficult to crystallize as the free acid (6), it was iso- 
lated as its potassium salt. The salt, which decomposed slowly 
above 207°, gave a single spot on paper chromatograms when 
developed in two different solvent systems (n-propanol-concen- 
trated NH,OH (7:3) and n-butanol-acetic acid-H,O (4:1:5)). 
The compound was detected on chromatograms by ultraviolet 
light and by a treatment with emulsin and diazotized p-nitro- 
aniline described elsewhere (1). 


* This study was supported in part by a research grant (RG- 
5301) from the National Institutes of Health, United States 
Public Health Service. Preliminary reports of this work were 
presented at the ninth International Botanical Congress, Mon- 
treal, August, 1959, and at the Pacific Slope Biochemical Confer- 
ence, University of California, Davis, September, 1960. 
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anol with a catalyst of 5% platinum on charcoal. 


The §8-glucoside of o-coumariec acid (m.p., 245-246°) and the 
B-glucoside of salicylic acid (m.p., 134-135°) were synthesized 
according to Helferich and Lutzmann (5). The 8-glucoside of 
o-coumaric acid-2-C' was prepared as previously described (1). 
The 8-glucoside of melilotic acid (m.p., 172-173°) was prepared 
by hydrogenation of the 6-glucoside of o-coumaric acid in meth- 
In a similar 
manner, the 6-glucoside of melilotic acid-2-C™“ was prepared 
from the @-glucoside of o-coumaric acid-2-C%, 

The 8-glucoside of coumarinie acid (0-hydroxy-cis-cinnamic 
acid) was prepared from the 6-glucoside of o-coumaric acid-2-C™ 
(560 mg, specific activity, 680 mye per mmole) by irradiation 
with ultraviolet light (366 my) for 24 hours with the method of 
Lutzmann (7). The irradiated solution, which consists of a 
mixture of the two isomeric glucosides, was treated with 2 ml of 
0.5 mM lead acetate. The o-coumaryl glucoside precipitates as a 
water-insoluble lead salt but coumarinyl glucoside remains in 
solution. The white precipitate was removed by filtration and 
the filtrate acidified to pH 2.0. The acidified solution was 
passed through a column of Nuchar C-190 charcoal which ad- 
sorbed the coumariny] glucoside. The column was washed with 
1 liter of 0.005 m HCl until the washings were free of Pb**. 
Then the glucoside was eluted from the charcoal with water 
saturated with ethyl acetate. The elution of the glucoside was 
followed by absorbancy readings at 255 my in a Beckman model 
DU spectrophotometer. The eluates were combined (500 ml) 
and concentrated to 2 ml. Because the glucoside can be isolated 
only as a syrup (7), it was left in solution. The concentration of 
the glucoside was calculated from the amount of radioactivity 
per ml. The yield of coumariny! glucoside was calculated to be 
70 mg. 

Helicin, the 6-glucoside of salicylaldehyde (m.p., 174-175°), 
which was used in the synthesis of the 8-glucoside of o-coumaric 
acid, was prepared according to Robertson and Waters (8). 
Acetobromoglucose, which was used in the synthesis of the 
glucosides, was prepared according to Freudenberg et al. (9). 
B-p-Phenylglucoside, 6-p-gluconolactone, and o-hydroxypheny]l- 
acetic acid were purchased from K and K Laboratories, Jamaica, 
New York, and emulsin from Worthington Biochemical Corpora- 
tion, Freehold, New Jersey. Salicin, the @-glucoside of salicyl 


alcohol, was purchased from Nutritional Biochemicals Corpora- 


tion, Cleveland, and carboxymethyl! cellulose from Bio-Rad 
Laboratories, Richmond, California. 

The cultivation of white sweet clover plants and the techniques 
used in the feeding experiments and for the isolation of radio- 
active compounds from plant material have already been de- 
scribed (1). 


: 

i 
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TABLE I 


Purification of 8-glucosidase from white sweet clover 


Metabolism of Aromatic Compounds in Higher Plants. 


Specific Pro- | Total rs 
Stage of purification activity tein activity 

units/mg mg | units | % 
Extract of acetone powder........ 560 455 255,000 100 
Acetone fractionation............. 3,440 66 | 225,000 8&8 
Carboxymethyl cellulose.......... 22,600 162,000 64 


The seeds of the Cumino variety of white sweet clover were 
kindly supplied by Dr. B. P. Goplen of the Forage Crops Section, 
Canada Agriculture Research Laboratory, Saskatoon, Sas- 
katchewan, Canada. Seeds of Trifolium pratense L. (red clover) 
and \elilotus officinalis Lamarck (yellow sweet clover) were 
purchased from local sources, and WZ. alba Desr. (white sweet 
clover) from Griswold Seed Company, Lincoln, Nebraska. 

Assay for Glucosidase—The reaction mixture consisted of 25 
umoles of sodium acetate buffer, pH 5.25, an enzyme preparation 
which contained 6 ug of protein, 15 wmoles of the B-glucoside of 
melilotic acid, and H.O to make a final volume of 1.5 ml. The 
reaction mixtures were incubated in test tubes for 10 minutes at 
37° with shaking, after which the tubes were placed in boiling 
water to inactivate the enzyme. To follow the hydrolysis of the 
glucoside, diazotized p-nitroaniline (10) was used to determine 
the free aglycone content of aliquots withdrawn from heat- 
inactivated reaction mixtures. 

One unit of enzymatic activity is defined as that amount of 
enzyme which hydrolyzes 1 umole of the @-glucoside of melilotic 
acid in 10 minutes under the standard assay conditions. Unless 
otherwise stated, this glucoside, rather than the 8-glucoside of 
coumarinie acid, was used in all of these studies because of its 
ease of preparation. 

Protein Analysis—Protein was determined by the method of 
Lowry et al. (11). 


Purification of 8-Glucosidase 


Step 1—An acetone powder of sweet clover was prepared and 
stored in a desiccator at 4° until used. Phosphate buffer, 250 
ml., 0.025 m, pH 7, and 20 g of acetone powder were placed in an 
ice bath and stirred mechanically for 30 minutes. Then the 
suspension was filtered through 4 layers of cheese cloth and the 
filtrate centrifuged at 15,000 < g at 0° for 15 minutes. In certain 
experiments (Table V), the supernatant solution from this cen- 
trifugation was used as the source of enzyme. All steps in the 
purification procedure were carried out at 0°. 

Step 2—The supernatant solution (154 ml) from Step 1 was 
made 25°% (volume for volume) with respect to acetone previ- 
ously chilled in solid CQO:-isopropanol. During the addition of 
acetone, the enzyme solution was kept at 0° in a bath of rock salt 
and ice. As soon as the addition of acetone was complete, the 
suspension was centrifuged at 10,000 x g for 10 minutes. The 
precipitate was discarded and the supernatant solution made 40% 
with respect to acetone. The suspension was centrifuged at 
10,000 x g for 10 minutes, and the precipitate suspended in 30 
ml of 0.01 m acetate buffer, pH 5.25. The suspension was cen- 


trifuged at 15,000 x g for 15 minutes to remove insoluble 
material. 

Step 3—The supernatant solution (27 ml) from Step 2 was 
taken to 45°% of saturation by the addition of solid (NH4).S0O,. 


The suspension was centrifuged at 15,000 x g for 15 minutes, | 
The precipitate was discarded and the supernatant solution — 
The suspen- 


taken to 65% of saturation with solid (NH4)2S0O,. 
sion was centrifuged at 15,000 x g for 15 minutes. 
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Step 4—The precipitate from Step 3 was taken up in 10 ml of 


0.01 mM acetate buffer, pH 5.0, and dialyzed against 1 liter of the — 
The dialyzed solution was passed — 


same buffer for 4 hours. 
through a column (2 X 15 em) of carboxymethy! cellulose which 
had been equilibrated with 0.01 mM acetate buffer, pH 5.0. The 
column was washed with 200 ml of 0.01 M acetate buffer, pH 5.0, 
and the enzyme was eluted with 100 ml of 0.05 m acetate buffer, 
pH 6.0. 

Table I shows the results of a typical isolation. The procedure 
resulted in a 40-fold purification with an over-all yield of 64%, 
With the exception of the experiments shown in Table V, all the 
enzymatic studies were carried out with the preparation obtained 
by chromatography on carboxymethyl] cellulose as described in 
Table I or preparations of comparable specific activity. 


Comments on Purification Procedure 


Studies on stability of the enzyme suggest that it is most stable 
at about pH 7.0. Instep 2, however, it was found that additional 
purification (approximately 2-fold) could be obtained when the 
precipitate was taken up in acetate buffer, pH 5.25, rather than 
phosphate buffer at pH 7.0. Although the 6-glucosidase goes 
into solution readily in both buffers, less inert material is ex- 
tracted by the acetate buffer. 


RESULTS 


Metabolism of C'4-Labeled Glucosides in Vivo 


To compare the rates of metabolic turnover of the 8-glucosides 
of melilotic and o-coumaric acids with that of coumarin, cou- 
marin-3-C and C'-labeled melilotyl and o-coumary] glucosides 
were administered to shoots. Twenty-four hours after the 
labeled compounds were administered, the phenolic glycosides, 
coumarin, and aromatic acids were extracted from the plant 
material, and fractionated into water-soluble (glycosides) and 
ether-soluble (aromatic acids and coumarin) components (1). 
The radioactive metabolites in each fraction were isolated, 
identified, and the total activity in each determined. The re- 
sults (Table II) show that, in confirmation of our earlier findings 
(1), the turnover of the administered coumarin was rapid. This 
is shown by the small amount of radioactivity (0.5%) remaining 


TaBLeE II 
Metabolism of labeled compounds by white sweet clover 


| Activity in compound isolated 


Compound fed 
Gluco- |Aglycone Cou- 
side (free) marin 
% % % 
o-Coumaryl] glucoside-C!4 §.A.,° 78,000 
Melilotyl glucoside-C'42 §8.A., 78,000 
Coumarin-3-C!* 8.A., 142,000 muc/mmole..; 59° 12¢ 0.5 


2 C14 Jabel was in carbon 2 of the side chain of the aglycone. 
Specific activity. 

¢ Melilotyl glucoside. 

4 Melilotie acid. 
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in the coumarin isolated after 24 hours of metabolism and by the 
large amount of activity that was detected in melilotic acid (12%) 
and its B-glucoside (59%). 

In contrast to that of coumarin, the turnover of the admin- 
istered B-glucoside of o-coumaric acid was slow. This is in- 
dicated by the results (Table II), which show that, at the end of 
24 hours, this compound retained 59% of the activity adminis- 
tered as the 8-glucoside of o-coumarie acid-2-C'. However, 
there was some conversion of the glucoside to coumarin since 
the latter contained a small but significant amount of the ad- 
ministered radioactivity (0.6%). In addition, because no free 
o-coumaric acid could be isolated, there appeared to be no 
hydrolysis of the glucoside in the plant. 

The experiment with the 8-glucoside of melilotic acid-2-C' 
(Table II) demonstrates that the turnover of this glucoside was 
also relatively slow. The glucoside isolated after 24 hours of 
metabolism still contained 42% of the activity administered. 
However, in contrast to the 8-glucoside of o-coumaric acid, there 
was evidence that the 8-glucoside of melilotic acid undergoes 
hydrolysis in vivo since the free aglycone, melilotic acid, contained 
9% of the activity administered. Because no radioactivity 
could be detected in coumarin, there appeared to be no conversion 
of the glucoside to this compound. 


Enzymatic Studies 


Subsequently, attention was directed to an enzyme in white 
sweet clover which catalyzes the hydrolysis of certain of the 6- 
glucosides found in this plant. A 6-glucosidase which had been 
partially purified had the following properties: 

Substrate Specificity—The enzyme catalyzes the hydrolysis of 
the B-p-glucosides of a number of phenolic compounds. In 
Table III are expressed the relative rates of hydrolysis of these 
compounds catalyzed by the enzyme at a substrate concentration 
of 0.01 m. At this concentration the enzyme exhibits maximal 
activity towards the 8-glucoside of coumarinic acid (o-hydroxy- 
cis-cinnamic acid). Of interest is the fact that one of the prod- 
ucts of the hydrolysis of this compound is coumarin. The £-p- 


TaBLeE III 
Hydrolysis of phenolic B-glucosides by sweet clover B-glucosidase 
and emulsin 
The assays were performed as described under ‘‘Materials and 
Methods’’ except that the hydrolysis of the glucosides was fol- 
lowed by measuring the amount of glucose produced in the reac- 
tion mixture (12). Since some of the glucosides were unstable, a 
duplicate reaction mixture lacking only enzyme provided the cor- 
rection for nonenzymatic decomposition. 


Relative rate of hydrolysis 
Substrate 
Emulsin 
8-Glucosides of: 

o-Coumariec acid...................... 0.9 7.5 
o-Hydroxyphenylacetic acid............ 0.6 0.4 
| 61 
Salicylaldehyde....................... 54 100 
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TaBLe IV 
Michaelis constants for hydrolysis of phenolic B-glucosides 
Substrate | 
| 

8-Glucoside of coumarinie acid.............. 2.2 X 10-3 

8-Glucoside of melilotic acid................. | 4.3 X 107% 

8-Glucoside of salicyl aleohol................ | 414% 

Oo l1OF 
a 
x 
WW F 

a 

4 5 6 7 8 


PH 


Fic. 1. The pH optimum for white sweet clover 8-glucosidase 
with the 8-glucoside of melilotic acid as the substrate. The rate 
of hydrolysis is expressed in micromoles of melilotic acid formed 
in 10 minutes under standard conditions as described in ‘‘Materials 
and Methods.”’ 


glucoside of o-coumaric acid (o-hydroxy-trans-cinnamic acid), on 
the other hand is hydrolyzed only veryslowly by the 8-glucosidase. 
However, the enzyme readily hydrolyzes the 8-glucosides of 
salicylic acid, melilotic acid, and salicylaldehyde. The re- 
mainder of the glucosides examined were less rapidly hydrolyzed. 

The 6-glucosidase of sweet clover exhibits a specificity towards 
these substrates different from that of almond emulsin, especially 
with respect to the “coumarin” glucosides (the first three glu- 
cosides in Table IIT). The results with emulsin are in agreement 
with those of Helferich et al. (5, 6) who tested the activity of 
almond emulsin towards a number of phenolic glucosides. 

Substrate Concentration—The effect of the concentration on 
the velocity of the reaction was tested with several different 
substrates. From these data, the Michaelis constants (Table 
IV) were calculated for the substrates by the method of Line- 
weaver and Burk (13). 

No attempt was made to calculate the Michaelis constant for 
the 6-glucoside of o-coumarie acid since at concentrations above 
0.03 m, this substrate inhibited the activity of the B-glucosidase. 

pH Optimum—With the 8-glucoside of melilotic acid as sub- 
strate, the enzyme exhibits maximal activity at pH 5.25 in ace- 
tate buffer (Fig. 1). An almost identical curve with a maximum 
at pH 5.25 was obtained when salicin was the substrate. 

Inhibitors—A number of metal ions were tested for their effect 
on the rate of the enzymatic reaction. At a concentration of 


3 X 10-3 um, HgCl. and CuSO, inhibited the reaction 95% and 
38%, respectively. At the same concentration, NiCle, MnClo, 
ZnCle2, CoCls, and BaCl, all were without effect. 6-p-Gluconolac- 
tone at 10-? m inhibited the reaction 80%, and at 10-3 Mm, 29%. 
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TABLE V 
38-Glucosidase activity of coumartn-rich and 
coumarin-deficient clovers 
Extracts of acetone powders were prepared as described in 
‘Materials and Methods’? and used as sources of enzyme. In 
this experiment a unit of glucosidase activity was defined as that 
amount of enzyme which hydrolyzes 1 wmole of the 6-glucoside 
of coumarinic acid in 10 minutes under standard assay conditions. 


8-Gluco- | Relative activity” 
Plant tested sidase | 
activity | cis? | trans | M.A.4 

| 


units/g | | 

fresh wt | 

Melilotus alba (bound and free cou- | | | 

M. alba var. Cumino (coumarin-de- 

M. officinalis (bound and free cou- | | | 
| 2042 | 100; 1.1; & 
Trifolium pratense (non-coumarin) 5 | 76; 100 | 74 


¢ A value of 100 was assigned to the substrate most rapidly hy- 
drolyzed. 

> 8-Glucoside of coumarinic acid. 

¢ 8-Glucoside of o-coumarice acid. 

4 8-Glucoside of melilotice acid. 


A stimulation by univalent cations which was reported for 
emulsin (12) could not be demonstrated conclusively for the 
sweet clover enzyme. 

Stability—In solution at pH 7.0 the enzyme was stable to 
heating for 5 minutes at 50° both at its lowest and highest stages 
of purification. However, at pH 4.5, a similar treatment re- 
sulted in 70% loss of activity. The enzyme appeared to be most 
stable at pH 7.0, although it can be stored temporarily at 0° in 
acidic buffer (pH 5.25) without appreciable loss of activity (see 
“Comments on Purification’’). 

The enzyme in its most purified form can be stored in dilute 
solution (0.3 mg/ml) at pH 7.0 and —10° for 6 months with less 
than 10% loss of activity. 

Distribution—Other plants were examined for glucosidase 
activity towards the three “‘coumarin” glucosides. It was of 
particular interest to examine coumarin-rich and coumarin-de- 
ficient (Cumino) varieties of .\/. alba (14-17). In Table V, the 
B-glucosidase activity is expressed in terms of the rate of hy- 
drolysis of the 8-glucoside of coumarinic acid. The data show 
that of the plants examined, -/. officinalis (yellow sweet clover) 
contained the highest glucosidase activity per g of fresh weight. 
The two strains of M. alba which were examined contained 
relatively high amounts of glucosidase activity. Moreover, 
when the relative rates of hydrolysis of the three “coumarin” 
glucosides were compared, the glucosidase of all three sweet 
clovers tested showed similar specificity. Trifolium pratense 
(red clover) which produces no coumarin, was low in glucosidase 
activity. Enzyme extracts from this plant, however, hydrolyzed 
the three glucosides at comparable rates. In this respect, the 
glucosidase of this species resembles emulsin. 


DISCUSSION 


The observation that the 8-glucoside of o-coumaric acid can 
serve as a precursor of coumarin (Table II) is in agreement with 
the observation of Brown et al. (2) that this compound is an ef- 


fective precursor of coumarin in Hierochloe odorata. Since the 
G-glucoside of coumarinic acid has been shown to occur in sweet 
clover (18), attempts were made to isolate this compound from 
shoots after administration of the B-glucoside of o-coumarie acid- 
C4. However, as only a trace amount of the glucoside was 
isolated, accurate determination of the radioactivity in the com- 
pound was not possible. Nevertheless, the occurrence of the @- 
glucoside of coumarinic acid in sweet clover suggests that this 
compound may be an intermediate in the conversion of the @- 
glucoside of o-coumaric acid to coumarin. This is in keeping 
with the findings of Goplen et al. (15), Gorz and Haskins (16), 
and Schaeffer et al. (17) which indicate that bound coumarin is a 
precursor of free coumarin and with the recent demonstration 
that bound coumarin is identical with the @-glucoside of cou- 
marinic acid (18). 

Like emulsin (13, 19) the sweet clover 8-glucosidase exhibits 
maximum activity at pH 5.25, and is inhibited by 6-p-gluconolac- 
tone, Hg*+*, and Cu**. However, its substrate specificity sets 
it apart from emulsin. Since the 8-glucosidase of sweet clover, 
in contrast to emulsin, hydrolyzes the 8-glucoside of coumarinie 
acid in preference to its trans isomer, it is tempting to assign to 
this enzyme a specific role in the biosynthesis of coumarin. The 


evidence from the C™ feeding experiments suggests that, in the | 


plant, the 6-glucoside of o-coumaric acid undergoes isomerization — 


to its cts isomer, the @-glucoside of coumarinie acid. The 
glucosidase could then hydrolyze the latter compound to set free 
eoumarinic acid which would lactonize spontaneously and form 
coumarin under the acidie conditions normally encountered in 
the plant (Fig. 2). 

An analogous reaction has been reported by Stoll et al. (20) 
who have shown that psoralen (furo-2’,3’,7,6-coumarin) and 
the 8-p-glucoside of the corresponding furocoumarinic acid oecur 
in seeds of Coronilla glauca. They have demonstrated that 
emulsin and a @-glucosidase which occurs in the seed readily 
hydrolyze the glucoside. The aglycone set free by enzymatic 
hydrolysis spontaneously lactonizes to form psoralen. 

Recently, Schaeffer et al. (17) have demonstrated that the 
formation of the 8-glucosidase in sweet clover is genetically con- 
trolled. They have found that plants dominant for a specific 
gene (gene 6) have high @-glucosidase activity towards bound 
coumarin (presumably as the 6-glucoside of coumarinic acid) 
whereas those plants homozygous recessive for this gene possess 
none of this activity. These findings indicate that the sweet 
clover plants used in the present studies are dominant for this 
gene since all of them had relatively high @-glucosidase activity 


H COOH H H 
O-GLUCOSE O-GLUCOSE 
B-glucoside of o-coumoric acid B-glucoside of coumarinic acid 
H H 
Cc-0 c=0 
OH HO 
coumarin coumarinic acid 


Fic. 2. Reaction sequence proposed for the conversion of the 
8-glucoside of o-coumaric acid to coumarin. 
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(Table V). It is of interest, however, that plants of the Cumino 
variety, although high in 8-glucosidase activity, were deficient in 
coumarin and the “coumarin” glucosides (18). These results 
are explained by the observations of Goplen et al. (15) and Gorz 
and Haskins (16) who found that, in addition to gene 6, a second 
gene, cu, is involved in the formation of coumarin in the sweet 
clover plant. For the formation of coumarin in any form (bound 
or free), plants must be dominant for the latter genes. The 
allelic pair, B/b, act only when plants are dominant for cu and 
determine that only bound coumarin or both bound and free 
coumarin occur in the plant. Such observations suggest that 
plants deficient in coumarin and the “coumarin” glucosides 
could contain high glucosidase activity. This is given support 
by the findings of Schaeffer et al. (17) which show that sweet 
clover plants of the genotype cu cu BB (homozygous recessive 
for cu but homozygous dominant for gene 6) are devoid of both 
bound and free coumarin but contain high @-glucosidase activity. 
The results (Table V) indicate that sweet clover plants of the 
Cumino variety used in the present studies were of a similar 
genotype. 


SUMMARY 


Experiments with C-labeled compounds show that the 
glucosides of o-coumaric and melilotic acids are metabolically 
active in shoots of white sweet clover, .Welilotus alba. The B- 
glucoside of o-coumaric acid can serve as a precursor of coumarin. 
This conversion appears to involve isomerization of this glu- 
coside to its cis isomer, the 8-glucoside of coumarinic acid. 

A glucosidase has been isolated and partially purified from this 
plant. The enzyme readily hydrolyzes the {-glucosides of 
coumarinie and melilotic acids but only slowly attacks the 6- 
glucoside of o-coumarie acid. The substrate specificity of this 
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enzyme sets it apart from emulsin, and suggests a possible role 
for the enzyme in the biosynthesis of coumarin in sweet clover. 
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An increasing number of investigators (2-5) have postulated 
the occurrence of an exchange reaction catalyzed by trans- 
aldolase between glyceraldehyde 3-phosphate and fructose 6- 
phosphate to explain the unequal labeling of the 6 carbons of 
hexoses which is observed in tracer experiments. Transaldolase 
accepts the dihydroxyacetone moiety from sedoheptulose 7-phos- 
phate or fructose 6-phosphate to form a dihydroxyacetone-en- 
zyme intermediate (6). In the presence of an acceptor aldehyde 
such as glyceraldehyde 3-phosphate or erythrose 4-phosphate the 
dihydroxyacetone moiety is transferred to form the corresponding 
keto sugar-phosphate as follows: 


Fructose-6-P + enzyme = 


(1) 


dihydroxyacetone-enzyme + glyceraldehyde-3-P 
Dihydroxyacetone-enzyme + erythrose-4-P = 
sedoheptulose-7-P + enzyme (2) 


Horecker and Smyrniotis (7) have investigated the transaldolase- 
catalyzed formation of fructose-6-P from sedoheptulose-7-P and 
uniformly labeled glyceraldehyde-3-P and have shown that 
fructose-6-P is formed with C™ exclusively in carbons 4, 5, and 6. 
The proposed exchange reaction is illustrated in Fig. 1 and the 
present results show that the exchange does occur. The re- 
action is of particular interest because it provides a method of 
preparation of C-4 or C-5 labeled hexoses. 


EXPERIMENTAL PROCEDURE 


Enzyme Preparations—Transaldolase purified from 
bakers’ yeast as described previously (8). The specific activity 
of such preparations was about 3.4 (umoles of fructose-6-P 
formed per min per mg of protein). Glycerokinase was prepared 
according to Bublitz and Kennedy (9); ribulose-di-P carboxylase 
according to Racker (10); prostate phosphatase according to 
Schmidt et al. (11); glucose-6-P isomerase was kindly given to us 
by Dr. H. Sable who prepared it from rabbit muscles according 
to an unpublished procedure by Dr. A. A. Green; P-glycerate 
kinase, glyceraldehyde-3-P dehydrogenase, a-glycero-P dehy- 
drogenase, and triose-P isomerase were purchased from Boeh- 
ringer and Soehne, Germany. 

Radioactive Precursors—Glycerol-2-C™ was purchased from 


* This investigation has been supported by a grant from the 
Atomic Energy Commission under Contract No. AT-(30-1)-1320 
and Grant No. C-3463 from the United States Public Health Serv- 


ice. The C was obtained on allocation from the Atomic Energy 
Commission. A preliminary report of this work was presented 
(1). 


the Research Specialties Company, and contained 1.0 ye per 
umole. 3-P-glycerate-1-C" was prepared as follows. In a4 
final volume of 4 ml, 200 umoles of Tris buffer, pH 7.8, 40 umoles 
of MgCl:, 20 uwmoles of glutathione, 17 uwmoles of NasCO; (12.2 
ue per umole), 16 wmoles of ribulose-1,5-di-P, and 7 units of 
ribulose-di-P carboxylase were incubated for 2 hours at 37°, 
The mixture was then placed in a hood and deproteinized with 
0.44 ml of 50° trichloroacetic acid. CO2 was bubbled through 
the solution to remove residual COs. 


then with 100% ethanol, washed finally with ether, and dried 
in a vacuum (specific radioactivity 4.9 we per umole). 
Reactions Involved in Experiments—Two experiments were 
conducted. In the first experiment glyceraldehyde-3-P-1-C¥ 
was generated enzymically from 3-P-glycerate-1-C™ and then 
incorporated into glucose-6-P by the following series of reactions: 


3-P-glycerate-1-C'* + ATP 


P-glycerate kinase 


1,3-di-P-glycerate-1-C' + ADP 
1 ,3-Di-P-glycerate-1-C' + DPNH + Ht 
glyceraldehyde-3-P dehydrogenase 


glyceraldehyde-3-P-1-C!* + DPN?* + P; 
Glyceraldehyde-3-P-1-C™ + fructose-6-P 


transaldolase 


fructose-6-P-4-C™ + glyceraldehyde-3-P 


Fructose-6-P-4-C' glucose-6-P isomerase glucose-6-P-4-C# 


In the second experiment glyceraldehyde-3-P-2-C" was 


H.COH H,COH 
C~0 

HOCH 

+ HC%=0 + HC=0 
HOOH HCOH 


Fic. 1. Formation of fructose-6-P-4-C™ by a transaldolase ex- 
change reaction with glyceraldehyde-3-P-1-C". 
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generated enzymically from glycerol-2-C™ and then incorporated 
into glucose-6-P by the following series of reactions: 


Glycerol-2-C' + ATP 


glycerokinase 


glycerol-3-P-2-C!4 + ADP 
Glycerol-3-P-2-C!# + DPN* 


a-glycero-P-dehydrogenase 


+ DPNH + Ht 
Dihydroxyacetone-P-2-C™ 


triose-P isomerase 


x 


glyceraldehyde-3-P-2-C™ 
Fructose-6-P + glvceraldehyde-3-P-2-C"™ 


transaldolase 


fructose-6-P-5-C' + glyceraldehyde-3-d 


Glucose-6-P fructose-6-P 


glucose-6-P isomerase 


Isolation and Degradation of Hexoses—After the incubation of 
the mixtures (cf. Table 1) was completed, 0.11 ml of 10 Nn KOH 
was added per ml and the mixture was held at room temperature 
for 10 minutes. This treatment removes the triose-P without 
affecting the glucose-6-P. After neutralization with 6 N HCl and 
dilution to a final volume of 20 ml the mixture was placed on a 
Dowex 1-formate column and was eluted by a gradient mixture 
of H,O and 0.5 M ammonium formate, 0.1 N formic acid buffer. 
The eluate was analyzed for radioactivity and hexose-6-P. The 
hexose-6-P came off in a sharp peak and was isolated from this 
peak as the barium salt. Of the hexosephosphate, 80% was 
glucose-6-P and 20% was fructose-6-P. No P-glycerate, glycer- 
aldehyde-3-P, or glycerol-3-P was found in the hexosephosphate 
fraction as measured by sensitive enzymic tests. 

Carrier fructose-6-P was added to the hexose phosphate-C™ 
and the hexose monophosphates were equilibrated by addition of 
glucose-6-P isomerase. The mixture was then treated with 
prostate phosphatase. After the salts had been removed by 
passing the mixture through columns of Dowex 50 and Duolite 
A-4, the sugars were chromatographed on a cellulose column 
(3, 12). The fractions containing the glucose were combined, 
the glucose was determined, carrier glucose was added, and the 
glucose was crystallized from ethanol (12). The glucose was 
degraded by fermentation with Leuconostoc mesenteroides (13). 
Glucobenzimidazole was prepared from the glucose of the first 
experiment and it was degraded with periodate to obtain C-1 and 
C-2 as the benzimidazole carboxylic acid (14). The phenyl- 
osazone was prepared from the glucose of the second experiment 
and it was oxidized with periodate to obtain carbon 1, 2, and 3 as 
the bisphenylhydrazone of mesoxaldehyde (15). The C™ was 
determined as described previously (3). 


RESULTS 


The results of the degradation of the glucose are shown in 
Table I. In Experiment 1 glyceraldehyde-3-P-1-C" 
(produced from 3-P-glycerate-1-C) was incubated with fructose- 
6-P in the presence of transaldolase, practically all of the C' was 


L. Ljungdahl, H. G. Wood, E. Racker, and D. Couri 
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TABLE 


Incorporation of C™ in fructose-6-P by transaldolase-catalyzed 
exchange of glyceraldehyde-3-P-1-C'4 (Experiment 1) and 
glyceraldehyde-3-P-2-C'' (Experiment 2) 

Experiment 1—The following reagents were incubated in a 
volume of 2.29 ml at 37° for 1 hour: Tris buffer, pH 7.5, 100 umoles; 
ATP, 20 umoles; 3-P-glycerate-1-C', 2.3 umoles (4.9 ue per umole); 
fructose-6-P, 28 umoles; DPNH, 3 umoles; glyceraldehyde-3-P 
dehydrogenase, 800 ug; P-glycerate kinase, 100 ug; and transal- 
dolase, 1.4 mg (the transaldolase contained some glucose-6-P 
isomerase). 

Experiment 2—The following reagents at pH 7.8 were incubated 
in a volume of 5 ml at 37° for 2 hrs: glycerol-2-C™, 45 uwmoles (1 
ue per umole); ATP, 60 umoles; MgCl., 60 umoles; glycerokinase, 
2 mg (100 units); DPN, 20 umoles; a-glycero-P dehydrogenase and 
triose-P isomerase, 1 mg; glucose-6-P, 150 uwmoles; and trans- 
aldolase, 10 units (containing glucose-6-P isomerase). 

The fructose-6-P was converted to glucose by treatment with 
glucose-6-P isomerase and phosphatase. See ‘Experimental 
Procedure”’ for methods of isolation of glucose and its degradation. 


Experiment 1; gly-| Experiment 2; gly- 
Compound ceraldehyde-3-P- 
c.p.m./mpmole® c.p.m./mpmole* 
Glucose from cellulose column?... . 131.5 85.6 
Crystallized glucose.............. 128.1 83.8 
Glucobenzimidazole.............. 122.5 
83.4 
Carbon of glucose by bacterial — 
degradation 
Average of C-1, C-2¢.............. 0.42 
Average of C-1, C-2, C-34......... 0.26 


= 1.8 X 10% e.p.m. 

®’ Fructose from the columns contained 93.8 ¢.p.m. per mumole 
in Experiments 1 and 67.8 in Experiment 2. Either the glucose- 
6-P isomerase equilibrium was not complete after the addition of 
carrier fructose-6-P or the fructose-6-P used as carrier yielded 
some free fructose (e.g. by phosphatase action) which would not 
equilibrate in the glucose-6-P isomerase reaction. 

¢C.p.m. per mumole of benzimidazole carboxylic acid divided 
by 2, see ‘‘Experimental Procedure.’’ 

4C.p.m. per mymole of bisphenylhydrazone of mesoxaldehyde 
divided by 3, see ‘‘Experimental Procedure.’’ 


in C-4 of the hexose. The only position other than C-4 which 
was found to contain a significant amount of C™“ was C-1. C-1 
and C-2 also were obtained by preparation of benzimidazole 
carboxvlic acid from the sugar. It was found that the average 
specific activity of the 2 carbons was 0.42 ¢c.p.m. per mumole as 
compared to 3.73 and 0.02, respectively, for C-1 and C-2 by the 
bacterial degradation. It therefore seems likely that the bac- 
terial degradation was not completely specific and that a small 
amount of C-4 was converted to CO: by the bacteria and collected 
with C-1. With the use of the benzimidazole carboxylic acid 
value for C-1 and C-2 it is calculated that 99% of the C™ was in 
C-4 ((114/114.98) x 100). The fact that C-4 had a slightly 
lower specific activity than the isolated glucose molecule is prob- 
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ably due in large part to dilution by the endogenous metabolism 
of the bacteria. 

In Experiment 2 when glyceraldehyde-3-P-2-C™ was produced 
from glycerol-2-C™ and reacted with fructose-6-P (which was 
produced from glucose-6-P by glucose-6-P isomerase) almost all 
the C™ was in C-5 of the hexose. A slight activity was found in 
C-2 and C-3 by the bacterial degradation. The bisphenyl- 
hydrazone of mesoxaldehyde was prepared to obtain carbcns 1, 
2, and 3 and the average specific activity was 0.26. With the 
use of this value for these carbons 99°; of the C™ was in C-5 
((80.0/80.92) * 100). 

Since the major purpose of these experiments was to obtain 
pure hexose for the degradation, only a narrow portion of the 
hexose peaks was taken from the columns. For this reason a 
determination of the percentage of conversion to hexose was not 
feasible. An approximate estimation is possible, however, from 
the recovery of radioactivity in the hexosemonophosphate frac- 
tion. In Experiment 1, about 74°; of the fructose-6-P present 
at the end of the experiment was recovered in a rather sharp peak 
from the Dowex 1 column. The fraction contained about 70% 
of the total radioactivity present in the mixture, thus indicating 
complete equilibration in the*exchange reaction. A_ similar 
evaluation of Experiment 2 indicated about 26% equilibration. 


DISCUSSION 


The results given in Table I clearly show that transaldolase 
catalyzes an exchange between glyceraldehyde-3-P and fructose- 
6-P. The reaction not only is of interest asa possible explanation 
of C™ patterns of hexoses formed in tracer experiments; it also 
provides a method for preparation of glucose-4-C™ and glucose- 
5-C™ both of which are difficult to synthesize by other means. 

In the past, the unequal labeling of hexoses in tracer studies 
has been accounted for by assuming that the triose-P isomerase 
reaction was slow! and consequently the C'™ was not equilibrated 
between the glyceraldehyde-3-P and the dihydroxyacetone-P. 
The aldolase reaction thus gives rise to an unequal distribution of 
C™ in the hexose. This explanation was used by Schambye et 
al. (16) who observed that C-3 of the glucose unit of liver glycogen 
contained 1.4 to 2.4 more C™ than C-4 when glycerol-1-C™ was 
fedtorats. A far greater difference wasobserved in the galactose 
of milk lactose when acetate-1-C™ was injected into the pudic 
artery of acow. In this case C-4 contained up to 13 times more 
C™ than C-3 (17). Since the C™ of acetate would enter at 
glyceraldehyde-3-P in the triose-P isomerase reaction the higher 
labeling of C-4 was in accord with a slow isomerase reaction. 
However, when glycerol-1 ,3-C™ was used in place of acetate- 
1-C™, the C-4 of the galactose again contained much more C™ 
than the C-3 (17). In this case, if the triose-P isomerase reaction 
were slow, one would have expected C-3 to have a higher labeling 
than C-4 justasin the glycogen of rats given glycerol-1-C™ (16). 
Further investigation of lactose synthesis indicated that unequal 
labeling of galactose might occur because of a transaldolase 
exchange reaction, Fig. 1 (18). Although the present results 
show that such labeling of hexose phosphate can occur by trans- 
aldolase exchange they provide no direct proof of the occurrence 
of the exchange in vivo. In accord with such an exchange is the 


1 The reaction is not necessarily slow compared to other gly- 
colytic reactions, but is not sufficiently rapid to allow an equal 
distribution of C'* in the triose phosphates. 
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observation that extracts obtained from acetone powder of 
cow’s udder contained considerable transaldolase activity (0.24 
units per mg of protein) and numerous investigators have re- 
ported that a substantial part of the metabolism of glucose is via 
the pentose phosphate cycle in the mammary gland, cf. review by 
Glock and McLean (19). 

It is to be noted that even though unequal labeling may arise 
in the mammary gland because of transaldolase exchange it is 
quite likely thata slow triose-P isomerase reaction may cause the 
unequal labeling observed in the liver (16). Rieder and Rose 
(20) have observed that the triose-P isomerase reaction is about 


50°, slower if the hydrogen of dihydroxyacetone-P, which is 


cleaved in the triose-P isomerization, is replaced by deuterium. 
Thus if unequal labeling were due to the triose-P isomerase reac- 
tion, the C™ distribution would be more unequal with glycerol-1- 
D-3-C™ than with glycerol-3-C4%. Rose et al. (21) have found in 
experiments in vivo with rats that this is the case. They have 
concluded that the triose-P isomerase reaction is not sufficiently 
rapid to equilibrate the C™ of the two trioses. It is to be hoped 
that some similar type of evidence can be obtained in vivo relative 
to transaldolase exchange and unequal labeling of hexoses. 


SUMMARY 


Transaldolase catalyzes an exchange between glyceraldehyde 
3-phosphate and fructose 6-phosphate. With glyceraldehyde- 
3-phosphate-1-C™ which was produced enzymically from 3- 
phosphoglycerate-1-C™, the label was exclusively incorporated 
into carbon 4 of the hexose. With glyceraldehyde 3-phosphate- 
2-C™ which was produced enzymically from glycerol-2-C™ the 
label was in carbon 5 of the hexose. This exchange is considered 
in relation to the occurrence of unequal labeling of the six car- 
bons of hexose observed in tracer studies. The reaction provides 
a method of preparation of glucose-4-C' or glucose-5-C™, 


REFERENCES 


1. Woop, H. G., LiuunapaH., L., Court, D., anp Racker, E., 
Federation Proc., 18, 354 (1959). 

2. SRINIVASAN, P. R., SuHicgeura, H. T., SpRECHER, M., SPRIN- 
son, D. B., ann Davis, B. D., J. Biol. Chem., 220, 477 (1956). 

3. Woop, H. G., Jorre, S., GILLesPIE, R., HANSEN, R. G., AND 
HARDENBROOK, H., J. Biol. Chem., 233, 1264 (1958). 

4. Nose, E. P., STJERNHOLM, R. L., AND WEISBERGER, A. 8., 
J. Biol. Chem. 236, 1261 (1960). 

5. CAHILL, G. F., Jr., LEBorur, B., AND RENOLD, A. E., J. Biol. 
Chem., 234, 2540 (1959). 

6. VENKATARAMAN, R., Darra, A. G., AND Racker, E., Federa- 
tion Proc., 19, 82 (1960). 

7. Horecker, B. L., aNpD Smyrniotis, P. Z., J. Am. Chem. Soe. 


76, 2021 (1953). 
8. Court, D., aNp Racker, E., Arch. Biochem. and Biophys., 88, 
195 (1959). 
9. BuBuitz, C., E. P., J. Biol. Chem., 211, 951 
(1954). 


10. Racker, E., Arch. Biochem. Biophys., 69, 300 (1957). 

11. Scumipt, G., CuBILes, R., ZOLLNER, N., Hecut, L., STRICK- 
LER, N., SERAIDARIAN, K., SERAIDARIAN, M., AND THANN- 
HAUSER, 8S. J., J. Biol. Chem., 192, 715 (1951). 

12. ScHaMBYE, P., Woop, H. G., anp KuerBer, M., J. Biol. Chem., 
226, 1011 (1957). 

13. BERNSTEIN, I. A., AND Woop, H. G., in 8. P. CoLowIcK AND 
N. O. Kapuan (Editors), Methods in enzymology, Vol. IV, 
Academic Press, Inc., New York, 1957, p. 561. 


| 
| 


June 1961 


14. BERNSTEIN, I. A., Lentz, K., Mato, M., ScHAMBYE, P., 


15. CHARGAFF, E., anD MAGASANIK, B., J. Am. Chem. Soc., 69, 1459 


16 


Woon, H. G., J. Biol. Chem., 216, 137 (1955). 


(1947). 

. SCHAMBYE, P., Woop, H. G., anv Popsak, G., J. Biol. Chem., 
206, 875 (1954). 

. Woop, H. G., Stu, P., anp ScHaMBYE, P., Arch. Biochem. and 
Biophys., 69, 390 (1957). 


L. Ljungdahl, H. G. Wood, E. Racker, and D. Couri 1625 


18. Woop, H. G., R.., Jorre, S., HANSEN, R. G., anp 
HaRDENBROOK, H., J. Biol. Chem., 283, 1271 (1958). 

19. Gtock, G. E., anp McLean, P., Proc. Royal Soc. (London), 
Ser. B. 149, 354 (1958). 

20. Rreper, S. V., anp Ross, I. A., J. Biol. Chem., 234, 1007 
(1959). 

21. Ross, I. A., KELLERMEYER, R.., STJERNHOLM, R., AND Woop, 
H. G., Federation Proc., 20, 226 (1961). 


of 
24 
re- 
by } 
rise | 
it is 
the 
tose 
out 
his 
um. 
eae- 
d in 
lave 
ntly 
yped 
tive 
ivde 
vde- 
ated 
ate- 
the 
ered 
car- 
‘ides 
RIN- 
56). 
AND 
Biol. 
lera- 
Soc. | 
b 
83, 
, 951 
RICK- 
ANN- 
hem., 
AND | 
IV, | 


THE JOURNAL OF BIOLOGICAL CHEMISTRY 
Vol. 236, No. 6, June 1961 
Printed in U.S.A. 


Biological Chlorination 


VI. CHLOROPEROXIDASE: A COMPONENT OF THE 6-KETOADIPATE CHLORINASE SYSTEM* 


Paut D. SHawt anp P. Hacert 


From the James B. Conant Laboratory, Department of Chemistry, Harvard University, Cambridge 38, Massachusetts 


(Received for publication, November 17, 1960) 


Previous reports from this laboratory have described the isola- 
tion of a soluble enzyme system from the mold, Caldariomyces 
fumago, capable of effecting the oxygen-dependent conversion of 
inorganic chloride and @6-ketoadipic acid into 6-chlorolevulinic 
acid and carbon dioxide (1, 2). The stoichiometry of this crude 
B-ketoadipate chlorinase system was investigated and found to 
conform to the following equation (1). 


| 
+ Cl- + 302 + 2H* 
(1) 
CO, ~QOCCH:CH2CCH2Cl + 


The crude extract could be separated into two fractions, a 
heat-stable gel supernatant fraction and a heat-labile gel eluate 
fraction, by treatment with calcium phosphate gel. Both the 
gel supernatant and gel eluate fractions were required for the 
chlorination reaction. The heat-stable fraction has been shown 
to contain a polysaccharide which is hydrolyzed to glucose in 
the presence of an amylolytic enzyme in the gel eluate fraction. 
The heat-labile gel eluate fraction has been further purified and 
found to contain at least three more enzymes, catalase, glucose 
oxidase, and an enzyme which catalyzes the chloride ion-de- 
pendent decomposition of hydrogen peroxide. We have sug- 
gested the term, chloroperoxidase, to denote the activity of the 
latter enzyme. 

Of the four enzymes detected in the enzyme fraction, the 
amylolytic enzyme, glucose oxidase, and chloroperoxidase play 
an obligatory role in the chlorination reaction as catalyzed by 
crude extracts of C. fumago. Catalase in the crude extracts 
destroys excess hydrogen peroxide produced by glucose oxidase 
and thus affects the stoichiometry of the reaction when total 
oxygen uptake is measured. 

The purified chloroperoxidase, which utilizes hydrogen peroxide 
as an oxidizing agent, has been shown to participate in the 


* This investigation was supported by a grant (No. G6463) 
from the National Science Foundation. This work was presented 
in part at the 44th Meeting of the Federation of American So- 
cieties for Experimental Biology, Chicago, Illinois, April 1960. 

+t Postdoctoral Fellow of the Division of General Medical 
Sciences, United States Public Health Service, at the time of in- 
vestigation. Present address, Department of Plant Pathology, 
University of Illinois, Urbana, Illinois. 

t Present address, Department of Chemistry, University of 
Illinois, Urbana, Illinois. 


enzymatic synthesis of 6-chlorolevulinic acid from inorganic 
chloride and £-ketoadipic acid (1). This communication 
describes the partial purification and some of the properties of 
chloroperoxidase. In addition, the separation and reconstitution 
of the B-ketoadipate chlorinase system is described. 


EXPERIMENTAL PROCEDURE 


Materials—6-ketoadipic acid was obtained either commercially 
from Sigma Chemical Company or prepared synthetically by 
the method of Eisner (3). Radioactive chloride was obtained 
from the Oak Ridge National Laboratory. Appropriate dilu- 
tions of hydrogen peroxide were made from commercial “‘Super- 
oxol”’, a 30% aqueous solution. Glucose oxidase was obtained 
as a lyophilized glass from Worthington Biochemical Corporation. 
DEAE-cellulose was obtained from Brown and Company, Berlin, 
New Hampshire. 

Methods—Radioactivity measurements were made with 
either a gas flow counter using a thin end window or a liquid 
scintillation counter. Hydrogen peroxide concentration was 
determined either iodometrically or by a modification of the 
colorimetric method of Satterfield with the use of a titanium 
sulfate reagent (4). The reagent was prepared by adding a 
commercial solution of titanium sulfate (5 ml, 0.2 g per ml) to 
2 g of concentrated sulfuric acid. The mixture was allowed 
to stand at room temperature for 24 hours and then filtered. 
This stock solution was diluted to one-tenth the original con- 
centration before use.! 

DEAE-cellulose as obtained commercially was found to be 
unsuitable for use as supplied because of the presence of large 
fibers which caused considerable channeling. A major portion 
of the material was usable, however, after sieving through a 
60-mesh screen to remove the fibers and through a 200-mesh 
screen to remove the fine particles. Material prepared in this 
way was washed first with about 2 volumes of 1 m dipotassium 
phosphate, then with 2 volumes of 1 Mm potassium dihydrogen 
phosphate, and finally with several volumes of the buffer desired 
for use as the initial column eluent. The adsorbant was packed 
into the column in small portions under 5 to 10 pounds of nitro- 


1 Subsequent to the use of this reagent, it was found that more 
consistent results could be obtained by the use of a reagent pre- 
pared by dissolving 10 g of titanium sulfate (Ti(SO,)2-9H.O) and 
20 g of sulfuric acid in 50 ml of distilled water. This mixture was 
filtered and used as the stock solution. In the assay for catalase 
activity, 0.2 ml of the reagent stock solution was added per ml of 
incubation mixture after the assay mixture had been acidified 
with 1 ml of 6 N sulfuric acid, thus making a total volume of 2.2 
ml. 
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gen pressure. After packing was completed, the column was 
washed with several hold-up volumes of the desired buffer. 

Definition of Units and Specific Activity—The units of chloro- 
peroxidase activity have been defined previously (1). Specific 
activity is defined in this communication as units of enzyme per 
mg of dry weight. It is necessary to refer to dry weight measure- 
ments instead of protein because of the presence of a very dark 
pigment which interferes with usual spectrophotometric protein 
determinations. 

Assay Conditions for Chloroperoxidase—The synthesis of 6- 
chlorolevulinic acid was measured under two sets of assay con- 
ditions. Method 1 utilized glucose and glucose oxidase as a 
hydrogen peroxide-generating system, and in Method 2, hydro- 
gen peroxide was added directly to the reaction mixture. 

Method 1—The incubation mixtures contained 200 umoles of 
potassium phosphate buffer, pH 4.8, 100 umoles of glucose, 20 
yumoles of potassium §-ketoadipate, 10 wmoles of chloride (as 
KCI*, 18,700 d.p.m. per ymole), and a suitable amount of enzyme 
ina total volume of 1 ml. With the more highly purified enzyme 
preparations it was also necessary to add 40 yg of commerical 
glucose oxidase. The mixtures were incubated at 30° for 1 
hour and acidified with 0.2 ml of 7 N sulfuric acid. The 6- 
chlorolevulinic acid synthesis was measured as described previ- 
ously (1). 

Method 2—The incubation mixtures contained 150 ymoles of 
glycine-sulfurie acid buffer, pH 2.75, 2 wmoles of potassium B- 
ketoadipate, 12.5 wmoles of chloride (as KCI§*, 18,700 d.p.m. 
per umole), 2 umoles of hydrogen peroxide, and a suitable amount 
of chloroperoxidase in a final volume of 1 ml. The mixtures 
were incubated at 30° for 4 minutes, and the 6-chlorolevulinic 
acid synthesis was measured as described previously (1). 

Other Enzyme Assays—Catalase activity was measured colori- 
metrically by the disappearance of hydrogen peroxide. The 
assay mixture contained 45 ywmoles of potassium phosphate 
buffer, pH 7.0, 7 umoles of hydrogen peroxide, and an appropri- 
ate amount of enzyme in a total volume of 1 ml. The mixtures 
were incubated at 30° for 1 hour, and the reaction was stopped 
at this time by the addition of 1 ml of 6 N sulfuric acid. The 
titanium sulfate reagent, 0.02 ml, was added and the color read 
in a Klett colorimeter with a 500-muy filter. The reagent plus 


enzyme in buffer served as a blank, and the complete system © 


minus enzyme was used as a standard. 

Glucose oxidase activity was measured by oxygen uptake in a 
conventional Warburg apparatus under the conditions described 
for chloroperoxidase assay Method 1 with unlabeled potassium 
chloride. 


Enzyme Purification 


Calcium Phosphate Gel Fractionation of Crude Extract—The 
growth of C’. fumago and the preparation of the soluble B-keto- 
adipate chlorinase system have been described in previous com- 
munications (1, 2). This soluble extract was treated with suf- 
ficient calcium phosphate gel, prepared according to the method 
of Keilin and Hartree (5), so as to have a ratio of gel to dry weight 
of about 2.6:3.5. The mixture containing the gel and the extract 
was stirred in an ice bath for } hour, then centrifuged in the cold 
for 15 minutes at 15,000 r.p.m. in a Servall SS-1 centrifuge. The 
gel supernatant fraction was decanted from the pellet and the 
pellet resuspended in distilled water. The mixture was stirred 


and centrifuged as before and the water wash discarded. The 
pellet was then suspended in a 10% solution of ammonium sulfate 
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and the mixture stirred and centrifuged as above. The ammo- 
nium sulfate solution containing the gel eluate fraction was de- 
canted from the gel, and both the gel supernatant and gel eluate 
fractions were dialyzed against distilled water. In the case of 
large scale preparations, the gel eluate fraction at this point was 
concentrated about 10-fold by lyophilization and again dialyzed 
against distilled water until no further loss in dry weight occurred. 

Further Purification of Gel Eluate Fraction by Chromatography 
on DEAE-cellulose—A solution of 36.4 mg of thé gel eluate 
fraction in 2 ml of 0.01 mM potassium phosphate buffer, pH 6 
was applied to a column of 1.25 g of sieved and washed DEAE- 
cellulose. The column had been precooled to 5°, and all sub- 
sequent operations were carried out at this temperature. A 
gradient elution was used in which 50 ml of 0.01 m potassium 
phosphate buffer, pH 6, was placed in a 125-ml flask with a side 
arm at the bottom leading to the top of the column. The addi- 
tion funnel, which served as the reservoir, contained 50 ml of 
0.2 m potassium phosphate buffer, pH 6. The buffer in the 
reservoir was allowed to flow into the 0.01 m buffer by gravity, 
and the mixture was stirred constantly be means of a magnetic 
stirrer. The flow rate of the column was adjusted to about 1 ml 
of effluent per 4 minutes, and fractions containing approximately 
2 ml each were collected. 

The column fractions were assayed for catalase, chloroperoxi- 
dase, and glucose oxidase activities. The distribution of enzy- 
matic activity for these three enzymes is shown in Fig. 1. 

A summary of the over-all purification of chloroperoxidase is 
given in Table I. The presence of a greater number of total 
units in the purified preparations than in the crude extract | 
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FRACTION NUMBER 


Fic. 1. DEAE-cellulose chromatography of the enzyme frac- 
tion. [§, catalase activity (umoles of hydrogen peroxide utilized 
per hour per 0.1 ml of each fraction); LJ, chloroperoxidase activity 
(amount of 6-chlorolevulinie acid synthesized by 0.01 ml of each 
fraction as assayed by Method 1 described in the text and with 
the addition of 40 ug of commercial glucose oxidase); Z, glucose 
oxidase activity per 0.01 ml of each fraction as measured by umoles 
of oxygen utilized per hour. 


TABLE I 
Purification of chloroperoxidase 


The assay conditions are those described previously under 
Method 1. Commercial glucose oxidase, 0.04 mg, was added to 
the column effluent assay. 


| 


Dry Specific Activity 


Total units weight activity recovery 


Fraction 


Column effluent fractions 


mg | uniis/mg | % 
Crude extract............ 3.0 10° 15,900' 190 100 
5.7 X 10° | 1,384, 4,120 190 


4.2 108 376 11,100 140 
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probably indicates the removal of an inhibitor present in the 
crude extract. It has also been found that repeated freezing and 
thawing of either the crude extract or of purified preparations 
causes the precipitation of the dark pigment with a concomitant 
increase in total activity. Thus, it is possible that the pigment 
itself or something adsorbed to the pigment inhibits the chlori- 
nation reaction and that the removal of the inhibitor results in 
an apparent increase in total activity. 


Results 


Requirement for Gel Supernatant and Eluate Fractions— 
Evidence of a requirement for both the gel supernatant and gel 
eluate fractions for the formation of 6-chlorolevulinic acid is 
given in Table II. These data show that the activity of the 
combined fractions is about 8 times as great as the activity of the 
gel eluate fraction alone and about 5 times as great as the gel 
supernatant fraction alone. 

Characterization of Gel Supernatant Fraction—The polymeric 
nature of the material present in the gel supernatant fraction 
was indicated by the observation that prolonged dialysis of an 
aliquot against distilled water failed to decrease the ability of 
the gel supernatant fraction to’ stimulate 6-chlorolevulinic acid 
synthesis by the gel eluate fraction (Table II[). The material 
in the gel supernatant fraction was shown to be heat-stable by 
heating an aliquot for 5 minutes at 100° and recombining this 
with the gel eluate fraction. The gel eluate fraction was shown 
to be heat-labile by conducting a similar experiment with heated 
gel eluate fraction and unheated gel supernatant fraction (Table 
IIT). 

A portion of the gel supernatant fraction was heated in 0.1 
N sulfuric acid for 1 hour at 120°. The hydrolysate was cooled, 
neutralized with 1 N potassium hydroxide to pH 4.5, and cen- 
trifuged in order to remove a dark precipitate. The hydrolysate 
was diluted 100-fold and assayed with the gel eluate fraction. 
These acid hydrolysates were active in stimulating the rate of 
chlorination in the absence of glucose (Table IID. 

Another portion of gel supernatant fraction was heated in 2.5 
N potassium hydroxide for 1 hour at 120°. The hydrolysate was 
cooled, neutralized with 1 N sulfurie acid, and centrifuged. This 
alkaline hydrolysate was assayed with the gel eluate fraction 
and found to be inactive (Table IIT). 

A portion of the acid-hydrolyzed suprnatant fraction was 
dialyzed overnight against distilled water. It was found that 
about 75°) of the original dry weight of the gel supernatant 
fraction was lost by this treatment. A portion of the dialysate 
was assayed with gel eluate fraction and was found to have lost 
about 80°; of its activity (Table III). 


TaBLe II 
Requirement for gel supernatant and gel eluate fractions 
for 6-chlorolevulinic acid formation 
The gel fractions were assaved by Method 1 as described in the 
text except that no glucose was added to the incubation mixture. 


6-Chlorolev- 


Fraction  ulinic acid 
form 

| mymoles 
1. Gel supernatant fraction, 4.6 mg.............. | 11 
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VI 


TaBLeE III 
Characterization of gel supernatant fraction 
The assay conditions are those described in the text as Method 
1 minus the glucose and with the addition of 0.9 mg of the gel 
eluate fraction. The values given for acid-hydrolyzed superna- 
tant solution represent the diluted hydrolysate (1:100). The 
value for dialyzed, acid-hydrolyzed supernatant solution are for 


56-Chlorolev- 


Addition ulinic acid 

formed 
mpumoles 
2. Gel supernatant fraction, 4.5 mg .......... | 27 
3. Dialyzed gel supernatant fraction, 4.5 mg...... 42 
4. Heated gel supernatant fraction............... | 16 

5. Gel supernatant fraction, 4.5 mg + heated gel | 

6. Acid-hydrolyzed gel supernatant fraction, 0.05 | 

7. Acid-hydrolyzed gel supernatant-fraction, 0.10 | 

8. Acid-hydrolyzed gel supernatant fraction, 0.20 | 

9. Base-hydrolyzed gel supernatant fraction, 0.10 

10. Dialyzed, acid-hydrolyzed gel supernatant frac- | 
1250 


12. Hydrogen peroxide, 7 


The presence of a polysaccharide in the crude extract was 
observed previously, and acid hydrolysis of the crude extract 
gave glucose as the only reducing material (1). This observation 
plus the experimental findings described above suggested that 
the heat-stable material in the gel supernatant fraction might 
be the polysaccharide, which upon enzymatic or acid hydrolysis 
produced glucose. It was found that when glucose was sub- 
stituted for the heat-stable factor in the usual incubation mix- 
ture, a marked stimulation in activity occurred (Table III). 
Since glucose oxidase activity was also known to be present in 
the crude extract, there existed the possibility that the glucose 
resulting from either enzymatic or acid hydrolysis of the poly- 
saccharide was serving in a hydrogen peroxide-generating sys- 
tem. When hydrogen peroxide was substituted for the heat- 
stable factor, the observed stimulation in the chlorination rate 
confirmed this hypothesis (Table IT1). 

Enzyme Requirements for Chlorination Reaction—In order to 
demonstrate the requirement for glucose oxidase in the crude - 
ketoadipate chlorinase system, enzyme fractions, obtained by 
DEAE-cellulose chromatography (Fig. 1), were assayed sep- 
parately and in combination. These data are given in Table IV. 
It will be noted that both the chloroperoxidase and glucose 
oxidase fractions were essentially inactive by themselves in 
catalyzing the chlorination reaction when glucose served as 
the source for hydrogen peroxide production. In combination, 
however, these two enzyme fractions served to reconstitute the 
B-ketoadipate chlorinase system as observed in crude extracts. 

pH Optimum for Chloroperoxidase—The pH optimum for 
chloroperoxidase activity was found to be approximately pH 3 
(Fig. 2). This was determined by eliminating the hydrogen 
peroxide-generating system and measuring the rate of enzymatic 
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TABLE IV 


Enzyme and substrate requirements for enzymatic chlorination 


The synthesis of 6-chlorolevulinic acid was measured by assay 
Method 1. The complete system contained 200 umoles of potas- 
sium phosphate buffer, pH 4.8, 100 wmoles of glucose, 20 umoles 
of potassium 6-ketoadipate, 10 wmoles of (18,700 d.p.m. 
per umole), 7 wg of chloroperoxidase, and 14 wg of glucose oxidase. 
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— 


6-Chlorolev- 
Additions ulinic acid 
formed 

mpmoles 
2. Complete minus chloroperoxidase............... | 13 
3. Complete minus glucose oxidase................ 28 
4. Complete minus glucose........................ 4 
5. Complete minus 8-ketoadipate.................. | 14 
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Fig. 2. The pH optimum for chloroperoxidase. The pH values 
are in all cases the final values obtained after the indicated incu- 
bation period. Sulfuric acid-potassium sulfate (150 uwmoles of 
total sulfate) was used to obtain pH values from 1 to 2.4, glycine- 
sulfuric acid (150 wmoles of glycine) was used from pH 2.4 to 3.5, 
citrate (150 uwmoles) was used from pH 3.5 to 5.0, and phosphate 
(150 uzmoles) was used from pH 5.0 to 7. The synthesis of 5-chlo- 
rolevulinic acid was measured by assay Method 2. 


chlorination in the presence of hydrogen peroxide. The optimum 
at pH 4.8 reported previously (1) reflects the optimum for the 
complete 8-ketoadipate chlorinase system including, in addition 
to chloroperoxidase, the polysaccharide hydrolase and the 
glucose oxidase. 

Effect of Enzyme Concentration and Time on Synthesis of 5- 
Chlorolevulinic Acid—Curve A of Fig. 3 shows the amount of 
§-chlorolevulinic acid formed as a function of time, with the 
use of purified chloroperoxidase in the presence of hydrogen 
peroxide. It can be seen that the rate is constant for about 5 
minutes, then decreases and becomes zero after about 10 minutes. 
The lag period described earlier (1) is absent when the hydrogen 
peroxide-generating system is replaced by hydrogen peroxide. 

Curve B of Fig. 3 shows that the initial rate of chlorination is 
— to enzyme concentration. The lag period is again 
absent. 

Effect of Substrate Concentrations on Synthesis of 6-Chloro- 
levulinic Acid.—Fig. 4 shows the effect of hydrogen peroxide 
concentration on the rate of 6-chlorolevulinic acid synthesis. 
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The A, is 2 X 10°* mM. Hydrogen peroxide shows first order 
kinetics at low substrate concentrations; however, the rate does 
not level off to give zero order kinetics at higher concentrations 
but actually declines. This type of curve is typical for an 
enzymatic reaction in which substrate inhibition occurs (6). 

In addition, Fig. 4 shows the effect of 8-ketoadipate concen- 
tration on 6-chlorolevulinic acid synthesis. The A,, for B- 
ketoadipate is 6 X 10-°m. This is about one-tenth the value 


found for the crude 8-ketoadipate chlorinase system. The higher 
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Fic. 3. Effect of enzyme concentration and time on the forma- 
tion of 6-chlorolevulinic acid. Curve A, time course of chlorina- 
tion with 0.37 mg of purified chloroperoxidase in an assay mixture 
described under Method 2; Curve B, rate of enzymatic chlorination 
in assay Method 2 with varying concentrations of purified chlo- 
roperoxidase. 
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Fic. 4. The effect of substrate concentrations on the synthesis 
of 6-chlorolevulinic acid. Hydrogen peroxide (O——O), 8-keto- 
adipic acid (@——@), and chloride (@——#) were assayed by 
Method 2 as described in the text with the following modifica- 
tions. Hydrogen peroxide assays contained 12.5 umoles of chlo- 
ride and 20 uwmoles of 8-ketoadipic acid per ml. §-ketoadipate 
assays contained 2 umoles of hydrogen peroxide and 12.5 ymoles 
of chloride per ml. Chloride assays contained 2 wmoles of hydro- 
gen peroxide and 2 umoles of 8-ketoadipic acid per ml. 
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affinity of the purified enzyme for 6-ketoadipate probably is a 
result of the lower pH optimum for the chlorination reaction 
when hydrogen peroxide replaces the glucose oxidase-hydrogen 
peroxide-generating system. 

The effect of chloride concentration on 6-chlorolevulinic acid 
synthesis is also shown in Fig. 4. Chloride gives a K,, of 5 X 
10-* M, similar to that obtained with a crude mycelial extract (1). 
This suggests that the mechanism by which chloride is utilized 
in this reaction is independent of pH from 2.8 to 4.8. 


DISCUSSION 


The 8-ketoadipate chlorinase system has been partially puri- 
fied, and the chlorination reaction has been shown to require 
either hydrogen peroxide or a hydrogen peroxide-generating 
system. The lag period in 6-chlorolevulinic acid formation 
which was observed previously (1) is not present when the 
chloroperoxidase is assayed with hydrogen peroxide as a sub- 
strate. This lag appears to represent the time required to build 
up a suitable concentration of hydrogen peroxide in those assays 
which use crude extract. Since the rate of chlorination is in- 
creased when hydrogen peroxide or a hydrogen peroxide-generat- 
ing substrate is added to the enzyme fraction from the calcium 
phosphate gel, it appears that the rate-determining step in the 
crude 6-ketoadipate chlorinase system is the hydrolysis of the 
polysaccharide to form glucose. When hydrogen peroxide, at 
optimal concentration, is used as the substrate in place of a 
hydrogen peroxide-generating system, the initial rate of 6- 
chlorolevulinic acid synthesis is greatly increased. In the pres- 
ence of excess hydrogen peroxide, however, the rate of chlorina- 
tion is diminished. During incubation periods longer than 5 
minutes in the presence of substrate amounts of hydrogen perox- 
ide, the rate of 6-chlorolevulinic acid synthesis falls to zero. This 
is in contrast to results obtained using a hydrogen peroxide- 
generating system, in which no decrease in rate occurs during 
an incubation time of an hour or longer (1). Thus, it appears 
that the chloroperoxidase is progressively inhibited by a short 
exposure to concentrations of hydrogen peroxide which never- 
theless allow an initial rapid rate of chlorination. 

The stoichiometry of the @-ketoadipate chlorinase system is 
best described by Equation 1 (1). It was previously found, 
however, that while the uptake of oxygen could be directly 
correlated with the extent of enzymatic chlorination, a very 
high endogenous oxygen uptake occurred which is independent 
of the chlorination reaction (1). New information concerning 
the mechanism of enzymatic chlorination, shows that the entire 
oxygen uptake in the crude system is due to glucose oxidase 
activity. The observed stimulation of oxygen uptake due to 
the chlorination reaction results from the competition of chloro- 
peroxidase with catalase for hydrogen peroxide. 

Reactions describing the over-all stoichiometry of the 6-keto- 
adipate chlorinase system are shown in Equations 2 through 5. 


(Glucose), + HsO — (glucose),-: + glucose (2) 
Glucose + Os + HeO — gluconate + HO. + H* (3) 
2H2O2. — + 2HLO (4) 
+ Cl + + 
+ + 2H20 (5) 


It can be seen that in the absence of chloroperoxidase activity 
(Equation 5), and assuming complete decomposition of hydrogen 
peroxide by catalase (Equation 4), the observed endogenous oxy- 
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gen uptake of the coupled glucose oxidase and catalase reaction 
(Equations 3 and 4) would be 0.5 mole per mole of glucose oxi- 
dized. When both chloroperoxidase and catalase activity are 
present, the observed oxygen uptake increases because chloro- 
peroxidase competes with catalase for hydrogen peroxide and par- 
tially inhibits the regeneration of oxygen via the catalase reaction. 
Since crude preparations of the 6-ketoadipate chlorinase system 
contain sufficient catalase to prevent hydrogen peroxide accumu- 
lation, these equations satisfactorily explain the observed stimu- 
lation of oxygen uptake when 6-chlorolevulinic acid is being 
formed by chloroperoxidase action. These equations also ex- 
plain the previously observed stoichiometry of 0.5 mole of oxygen 
uptake (over endogenous oxygen) per mole of 6-chlorolevulinic 
acid synthesized by the crude @-ketoadipate chlorinase system. 
When catalase destroys all hydrogen peroxide not utilized for 
enzymatic chlorination, the sum of Equations 3, 4, and 5 predicts 
the observed stoichiometric relationship between oxygen uptake 
and 6-chlorolevulinic acid formation. With purified chloroperox- 
idase preparations which are relatively free of catalase activity, 
this stoichiometry no longer holds true since hydrogen peroxide 
accumulates in the incubation medium. Under these conditions, 
the ratio of extra oxygen uptake to 6-chlorolevulinic acid forma- 
tion may have any value depending on the relative rates of hy- 
drogen peroxide and 6-chlorolevulinic acid formation. 

The results described in this communication give some sug- 
gestions as to possible mechanisms for biological chlorination, 
and they allow a prediction concerning the nature of the “active 
chloride.”” The analogous, nonenzymatic reaction discussed 
previously (1) suggests that the actual species of chlorine involved 
in the chlorination of 8-ketoacids is the chlorinium ion. On the 
basis of this analogy and the above experimental results, one 
could postulate a mechanism for biological chlorination in which 
hydrogen peroxide oxidizes a chloride ion to a chlorinium ion, 
which is stabilized by the formation of an enzyme-Cl*+ complex. 
This complex could then transfer the chlorinium ion to 8-keto- 
adipic acid. 


SUMMARY 


The crude 6-ketoadipate chlorinase system has been frac- 
tionated and shown to be a multiple enzyme system. Fraction- 
ation with calcium phosphate gel gave two fractions, one con- 
taining a polysaccharide, the other containing at least four 
enzymes. Three of these enzymes have been separated and 
identified as glucose oxidase, catalase, and chloroperoxidase. No 
attempt was made to isolate or purify the fourth enzyme, a 
polysaccharide hydrolase. Thechlorination reaction is dependent 
on hydrogen peroxide or a hydrogen peroxide-generating system 
as an oxidizing agent. The chloroperoxidase has been purified, 
and the optimal conditions for the chlorination have been de- 
termined. 
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The mechanism of triglyceride synthesis has been studied in 
homogenates of chicken liver (1, 2) and rat liver (3, 4) and several 
of the reactions have been investigated individually in some 
detail. Thus, far, however, no studies on the mechanism of 
triglyceride synthesis in adipose tissue have been reported. In 
other experiments we have found that epinephrine, adrenocorti- 
cotropic hormone and glucagon appear to inhibit the esterifica- 
tion of 1-C'-palmitate when present during incubation of the 
epididymal fat pad in vitro (5). Such an action could explain 
in part the lipid-mobilizing effects of these hormones. Knowl- 
edge of the pathways of triglyceride biosynthesis may then be a 
prerequisite to understanding the mechanism of metabolic and 
hormonal control of lipid deposition and mobilization. In 
addition, by studying triglyceride synthesis in a homogenate 
system in which the sizes of the pools of intermediates are more 
amenable to measurement and control than they are in the intact 
tissue, it may be possible to investigate the extent to which the 
triglycerides in this tissue participate in a true dynamic equilib- 
rium, a question concerning which there is disagreement (6). 

Some of the conditions required for the synthesis of tri- 
glycerides from free fatty acids and a-glycerophosphate in cell- 
free homogenates of the epididymal fat pad of the rat are re- 
ported below. The pathway suggested by these studies is 
similar to that proposed by other workers for triglyceride syn- 
thesis in the liver (1-4). Experiments in which changes in the 
size of the free fatty acid pool were determined simultaneously 
with measurements of the rate of 1-C'*-palmitate incorporation 
demonstrate net synthesis and provide evidence of a true dy- 
namic state. 


EXPERIMENTAL PROCEDURE 


Male Sprague-Dawley rats weighing 150 to 200 g were de- 
capitated. The epididymal fat pads were rapidly removed and 
homogenized in 0.15 mM potassium chloride at room temperature. 
Unless otherwise indicated 4 ml of potassium chloride were used 
for each 1 g of adipose tissue. In some experiments the homog- 
enate was used without further treatment (whole homogenate). 
The absence of intact cells in one such preparation was estab- 
lished by electron microscopy.! In other studies the homogenate 
prepared as above was centrifuged for 10 minutes at approxi- 
mately 500 xX g in a refrigerated centrifuge. This treatment 
caused most of the fat to float to the top of the tube and to 
congeal. Nuclei and cell debris were sedimented to the bottom 


1 We acknowledge with thanks the assistance of Dr. Sanford L. 
Palay in these studies. 


of the tube. An 18-gauge needle was introduced through the 
upper layer of congealed fat and the middle layer of slightly 
turbid solution was aspirated. This fraction is designated 
defatted homogenate. 

Homogenates were supplemented as shown in Table I and 
incubated at 37° either with 1-C'-palmitate, 1-C™-aGP,? or P*- 
aGP. Preliminary experiments were carried out in an oxygen 
atmosphere, later studies in air. Esterification in the system 
described here proceeds equally well under oxygen, air, or ni- 
trogen. At the end of the incubation the contents of each flask 
were rinsed into a separatory funnel with three 10-m1 portions of 
extraction mixture (isopropanol:isooctane:1 N sulfuric acid 
(40:10:1, volume per volume)) (7). The funnel was shaken 
vigorously and allowed to stand for at leastonehour. Isooctane, 
18 ml, and H.O, 12 ml, were then added resulting in the separa- 
tion of two phases. After removal of the aqueous layer the re- 
maining isooctane was washed with 15 ml of alkaline ethanol to 
remove FFA according to the method of Borgstrom (8). The 
isooctane phase was washed again with alkaline ethanol and 
assayed for radioactivity. This fraction, referred to as the 
neutral lipid fraction, contains essentially all of the triglycerides, 
diglycerides, cholesterol, and cholesterol esters but, because of 
their polarity, only a fraction of the monoglycerides and phos- 
pholipids. Phosphatidic acid, the only radioactive phospholipid 
found in any significant amounts in these studies, is completely 
(>95%) removed from isooctane by the alkaline-ethanol wash. 
The first alkaline ethanol extract was acidified and the FFA were 
reextracted from it into isooctane. One aliquot of this was 
titrated (7) and a second aliquot assayed for radioactivity. 

In order to permit quantitative estimation of incorporation 
into phospholipids, in some studies the incubation mixture was 
extracted with chloroform: methanol, 2:1, 25 ml for each 1-ml 
sample. The chloroform phase was then passed over a silicic 
acid column according to the method of Borgstrom (9). The 
glycerides and free fatty acids were eluted with chloroform; the 
phospholipid fraction was eluted with methanol. The chloro- 
form eluate was taken to dryness and redissolved in isooctane. 
The isooctane solution was then washed with alkaline ethanol to 
remove FFA and an aliquot of the washed isooctane, containing 
the neutral lipids, was counted. One aliquot of the methanol 
eluate containing the phospholipids was counted and the re- 
mainder was concentrated and chromatographed on silicic acid- 
impregnated paper by the method of Marinetti and Stotz (10). 


2 The abbreviations used are: FFA, free fatty acids; aGP, a- 


glycerophosphate. 
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TaB_Le 
Incorporation of 1-C'*-palmitate into neutral lipid by adipose 
tissue homogenate 


Relative count 
incorporation 


Additions 


Whole | Defatted 
homogenate homogenate 


| 
Complete system minus ATP.............. | ° | 1 
Complete system minus CoA................ | e 7 
Complete system minus | 17 
Complete system minus Mg**............... | 35 | (57 
Complete system minus cysteine...........; | 
Complete system minus NaF...............| 32 56 
Complete system minus buffer . | 0 | 
Complete system with Tris buffer in place of | 
Complete system minus creatine phosphate.. 58 
Complete system minus ATP plus 2 umoles of 
ADP and 7.5 umoles of creatine phosphate. . 45 
Complete system, held at 100° for 5 min. 0 


* Each flask contained 2 ml of a 1:5 homogenate of epididymal 
fat pad in 0.15 mM KCl (representing about 400 mg wet weight of 
adipose tissue) with 10 wmoles of aGP, tracer amount (less than 
0.01 upmole) 1-C'4-palmitate, potassium salt, and the following co- 
factors: 2 wumoles of ATP; 3 uwmoles of MgCl; 0.1 umole of CoA; 
25 umoles of cysteine; 125 uymoles of NaF; 125 wmoles of potassium 
phosphate buffer, pH 7.0; water to make a final volume of 3 ml. 
In addition incubation done with the whole homogenate contained 
7.5 umoles of creatine phosphate; incubations with the defatted 
homogenate contained no creatine phosphate except where indi- 
eated. Incubation carried out in 25 ml-Erlenmeyer flasks for 20 
minutes at 37° with shaking. Analysis as described in ‘‘Experi- 
mental Procedure.”’ 


Samples dissolved in toluene containing diphenyloxazole, 5 
mg per ml, were assayed for radioactivity in a Tri-Carb liquid 
scintillation spectrometer. 

In several experiments the neutral lipid fraction was subjected 
to chromatography on silicic acid columns using the method of 
Hirsch and Ahrens (11), or the method of Borgstrom (9). Ali- 
quots of the effluent were counted to locate incorporated radio- 
activity and analyzed by the hydroxamate method of Rapport 
and Alonzo to locate esters (12). Chromatography of some of 
the eluted lipid fractions was carried out by the method of Kar- 
men,’ using silicic acid-impregnated paper. Lipid components 
were located by dipping in water and noting the non-wetted 
(whiter) areas or by spraying with 10% phosphomolybdic acid in 
ethanol and heating. 

Palmitic acid 1-C**, 20 ue per umole, was prepared for use as an 
aqueous solution of the K* salt. Gas-liquid chromatography of 
the methyl ester of this material indicated that 98% of the C™ 
was in palmitic acid. p,uL-Glycerophosphate, (85% a-isomer) 
was obtained from Sigma Chemical Company, ATP from the 
Pabst Company, CoA from Nutritional Biochemicals Corpo- 
ration. Phosphatidic acid for chromatographic reference was 


3A. Karmen, unpublished experiments. We acknowledge with 


thanks the generous assistance of Dr. Arthur Karmen in the paper 
chromatographic separations of glycerides described here. 
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kindly provided by Dr. B. Agranoff. Diolein (70° 1,2; 30% 
1 ,3) was generously supplied by Dr. F. H. Mattson, Proctor and 
Gamble Research Laboratories. a@-Monoolein was purchased 
from Distillation Products Industries. P*®-a@GP was obtained 
from the Radiochemical Center, Amersham, 1-C'-@GP was 
prepared by the method of Bublitz and Kennedy (13), starting 
with 1-C'-glycerol purchased from Nuclear Chicago Company. 
Both compounds were purified by column chromatography (14). 
All preparations of aGP ran as a single spot when chromato- 
graphed on paper by the method of Mortimer (18) (which does not 
separate the a- and B-isomers). 


RESULTS 


Conditions for Incorporation into Neutral Lipid— Homogenates 
of adipose tissue incubated with 1-C'4-palmitate (with or without 
@GP) but without addition of any cofactors incorporated no 
radioactivity into neutral lipids beyond the small number of 
counts found in zero time controls. Boiled homogenates with 
a@GP and all cofactors added likewise did not incorporate pal- 
mitate. The supplements that yielded optimal incorporation 
are seen in Table I. ATP and CoA appeared to be absolute 
requirements. Synthesis was decreased but not abolished by 
the omission of cysteine or of fluoride. The improved incor- 
poration obtained with addition of creatine phosphate to an 
ATP-containing system and the ability of creatine phosphate 
plus ADP to replace completely ATP, indicated the presence of 
an active transphosphorylase system. The phosphate buffer 
generally used could be replaced by Tris buffer without significant 
decrease in activity of the system. 

Omission of aGP led to a marked reduction in incorporation 
but there was always some incorporation without it. In four 
experiments using whole homogenate, incorporation in the ab- 
sence of aGP varied from 17 to 36% of that with aGP added. 
In four experiments with the defatted homogenate these values 
ranged from 8 to 22%. Dialysis of defatted homogenate was 
carried out against 0.15 m KCl containing 0.125 m phosphate 
buffer, pH 7.4, for 8 hours at 4° in an attempt to magnify the 
effect of omitting aGP by removing endogenous aGP as well as 
its potential precursors. This dialysis had little effect. It was 
later shown, however, that only two-thirds of 1-C'-awGP added 
to a homogenate could be removed by dialysis under these con- 
ditions. The low level of incorporation seen without added 
a@GP could be due to the presence of endogenous @GP in the fat 
pad. Margolis, using an enzymatic assay,‘ found very low levels 
of aGP in adipose tissue homogenates, less than 0.2 umole per 
gm of tissue (wet weight). It is of interest that the dialysis 
procedure only reduced the incorporation observed with the full 
system by about 25%, indicating that no essential factors other 
than those added as in Table I were removed by dialysis under 
these conditions. 

Incorporation as a function of the concentration of added ATP 
is shown in Fig. 1 and as a function of the concentration of added 
aGP in Fig. 2. 

As shown in Table II, glycerol added in amounts equimolar 
with aGP did not replace it. Attempts to demonstrate glycero- 
phosphokinase activity directly were unsuccessful. Monoolein, 
added to the homogenate in 0.1 ml of ethanol, not only failed to 
increase incorporation above the level observed in the absence 
of aGP but actually decreased incorporation probably due to the 


4S. Margolis, unpublished experiments. 
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Fic. 1. Incorporation of 1-C'!-palmitate into neutral lipid as a 
function of ATP concentration. Defatted homogenate incubated 
10 minutes. Conditions as described in Table I. 
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Fic. 2. Incorporation of 1-C'*-palmitate into neutral lipid as a 


function of aGP concentration. Defatted homogenate incubated 
10 minutes. Conditions as described in Table I. 


rapid hydrolysis of the monoglyceride by the homogenate. In 
experiments, data from which are summarized in Table II, the 
flasks to which 10 wmoles of monoolein were added contained an 
extra 3 or 4 umoles of FFA at the end of the incubation, corre- 
sponding to 30 to 40% hydrolysis of the monoolein. Diolein, 
on the other hand, was very little hydrolyzed when added in a 
similar fashion and substituted partially for aGP in supporting 
incorporation of C'-palmitate. The conversion of various 
diglycerides-to triglycerides by adipose tissue homogenate in the 
absence of aGP is being further studied in this laboratory.* 
FFA in serum are bound to serum albumin. As shown in 
Table III, addition of bovine serum albumin inhibited incorpora- 
tion to an extent far greater than could be explained on the basis 
of dilution of precursor specific radioactivity by FFA in the 
albumin. A dilution effect was ruled out entirely in an experi- 
ment using albumin that had been treated by the method of 
Goodman (15) to remove all bound FFA (Table III, last line). 


*P. Goldman, unpublished experiments. 
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It should be noted here that albumin added to unfortified 
homogenates also markedly suppresses the release of FFA as 
shown below (Table VI). 

Time Course of 1-C'*-Palmitate Incorporation—lIncorporation 
into neutral lipid as a function of time by a whole homogenate, 
supplemented as described in Table I and incubated at 37°, is 
shown in Fig. 3. Incorporation remained roughly linear for 
only 10 minutes, and was essentially completed by 40 minutes. 
When, at 40 minutes, second additions of 1-C'™:palmitate, 10 
umoles of aGP, and all of the cofactors used in the complete 
system were made, esterification was resumed. 

Data shown in Table IV are similar, except that in this experi- 
ment incorporation during the first 40 minutes was determined 
in Flask 1, whereas incorporation during the second 40 minutes 
was determined in Flask 2, to which aGP and cofactors were 
added for each 40-minute period but 1-C'-palmitate was added 
only for the second period. Data from Flasks 3 to 7 in this 
experiment show that none of the combinations of aGP and/or 
one or two cofactors which were tried were as effective as the 
total mixture (Flask 2) in supporting the incorporation of 1-C™- 
palmitate when added with it for the second 40 minutes. 

As shown in the last line, when buffer alone was present during 
the first 40 minutes of incubation (cofactors plus aGP and 1-C"™- 
palmitate added only at the beginning of the second 40 minutes) 
there was very little C™ incorporated. Incubation under these 
conditions, as discussed more fully below, leads to a marked in- 


TaBLe II 
Ineffectiveness of glycerol as precursor for lipid synthesis 


Conditions Time neutral lipid 


Whole homogenate 
Complete system*.... . 20 
Minus aGP + 10 umoles of glycerol... 

Defatted homogenate | | 


9 
Minus aGP + 10 uwmoles of glycerol... ... | 8 
Minus aGP + 10 umoles of monoolein...... 30 2 


* As in Table I. 


TaB_e III 
Inhibitory effect of bovine serum albumin on 
1-C'4-palmitate incorporation 
Incubation mixture as described for whole homogenate in Table 
I. Ineubation time, 20 minutes. 


Total radioactivity in 


‘Albumin concentration neutral lipids 


Experiment A 


SC 82 
bo 


Experiment B 
3 1,600 
3* 830 


* Albumin used in this experiment had been treated by the 
method of Goodman (15) to remove fatty acids. 
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Fic. 3. Time course of incorporation of 1-C'-palmitate into 
neutral lipid. Whole homogenate incubated with cofactors as 
described in Table I. All supplements added again after 40 min- 
utes in the same amount as at zero time (O——O). Cofactors 
added at zero time only, 40- to 60-minute points (A——A). 


TABLE IV 


Effect of preincubation of homogenate on esterification of 
1-C'4- palmitate 


Whole homogenate incubated as described in Table I. 


| Final 
Flask | Additions during first 40-min. | Additions during second 40-min. ae 
No. | incubation incubation “adie. 
| activity 
| | c.p.m. 
1 | Full system with 1-C!4- | None, stopped first 40- 73,000 
palmitate (see Table | min. incubation) 
I) | 
2 | Full system without | 1-C'4-palmitate plus all 73,400 
1-C'4-palmitate cofactors 
3. Full system without  1-C'-palmitate added 5,500 
1-C'4-palmitate 
4 Full system without | 1-C'*-palmitate plus 24,700 
1-C!4-palmitate ATP and Mg** | 
5 Full system without 1-C'*-palmitate plusCoA 7,950 
1-C'4-palmitate | 
6 Full system without  1-C'*-palmitate plus 19,000 
1-C4-palmitate ATP, Mg**, and aGP 
7 | Full system without  1-C'*-palmitate plus 5,600 
| 1-C14-palmitate aGP 
8 | Buffer only 1-C!4-palmitate plus all 9,100 
| cofactors | 


crease in FFA concentration and the low palmitate incorporation 
may be related to this (decreased precursor specific activity and/ 
or enzyme inactivation). 

Concentration and Specific Radioactivity of FFA during In- 
cubation—The time course of changes in neutral lipid radio- 
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activity, FFA radioactivity, FFA specific radioactivity, and FFA 
concentration in a fully supplemented homogenate is shown in 
Fig. 4. The radioactivity in the FFA decreased rapidly for 10 
minutes, then more gradually, being rather close to a mirror 
image of the neutral lipid radioactivity curve. The net concen- 
tration of FFA decreased by about 35% in this experiment. It 
was shown in parallel experiments that the homogenate system 
used (without CO: present) incorporates virtually no acetate into 
FFA and that oxidation of 1-C'™-palmitate is negligible under 
these conditions. It can be concluded that the disappearance of 
FFA probably represents net synthesis of lipid. 

The specific radioactivity of the FFA fraction fell during the 
course of the incubation. Since there is apparently no de novo 
fatty acid synthesis under these conditions, a continuing lipolysis 
can be inferred. Even during active incorporation, in some 
experiments accompanied by a net decrease in FFA, in other 
experiments with little or no net change in FFA concentration, 
there is a simultaneous breakdown of triglyceride (see also Table 
V). 

Effects of Added FF A—The effect of adding extra FFA to the 
homogenate was variable, particularly in experiments with 
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Fic. 4. Time course of changes in FFA concentration and spe- 
cific activity during incorporation of 1-C!4-palmitate into neutral 
lipid. Defatted homogenate supplemented as in Table I. 


TABLE V 
Effect of increasing initial FFA concentration on net changes in 
FFA and 1-C'4-palmitate incorporation 
Defatted homogenate incubated as described in Table I includ- 
ing creatine phosphate. 


Bins Zero time 20 min 
0 0.4 0.4 
(wEq per flask)............... + 1.5 0.7 
FFA specific radioactivity. ... 0 97 ,000 12,000 
+ 25,000 28 , 000 
Neutral lipid radioactivity. . . 0 200 20 , 400 


* 1.2 wEq of FFA prepared by saponification of epididymal fat 
pad lipids. 
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defatted homogenate. In some cases, addition of as little as 
2 ukq of FFA per flask completely abolished incorporation; in 
others, as in the experiment shown in Table V, incorporation 
proceeded at a good rate. Here there was net uptake of FFA in 
the flask with added FFA whereas there was no net change in 
the flask without added FFA. In the latter flask there was a 
marked decrease in specific radioactivity of FFA during the 20 
minutes of incubation although the FFA specific activity did not 
change significantly in the flask containing added FFA. 

Kornberg and Pricer noted that the synthesis of phosphatidic 
acid in guinea pig liver homogenates was inhibited by added 
FFA (16). Because of the dilution of labeled fatty acid, cal- 
culations must, of course, take into account the relative precursor 
specific radioactivities in control and experimental flasks. This 
difficulty does not exist in experiments in which the incorporation 
of P-labeled or C-labeled aGP was studied and found also to 
be inhibited by the addition of FFA. Quantitative evaluation of 
the effect in experiments employing 1-C!*-palmitic acid is made 
difficult by the fact that the specific radioactivitiy of the FFA 
changes rapidly, most rapidly near the beginning of the in- 
cubation. Thus, measurements of initial rate are hampered. 
Preliminary experiments show that after three successive cen- 
trifugations with removal of the top fat layer each time, the sen- 
sitivity of the system to FFA increases. Addition of a very small 
amount of the congealed fat layer to the defatted homogenate 
seems to exert a protective action against the inhibitory action of 
added FFA. The variability from experiment to experiment 
may be due to the variable degree to which the tissue fat is 
removed. The nature of the material “protecting”? the homog- 
enate has not been determined. 

Production of FFA during Incubation of Adipose Tissue Homog- 
enate—Changes in the specific radioactivity of FFA during 
incubation (Fig. 4, Table V) suggest that fatty acid is formed 
from triglyceride during incubation of adipose tissue homogenates. 
In the absence of cofactors, there is no synthesis of glycerides as 
shown above, and there is a net increase in FFA (Table VI). In 
Experiments 1 and 2 there was no net change in FFA concentra- 
tion when the incubation was carried out in the presence of the 
usual cofactor mixture. The results of Experiment 2 show in 
addition that when sodium fluoride alone is omitted from the 
mixture there is a net increase in FFA (although esterification 
of 1-C'*-palmitate continues under these conditions, Table I). 
Bovine serum albumin, which inhibits incorporation of palmitate 


TABLE VI 
Production of FFA during incubation of whole adipose tissue 
homogenate 
Additions Time Net in 
min flask 
l Complete system* 20 0 
None 20 +1.5 
2 Complete system 20 0 
Complete system minus NaF 20 +1.4 
None 20 +1.2 
3 None 60 +2.7 
Albumin, 30 mg per ml 60 +0.4 
FFA-free albumin, 30 mg per ml 60 +0.3 


* Conditions as described in Table I except that no phospho- 
creatine was included in the complete system in Experiments 1 
and 2. 


D. Steinberg, M. Vaughan, and S. Margolis 
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Fic. 5. Neutral lipid synthesized by whole homogenate chro- 
matographed on silicic acid by a modification of the method of 
Hirsch and Ahrens (11) using diethyl ether in petroleum ether, 1 
to 100%. Plotted are wEq of hydroxamate-forming ester per ml of 
effuent and c.p.m. per ml of effluent. Break in the curve is due 
to loss of fractions. 


TaBLe VII 
Total radioactivity and specific radioactivities of neutral 
lipid fractions 
Elution pattern of radioactivity and hydroxamate-forming 
esters shown in Fig. 5. Lipid fractions isolated as described in 


text from whole homogenate incubated under conditions outlined 
in Table I. 


Total Percentage) 
hydroxa- Total of total | Specific 
Tube No. Component mate- radio- neutral radio- 
forming | activity lipid radio-| activity 
ester activity 
pEq c.p.m. % ic.p.m./pEq 
29 Cholesterol 0.3 1,200 3 4000 
esters (?) 
111 thru 202! Triglycerides 864 18,450 40 21.4 
289 thru 309 | Diglycerides 15.5 | 24,460 53 1570 
321 thru 331 | Monoglycerides 3.2 1,860 4 580 


in the full system (Table III), likewise inhibits release of FFA in 
the unfortified homogenate, as shown at the bottom of Table VI. 

Nature of Lipids Synthesized—The neutral lipids synthesized 
by whole homogenate supplemented as in Table I were frac- 
tionated on a silicic acid column by the method of Hirsch and 
Ahrens (11), except that a gradient elution from 1 to 2.3% diethyl 
ether in petroleum ether was used before switching to 4% diethyl 
ether. This was done to obtain subfractionation of groups of 
triglycerides of different fatty acid composition for other pur- 
poses. The elution pattern of radioactivity and hydroxamate- 
forming ester is shown in Fig. 5 and the totals for radioactivity 
and ester in each of the four main peaks are tabulated in Table 
VII. Of the radioactivity, 93% was eluted with triglycerides 
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and diglycerides. The identification of the material in these 
peaks was confirmed, using chromatography on silicic acid- 
impregnated paper by the method of Karmen.* As can be seen 
in Table VII the total amounts of radioactivity incorporated into 
triglyceride and diglyceride were similar, 40 and 53% of the total, 
respectively. The specific radioactivities, however, were widely 
different, 21.4 and 1570 ¢.p.m. per wkq hydroxamate-forming 
ester, respectively. In a second experiment using whole homog- 
enate, the total radioactivities in triglyceride and diglyceride 
were 3080 and 3230 c¢.p.m. respectively and the specific radio- 
activities were 4.65 and 254 ¢.p.m. per wkq, respectively. The 
magnitude of the differences in specific radioactivity is un- 
doubtedly exaggerated by the large excess of preformed tri- 
glyceride in the tissue. In two experiments with defatted homog- 
enate the radioactivity was equally distributed between 
triglyceride and diglyceride with a small percentage in mono- 
glyceride. 

As shown in Fig. 5 and Table VII there was a small amount of 
radioactivity eluted with 1° ethyl ether in petroleum ether, 
coincident with a very small amount of hydroxamate-positive 
material. The specific radioactivity of the material was ex- 
tremely high. Cholesterol esters are normally eluted at this 
point but no positive identification of this small amount of ma- 
terial was obtained. Another small fraction of the radioactivity 
was eluted with 100°, diethyl ether, which normally elutes mono- 
glycerides. The Ry of this material on silicic acid impregnated 
paper was compatible with that of monoglyceride. Its specific 
radioactivity was lower than that of the diglycerides and higher 
than that of the triglycerides. 

Synthesis of Phospholipids in This System—In order to assess 
the extent of incorporation into phospholipids a series of experi- 
ments was done in which, at the end of the usual incubation, 
total lipid was extracted with chloroform-methanol (2:1, volume 
per volume) and chromatographed by the method of Borgstrom 
(9). An aliquot of the methanol eluate was counted (phos- 
pholipid radioactivity). The material eluted with chloroform 
was taken to dryness, redissolved in isooctane, and treated with 
alkaline ethanol to remove FFA. An aliquot of the washed 
isooctane was counted (neutral lipid radioactivity). In_ six 
experiments with whole homogenate the radioactivity present 
in phospholipid averaged 17°; (range, 5 to 22%) of the total in 
both fractions. When the phospholipid was chromatographed 
on silicic acid paper (10), most of the radioactivity (75 to 91° ) 
ran with an Fy similar to that of reference phosphatidic acid. 

The synthesis of phosphatidic acid was also demonstrated in 


TasBLe VIII 
Incorporation of 1-C'4-aGP into neutral lipid and into 
phospholipid 
Defatted homogenate incubated with supplements as described 


in Table L except for omission of 1-C'*-palmitie acid and the addi- 
tion of 0.32 ymole of 1-C!4-L-aGP. 


Percentage of glyceride C'4 in 


Experiment No. Time —_ 
Neutral lipid Phospholipid 
min % % 
1 3 39 : 61 
30 62 | 38 
2 3 48 | 52 
30 


76 24 
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defatted homogenates incubated with P-labeled aGP, plus co- 
factors as described above. All of the radioactivity in the phos- 
pholipid fraction isolated from such an incubation was recovered 
in one spot (Ry similar to known phosphatidic acid) after chro- 
matography on silicic acid-impregnated paper. When this 
material was subjected to mild alkaline hydrolysis (17) and then 
chromatographed (ethyl acetate:acetic acid:water, 3:3:1, 
volume per volume) (18) the radioactivity was found in one spot 
with an Ry similar to that of aGP. Phosphatidic acids remain 
at the origin in this system. The positions of the products of 
hydrolysis of other phospholipids have not been determined. 
According to known pathways of biosynthesis of phosphatidy] 
choline, phosphatidyl serine, and phosphatidyl ethanolamine, 
however, the P® of aGP® is lost as inorganic phosphate prior to 
the addition of the nitrogenous base. 

In other studies the incorporation of C-labeled a@GP into 
phospholipid and into neutral lipid was determined after 3 and 30 
minutes of incubation as shown in Table VIII. At 3 minutes 
phosphatidic acids accounted for most of the lipid synthesized 
from 1-C4-a@GP. At 30 minutes the neutral lipid fraction con- 
tained about 70% of the total lipid C™. Similar experiments 
using 1-C'-palmitate also demonstrated a larger percentage of 
counts in neutral lipid after 30 minutes than after 3 minutes. 
Even in the 3-minute incubations, however, there was a pre- 
ponderance of radioactivity in neutral lipid. 


DISCUSSION 


The requirements of the adipose tissue homogenate for tri- 
glyceride synthesis are very similar to the requirements demon- 
strated by Weiss and Kennedy (1) and by Tietz and Shapiro (3) 
for triglyceride synthesis in liver homogenates. The data re- 
ported above are compatible with triglyceride synthesis by a 
pathway essentially similar to that proposed by these authors 
for synthesis in liver: 


Palmitate + ATP + CoA — palmitoyl-S-CoA + AMP + PP (1) 
2 palmitoyl-S-CoA + a-glycerophosphate 

— phosphatidic acid (2) 

Phosphatidie acid — diglyceride + phosphate (3) 

Diglyceride + palmitoyl-S-CoA — triglyceride (4) 


The absolute dependence of incorporation upon ATP and CoA 
is in accord with Reaction 1. It is important to note that there 
was no significant incorporation of FFA into glycerides or phos- 
pholipids in unfortified homogenates or when either ATP or CoA 
was omitted. In the absence of added aGP there was always 
some incorporation but at only a small fraction of the rate ob- 
served when aGP was present. As pointed out above, this may 
be attributable to the endogenous aGP that has been demon- 
strated in these homogenates by enzymatic assay methods. 
Glycerol cannot replace aGP in the complete system and at- 
tempts to demonstrate directly glycerophosphokinase activity in 
adipose tissue homogenates were negative. Incorporation of 


both labeled fatty acid and of labeled aGP into phosphatidic acid 
was demonstrated in accordance with Reaction 2. The amount 
of fatty acid incorporated into other phospholipids was very 
small. 

Because of the large quantity of preformed unlabeled triglyc- 
eride present in the homogenate the isolation of diglyceride of 
specific radioactivity 50 or more times that of the triglycerides 
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does not permit of any firm conclusions regarding the pathway 
of triglyceride synthesis. The difference found does rule out 
the possibility that the diglycerides isolated arise primarily from 
breakdown of the triglycerides examined and is compatible with 
Reaction 4 which has been demonstrated directly in other 
studies.°> Results of experiments such as those summarized in 
Table VIII showing what appears to be a progressive transfer of 
incorporated radioactivity from phospholipid to neutral lipid 
with increasing time of incubation again are compatible with 
this series of reactions. In addition, phosphatidic acid phos- 
phatase activity (Reaction 3) has been demonstrated directly in 
homogenates of the epididymal fat pad.® 

Incubation of homogenates without addition of cofactors and 
substrates is accompanied by a significant increase in FFA and of 
glycerol,® by definition evidence of lipase activity. Recent 
studies in other laboratories indicate there may be several 
lipases in adipose tissue. Korn has demonstrated that this tissue 
is rich in lipoprotein lipase (19), an enzyme that under certain 
conditions catalyzes transesterification (20). Thus, it might be 
anticipated that some incorporation would occur independent of 
a supply of energy donors, particularly in the whole homogenate 
which contains so much triglyceride. The apparent absence of 
any such exchange incorporation was unexpected. Either the 
lipases active in these homogenates do not catalyze transesterifi- 
cation or the conditions employed were not suitable. 

On the other hand, when fully fortified homogenates are in- 
cubated there is rapid incorporation of C'-palmitic acid into 
glycerides and frequently a net decrease in FFA. The fact that 
the specific radioactivity of the FFA drops considerably during 
incubation of fortified homogenates indicates that glyceride 
breakdown continues simultaneously with synthesis, 7.e. that 
there is active turnover. If such a dynamic state exists also in 
the whole adipose tissue, as is indicated by a number of isotopic 
studies in intact animals, an increase in the rate of release of FFA 
could be effected either through an acceleration of the rate of 
breakdown of triglycerides or by inhibition of the rate of esterifi- 
cation: 


ky 
FFA triglycerides 
ke 


If there were an increase in k, with no change (or a lesser change) 
in ko, the net effect would be to decrease the level of FFA at the 
expense of the triglyceride pool. The well documented inhibi- 
tory effect of glucose on fatty acid release, for example, may be 
due to acceleration of triglyceride synthesis as has been suggested 
by other workers (21, 22). Since adipose tissue does not utilize 
free glycerol to any significant extent, the maintenance of a steady 
state in the presence of continuing lipolysis requires a constant 
supply of substrate from which aGP can be generated and from 
which energy for the esterification process can be derived. 


6M. Vaughan, unpublished experiments. 
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Conversely, the stimulation of fatty acid release demonstrated 
for several hormones could be brought about in part through 
inhibition of triglyceride synthesis. Preliminary results from 
this laboratory have been reported showing that epinephrine, 
glucagon and adrenocorticotropic hormone do in fact inhibit the 
incorporation of 1-C'*-palmitic acid into triglycerides of intact 
adipose tissue (5). 


SUMMARY 


1. Requirements for the synthesis of neutral lipids by cell free 
homogenates of rat epididymal adipose tissue are described. 

2. All of the observations in the complete system and in studies 
of single reactions are compatible with the pathway of glyceride 
synthesis proposed earlier by other workers for the system from 
liver, involving the formation of phosphatidic acid from fatty 
acyl coenzyme A derivatives and a-glycerophosphate followed by 
conversion of this to diglyceride, which is then esterified to form 
triglyceride. 

3. In homogenates of adipose tissue lipolysis goes on simul- 
taneously with esterification. This occurs even when there is a 
net decrease in free fatty acids during incubation. 
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Lipoprotein lipase has been identified in extracts of adipose 
tissue and heart and seems to be identical to the lipase that 
appears in plasma after the injection of a polyanion (cf. 1,2). 
The most unique characteristic of this lipase is its specifieity for 
triglycerides in the form of a natural or synthetic lipoprotein 
complex. This paper describes investigations on the specificity 
of lipoprotein lipase with respect to the type of fatty acid and 
the position of the fatty acid (@ or @) in the triglyceride. Chylo- 
microns obtained from rats fed either olive oil, corn oil, cream, 
or cocoa butter were incubated with lipoprotein lipase. The free 
fatty acids produced by hydrolysis were isolated, and their 
molar percentage composition compared to that of the triglyc- 
eride substrate. If the enzyme catalyzed preferentially the 
hydrolysis of ester bonds involving certain specific fatty acids, 
one would expect those fatty acids to comprise a greater per- 
centage of the free fatty acids than of the triglycerides. 

One possible difficulty in this approach is that a fatty acid 
specificity (or lack of specificity) might be concealed by a com- 
bination of a nonrandom distribution of fatty acids in the tri- 
glyceride substrate and an enzymic positional specificity. To 
control this, the chylomicrons were also degraded by pancreatic 
lipase. This enzyme is known not to have a fatty acid specificity 
(among the long chain fatty acids under consideration) and to 
cleave preferentially fatty acids esterified at the q@ position 
(3, 4). It serves, therefore, as an analytical tool for the de- 
termination of the distribution of fatty acids between the a and 
B positions of the chylomicron triglycerides (5, 6). 

Similar results were obtained when the chylomicrons derived 
from olive oil, corn oil, and cream were analyzed in this way. In 
each type of chylomicron the composition of the fatty acids at 
the @ position was not significantly different from the composition 
of the fatty acids which occupied the 8 position. However, the 
compositions of the fatty acids at the @ and B6 positions were 
very different in the chylomicrons derived from cocoa butter. 
These chylomicrons, therefore, were very useful in determining 
the positional specificity of lipoprotein lipase. The relative 
rates of hydrolysis of the a and 8 esters were also determined by 
comparing the rates of production of free fatty acids and form- 
aldehydogenic compounds (after periodate oxidation). Lipo- 
protein lipase was found to have neither fatty acid nor positional 
specificity. 


EXPERIMENTAL PROCEDURE 


Materials and Methods 


Enzymes—Lipoprotein lipase was prepared from hen adipose 
tissue. Approximately 200 g of adipose tissue were blended for 


2 minutes with 2 liters of acetone at room temperature and 
rapidly filtered on a Buchner funnel. The residue was reex- 
tracted twice with 1 liter of acetone and air-dried. One gram of 
acetone powder was extracted with 20 ml of 0.025 mM ammonia 
for 1 hour at 0°, the mixture centrifuged and the extract freeze- 
dried. ‘This powder was stored in a vacuum desiccator at 4°. It 
was dissolved in 0.005 M ammonia (10 mg per ml) immediately 
before use. 

Pancreatic lipase was prepared by extracting 5 mg of steapsin 
(Fisher) with 1 ml of 0.025 M ammonia for 30 minutes at 0°. The 
supernatant solution obtained after centrifuging was used im- 
mediately. 

Chylomicrons—The thoracic ducts of rats were cannulated 
with polyethylene tubing and the animals fasted for 18 hours 
with free access to 0.45% NaCl.! The rats then were given by 
stomach tube either olive oil, corn oil, cream (1 ml in each case), 
or cocoa butter (2 ml) and chyle was collected for the next 8 
hours. The chyle was kept cold throughout the period of col- 
lection. Chylomicrons were isolated by centrifuging at 78,000 
X g for 30 minutes. The layer of packed chylomicrons was col- 
lected, resuspended in 20% albumin, pH 8.5, layered unjder 
0.15 mM NaCl in 0.005 M ammonia and centrifuged as before. The 
washing procedure was repeated twice more. The final prepara- 
tion was suspended in 0.15 Mm NaCl in 0.005 M ammonia. An 
aliquot (usually 0.1 ml) was diluted to 1 ml with water and the, 
triglycerides extracted into heptane by the method of Dole (7). 
An aliquot of the heptane solution was analyzed for triglyceride 
by ester determination according to Rapport and Alonzo (8). 
Cholesterol ester would also be included but would contribute 
only about 4% to the total ester content. The chylomicrons 
were then diluted to a triglyceride concentration of 100 umoles 
per ml and stored at 4°. They were used within 3 days of col- 
lection. 

Incubation Conditions—Three different methods of incubation 
were used. 

1. Pancreatic lipase with Ca++: The incubation tube contained 
the appropriate triglyceride, 5 mm; CaCle, 0.4 Mm; NH,CI-NHs, 
pH 8.0, 1.5 mM; and pancreatic lipase in a total volume of 2 ml. 
For each substrate, separate tubes were incubated with 0, 0.01, 
0.025, 0.05, and 0.1 ml of enzyme per ml. All tubes were incu- 
bated at 38° for 30 minutes. 

Olive oil, corn oil, cocoa butter, the triglycerides extracted 
from cream, and the triglycerides extracted from each of the 
chylomicron preparations were analyzed in this way. Before 


1The operations were skillfully performed by Mr. Carlos 
Schultz. 
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use, the triglycerides were emulsified by rapidly squirting an 
ethanolic solution of the triglyceride (20 mm) through a hypo- 
dermic syringe into an equal volume of hot water and the ethanol 
was removed by boiling. 

2. Pancreatic lipase with albumin: The incubations were 
performed exactly as above except that instead of CaCl: and 
NH,CI-NH; the tubes contained 10% bovine serum albumin, 
pH 8.0. Aliquots of the fats fed to the rats and the intact 
chylomicrons were analyzed under these conditions. 

3. Lipoprotein lipase with albumin: Chylomicrons, 5 mm with 
respect to triglyceride; bovine serum albumin, 10%, pH 8.5; 
(NH,)SO,, 0.05 M; and lipoprotein lipase were incubated in a 
total volume of 2 ml for 30 minutes at 37°. Incubation tubes 
contained 0, 0.1, 0.2, and 0.4 ml of enzyme per ml. 

Separation of Triglycerides and Free Fatty Acids—The reaction 
was stopped by adding 10 ml’ of a mixture of isopropanol, n- 
heptane and 1 N H.SO, (4:1:0.1) and the free fatty acids and 
glycerides extracted according to Dole (7) except for the use of 
heptane instead of isooctane. It was also necessary to add ad- 
ditional 1 N H.SQO, (about 0.5 ml) to acidify the mixture. The 
heptane phase (approximately 10 ml) was washed once with 
water and an aliquot (usually 2 ml but sometimes more) removed 
for titration of the free fatty acids according to Gordon (9). 
The rest of the heptane phase was partitioned between heptane 
and 0.05 N NaOH in 50% ethanol following the procedure of 
Borgstrom (10). The alkaline ethanol phase contained the 
sodium soaps of the fatty acids. It was washed twice with 
heptane, acidified with 1 N H.SO,; and the free fatty acids ex- 
tracted into heptane. The heptane was removed under reduced 
pressure at 40°. 

The heptane phase from the first partition with alkaline ethanol 
contained the glycerides. The fraction from the sample incu- 
bated without enzyme was reextracted twice with alkaline eth- 
anol, washed with water and evaporated to dryness. 

In control experiments it was determined that the free fatty 
acid fraction contained no detectable triglyceride or diglyceride 
and less than 5% of the monoglyceride present before partition- 
ing. No detectable free fatty acids contaminated the glyceride 
fraction. 

Gas-Liquid Chromatography—F ive milliliters of 5% H2SO, in 
absolute methanol were added to each sample of free fatty acids 
and triglycerides and they were converted to the methyl esters 
by heating at 60° overnight. The methyl esters were extracted 
into heptane, the heptane washed with water and evaporated to 
a small volume (approximately 0.2 ml) under reduced pressure. 
Samples of 1 to 3 wl were applied to a glass column (8 ft X 4 mm) 
containing siliconized Chromosorb W (Johns-Manville) coated 
with ethyleneglycol succinate (16%) polyester. Analyses were 
performed at 200° under an argon pressure of 18 lbs/sq in. An 
argon 1onization detector was used.? 

Calculation of Molar Percentage Composition—The molar per- 
centage composition of the triglyceride substrate was calculated 
directly from the areas under the curve. The molar percentage 
composition of each of the free fatty acid samples was calculated 
in the same way. From these data and the titration data, the 
microequivalents of each fatty acid present in the sample at the 
end of the incubation were calculated. The values for each 
fatty acid in the sample incubated without enzyme were sub- 
tracted from those of the samples incubated with enzyme, to 


? The advice and assistance of Dr. C. C. Sweeley and Dr. A. Kar- 
men are gratefully acknowledged. 
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find the microequivalents of each free fatty acid formed by en- 
zymic hydrolysis. From these corrected figures, the molar 
percentage composition of the free fatty acids produced by the 
action of the enzyme on the substrate was calculated. Fatty 
acids representing less than 1% of the total were ignored. 

Determination of Ratio of Free Fatty Acids to Formaldehydogenic 
Compounds—In some experiments, duplicate aliquots of 0.025 ml 
were removed from the incubation tubes immediately before 
adding Dole’s reagent. These samples were added to 0.1 ml 
of 1 N H.SO,, oxidized by periodate and formaldehyde deter- 
mined as described previously (11). 


RESULTS 


The results of all the experiments are summarized in Tables 
ItolV. There were no significant differences when the original 
fats were incubated with pancreatic lipase with albumin or Ca++ 
as fatty acid acceptor. ‘Therefore, the results of these two sepa- 
rate experiments are averaged in each case and reported together. 
Similarly, the results obtained upon the incubation of pancreatic 
lipase with the intact chylomicrons and the triglycerides ex- 
tracted from the chylomicrons are averaged. The data for the 
incubation of chylomicrons with lipoprotein lipase are usually 
the average of three separate experiments (the only exception is 
with cocoa butter chylomicrons). Each of the separate experi- 
ments was composed of a set of incubation tubes (usually four for 
lipoprotein lipase and five for pancreatic lipase) containing 
different quantities of enzyme in order to obtain free fatty acids 
representing different percentages of hydrolysis of the ester 
bonds. The percentage of ester bonds hydrolyzed is indicated 
on the tables. There were no differences in molar percentage 
composition of the free fatty acids as a function of the number 
of ester bonds hydrolyzed. 

As an example of the degree of variation among the individual 


TABLE I 


Hydrolysis of olive oil and chylomicrons derived from olive oil by 
pancreatic lipase and lipoprotein lipase 


: Molar percentage composition? 
Substrate Enzyme | 
16:0 | 16:1 | 18:0 | 18:1 | 18:2 

Olive oil Pancreatic TG 13 1 2 77 8 

lipase FFA‘ 17 1 4 73 6 

Chylomicrons| Pancreatic TG 15 1 2 

(olive oil) lipase FFA? 18 1 3 69 9 

Chylomicrons) Lipopro- TG 13 1 2 73 «dil 

(olive oil) tein FFA?! 15 1 4 70 9 
lipase 


For experimental details see text. 

TG, triglyceride; FFA, free fatty acids. 

> The first figure refers to the number of carbon atoms in the 
chain; the second figure refers to the number of double bonds in 
the fatty acid. 

¢ Average of 6 analyses in which 3, 9, 25, 26, 29, and 60% of the 
total ester bonds were hydrolyzed. 

4 Average of 8 analyses in which 10, 14, 15, 22, 28, 35, 53, and 
54% of the total ester bonds were hydrolyzed. 

¢ Average of 6 analyses in which 8, 10, 13, 22, 23, and 35% of the 
total ester bonds were hydrolyzed. 


i 
| 
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TaBLe II TABLE IV fe 
Hydrolysis of corn oil and chylomicrons derived from corn oil by Hydrolysis of cocoa butter and chylomicr on der ived f rom cocoa st 
pancreatic lipase and lipoprotein lipase butter by pancreatic lipase and lipoprotein lipase - 
a 
a | Molar percentage composition 
Molar percentage composition P | | Fraction 
Substrate Enzyme _—‘Frraction | | | cl 
16:0 | 18:0 | 18:1 | 18:2 | | : z ; ec 
Corn oil Pancreatic TG | 60 Cocoa butter | | 
| Lipase | FFA* | 12 | 28 | 58 _ lipase | i | ee 
| | | | | “as | | 
FFA’ 13 | 5 | 32 | 49 butter) Spee. | | pe 
| | | | | | th 
Chylomicrons Lipopro- 2 | 3056 | | | | : ch 
(corn oil) tein lipase) FFA* | 12) 4 =| 28 56 | ex 
| | | ra 
* Average of 6 analyses in which 13, 24, 25, 29, 39, and 58% of ¢ Average of 2 analyses in which 17 and 45% of the total ester th 
the total ester bonds were hydrolyzed. bonds were hydrolyzed. the 
» Average of 8 analyses in which 4, 5, 10, 11, 17, 28, 40, and 58% > Average of 3 analyses in which 13, 26 and 33% of the total ap 
of the total ester bonds were hydrolyzed. ester bonds were hydrolyzed. ab 
* Average of 6 analyses in which 8, 10, 20, 20, 23, and 45% of the ¢ Average of 3 analyses in which 21, 24 and 39% of the total , 
total ester bonds were ester bonds were hydrolyzed. 
Taste II 
€ 
Hydrolysis of cream triglycerides and chylomicrons derived from T V lis 
cream by pancreatic lipase and lipoprotein lipase a eee P 
| Complete data for hydrolysis of chylomicrons (olive oil) by pancreatic thi 
| | es | Molar percentage composition lipase and lipoprotein lipase spe 
| | 10:0 14:0 16:0 /16:1 18:0 18:1. 18:2 Molar percentage composition it 
Cream Pancrea- | TG 1/8) 16/ 38/1 25) 1 for 
| tie | 5 4 | 10 | 33} 15 | 27 2 any 
| lipase | Ba ae Pancreatic TG 0 14.9; 1.0 | 1.8 | 70.9 | 11.5 calc 
| lipase* FFA 3.1 | 17.7| 0.9 | 3.0 | 69.5 | 8.9 
crons | FFA®;| 13) 12 | 36 11 | 32/2 6.6 0.9 | 2.5 | 70.2) 84 
10.4 | 15.4) 0.5 | 2.8 | 71.5| 9.7 
| | 16.3 18.4, 1.0 | 2.8 | 68.4) 9.4 
Chylomi- Lipopro- | TG 3 3/11 34/3) 11 33) 5 duri 
| lipase? FFA| 4.2 | 17.9| 1.7 | 3.3 |67.2| 99 | tot 
5 dete 
* Average of 5 analyses in which 2, 4, 15, 36, and 56% of the total bap cae a a ae cs chy] 
ester bonds were hydrolyzed. ; ae 
Average of 5 analyses in which 11, 18, 29, 47, and 53% of the Lipeguetein TG 0 14.31 1.2 | 2.0 | 72.5 | 10.1 pe 
total ester bonds were hydrolyzed. FFA | 2.9 19.2121 46 165.51 7.7 
¢ Average of 6 analyses in which 6, 7, 11, 17, 22, and 27% of the nas | : | 1.0 18.5 12 37 67.2 81 T 
total ester bonds were hydrolyzed. 6.6 16.0 12 33 7 4 8.9 term 
5 TG 0 11.9; 1.2 | 2.2 | 74.7 | 10.0 f 
analyses all the data obtained in the experiments with olive oil FFA 6.9 | 12.2) 1.2 4.9 | 72.7! 9.1 ree 
chylomicrons are shown in Table V. These data were used for 10.6 | 13.2) 1.1 | 4.7 | 71.4) 9.6 chy 
calculation of the relevant average values in Table I and are TG 0 13.6 1.3, 2.4 | 68.4 | 14.2 ‘ 
typical of all the sets of data from which the average values in | FFA 2.4 | 12.2) 0.2) 0 74.5 | 13.1 | ge 
Tables I to 1V were calculated. * Triglycerides were extracted from chylomicrons (olive oil) —_free 
The free fatty acids formed upon incubation of corn oil and and 10 wmoles incubated with different quantities of pancreatic incul 
cream with pancreatic lipase had a composition very similar to — lipase with Ca** as fatty acid acceptor as described in text. and | 
that of the triglycerides indicating a random composition for ‘ ; on lomicrons (olive oil; 10 umoles of triglyceride) ap pared glyce 
these two fats. Olive oil, on the other hand, was found to be ate with different quantities of pancreatic lipase with albumin aldel 
th irene f the free f mans as fatty acid acceptor as described in text. fo 
quite nonrandom. If the composition of the free fatty acids is Chylomicrons (olive oil; 10 umoles of triglyceride) were incu- = 
taken to be that of the fatty acids esterified at the a positions of bated with different quantities of lipoprotein lipase as described 7p 


the triglyceride, it can be calculated that the composition of the in text. Three separate experiments were performed. was j 
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fatty acids at the 6 position is: palmitic, 5%; palmitoleic, 1%; 
stearic, 0%; oleic, 85%; and linoleic, 12%. This is in good 
agreement with the data of Mattson and Lutton (5). The data 
also confirm that pancreatic lipase has no fatty acid specificity. 

Similar results were obtained in the experiments with the 
chylomicrons derived from olive oil, corn oil, and cream. In 
confirmation of the work of Bragdon and Karmen (12), the com- 
positions of the chylomicrons closely resembled those of the fats 
fed. 

The free fatty acids formed upon incubation with pancreatic 
lipase had, within the limits of the method, the same molar 
percentage composition as the chylomicron triglycerides (with 
the possible exception of linoleic acid in the experiment with the 
chylomicrons formed from corn oil). This was expected in the 
experiments with cream and corn oil which were initially of 
random structure. In the case of olive oil, the compositions of 
the fatty acids at the a and @ position were much more alike in 
the chylomicrons than in the fat fed. This must be the result of 
appreciable hydrolysis and resynthesis during the process of 
absorption. 

When these three preparations of chylomicrons were incubated 
with lipoprotein lipase, the molar percentage compositions of 
the free fatty acids were again found to be identical to those of 
the triglycerides. Inasmuch as the experiments with pancreatic 
lipase had shown these chylomicrons to have a random structure, 
this must mean that lipoprotein lipase does not have a fatty acid 
specificity. 

To determine the positional specificity of lipoprotein lipase, 
it was desired to prepare chylomicrons, the triglycerides of which 
would be of nonrandom structure. Cocoa butter was selected 
for this purpose because its structure is the most nonrandom of 
any fat yet examined. From the data in Table IV, it can be 
calculated that the composition of the cocoa butter used in this 
experiment was @ position: palmitic, 39%; stearic, 47%; oleic, 
13%; linoleic, 2%; B position: 3%, 5%, 76%, 11%, respectively. 
These data are in good agreement with those of others (5, 6). 
In an attempt to reduce the percentage of ester bonds hydrolyzed 
during absorption, and thus retain in the chylomicrons the 
structure of the original fat, twice as much cocoa butter was fed 
to the rat as was used with olive oil, corn oil, and cream. As 
determined by digestion with pancreatic lipase, the resultant 
chylomicrons were of significantly nonrandom structure (a@ posi- 
tion: palmitic, 36%; stearic, 35%; oleic, 27%; linoleic, 2%; 
8 position: 18%, 8%, 60%, 17%, respectively). 

These chylomicrons then were ideal for the purpose of de- 
termining whether lipoprotein lipase has a positional specificity. 
In marked contrast to the results with pancreatic lipase, the 
free fatty acids produced upon incubation of cocoa butter 
chylomicrons with lipoprotein lipase had the same composition 
as the substrate. The data clearly indicate, therefore, that 
lipoprotein lipase has no marked positional specificity. 

This conclusion is supported by the data showing the ratios of 
free fatty acid to formaldehydogenic products formed upon 
incubation of the olive oil chylomicrons with pancreatic lipase 
and lipoprotein lipase. If the sole products of hydrolysis were 
glycerol and free fatty acids the ratio of free fatty acids to form- 
aldehyde (after periodate oxidation) would be 1.5 (3:2). The 
formation of a B-monoglyceride would produce two free fatty 


* Dr. P. Desnuelle suggested that the structure of cocoa butter 
was ideal for these experiments. 
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acids but no formaldehyde. However, the @-monoglyceride 
formed as a result of the action of pancreatic lipase is known (13) 
to isomerize to the more stable a-monoglyceride (which would 
give 1 mole of formaldehyde for every 2 moles of free fatty acid) 
and to be slowly hydrolyzed to glycerol (14, 15). 

With lipoprotein lipase, the mean ratio of seven incubations, 
in which from 10 to 50% of the total ester bonds were hydrolyzed, 
was 1.6 + 0.3. This is the theoretical ratio for complete hy- 
drolysis to free fatty acids and glycerol. With pancreatic lipase, 
the mean ratio of eight incubations, in which from 8 to 60% of 
the total ester bonds were hydrolyzed, was 4.2 + 1.4. The 
greater variability in the experiments with pancreatic lipase was 
probably due to differences in the rate of isomerization of the 
B-monoglycerides. There was no correlation between the degree 
of lipolysis by either lipoprotein lipase or pancreatic lipase and 
the ratio of fatty acids liberated to formaldehyde. 

The absence of a fatty acid and positional specificity implies 
that it should be possible to hydrolyze chylomicron triglycerides 
by lipoprotein lipase quantitatively to free fatty acids and glyc- 
erol. In one experiment, 1.0 uwmoles of substrate (by ester 
analysis) was incubated with 0.2 ml of lipoprotein lipase for 1 
hour. Glycerol (1.03 uwmoles) and free fatty acids (3.2 uwmoles) 
were produced in stoichiometric quantities. 


DISCUSSION 


Shore et al. (16) published data indicating that lipoprotein 
lipase has a specificity for glyceride bonds involving oleic acid. 
They determined the rates of hydrolysis of triolein, trilinolein, 
tristearin, and tripalmitin by lipoprotein lipase of postheparin 
plasma, assaying by a manometric technique with bicarbonate 
buffer. The initial rate of hydrolysis of triolein appeared to be 
much greater than that of the other three substrates, all of which 
were hydrolyzed at the same slow rate. However, no special 
effort was made to emulsify the substrates, without which acti- 
vation by serum lipoproteins and hydrolysis by lipoprotein 
lipase is difficult if not impossible. It is possible that the rapid 
initial rate of hydrolysis of the triolein, which stopped after only 
1% of the ester bonds were hydrolyzed was due to the hydrolysis 
of an impurity in the triolein by some enzyme in the plasma 
which may or may not have been lipoprotein lipase. 

From somewhat similar experiments, Engleberg (17) has de- 
duced that lipoprotein lipase (and pancreatic lipase) hydrolyzes 
vegetable fats more rapidly than animal fats. Again the degree 
of emulsification was uncontrolled and the rates of hydrolysis 
with lipoprotein lipase were very low. In any case, the only 
animal fat used was whole cream, which is not a pure fat, and 
the fact that coconut oil, safflower oil, and cottonseed oil were 
all hydrolyzed at the same rate indicates that no fatty acid 
specificity can exist. 

Although under all the conditions used in the current investi- 
gation pancreatic lipase hydrolyzes the B-ester bond of triglyc- 
erides much more slowly than lipoprotein lipase (if at all), this 
difference in positional specificities may be relative rather than 
absolute. Pancreatic lipase (in large enough quantities) can 


hydrolyze triglycerides completely to glycerol (15) and, con- 
versely, under certain conditions monoglycerides have been 
shown to accumulate during the hydrolysis of chylomicrons 
by lipoprotein lipase (18). 

Borgstrom and Carlson (19) have reported that lipoprotein 
lipase catalyzes a rapid exchange reaction between radioactive 
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free fatty acids and the glycerides of chylomicrons in which only 
the fatty acids esterified at the @ position appear to participate. 
They interpret this to mean that lipoprotein lipase hydrolyzes 
preferentially esters at the @ position. Their results are com- 
patible with the conclusions drawn in this paper if it is assumed 
that although lipoprotein lipase can hydrolyze all three bonds of 
a triglyceride at essentially the same rate, there is a required 
sequence in which the a-esters are first hydrolyzed and that the 
hydrolysis of the ester bond at the 8 position is irreversible. 


SUMMARY 


Chylomicrons derived from olive oil, corn oil, cream, and cocoa 
butter were incubated with lipoprotein lipase and pancreatic 
lipase. The molar percentage composition of the free fatty acids 
formed during the hydrolysis was compared to the composition 
of the substrate triglyceride. These, and other, data indicate 
that lipoprotein lipase is similar to pancreatic lipase in having 
no specificity among glyceride bonds involving palmitic, stearic, 
oleic, and linoleic acids. There were also no experimentally 
significant differences in the observed rates of hydrolysis of 
glyceride esters of capric, lauric, myristic, and palmitoleic acids, 
but these were present in the chylomicrons in concentrations too 
low to obtain reliable data. Lipoprotein lipase, unlike pancreatic 
lipase, hydrolyzes all three ester bonds of a triglyceride molecule 
at the same rate, or at very similar rates. 
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Previous evidence (1, 2) indicated that the synthesis of long 
chain fatty acids from acetyl coenzyme A was catalyzed by two 
separate and distinct protein fractions derived from avian or 
mammalian livers. In addition to the enzyme fractions and 
acetyl coenzyme A there was an absolute requirement for aden- 
osine triphosphate, Mn++, HCO;3-, and reduced triphospho- 
pyridine nucleotide (2). The fatty acids synthesized were shown 
to be mainly palmitic acid which derived all of its carbon atoms 
from acetyl coenzyme A by a ‘‘head to tail’? condensation of this 
metabolite (3). The requirement for bicarbonate was absolute, 
yet radiolabeled HCO; was not incorporated into the palmitic 
acid. This observation led Gibson et al. (4) to postulate a 
catalytic role for HCO;- in the over-all reaction. A similar 
requirement for bicarbonate was reported by Klein (5) in studies 
on the synthesis of fatty acids by particulate preparations from 
yeast cells and by Squires and Stumpf (6) in their studies on 
fatty acid synthesis in extracts of avocado fruits. 

Recently, Wakil (7) isolated the first intermediate in the syn- 
thesis of long chain fatty acids from acetyl-CoA and thus split 
the reaction sequence into two parts. The first reaction was the 
formation of malonyl-CoA by the carboxylation of acetyl-CoA 
in the presence of ATP, Mn*+, and a biotin-containing enzyme, 
acetyl-CoA carboxylase (Rig) according to the following equa- 
tion: 
acetyl-CoA carboxylase 

bound-biotin + Mn++ (1) 


HOOCCH:COSCoA + ADP + Pi 


CH;COSCoA + CO. + ATP 


Biotin is tightly bound to the carboxylase and can be released 
only by tryptic digestion or acid hydrolysis. ‘The enzyme-bound 
biotin participates in the over-all synthesis of long chain fatty 
acids from acetyl-CoA as shown by the ability of avidin to in- 
hibit such reactions by binding onto biotin (8, 9). This tech- 
nique, which was first used successfully by Wakil and Gibson, 
has proved to be a useful technique in studying biotin enzymes 
(10-13). 

The second step in the synthesis of fatty acids was the con- 
version of malonyl-CoA to palmitate (7, 14) in the presence of 


* Aided in part by grants from the National Institutes of 
Health, United States Public Health Service No. RG-6242 (C2) 
and Nos. H-3582 and M-2109 to the Center For the Study of Aging, 
Duke University, The American Cancer Society and the Life In- 
surance Medical Research Fund. 

The preceding eight papers of this series have been published 
from the Institute for Enzyme Research, University of Wisconsin, 
Madison, Wisconsin. 

t Postdoctoral fellow of the American Cancer Society. 


acetyl-CoA, TPNH, and the second enzyme preparation (hitherto 
known as k or subfractions thereof). DPNH could substitute 
for TPNH; but the rate of oxidation of DPNH was about one- 
fourth that of TPNH (2). The present communication deals 
with the methods of preparation and purification of the second 
enzyme fraction (Rea) and the characteristics of such prepara- 
tions in the conversion of malonyl-CoA to palmitate. 


EXPERIMENTAL PROCEDURE 


Preparation of Enzyme Fraction R.,—This enzyme fraction 
was prepared from the Re» fraction (obtained between 25 and 
40% ammonium sulfate saturation) of the pigeon liver extract. 
The procedure for the adsorption and elution of this fraction on 
calcium phosphate gel is the same as described earlier (2). The 
fraction obtained after gel treatment (designated Re,) was fur- 
ther purified by the following procedure: The Rog preparation 
(20 to 30 mg of protein per ml) was dialyzed against 0.005 m 
phosphate buffer (pH 7.0) for 3 hours and was placed on a 
DEAE-cellulose column (200 mg protein was used on a 2.5 X 20 
em column). The DEAE-cellulose was a commercial product 
obtained from the Brown Company, Berlin, New Hampshire, 
and was washed several times with water, Tris buffer (pH 8.2), 
and 0.005 m phosphate buffer (pH 7.4). The column was packed 
in the usual way and was washed with several volumes of 0.01 
M phosphate buffer (pH 7.4). After the application of the en- 
zyme the column was washed successively with 200 ml of 0.01 m 
phosphate (pH 7.4), 0.01 mM phosphate (pH 7.4) and 0.1 m NaCl, 
and 0.01 m phosphate buffer (pH 7.4) and 0.25 m NaCl. The 
enzymatically active protein was eluted with 0.01 m phosphate 
and 0.25 m NaCl and was precipitated by the addition of 30 g 
of solid ammonium sulfate per 100 ml of solution. The mixture 
was allowed to stand for 15 minutes to insure complete precipi- 
tation of the protein and finally was centrifuged at 20,000 x g 
for 10 minutes. The supernatant fluid was discarded and the 
precipitate was dissolved in 0.005 m phosphate buffer (pH 7.0). 
The preparation thus obtained has been designated as Roge. 

The Rog preparation was further purified on calcium hy- 
droxylapatite. The Re, solution was dialyzed against 0.005 m 
phosphate buffer (pH 7.0) for 3 hours and then was added to the 
calcium apatite column prepared in exactly the same manner 
described by Tiselius et al. (15) (50 mg of protein to a column of 
1.5 X 25 cm). After the addition of the enzyme the column 
was washed with 0.05 m phosphate buffer (pH 7.0) and various 
fractions (3 ml each) were collected. The active enzyme was 
obtained in the Fractions 15 to 30. These fractions were pooled 
and the enzyme was precipitated with solid ammonium sulfate 
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TABLE I 


Ro. Purification 


— Specific activity | covery 
myumoles TPNH 
oxidized/min/mg % 

protein 

Soluble extracts, 100,000 g....... Ro 0.1 -100* 
Ammonium sulfate fraction, 25-40%. 1.0 80 
Calcium phosphate gel eluate....... Rog 20.0 65 
Fractionation of DEAE-cellulose | 

Fractionation on calcium hvdroxyl- 

Rea 300.0 25 


* Arbitrarily taken as equal to 100. 


in the same manner as described above for the precipitation of 
Ro, fraction. The enzyme preparation obtained was designated 
as Re. Table I gives a typical purification and yields of the 
various steps. ‘The final preparation (Re) was slightly yellow 
in color and represents about « 3000-fold purification over and 
above the original pigeon liver extract. 

Assay of Enzyme Fraction Rz:—The absolute requirement for 
TPNH in the conversion of malonyl-CoA to fatty acid provides 
a convenient and accurate measure of fatty acid synthesis. The 
oxidation of TPNH can be measured spectrophotometrically at 
340 my (16). The reaction mixture contained 30 uwmoles of 
phosphate buffer (pH 6.5), 0.015 umole of acetyl-CoA, 0.016 
umole of malonyl-CoA, 0.05 umole of TPNH, and water to a 
final volume of 0.4 ml. The reaction started with the addition 
of the Re. enzyme fraction. The Beckman model DU or the 
Carl Zeiss spectrophotometer was used for the optical density 
determinations and the temperature in the cell compartment 
was maintained at 37°. The protein concentration is adjusted 
to give a rate of optical density change at 340 my of 0.01 to 0.05 
per minute. Within this range, the rate is directly proportional 
to enzyme concentration. It is also linear with time for the 
first 3 to 5 minutes. One enzyme unit is defined as the amount 
which leads to the reduction of 1 mumole of TPNH per minute. 
Specific activity is defined as units per milligram of enzyme. 

Acyl-CoA Derivatives—C"-labeled malonyl-CoA was prepared 
enzymatically from C'-acetyl-CoA with the aid of acetyl-CoA 
carboxylase. For the preparation of carbonyl-labeled malonyl- 
CoA (HOOCCH.C#OSCoA), and C-l-acetyl-CoA were 
used and for the preparation of carboxyl-labeled malonyl-CoA 
and nonlabeled acetyl-CoA were 
used. In either case the procedure was as follows: a reaction 
mixture was prepared by mixing 3000 uwmoles of potassium phos- 
phate buffer (pH 6.5), 100 wmoles of ATP, 30 umoles of MnCl., 
400 umoles of bicarbonate, 30 wmoles of C'-labeled acetyl-CoA, 
30 mg of acetyl-CoA carboxylase, and water to a final volume of 
20 ml. After incubation for 20 minutes at 38°, the reaction was 
stopped by either heating in a boiling water bath for 5 minutes 
or by careful acidification of the mixture with 60% perchloric 
acid to pH 3. The denatured protein was separated by centrifu- 
gation and washed once with 2.5 ml of water. The supernatant 
fluid and washings were pooled and lyophilized. (When per- 


chloric acid was used the mixture was reneutralized to pH 6.5 
with alkali.) 


The white powder was dissolved in a minimal 
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amount of water; 2 to 3 ml. The solution was then streaked on 
Whatman filter paper No. 17MM. The chromatogram was 
developed by descending chromatography in isobutyric acid- 
concentrated ammonia (28%)-water (66:1:33) system. The 
various nucleotide spots were located by their quenching the 
ultraviolet light. Malonyl-CoA separates from ATP, ADP, and 
acetyl-CoA with an Rp of 0.47 to 0.52. The malonyl-CoA was 
eluted with water and the combined eluates were lyophilized. 
The residue was dissolved in a minimal amount of water and was 
assayed for malonyl-CoA. The yield was approximately 15 to 
20 umoles of malonyl-CoA. Rechromatography of malonyl-CoA 
may be necessary to completely separate traces of ADP and 
acetyl-CoA. 

Chemical Synthesis of Malonyl-CoA—The chemical synthesis 
of malonyl-CoA is based on the procedure of Wieland and Képpe 
(17) for the formation of acetyl-CoA via the corresponding thio- 
phenol derivative. The procedure involves two steps; the first 
is the formation of the monomalonylthiophenol from the mixed 
anhydride and the second is the displacement of thiophenol by 
CoA. For a typical preparation, 50 mmoles of anhydrous ma- 
lonic acid were dissolved in 25 ml of anhydrous tetrahydrofuran 
at —20° followed by the addition of 25 mmoles of triethylamine. 
To this mixture, a solution of 25 mmoles of ethyl chlorocarbonate 
in 5 ml of tetrahydrofuran was added dropwise with constant 
mixing. Precipitation of triethylamine hydrochloride begins 
after several minutes. The mixture is allowed to stand for 20 
minutes at this temperature to assure completion of the reaction. 
Samples may then be withdrawn and added to a solution of 
hydroxylamine and water. The resultant mixture is incubated 
for 10 minutes at 38°. The violet color due to the formation of 
the hydroxamic acid is developed by the addition of HCl and 
FeCl; solutions in the usual manner (18). 

The main portion of the mixed anhydride is treated with 25 
mmoles of thiophenol and allowed to stand at room temperature 
for 24 hours. The solvent is then removed in a vacuum and 
the residue is suspended in a minimal amount of water. The 
oily product is extracted in diethyl ether and dried over sodium 
sulfate. Evaporation removes the ether with the malonylthio- 
phenol remaining as a viscous oily residue. The reaction with 
CoA is carried on as follows: A solution of reduced CoA is ad- 
justed to a concentration of 5 to 10 wmoles per ml. Sufficient 
sodium bicarbonate is added to obtain a pH of 8.2. Malonyl- 
thiophenol is then added in small amounts with rigorous agita- 
tion by bubbling through nitrogen gas until a small sample (0.01 


to 0.02 ml) gives a very low nitroprusside test indicative of free 


sulfhydryl groups. At this end point agitation of the mixture is 
continued for 10 minutes at room temperature. Then the re- 
action mixture is acidified with Dowex 50 to pH 3 and the Dowex 
is removed by centrifugation and washed once with water. The 
supernatant fluid and the wash are combined and the thiophenol 
is extracted with diethyl ether. The aqueous solution, contain- 
ing malonyl-CoA, is then lyophilized. Recovery is 40 to 50%. 
The preparation of malonyl-CoA thus obtained contains a con- 
siderable amount of free CoA. Further purification of malonyl- 
CoA may be-achieved by the aforementioned chromatographic 


procedure. 


The acetyl-CoA, butyryl-CoA, hexanoyl-CoA, octanoyl-CoA, 
etc., are prepared enzymatically with the fatty acid-activating 
enzyme (19) or chemically by the thiophenol method of Wieland 
and K6éppe (17). 
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TPNH was obtained commercially from Sigma Chemical 
Company. Tritiated sodium acetate was obtained from the 
New England Nuclear Corporation. 


RESULTS 


Requirement for Acetyl-CoA in Conversion of Malonyl-CoA to 
Palmityl-CoA—The requirement for CQz in fatty acid synthesis 
has been explained by the formation of malonyl-CoA by the 
carboxylation of acetyl-CoA by the biotin-containing acetyl 
carboxylase. The product, malonyl-CoA, is converted by the 
second enzyme fraction (Re) in the presence of TPNH and 
acetyl-CoA to palmitic acid (20). This conversion was followed 
either spectrophotometrically by measuring the oxidation of 
TPNH or isotopically by the incorporation of C-labeled malo- 
nyl-CoA into palmitate. When chemically synthesized malo- 
nyl-CoA was incubated with the R» enzyme fraction, acetyl- 
CoA-1-C4, and TPNH, a significant amount of C-labeled 
acetyl-CoA was incorporated into the palmitate (20). The 
oxidation of TPNH can be shown to be absolutely dependent 
upon acetyl-CoA as illustrated in Fig. 1. The tendency of the 
reaction to proceed toward palmitate synthesis after incubation 
of malonyl-CoA with enzyme in the absence of acetyl-CoA as 
shown in Fig. 1 is due to the presence of a contaminating enzyme 
in the Re, preparations which decarboxylates malonyl-CoA to 
acetyl-CoA plus CO: according to the following reaction: 


HOOCCH:2COSCoA — CH;COSCoA + CO, (2) 


The presence of this enzyme could be demonstrated in the cruder 
fractions of R2, by the formation of citrate from malonyl-CoA 
in the presence of oxaloacetate and Ochoa’s condensing enzyme 
(21). Such a decarboxylase has been isolated from Pseudomonas 
fluoresence and studied by Hayashi (22). Acetyl-CoA and CO, 
were demonstrated to be the product of the decarboxylation of 
malonyl-CoA. Nakada et al. (23) studied this enzyme in ani- 
mal tissues and found it to be associated with the mitochondrial 
fraction of rat liver. The DEAE-cellulose step in the purifica- 
tion scheme removes considerable amounts of this enzyme as 
shown by the absolute dependence on acetyl-CoA of the con- 
version of malonyl-CoA to palmitate. 

Acetaldehyde does not substitute for acetyl-CoA under these 
conditions, nor does it dilute the amount of C'4-acetyl-CoA in- 
corporated into palmitate. These results are contrary to Brady’s 
proposed mechanism for fatty acid synthesis which implicated 
acetaldehyde as an intermediate (14). 

Acetyl-CoA can be replaced by propionyl-CoA and to a lesser 
extent by other acyl-CoA derivatives. Propionyl-1-C'-CoA is 
incorporated into fatty acids to a higher degree than the longer 
chain acyl-CoA homologues (butyryl-CoA, hexanoyl-CoA, octa- 
noyl-CoA) which are incorporated either to a very small extent 
or not at all. 

When the rate of palmitate formation as measured by the 
rate of oxidation of TPNH was plotted against the concentration 
of acetyl-CoA or propionyl-CoA, the usual hyperbolic plot is 
obtained (cf. Fig. 2). These results show that acetyl-CoA is a 
better substrate for the condensation with malonyl-CoA than 
any of the higher acyl-CoA homologues. The same data re- 
plotted by the method of Lineweaver and Burk (24), yields two 
straight lines which intercept the ordinate at a single point. 
From such plots, the Michaelis-Menten constants for acetyl- 
CoA, propionyl-CoA, and butyryl-CoA were found to be 2.3 X 
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TIME (MIN) 


Fic. 1. The requirement for acetyl-CoA in the oxidation of 
TPNH by malonyl-CoA. Each reaction mixture contained 30 
umoles of phosphate buffer (pH 6.5), 0.015 umole of acetyl-CoA 
where indicated, 0.016 wmole of malonyl-CoA, 0.05 umole of TPNH, 
and water to a final volume of 0.4 ml. The reaction was started 
with the addition of 20 ug of Ro, fraction. 


20° 


x10'° MOLES TPNH OXIDIZED/ MIN. 


X10® MOLES/2£ SUBSTRATE 


Fic. 2. The relationships between the rate of fatty acid synthe- 
sis (as measured by the rate of TPNH oxidation) and acetyl-CoA, 
propionyl-CoA, and butyryl-CoA concentrations. Each reaction 
mixture contained 30 umoles of phosphate buffer (pH 6.5), 0.016 
umole of malonyl-CoA, 0.05 umole of TPNH, the indicated 
amounts of acetyl-CoA, propionyl-CoA, or butyryl-CoA, and 
water to a final volume of 0.4 ml. The reaction was started by 
the addition of 0.1 mg of Reg. Temperature was 38°. The rate 
of the reaction was linear for the first 3 minutes. 


10-° m, 5.7 X 10-5 M, and 3.9 xX 10-4 M, respectively. These 
values indicate the relatively high affinity of the enzyme for 
acetyl-CoA. These results also indicate that at higher concen- 
trations of acyl-CoA there is a tendency for the inhibition of the 
over-all conversion of malonyl-CoA to fatty acids. The nature 
of this inhibition is not yet understood. 

The products of the conversion of malonyl-CoA to fatty acids 
were isolated by extraction with pentane after hydrolysis by the 
procedure of Wakil et al. (1). The fatty acids were identified by 
paper chromatography in the reverse phase system of Kaufmann 
and Nitsch (25) with kerosene:acetic acid, and by gas chroma- 
tography. The results show that palmitate constitutes 80% of 
the fatty acids resulting from the condensation between acetyl- 
CoA and malonyl-CoA (cf. Table II). C'*-labeled acetyl-CoA 
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TaBLe IT 
Incorporation of C'4-malonyl-CoA (HOOCCH 2C¥OSCOA ) into 
products of fatty acid synthesis 
The reaction was carried out as described in Fig. 2 except that 
optimal levels of acetyl-CoA, propionyl-CoA, and butyryl-CoA 
were used only. The fatty acids were isolated and analyzed by 
gas chromatography. 


| Incorporation of C!4-malonyl-CoA into the 
| following chain length fatty acids 
Acyl-CoA added 


Cis Cis Cie Ciz Cis 
Acetyl-CoA......... 80 15 
Propionyl-CoA...... | | 
Butyryl-CoA........ | 10 85 
TaBLeE III 


Stoichiometry of palmitic-acid formation from 
malonyl-CoA plus acetyl-CoA 

Three separate experiments were used for the determination of 
the stoichiometry of the reaction. In the first experiment the 
reaction mixture contained 8.5 myumoles of C'+-malonyl-CoA 
(HOOCCH.C#OCOoA, 20,000 e.p.m.) 50 umoles of TPNH, 13 
moles of acetyl-CoA, 30 wmoles of phosphate buffer (pH 6.5), 0.1 
mg of Re,-, and water to a final volume of 0.4 ml. The oxidation 
of TPNH was followed spectrophotometrically (cf. Fig. 1). At 
the end of the reaction (5 minutes; temperature, 38°), aliquots 
were withdrawn for (a) CoA analysis, (6) palmitate analysis by 
C'4-incorporation, and (c) malonyl-CoA as determined by the 
amount of C' left in the reaction mixture after extraction of 
C14-palmitate. 

In the second experiment, the reaction mixture contained 
exactly the same reagents as in the first experiment except that 
6.0 mumoles of carboxyl-labeled malonyl-CoA (HOOCCH:: 
COCoA, 13,000 c.p.m.) were used. The reaction was followed by 
TPNH oxidation. The C'O:2 was trapped in NaOH and the ra- 
dioactivity was determined as BaC'*O;. Palmitate did not in- 
corporate any C4. In the third experiment, the reaction mixture 
was the same as in the first experiment except that 13 myumoles of 
1-C!4-acetyl-CoA (32,000 c.p.m.) and 30 myumoles of unlabeled 
malonyl-CoA were used. The remaining acetyl-CoA was deter- 
mined by both radioactivity and by the citrate-condensing en- 
zyme (21). 


Acetyl-CoA Malonyl -CoA| TPNH Palmitate CoA 
mumoles mumoles mpmoles mumoles mumoles mymoles 
| —8.2 | —16.7 | 42.1 +7.9 
| —6.0 | —12.3 +5.8 
—2.2 | —25.8 +1.9 


and carbonyl (HOOCCH2C“OSCoA) and methylene-labeled 
malonyl-CoA were incorporated into the C-labeled palmitate. 
C'+-carboxyl-labeled malonyl-CoA (HOOC“CH:COSCoA) does 
not yield a C-labeled fatty acid. ‘The radioactivity was found 
entirely in the liberated COs». 

When propionyl-CoA was used instead of acetyl-CoA, the 
product of the reaction is an odd chain fatty acid with 17 carbon 
atoms as indicated by the slightly lower Ry of this acid compared 
to palmitate in the reverse phase chromatogram of Kaufmann 
and Nitsch (25) and by its separation in the gas chromatogram 
as shown in Table II. Similar results were reported by Horning 


et al. (26) in an enzyme system prepared from adipose tissue and 


! 
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by Tove (27) who reported an increase of tissue odd chain fatty 
acids in mice fed tripropionin. Thus, the occurrence of odd chain 
fatty acids in animal tissues may be dependent on the avail- 
ability of propionyl-CoA to the cell rather than on the presence 
of another enzyme system for the synthesis of odd chain fatty 
acids. When butyryl-CoA was substituted for acetyl-CoA, the 
primary product of the synthesis was shown to be a Cig acid 
(stearic acid) and the remainder is Cig acid as shown in Table 
II. These results indicate that in all three instances starting 
with acetyl-CoA, propionyl-CoA, or butyryl-CoA there are 7 
moles of malonyl-CoA added to these acyl-CoA derivatives with 
the formation of primarily Cys, Ci7, and Cis fatty acids, respec- 
tively. 

When HOOCCH2C"OSCoA was used and the product of the 
reaction isolated and subjected to the Schmidt degradation, the 
carboxyl group of palmitate was shown to contain the same 
specific activity as that of the labeled carbonyl! group of malo- 
nyl-CoA. If, however, acetyl-1-C'-CoA was used, the carboxy] 
group of palmitic acid was shown to contain no radioactivity. 

Similar results were obtained when propionyl-1-C'4-CoA and 
butyryl-1-C“-CoA were used instead of acetyl-1-C'-CoA in- 
dicating that these acyl-CoA derivatives contribute to the carbon 
atom farthest removed from the carboxyl group. Acetyl-CoA 
appears to contribute carbon atoms 15 and 16 of palmitic acid 
whereas propionyl-CoA contributes carbon atoms 15, 16, and 
17, respectively. The acyl-CoA derivatives appear to be the 
base on which all the building blocks (C2 units) were successively 
added to ultimately form the long chain fatty acid. 

Stoichiometry of Reaction—Table III shows the stoichiometric 
relationship (based on 1 mole of palmitic acid formed) between 
acetyl-CoA, malonyl-CoA, and TPNH in the synthetic process. 
The results show that for each mole of palmitic acid synthesized, 
1 mole of acetyl-CoA, 7 moles of malonyl-CoA, and 14 moles of 
TPNH are consumed and 7 moles of COs, 8 moles of CoA, and 
6 moles of water are formed. The over-all reaction can be 
presented as follows: 


CH;COSCoA + 7THOOCCH:COSCoA + 


14TPNH + 14H* — CH;(CH2)yCOOH + 14TPNt+ + (3) 
7CO2 + SCoASH + 


One “C, unit” of palmitate is derived from acetyl-CoA and the 
remaining 14 atoms are derived from malonyl-CoA. If pro- 
pionyl-CoA was substituted for acetyl-CoA then the same stoichi- 
ometry holds, namely, 1 molecule of propionyl-CoA is incor- 
porated into 1 molecule of the Ci; fatty acid and the rest of the 
carbon atoms are derived from the 7 malonyl-CoA molecules 
that are consumed. 

Incorporation of Tritiated Substrates (CT;COSCoA and 
HOOCCT :COSCoA) into Fatty Acids—Sonderhoff and Thomas in 
1937 (28) were the first to show that deuterated acetic acid 
(CD;COOH) could be incorporated into long chain fatty acids 
by yeast cells. These results were confirmed and extended by 
Rittenberg and Bloch (29, 30) who showed that rats and mice 
would incorporate deuterium-labeled acetate into cholesterol as 
well as into long chain fatty acids. In testing the incorporation 
of tritiated acetyl-CoA and malonyl-CoA into the long chain 
fatty acids by our purified system, we were able to show that 
tritium-labeled malonyl-CoA could be prepared from tritiated 
acetyl-CoA by the carboxylation of the latter in the presence of 
acetyl-CoA carboxylase. When tritium-labeled acetyl-CoA was 
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added to the reaction mixture containing nonlabeled malonyl- 
CoA, TPNH, and the Roa enzyme fraction, tritium-labeled fatty 
acids were isolated, as shown in Table IV. The incorporation 
was absolutely dependent upon the presence of malonyl-CoA. 
The amount of tritium incorporated into the palmitate cor- 
responds to 3 atoms of tritium per mole of palmitic acid. This 
is in agreement with the stoichiometry of the reaction as ex- 
pressed by Equation 3. It would also indicate that the methyl 
group (CT) of acetyl-CoA is incorporated as a unit with no loss 
of tritium during the synthesis of the palmitate molecule. 

When tritiated malonyl-CoA (HOOCCT:COSCoA) was used 
in the presence of nonlabeled acetyl-CoA, TPNH, and the en- 
zyme fraction Rea, tritium was found in the palmitate (cf. Table 
IV). The amount of tritium labeling in palmitate synthesized 
from tritiated malonyl-CoA in three different experiments 
amounted to about 5 to 6.8 watoms of tritium per 1 umole of 
palmitate synthesized. This is in complete agreement with the 
over-all formulation of palmitate synthesis as expressed in 
Equation 3. One tritium atom from each mole of malonyl-CoA 
is incorporated into palmitate. It would also indicate that the 
decarboxylation of malonyl-CoA must take place concomitant 
with its condensation with acetyl-CoA and certainly before the 
reduction and dehydration steps. These findings do not support 
Wakil and Ganguly’s (20) proposed mechanism of fatty acid 
synthesis which assumed a dicarboxylic acid-CoA as an inter- 
mediate in the synthesis. If a dicarboxylic acyl-CoA were an 
intermediate then no tritium would have incorporated from 
malonyl-CoA into the palmitate. 

Condensation of Acetyl-CoA and Malonyl-CoA—tThe inability 
to demonstrate TPNH oxidation in the presence of either acetyl- 
CoA or malonyl-CoA alone suggested that a condensation of the 
two acyl derivatives of CoA must occur before any reductive 
transformation. Earlier attempts to demonstrate the occur- 
rence of such a condensation were unsuccessful because of the 
presence of various interfering enzymatic reactions in the 
preparations of the fatty acid-synthesizing system. One of these 


TABLE IV 
Incorporation of tritium-labeled acetyl-CoA (CT;COSCoA) and 
malonyl-CoA (HOOCCT.COSCOoA ) into palmitate 


The amount of palmitate synthesized was calculated from the 
total amount of TPNH oxidized in the reaction mixture. 

In each sample the following reagents were added: 30 umoles of 
potassium phosphate (pH 6.5), 50 mumoles of TPNH, 20 to 40 ug 
of protein (Rea), and water to a final volume of 0.4 ml. In Ex- 
periment 1, 40 mumoles of CT;COSCoA (1.35 ¢.p.m. per 
umole) and 75 mumoles of nonlabeled malonyl-CoA were added. 
In Experiments 2, 3, and 4, 60 mumoles of nonlabeled acetyl-CoA 
and 20 mumoles of tritium-labeled malonyl-CoA (1.67 * 107 
¢.p.m. per umole) were added. The reaction mixture was incu- 
bated for 5 minutes at 38°. 


A B 
Expt. No. Tritiated acyl-CoA added Palmitic | Tritium in-| Ratio B:A 
acid corporated 
syn- into 
thesized | palmitate 
mpmoles | mpatoms 
1 CT;COSCoA 9.45 3.15 
2 HOOCCT.COSCoA 4.7 32.2 6.9 
3 HOOCCT:.COSCoA 1.4 6.9 5.0 
4 HOOCCT:COSCoA 1.5 9.7 6.4 
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TABLE V 


Effect of acetyl-CoA, propionyl-CoA, and butyryl-CoA on the release 
of C402 from HOOC#CH,COSCoA 


Each flask contained 30 uwmoles of phosphate buffer (pH 6.5), 
11.5 mumoles of carboxyl-labeled malonyl-CoA 
COSCoA, 10,000 ¢.p.m.), acyl-CoA as indicated, 20 ug of protein 
(Rea), and water to a final volume of 0.5 ml. The CO. was 
trapped on a filter paper containing 0.1 ml of 1 Mm hyamine placed 
in the center well. The reaction mixture was in¢éubated in a 
water bath at 30° for 10 minutes with constant mixing. At the 
end of the incubation period, the radioactivity adsorbed on the 
filter paper was measured by the Packard Tri-Carb scintillation 
spectrometer. 


Acyl-CoA added released 


mpmoles c.p.m. 


None 


= 


| 
Acetyl-CoA | 


Propionyl-CoA 


Butyryl-CoA | 


SSSS8 
5 


contaminating enzymes was the malonyl-CoA decarboxylase (22 
23), an enzyme which decarboxylates malonyl-CoA to acetyl] 
CoA and CQO: (cf. Equation 2). It was through the introduction 
of the calcium hydroxylapatite and the DEAE-cellulose steps 
that the level of this decarboxylase was reduced to less than 
10% of that of the fatty acid-synthesizing system. 

With the aid of such preparations it was possible to demon- 
strate the condensation of acetyl-CoA and malonyl-CoA with a 
concomitant release of C4O,. The reaction was followed con- 
veniently by measuring CO, released from carboxyl-labeled 
malonyl-CoA (HOOC"CH.COSCoA). The liberation of C“O, 
was dependent upon the presence of acetyl-CoA as shown in 
Table V, and was proportional to both time and enzyme con- 
centration as shown in Figs. 3 and 4. The rate of COz release 
in this assay appears to follow closely the over-all synthesis of 
fatty acids. Furthermore, the sulfhydryl-binding reagents 
(iodoacetamide, p-chloromercuribenzoate, ete.) inhibit the 
CQ, release to the same extent as they inhibit the over-all 
conversion of these substrates to palmitate. 

Acetyl-CoA can be replaced by propionyl-CoA and to a lesser 
extent by longer chain homologues as shown in Table V. At 
optimal concentration, propionyl-CoA causes the release of 40% 
as much CO, from malonyl-CoA as does acetyl-CoA, whereas 
butyryl-CoA causes the release of 4% as much CO: as does 
acetyl-CoA. These results confirmed our earlier observations 
on the incorporation of propionyl-CoA and butyryl-CoA into 
fatty acids. 
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yg PROTEIN 
Fic. 3. The rate of acetyl-CoA dependent decarboxylation of 
HOO“CCH2COSCoA. The reaction mixture contained 30 umoles 
of potassium phosphate buffer (pH 6.5), 30 mumoles of acetyl-CoA, 
100 mumoles of HOOMCCH2COSCOoA (15,000 ¢.p.m.), 40 ug of pro- 
tein (Ro enzyme), and water to a final volume of 0.5 ml. The 
reaction mixture was incubated at 38° for the time indicated, the 
CO, was trapped in hyamine, and the radioactivity measured in 
the Packard Tri-Carb scintillation spectrometer. All values were 
corrected for the decarboxylation of malonyl-CoA in the absence 
of acetyl-CoA. 


20 


40007 
3000 
a 
3 2000+ 
1000; 
2 4 6 8 10 
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Fig. 4. The relationship between acetyl-CoA-dependent de- 
carboxylation of HOOC“CH2COSCoA and the amount of enzyme. 
The reaction was carried out exactly as described in Fig. 3 except 
- for 10 minutes of incubation at 38° and varying amounts of enzyme 
as indicated. 


The product of condensation was isolated from the reaction 
mixture by paper chromatography. A compound with an Rr 
value of 0.73 in isobutyric acid-ammonia-water (66:1:33) and 
0.83 in 0.1 m sodium acetate-ethyl alcohol (1:1) was obtained 
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which was completely separated from palmityl-CoA, acetyl- 
CoA, malonyl-CoA, and malonic acid. On hydrolysis it yielded 
an acid which could be extracted by diethyl ether. Chroma- 
tography of the acid in the butanol ammonia system of Reid 
and Lederer (31) gave a spot with an Ry of 0.41 (cf. Figs. 5 and 
6) which was completely separable from acetoacetic, crotonic, 
malonic, 8-hydrobutyric, acetic, butyric, hexanoic, octanoic, and 
palmitic acids. Both acetyl-1-C“CoA and _ carbonyl-labeled 
malonyl-CoA (HOOCCH2C"OSCoA) were incorporated into 
this acid as shown in Figs. 5 and 6. The carbonyl group of 
malonyl-CoA (HOOC“CH.COSCoA) was not incorporated and 
was released as C™O, during the condensation. Upon the 
addition of TPNH or DPNH to the reaction mixture, this com- 
pound did not accumulate and palmitic acid was formed in 
agreement with the aforementioned stoichiometry, (cf. Figs. 5 
and 6). DPNH is oxidized at only 25% of the rate of TPNH 
by the reaction mixture and palmitic acid is synthesized at this 
slower rate. The failure of reaction mixtures containing TPNH 
or DPNH to accumulate this compound suggested that the 
isolated compound or a closely related one was an intermediate 
in the conversion of malonyl-CoA and acetyl-CoA to palmitate. 
In addition this indicated that the reduction of the condensation 
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Fic. 5. Scanning of the paper chromatograms for the compound 
accumulated after the condensation of C'-malonyl-CoA and 
acetyl-CoA with the concomitant release of COz. Three separate 
tubes contained 30 umoles of phosphate buffer (pH 6.5), 50 mp- 
moles of HOOCCH:C“OSCoA (150,000 c.p.m.), 40 wg of Rea en- 
zyme, water to a final volume of 0.4 ml, and, where indicated, the 


following were also added: 50 mumoles of TPNH and 30 mymoles 
of acetyl-CoA. The reaction mixture was incubated for 10 min- | 


utes at 38°. At the end of the incubation, the acids were extracted 
with diethyl ether after mild hydrolysis with alkali and were 
chromatographed in butanol-ammonia system of Reid and Lederer 
(31). The compound at the origin was malonic acid, the one 


nearest to the front was palmitic acid and the compound with Rr 
No detectable compound of Rp 0.4 was — 


0.4 was the unknown. 
found when TPNH was added to the reaction mixture. 
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Fic. 6. Scanning of the paper chromatograms for the compound 
accumulated after the condensation of unlabeled malonyl-CoA 
with C!4-acetyl-CoA. The same experiments were carried out as 
described in Fig. 5 except that unlabeled malonyl-CoA and acetyl- 
1-C'-CoA (500,000 c.p.m.) were used. 


product to palmitate was much faster than its formation. Were 
the accumulated compound unrelated to the conversion of 
malonyl-CoA and acetyl-CoA to palmitate, then a significant 
amount of it should have been formed (cf. Figs. 5 and 6). 

Attempts to incorporate this compound into long chain fatty 
acids have thus far been unsuccessful. ‘This could be due to 
instability of the compound or changes induced by the isolation 
procedure. The instability of an enzyme “intermediate” 
complex or the loss of a cofactor (CoA or otherwise) could make 
the isolated compound enzymatically inert. 


DISCUSSION 


In a preliminary communication, Wakil and Ganguly (20) 
presented evidence for the participation of acetyl-CoA, butyryl- 
CoA, and octanoyl-CoA in the conversion of malonyl-CoA to 
long chain fatty acids. They also reported on the inability of 
substituted acyl derivatives of CoA (@8-hydroxybutyryl-CoA, 
crotonyl-CoA, acetoacetyl-CoA) to reduce TPNH or to in- 
corporate into long chain fatty acids. ‘These observations in- 
ferred that short chain acyl-CoAs were probably intermediates 
in fatty acid synthesis, whereas the substituted acyl-CoAs were 
not. On this basis Wakil and Ganguly proposed a scheme for 
palmityl-CoA synthesis which involved dicarboxylic acyl-CoA 
derivatives as possible intermediates. Their scheme postulated 
the condensation of acetyl-CoA and malonyl-CpA to form a C; 
intermediate (acetomalonyl-CoA) which was then thought to be 
successively reduced, dehydrated, reduced again, and de- 
carboxylated to yield butyryl-CoA. The butyryl-CoA could 
then condense with malonyl-CoA to yield a C; dicarboxylic 
acyl-CoA which would undergo the same successive transforma- 
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tions to yield hexanoyl-CoA and the process would be repeated 
until palmityl-CoA was formed. 

Several investigators (32-36) have recently confirmed our 
observations on the requirement of acetyl-CoA for the con- 
version of malonyl-CoA to palmitate. They have also con- 
firmed the inability of substituted acyl-CoA derivatives to 
oxidize TPNH or to incorporate into fatty acids. These ob- 
servations as well as the capacity of malonyl-CoA to bind onto 
the enzyme preparations (confirmed in our laboratory with R 2a) 
and the inhibition of the fatty acid synthesizing system by 
sulfhydryl-binding agents (iodoacetamide, p-chloromercuri- 
benzoate) has led Lynen et al. (32) to propose the formation of 
tightly bound acyl—S—enzyme complexes as intermediates in 
the conversion of acetyl-CoA and malonyl-CoA to palmitate. 
Lynen’s scheme of synthesis assumes a reaction between malony]l- 
CoA and enzyme—SH to form a malonyl—S—enzyme complex 
which then condenses with an acyl-CoA (acetyl-CoA, butyryl- 
CoA, hexanoyl-CoA, etc.). The condensation is accompanied 
by a simultaneous decarboxylation and results in the formation 
of a B-ketoacyl—S—enzyme. This is then reduced, dehydrated, 
and reduced again to form a saturated acyl—S—enzyme. The 
complex then reacts with CoA to form an acyl-CoA and enzyme 
—SH. The scheme assumes the presence of one enzyme re- 
sponsible for the entire sequence of reactions leading to palmitate 
synthesis. Our results reported here do not lend support te 
either of the aforementioned mechanisms (20, 32). Our data 
show that propionyl-CoA can partially substitute for acetyl-CoA 
whereas butyryl-CoA can only do so to a much lesser extent. 
Experiments (including trapping and dilution techniques) de- 
signed to isolate short chain acyl derivatives of CoA (butyryl- 
CoA, hexanoyl-CoA, etc.) from the reaction mixture during the 
synthesis of long chain fatty acids from C-labeled malonyl- 
CoA, were not successful. To our knowledge no such isola- 
tions have ever been reported from the other systems where 
shorter chain acyl derivatives of CoA such as butyryl-CoA are 
assumed to be intermediates (32-35). In 1950 Brady and Gurin 
(37) using rat liver slices showed that carboxyl-C*-labeled 
butyrate, hexanoate, and octanoate were not incorporated into 
long chain fatty acids as intact units. Their results indicated 
that these compounds were probably cleaved to two carbon 
units which were subsequently converted to long chain fatty 
acids. Our results with highly purified enzyme preparations 
from pigeon liver substantiate their findings of an inability of 
the higher acyl derivatives of CoA to incorporate as a unit into 
long chain fatty acids. 

In the absence of TPNH, acetyl-CoA condenses with malony]- 
CoA to form a compound and release CO: The addition of 
TPNH to the reaction mixture completely prevented the ac- 
cumulation of this compound even under conditions where ex- 
cesses of acetyl-CoA and malonyl-CoA were present. This 
compound could be extracted from acid media with diethyl 
ether and could be readily separated from acetic, malonic, 
crotonic, acetoacetic, B-hydroxybutyric, hexanoic, and octanoic 
acids by paper chromatography. ‘The compound incorporated 
C'-labeling from both acetyl-CoA and malonyl-CoA with re- 
lease of CO2. The compound did not incorporate C'-labeling 
from C"™-carboxyl-labeled malonyl-CoA, however, the radio- 
activity was found in the released C“O2. The exact role of this 
condensation product is not known as yet. 

The incorporation of 7 tritium atoms from tritiated malonyl- 
CoA (HOOCCT:.COSCoA) into the palmitate molecule was 
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especially helpful in our understanding of the mechanism of fatty 
acid synthesis. Since COz, is released concomitant with the 
condensation of acetyl-CoA and malonyl-CoA, the mechanism 
may involve the formation of a negatively charged intermediate 
such as (“CHsCOSCoA) on the enzyme surface. This could be 
of the malonyl—S—enzyme form or otherwise. Such an acyl 
intermediate could then condense with the partially positively 
charged carbonyl group of acetyl-CoA 


(CH;C—-SCoA) 
| 


to form the keto derivative as illustrated in the following equa- 
tion: 
+E CO, + [(-CH:COSCoA] E 


CH;CSCoA CH;—C—SCoA 


O 


| w 
E 
4 
CO, 


The exact nature of the keto compound is not known as yet. 
Lynen (32) has suggested that it is an acetoacetyl derivative of 
the enzyme. 

which is formed as a result of the condensation of acetyl-CoA 
and malonyl—S—enzyme but not by the interaction of aceto- 
acetyl-CoA and the enzyme. However, the compound which 
we accumulated as a result of the condensation of acetyl-CoA 
and malonyl-CoA did not appear to be acetoacetate from its 
chromatographic behavior in several systems. It may be possi- 
ble that a polyketo acyl compound is formed in conjugation 
with either the enzyme, CoA, or with an as yet unknown factor, 
and is released only after it attains the specific length of 16 
carbon atoms. Such compounds have been suggested by the 
organic chemists as intermediates in the synthesis of both 
aromatic compounds and fatty acids (38). Such a compound 
might be formed by the condensation of 1 mole of acetyl-CoA 
and 7 moles of malonyl-CoA with the release of 7 moles of CO» 
and CoA. TPNH would then reduce this compound to pal- 
mityl-CoA. Although it is very difficult to conceive of the 
complete enzyme reduction of the polyketo acid occurring in a 
single step, it is conceivable that such a reduction of the un- 
doubtedly predominant enol form might take place with the 
simultaneous removal of water, provided that there was no loss 
of tritium from the methylene group of the polyketo acid during 
the tautomeric shifts. The relationship between the polyketo 
acid and the compound isolated from the reaction mixture in 
the absence of TPNH has not been ascertained as yet. 

The loss of one of the tritium atoms of the a-carbon of malony1- 
CoA as water during the synthesis of palmitic acid represents 
the most direct evidence for the dehydration of the intermedi- 
ate(s) during the sequential conversion of malonyl-CoA to fatty 


acids. The elimination of water would undoubtedly yield an 
a,@-unsaturated acyl compound which could then be reduced 
by TPNH to form the saturated derivative. No information is 
available as yet to indicate whether the reduction of the double 
bonds of carbon (> C=C <) by TPNH takes place by direct 
transfer of electrons from the TPNH or through the intermediate 
oxidation of flavins or other electron-transferring systems. Only 
one instance has been reported where a pyridinonucleotide re- 
duces carbon-carbon double bonds and that is TPN H-crotonyl- 
CoA reductase, an enzyme which is not very well characterized 
(39, 40). All previously reported oxido-reduction reactions of 
DPNH and TPNH involve substrates with substituted carbons 
(e.g. >CHOH, >CHNH,g, etc.). On the other hand, there are 
numerous examples where flavoproteins are involved in the 
oxidation-reduction of the carbon-carbon double bond. 


SUMMARY 


A highly purified enzyme system was prepared from pigeon 


liver which converts malonyl and acetyl coenzyme A (Co<A) to , 


palmitate in the presence of reduced triphosphopyridine nucleo- 
tide. Acetyl-CoA can be replaced to some extent by propionyl- 


CoA and to a much smaller extent by butyryl-CoA. When — 
acetyl-, propionyl-, or butyryl-CoA were used the major products _ 


of fatty acid synthesized were palmitic (80%), heptadecanoic 
(70%), and stearic acids (85%), respectively. 

Three and seven tritium atoms were incorporated into pal- 
mitate from tritium-labeled acetyl-CoA (CT3;COSCoA) and 
malonyl-CoA (HOOCCT.COSCoA), respectively, in accordance 
with the stoichiometric formulation of palmitate synthesis. 

In the absence of reduced triphosphopyridine nucleotide, 
acetyl-CoA condenses with malonyl-CoA with the release of 
CO. The product of the condensation was not acetoacetate, 
B-hydroxybutyrate, or butyrate. Possible mechanisms of fatty 
acid synthesis are discussed. 
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The role of vitamin A aldehyde (retinene) as the chromophore 


of visual pigments has been established through the efforts of 
Commonly used methods for the 
estimation of vitamin A aldehyde were originally devised for 


several investigators (1-3). 


estimation of vitamin A (4). In the Carr-Price test (5-7), a 
transitory blue color is produced in a chloroform solution of 
vitamin A aldehyde and antimony trichloride. In the reaction 
with 1,3-dichloro-2-propanol (8), a green color is obtained with 
vitamin A aldehyde (9). When these tests are used, corrections 
may be required for accompanying vitamin A. Ultraviolet ab- 
sorption measurements have also been used for estimation of 
vitamin A aldehyde (5, 10). However, the analysis is compli- 
cated by differences in the spectral properties of the various cis 
and trans isomers when more than one isomer is present. Col- 
ored products are obtained by reaction of vitamin A aldehyde 
with amines (11, 12), concentrated mineral acids (13), and with 
rhodanine (14), but the suitability of these reagents for the 
quantitative determination of vitamin A aldehyde has not been 
demonstrated. 

In this report, a new colorimetric method is described for the 
estimation of vitamin A aldehyde. The assay depends upon 
formation of a colored derivative of vitamin A aldehyde by re- 
action with thiobarbituric acid. No color is obtained with 
vitamin A or 6-carotene. The procedure permits direct estima- 
tion of vitamin A aldehyde in tissues. Applications are described 
in studies on the properties of the visual pigment (rhodopsin) 
and on enzymatic transformations of vitamin A aldehyde. 


EXPERIMENTAL PROCEDURE AND RESULTS 


Materials 


All-trans vitamin A aldehyde, 9-cis vitamin A aldehyde, 13-cis 


vitamin A aldehyde, all-trans vitamin A, 8-carotene, thiourea, 
and thiobarbituric acid were obtained from Distillation Products 
Industries. Liver aleohol dehydrogenase and lactic dehydrogen- 


ase were purchased from Nutritional Biochemicals Corporation 


and Sigma Chemical Company, respectively. Tween 80 (poly- 
oxyethylene derivative of sorbitan monooleate) was obtained 
from the Atlas Powder Company. 


Reagents 


Thiourea Reagent—Dissolve 4 g of thiourea in 100 ml of glacial 
acetic acid and filter the solution through glass wool. 
Thiobarbituric Acid Reagent—Dissolve 600 mg of thiobarbituric 


* This study has been supported in part by United States Public 
Health Service Grant B-2769 to one of us (S. F.). 


acid in 100 ml of absolute ethanol. Filter the solution and store 
it in a refrigerator. 

Vitamin A Aldehyde Stock Solution—Dissolve 10 mg of all- 
trans vitamin A aldehyde in 100 ml of absolute ethanol. Shield 
the solution from light with aluminum foil and store it in a re- 
frigerator. 

Vitamin A Aldehyde Standard Solution—Mix 2 ml of the stock 
solution with 2.5 ml of water and dilute to 25 ml with 90% etha- 
nol. The solution is prepared each day. 

All solutions may be stored for 30 days except as noted. 


Estimation of Vitamin A Aldehyde 


Dilute an aliquot of the standard solution or tissue extract to 
contain 2 to 20 ug of vitamin A aldehyde in 3 ml of 90% ethanol. 
Add 1 ml of thiourea reagent, 1 ml of thiobarbituric acid reagent, 
and mix well. Prepare a reagent blank containing 3 ml of 90% 
ethanol. Allow color development to proceed at room tempera- 
ture in the dark for 30 minutes. 
light after color development. Measure the absorbancy of the 
red solution at 530 mu with a Beckman model DU spectropho- 
tometer. 

A linear relationship exists between vitamin A aldehyde con- 
centration and absorbancy (Fig. 1). 
trans, 9-cis, or 13-cts vitamin A aldehyde (€ = 58,000 at 530 my), 
the isomers produced chromogens displaying identical absorption 
spectra in the visible range. The visible absorption spectrum 
produced from all-trans vitamin A aldehyde is shown in Fig. 2. 

Excess water produces several detrimental effects in the assay 
(Table I). 
water. The absorption maximum may shift by as much as 18 


Shield the solutions from bright — 


In the assay of either all- | 


Color development is retarded by the presence of | 


my. Also, when more than 1 ml is present in the reaction mix- | 
ture, the intensity of color is decreased, and fading in both dark- — 


ness and light is greatly accelerated. To obtain comparable re- 
sults with tissue extracts and standard solutions, the all-trans 
vitamin A aldehyde standard was dissolved in aqueous ethanol. 
The water content and rate of color development of the tissue 
extracts then approximated that of the standard solution. 
less than 1 ml of water is present in the thiobarbituric acid re- 


When 


action mixture, the absorption maximum occurs in the range of © 


528 to 536 mu, and the error introduced by measuring the ab- — 


sorbancy at 530 muy is negligible. 

The use of ethanol and glacial acetic acid in the assay was 
based on several considerations. 
ing vitamin A aldehyde from the retina and the aldehyde is 
relatively stable in refrigerated ethanol extracts. 
acetic acid was omitted from the thiourea reagent, quantitative 
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Ethanol is effective in extract- 


When glacial © 
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recovery of the vitamin A aldehyde present in ethanol extracts 
of retinal tissue could not be attained. 

The inclusion of thiourea helped to lessen the deleterious effects 
of water on color development and greatly decreased the rate of 
fading in light. Urea, mercaptoethanol, and ascorbic acid were 
ineffective in these respects. 

When the assay was applied to tissue suspensions containing 
either digitonin or Tween 80, ethanolic extracts sometimes re- 
mained turbid despite centrifugation. This difficulty was over- 
come by extracting the tissues with n-propanol in place of ethanol 
and by storing the mixtures at 0—5° for several hours to promote 
flocculation. Centrifugation then yielded a clear supernatant 
fluid. 

With some preparations of crystalline all-trans vitamin A, a 
faint pink color was obtained. ‘The molar extinction coefficient 
at 530 mu did not exceed 250. To determine whether formation 
of the faint color is an intrinsic property of vitamin A or was 
due to a contaminant, experiments were undertaken with liver 
alcohol dehydrogenase. Vitamin A may be converted to vita- 
min A aldehyde by oxidation with DPN and liver alcohol de- 
hydrogenase (15, 16). The formation of vitamin A aldehyde 
was followed with the thiobarbituric acid assay (Fig. 3). The 
reaction proceeded more rapidly at pH 7.4 than at pH 9.6 and 
was further accelerated by coupling of the oxidation of vitamin A 
to the reduction of pyruvate through the addition of lactic de- 
hydrogenase and pyruvate to oxidize DPNH. Reduction of 
vitamin A aldehyde with DPNH and alcohol dehydrogenase 
oceurred most rapidly at pH 5. The reduction of the aldehyde 
proceeded much more rapidly than the oxidation of vitamin A 
and the relative rates were in accord with those noted in studies 
with ethanol and acetaldehyde (16). After incubation at pH 5 
with DPNH and alcohol dehydrogenase, the suspect vitamin A 
preparations no longer formed a chromogen with thiobarbituric 
acid. Therefore, the low yield of color associated with some 
vitamin A samples is caused by a trace contaminant which may 
be vitamin A aldehyde. Generally, no detectable color is pro- 
duced with 10 ug of a contaminated preparation of vitamin A. 
One milligram of vitamin A does not interfere with the formation 
of the chromogen from 10 ug of vitamin A aldehyde. 

8-Carotene (100 wg) does not form a chromogen with thio- 
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uG VITAMIN A ALDEHYDE 


Fic. 1. Beer’s law agreement for assay of all-trans vitamin A 
aldehyde with thiobarbituric acid. 
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Fig. 2. Absorption spectra obtained with vitamin A aldehyde 
and extract of calf retina. All-trans vitamin A aldehyde: A, 18.4 
ug; B,4.9 ug. Extract of calf retina: C, 2.9 ml; D, C plus all-trans 
vitamin A aldehyde, 13.5 ug. 


Effect of water on spectral properties of vitamin A 
aldehyde-thiobarbituric acid chromogen 
Each tube contained 10.5 ug of all-trans vitamin A aldehyde. 
The reactions were performed as described in the text, and read- 
ings were taken at the indicated wave lengths. 


Time : Absorbancy Fading of color 
Water required | Maxi- Relative 
ivelopment maximum A | At 530 my in dark* in okt 
O.D. 530 
ml min my O.D. mp % 
O.D. max 
0 4 528 0.425 0.425 100 2 8 
0.5 20 932 0.424 0.423 100 3 13 
1.0 20 536 0.425 0.422 99 2 16 
1.5 20 542 0.418 0.408 98 12 16 
2.0 20 o44 0.403 0.388 96 16 20 
2.5 20 346 0.373 0.358 96 21 27 


* Absorbancies were measured at 530 my and measured again 
after storage for 1 hour in darkness. 
1 Tubes were exposed to fluorescent room lighting on a labora- 
tory bench, and the color was permitted to fade for 30 minutes. 


barbituric acid and does not hinder development of the color 
from 10 wg of vitamin A aldehyde. However, solutions of B- 
carotene are intensely colored and show, in the assay, a molar 
extinction coefficient at 530 my of about 850. 

The thiobarbituric acid reagent may also be used for the vis- 
ualization of vitamin A aldehyde on paper chromatograms. All- 
trans vitamin A aldehyde, dissolved in ethanol, was spotted on 
Whatman No. 1 paper and subjected to ascending ethanol-water 
(40:60) chromatography. The chromatography chamber was 
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Fic. 3. Liver alcohol dehydrogenase reactions. For reduction 
of vitamin A aldehyde at pH 5.0, A, the reaction mixture (3 ml) 
contained 0.1 ml of acetone containing 750 ug of all-trans vitamin 
A aldehyde and 0.01 ml of Tween 80, 2.4 mg of DPNH, 184 ug of 
enzyme, and 2.7 ml of 0.1 M acetate buffer (pH 5.0). For oxidation 
of vitamin A at pH 7.4, B, the reaction mixture (3 ml) contained 
0.1 ml of acetone containing 750 wg of vitamin A and 0.01 ml of 
Tween 80, 3 mg of DPN, 1.84 mg of enzyme, 2.2 mg of sodium py- 
ruvate, 130 ug of lactic dehydrogenase, and 2.5 ml of 0.1 m phos- 
phate buffer (pH 7.4). For the oxidation of vitamin A at pH 7.4, 
C, the reaction mixture was the same as in B except that sodium 
pyruvate and lactic dehydrogenase were omitted. For the oxi- 
dation of vitamin A at pH 9.6, D, the reaction mixture (3 ml) con- 
tained vitamin A as above, 3 mg of DPN, 1.84 mg of enzyme, and 
2.6 ml of 0.1 m glycine buffer (pH 9.6). - 

At intervals, 0.2 ml aliquots were removed and extracted with 
48 ml of n-propanol. Of the supernatant fluid, 3 ml were assayed 
with thiobarbituric acid. 


w 
> 
5 
CO 
ond 
<I 
3+ 
= 
> 
© 3 

O l i l 

O lO 20 30 40 50 60 

MINUTES 


Fic. 4. The action of light on isolated calf retinas. Each 
retina was incubated at 37° with 100 uwmoles of glucose in 10 ml of 
isotonic phosphate buffer (pH 7.4). At intervals, a retina was 
removed and extracted with 4 ml of ethanol for assay of vitamin A 
aldehyde. The remaining buffer solution contained no detectable 
vitamin A aldehyde. @——@, retinas incubated in opaque 
flasks; O———O, retinas exposed to overhead fluorescent lighting 
in transparent flasks. 
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protected from light during migration. The paper was removed 
and immediately sprayed with the thiobarbituric acid reagent. 
Violet spots (Rr = 0.5) appeared on a white background. The 
detection limit was 0.4 ug. The spots faded rapidly in light but 
were unaffected during storage in the dark for several weeks. 


Analysis of Tissues 


Calf eyes were obtained fresh at a local slaughter house and 
were permitted to adapt to the dark in an opaque container for 
50 minutes at room temperature. Retinas were then removed 
rapidly and extracted with 4 ml of ethanol. Precipitated pro- 
tein was removed by centrifugation and aliquots of the super- 
natant fluid were assayed for vitamin A aldehyde. Above 450 
my, the absorption spectrum obtained with retinal extracts was 
indistinguishable from that obtained with all-trans vitamin A 
aldehyde (Fig. 2). Below 420 mu, the absorbancy of chromogen 
solutions formed from retinal extracts was less than that of the 
reagent blank. The recovery of added vitamin A aldehyde was 
quantitative. The absorbancy of solutions of the thiobarbituric 
acid chromogen was proportional to the volume of retinal extract 
used. Approximately 20 minutes were required for color de- 
velopment, and absorbancy measurements were made after 30 
minutes. 

Various tissues of the rat and the rabbit were extracted with 
10 volumes of ethanol and the extracts were assayed for vitamin 
A aldehyde. No color was obtained with extracts of skin, liver, 
intestine, kidney, brain, urine, or blood from either animal. 
Therefore, these tissues did not appear to contain compounds 
which form a chromogen which absorbed maximally in the region 
of 530 my under conditions of the assay. Retinal extracts pre- 
pared from each animal produced the characteristic red color 
with thiobarbituric acid. 

Bleaching experiments were undertaken with isolated calf 
retinas. When a dark-adapted calf retina is exposed to light, 
the visual pigment, rhodopsin, rapidly decomposes and liberates 
all-trans vitamin A aldehyde, and the tissue fades from pink to 
colorless. Retinal enzymes then rapidly promote reduction of 
the free aldehyde to vitamin A and subsequent esterification 
(6, 7). When calf retinas were exposed to light, the thiobar- 
bituric acid-reactive substance disappeared rapidly (Fig. 4). 
Control retinas in opaque flasks retained both their pink color 
and thiobarbituric acid-reactive substance. ‘These observations 
are in accord with the contention that the thiobarbituric acid- 
reactive substance in retinal extracts is vitamin A aldehyde. 

Preliminary studies on the localization of vitamin A aldehyde 
in the calf retina indicated that the aldehyde could be completely 
recovered from the residue remaining after centrifugation of 0.25 
M sucrose homogenates of dark-adapted retinas. Particulate 
fractions of retinal homogenates were then prepared as follows. 
All operations were conducted at 0-5° under red photographic 
dark room light. Twenty-five calf retinas were homogenized in 
60 ml of 0.25 m sucrose, 2 ml of the homogenate were extracted 
with 10 ml of ethanol, and the extract was centrifuged. The 


supernatant fluid was discarded, and the sediment was dried _ 
overnight in an oven at 110° and weighed. Another 8 ml was ~ 


centrifuged in a Spinco preparative centrifuge at about 100,000 X 
g for 40 minutes. The resulting whole particulate fraction was 


extracted with 12 ml of ethanol, and the extract was assayed for - 


vitamin A aldehyde. The remainder of the homogenate was 
centrifuged at 800 x g for 4 minutes to obtain nuclei. The 


nuclei were washed with 20 ml of 0.25 Mm sucrose. The resulting 


supernatant fluid and washings were combined and centrifuged — 
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at about 12,000 x g for 10 minutes to sediment rod outer seg- 
ments. A mitochondrial fraction was obtained by centrifuging 
the remaining supernatant fluid at about 12,000 x g for 10 min- 
utes. Further centrifugation at about 100,000 x g for 40 min- 
utes yielded a microsomal fraction. Each subcellular fraction 
was extracted with ethanol, and the resulting suspensions were 
centrifuged. The supernatant fluids were assayed for vitamin A 
aldehyde, and the sediments were dried overnight at 110° and 
weighed. 

Rod outer segments, obtained by centrifugation of retinal 
homogenates at low speeds, have frequently been used for the 
preparation of rhodopsin (17). Therefore, most of the vitamin A 
aldehyde should be found in the rod outer segment fraction. 


- This fraction (Table II) contained nearly 70% of the vitamin A 


aldehyde of the whole particulate fraction and constituted about 
15% of the ethanol-insoluble dry weight of the whole homoge- 
nate. The nuclear and mitochondrial fractions contained small 
amounts of vitamin A aldehyde, but microscopic examination 
revealed that these fractions were contaminated with fragments 
of rod outer segments. 

In a separate experiment the distribution of alcohol dehy- 
drogenase activity was studied, since this enzyme occurs in rod 
outer segments (18). Subcellular fractions were prepared from 
a 0.25 m sucrose homogenate of calf retinas as described above. 
The nuclear sediment was diluted to 20 ml with 0.25 m sucrose, 
and the other sediments were diluted to 10 ml. From each 
fraction, 1 ml was incubated for 2 hours at room temperature 
in a reaction mixture (3.0 ml) containing 750 ug of vitamin A 
and 0.01 ml of Tween 80 dissolved in 0.1 ml of acetone, 2 mg of 
DPN, and 1.8 ml of 0.1 M glycine buffer (pH 9.6). At intervals, 
0.2 ml was withdrawn and extracted with 4.8 ml of n-propanol. 
The extracts were centrifuged, and the supernatant fluids were 
assayed for vitamin A aldehyde. The formation of vitamin A 
aldehyde was linear with time. The net synthesis of vitamin A 
aldehyde provided an index of the alcohol dehydrogenase activity 
of each fraction. Most of the enzymatic activity was associated 
with the rod outer segments. The distribution of the activity 
among the various fractions paralleled the distribution of vitamin 
A aldehyde (Table II). 

To determine the usefulness of the thiobarbituric acid pro- 
cedure for the assay of rhodopsin, the visual pigment was ex- 
tracted (7) from dark-adapted calf retinas. Ten retinas were 
immersed in 30 ml of 4% potassium aluminum sulfate for 2 hours. 
The retinas were then successively washed twice with 30 ml of 
water, twice with 30 ml of 0.05 m phosphate buffer (pH 7.4), 
and were then extracted for 2 hours in 10 ml of 2% aqueous 
digitonin. Centrifugation for 10 minutes at about 18,000 x g 
yielded a clear supernatant fluid which contained the rhodopsin- 
digitonin complex. The vitamin A aldehyde content was esti- 
mated by the decrease in the absorbancy at 500 my after expo- 
sure to white light in the presence of hydroxylamine (7). For 
three different rhodopsin preparations, the levels of vitamin A 
aldehyde estimated in the bleaching experiments were in reason- 
able agreement with the values obtained by the thiobarbituric 
acid assay (Table III). The rhodopsin content of digitonin 
extracts of retinal tissue may, therefore, be estimated with thio- 
barbituric acid, provided that little free vitamin A aldehyde is 
present as a contaminant. 

The visual pigment of cones, iodopsin, also contains vitamin 
A aldehyde, but considerably less pigment is present in cones 
than in rods (19). Because rods predominate in a calf retina, 
the extractable vitamin A aldehyde is derived almost entirely 
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TABLE II 


Distribution of vitamin A aldehyde and alcohol dehydrogenase 
activity in particulate fractions of calf retina 


The fractions were prepared from 0.25 m sucrose homogenates 
of calf retinas as described in the text. In one experiment, the 
vitamin A aldehyde content and dry weight were determined. 
The distribution of alcohol dehydrogenase activity was deter- 
mined in another experiment. 


; Dry weight Vi nA Alcohol 
— ‘aldehyde | dehydrogenase 
recovery MS recovery recovery 

Whole homogenate.) 1.55 1760 
Whole particulate. . 129 
0.763 49 13.7 11 248 14 
Rod outer seg- 

0.234 15 87.5 | 68 1040 59 
Mitochondria...... 0.117 8 12.2 9 224 13 
Microsomes.......| 0.073 5 1.6 1 51 3 
Supernatant fluid...) 0.392 | 25 39 2 

TaBLeE III 


Comparison of bleaching method with thiobarbituric acid method 


Rhodopsin was prepared from retinas of dark-adapted calf eyes 
as described in the text. To 3 ml of rhodopsin solution, 0.1 ml 
of 1 m hydroxylamine (pH 7.4) was added, and the optical density 
at 500 my was measured. The solution was exposed to white light 
until no further change occurred. The vitamin A aldehyde con- 
tent was calculated from the decrease in optical density at 500 
my with 40,600 as the molar extinction coefficient of rhodopsin 
(17). Then, 1 ml of rhodopsin solution was extracted with 4 ml 
of n-propanol. The mixture was chilled at 0-5° overnight, centri- 
fuged, and the supernatant fluid assayed with thiobarbituric acid. 


Vitamin A aldehyde 
Rhodopsin preparation 


By bleaching By thiobarbituric acid assay 


ug/ml 
1 2.1 2.2 
2 1.9 2.0 
3 1.8 1.9 


from rhodopsin. Therefore, the approximate rhodopsin content 
of a dark-adapted calf retina can be calculated from its vitamin 
A aldehyde content. | 

Calf retinas contained about 6.7 wg of vitamin A aldehyde, 
which corresponded to 13.7 wg per g of wet tissue (Table IV). 
The vitamin A aldehyde content did not vary greatly from one 
retina to another. From the molecular weights of vitamin A 
aldehyde and rhodopsin (20), it was calculated that the dark- 
adapted calf retina contains approximately 1 mg of rhodopsin. 
Rhodopsin thus constitutes about 2% of the ethanol-insoluble 
dry weight of the tissue. It should be noted that the ethanol- 
insoluble dry weight of the calf retina was about 10% of the wet 
weight, whereas the dry weight determined directly without 
prior extraction with ethanol was approximately 13% of the wet 
weight. 
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TaBLe IV 
Vitamin A aldehyde content of dark-adapted calf retina 

Retinas were weighed with 4 ml of ethanol in tared centrifuge 
tubes. After dispersion of the tissue to permit extraction of the 
vitamin A aldehyde, the tubes were subjected to centrifugation. 
Supernatant fluid, 3 ml, was assayed with thiobarbituric acid as 
described in the text, and the sediment was dried overnight at 
110° and weighed. 


Weight of retina | 
Vitamin A aldehyde Rhodopsin 

Wet | 
msg més us/retina mg/ retina” ary woight 
525 | 53.9 10.2 7.7 14.7 1.08 2.0 
465 44.8 | 9.6 5.9 239.7 0.83 1.9 
537 52.9 9.9 8.0 14.9 1.13 9.1 
522 51.8 9.9 7:3 14.0 1.03 2.0 
543 54.1 | 10.0 7.6 14.0 1.07 2.0 
413 42.0 | 10.2 | 5.5 13.3 | 0.77 1.8 
480 48.2 10.0 7.1 14.8 1.00 2.1 
441 | 44.5 | 10.1 | 5.7 | 12.9 | 0.80 | 1.8 
416 | 45.4 10.9- 6.4 15.4 | 0.90 | 2.0 
502 | 49.9 9.9 6.1 12.2 0.86 1.7 
Mean a 0.8 | 00:1 | 6.7 | 289 | 0.95 | 1.9 


40,000 
* ug of vitamin A aldehyde per retina X ae xX 10°* = mg of 


rhodopsin per retina. 


DISCUSSION 


Several observations support the conclusion that vitannn A 
aldehyde is the thiobarbituric acid-reactive substance of the 
retina. As expected, a progressive loss of the reactive material 
occurs during the bleaching of retinal tissue. The association of 
the reactive material with the rod outer segments was readily 
demonstrated. Furthermore, estimations of the vitamin A 
aldehyde content of digitonin extracts of retinal tissue both by 
the loss in absorbancy at 500 my with bleaching and by assay 
with thiobarbituric acid were in relative agreement. 

Rhodopsin is synthesized from the 11-cis isomer of vitamin A 
aldehyde and opsin (3, 21). A sample of the 11-cis isomer was 
not available for assay with thiobarbituric acid. However, in- 
asmuch as each of three other synthetic isomers of vitamin A 
aldehyde, when present in the assay in the same concentration, 
exhibited equal absorbancy at 530 muy, it is presumed that the 
1l-cis isomer reacts in the same manner. Conversely, any of 
the three synthetic isomers should be suitable as a reference 
standard. It is of interest that several geometrical isomers of 
vitamin A aldehyde, including the 11-cis isomer, also exhibit the 
same behavior in the Carr-Price test (5, 22). 

The thiobarbituric acid assay has several advantages over 
previous methods for the estimation of vitamin A aldehyde. 
The assay is less sensitive than the Carr-Price test, but the thio- 
barbituric acid assay can be directly applied to ethanol extracts 
of tissues. In contrast, because the Carr-Price test is adversely 
affected by the presence of water, tissue extracts must be dried 
and the resulting residue must be redissolved before color devel- 
opment. In the thiobarbituric acid assay the color produced is 
relatively stable. Storage of chromogen solutions in darkness 
for 60 minutes after termination of color development resulted 


Estimation of Vitamin A Aldehyde 


in a 3% loss of color. In both the Carr-Price test and the di- 
chloropropanol test, accurate estimation is difficult since transient 
colors are produced with vitamin A aldehyde. Also, corrections 
are required when vitamin A and carotene are present, whereas 
these compounds do not react in the thiobarbituric acid assay. 
Reaction with thiobarbituric acid to yield colored derivatives 
is a characteristic of conjugated aldehydes (23). Vitamin A 
aldehyde reacts with aqueous thiobarbituric acid to vield an 
insoluble black derivative. The precipitate imparts various 
colors to different organic solvents. Another aldehyde, malon- 
aldehyde, is frequently encountered in tissue extracts due to the 
oxidative degradation of polyenoic fatty acids (24, 25). When 


‘several micrograms of malonaldehyde are heated with aqueous 


thiobarbituric acid, an intense red color is produced. However, 
no evidence has been obtained for the formation of malonalde- 
hyde in extracts of fresh retinal tissue. 

Among the various tissue extracts tested only retinal extracts 
contained detectable amounts of vitamin A aldehyde. It is of 
interest, however, that vitamin A aldehyde has been detected 
recently in fish eggs (9, 10, 26) and has been proposed as a possible 
intermediate in the intestinal conversion of @-carotene to vitamin 
A (27). 

In the visual process of light adaptation, a supply of DPNH 
must be available for the enzymatic reduction of vitamin A alde- 
hyde to vitamin A. In dark adaptation, DPN must be avail- 
able for the reverse process. Inasmuch as both alcohol dehy- 
drogenase and its substrate, vitamin A aldehyde, appear to be 
localized in the rod outer segments, it is probable that the outer 
segments are the site of interconversion of vitamin A aldehyde 
and vitamin A. Mechanisms for the oxidation of DPNH and 
reduction of DPN in the outer segments, which may be of im- 
portance in the processes of light and dark adaptation, are cur- 
rently being studied. 


SUMMARY 


A new colorimetric procedure is reported for the estimation of 
vitamin A aldehyde. The assay does not distinguish among 
various isomers of vitamin A aldehyde, but no color is produced 
with either vitamin A or @-carotene. The procedure has been 
applied directly to retinal extracts. The rhodopsin content of 
the dark-adapted calf retina was calculated to be approximately 
1 mg or about 2% of the ethanol-insoluble dry weight of the 
tissue. 


Acknowledgment—The authors are grateful to Dr. T. Kuwa- 
bara for assistance in the microscopic examination of particulate 
fractions of retinal tissue. 
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We have previously reported that newly synthesized choles- 
terol is incorporated into different fatty acid esters at unequal 
rates, which suggested that the esterification processes are com- 
partmentalized according to fatty acid (1). Furthermore, when 
tritiated cholesterol is fed to the rat, the specific activities of the 
liver esters are heterogeneous and change in magnitude relative 
to one another during early periods of feeding (2). 

These findings warranted a detailed examination of the turn- 
over rates of cholesterol esters in liver and plasma in order to 
gain more insight into the mechanism(s) of heterogeneity and its 
significance in the regulation of cholesterol metabolism. Such a 
study was carried out, but the results at early time intervals 
(30 to 60 minutes) proved to be exceptionally erratic and difh- 
cult to reproduce. When rigorous control of such variables as 
age, strain, sex, diet, nutritional status, hour of study, and mode 
of injection failed to reduce the fluctuation of values, our atten- 
tion was drawn to the act of measurement itself. The question 


arose: Was it possible that the mere handling and injection of an 


animal could alter the processes of cholesterol esterification ? 

The experiments described establish that this is indeed the 
ease; the implications of such results in the further study of 
cholesterol and fatty acid metabolism are discussed. 


EXPERIMENTAL PROCEDURE 


Procedures for the isolation and fractionation of cholesterol 
esters, the determination of specific activities, and associated 
techniques have been reported earlier (1-3). In the initial 
studies of turnover rates, four adult Sprague-Dawley male rats, 
fed a stock diet and weighing 350 to 450 g, constituted a single 
group. Each animal received a single intraperitoneal injection 
of 100 we of sodium acetate-1-C™ and was killed by ether anes- 
thesia 30 minutes later. The plasmas obtained from the four 
animals were pooled to provide a single sample of sufficient size 
for fractionation and the determination of specific activities. 
The livers were individually extracted and aliquots from each 
were pooled to form the corresponding liver sample. To facili- 
tate comparisons between groups of animals, all ester specific 
activities were referred to the specific activity of the free choles- 
terol in the pooled liver sample of the group from which they 
were drawn. This provided a basis of comparison for esterifica- 
tion rates in different groups which was independent of the in- 
dividual rates of cholesterol synthesis. 

The results obtained from six such groups are shown in Table 
I which lists the composition of the liver and plasma! esters as 


* This work was performed under the auspices of the United 
States Atomic Energy Commission. 

1 In our original demonstration of the fractionation of choles- 
terol esters by silicic acid chromatography (3), a chromatogram 


well as the per cent incorporation of liver free cholesterol into 
these esters during a 30-minute period. The standard error and 
range of values far exceeded the analytical variation previously 
reported (3), particularly for the plasma esters. Specifically, in 
a number of instances, in these and other groups (including fasted 
as well as irradiated animals), the specific activities of the satu- 
rated and oleate esters of plasma exceeded those of the corre- 
sponding liver esters. On other occasions, the values for plasma 
esters were below those for the liver esters. The deviations be- 
tween groups would be considered excessive even if they occurred 
between individual animals; the data in Table I represent the 
average of 24 animals, taken four at a time. 

Extensive internal tests of analytical errors in the extraction, 
fractionation, isolation, and specific activity measurement tech- 
niques absolved them of responsibility for the observed varia- 
tions. The obvious variables between groups such as strain, 
sex, and diet had been controlled in a uniform manner from the 
beginning of thestudy. A search for the possible presence of cyclic 
phenomena related to feeding patterns (5) was considered and 
some preliminary experiments were carried out; however, since 
the majority of observations had been made on rats injected be- 
tween 9:00 and 10:30 a.m., it seemed unlikely that phase differ- 
ences, if present, could be sufficiently large to account for the 
variation. 

Our attention was first drawn to the behavior of the animals 
during some experiments on the effect of mode of injection. In 
an attempt to dampen any moment-to-moment differences in 
acetate utilization, the isotope was administered by tail-vein in- 
fusion over a 30-minute period. This required that the animals 
be restrained during the period of injection and they were placed 
in cages of the type described by Bollman (6); their discomfort 
was evident from their squealing and struggling during the first 
10 to 15 minutes. On close examination it was apparent that 
the mere act of bringing the animals to the laboratory had a 
discernible effect. The unfamiliar surroundings and noises were 
a sufficient stress to make them excitable, tense, and prone to 
urinate or defecate if handled. 


of rat plasma esters was presented which had the following com- 
position: Saturated, 5.8%; oleate, 59.0°%; linoleate, 18.2%; arachi- 
donate, 17.0%. It has been assumed by other workers (4), in 
the absence of any contrary statement from us, that this was a 
sample of normal plasma. In actuality, the sample was obtained 
from rats which had been fed cholesterol and was chosen to display 
the resolution of small amounts of saturated ester in the presence 
of large amounts of oleate ester. As is evident from the values 
in Tables I and II, the normal composition by silicic acid chroma- 
tography is in excellent agreement with the values reported with 
the use of gas-liquid chromatography (4). 
identification of the original sample was omitted. 
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TABLE 
Average composition of liver and plasma esters (pooled samples) 
and their incorporation of newly synthesized cholesterol 
Incorporated C activity 30 minutes after the injection of 
sodium acetate-1-C'4, calculated as per cent of specific activity of 
liver free cholesterol. | 


P. D. Klein and R. M. Dahl 


Liver Plasma 
Esters 
% | $.z.° Range % | S.E. | Range 
Ester composition 

Saturated. ....| 14.0, 1.6 8.9-19.3 | 10.9 | 2.0 3.5-18.4 
Oleate......... 33.8 | 2.7 | 26.0-45.0 | 10.8 1.9 4.9-15.7 
Linoleate...... 36.7 | 1.9 | 29.5-41.5 | 30.9 | 3.9 | 18.0-40.6 
Arachidonate..| 15.5 | 1.7 9.0-21.3 | 47.5 | 5.5 | 37.4-66.9 

Incorporation of cholesterol 
Saturated..... 16.1! 1.7 12.7 | 3.4 
Oleate......... 20.8 | 2.7 12.8 | 3.4 
Linoleate...... 19.5 2.0 7.3 | 1.0 
Arachidonate..| 12.3) 2.3 | 7.5! 1.6 


* Standard error of the mean, n equals 6. 


Accordingly, a group of four rats was brought to the laboratory 
every day for 10 days. Each animal received 10 to 15 minutes 
of individual attention and handling, during which time the ani- 
mal was stroked, picked up and set down, and “gentled”’ by 
petting and holding (7). On the day of injection, the animals 
were secluded in a quiet office adjacent to the laboratory. The 
instantaneous injections were performed intraperitoneally with 
new sharp needles as quietly and gently as possible and the ani- 
mals were maintained in an undisturbed atmosphere for the 
duration of the experimental period. Each animal was removed 
from the room just before the time of killing by ether anesthesia. 
Their untreated counterparts were brought to the laboratory 
for the first time on the day of injection, placed in restraining 
cages, and were kept in restraint for the 30-minute period after 
injection. These animals will be referred to as “stressed.” 

Each individual liver and plasma sample was fractionated 
separately to rule out the possibility of generating artifacts by 
pooling samples. Although the liver samples presented no prob- 
lem as far as sample size was concerned, several modifications 
were necessary to achieve these measurements on individual 
plasma samples. After the initial extraction of lipids by alcohol 
and alecohol-ether and subsequent transfer to hexane (1), the 
hexane extract was applied directly to the ester fractionation 
column (3) without prior separation of the total ester fraction 
from other lipids. Preliminary experiments established that the 
fractionation of individual plasma esters on this column pro- 
ceeded in a normal fashion and that other lipids did not inter- 
fere.2, When the peaks were located, all fractions within a given 


? Omission of phospholipid precipitation, and of preliminary 
silicic acid chromatography to obtain the cholesterol ester fraction 
(1), actually increased the recovery of saturated esters, possibly 
because of their insolubility in acetone. When a hexane extract 
of human plasma was fractionated on the column directly, the 
following amounts of esters (per 2 ml of plasma) were found: 
saturated, 0.395 mg; oleate, 0.613 mg; linoleate, 1.577 mg; arachi- 
donate 0.376 mg. The corresponding values for the treated sample 
were: saturated, 0.124 mg; oleate 0.566 mg; linoleate, 1.511 mg; 
arachidonate 0.354 mg. The appearance and the resolution of 
fractions in the two chromatograms were identical. Phospho- 
lipid precipitation was omitted in all subsequent isolation of bulk 
cholesterol esters, e.g. those from liver. 
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TABLE II 
Composition of liver and plasma esters in tranquil and stressed rats 


The mean free, ester, and total cholesterol levels in liver were 
166 + 5*, 45 + 5, and 212 + 6 mg per 100 gm for tranquil rats and 
175 + 14, 50 + 8, and 228 + 8 mg per 100 gm for stressed rats. 


Esters Tranquil Stressed | p 
Liver 
% S.E.* % S.E.* | 

Saturated........... 13.1 (0.5)* | 13.6 (0.9) | 0.4 
WM 34.3 (1.2) | 36.8 (1.8) | 0.2 
Linoleate..........| 31.7 (1.9) 29.8 (2.0) | 0.3 
Arachidonate....... 20.7 (2.6) 20.4 (2.8) | >0.4 

Plasma 
Seaturated:.......... 11.8 (0.6) 9.7 (0.2) 0.01 
9.2. (1.3) | 9.8 (1.0) | 0.3 
Linoleate..........| 27.4 (0.9) | 27.0 (1.0) | 0.4 
Arachidonate....... 51.4 (2.5) | 53.4 (2.1) 0.3 


* Standard error of the mean, n equals 4. 


TaBLe III 


Incorporation of newly synthesized cholesterol into liver and plasma 
esters of tranquil and stressed rats 

Incorporation of cholesterol was calculated for each animal as 
the percentage of the specific activity of its liver free cholesterol. 
The individual specific activities of liver free cholesterol were as 
follows: tranquil: 7518, 2055, 5147, and 2296 d.p.m./mg cholesterol, 
average 4254; stressed: 7240, 5330, 1400, and 6784 d.p.m./mg cho- 
lesterol, average 5188. 


Esters Tranquil | Stressed | p 
Liver 
% S.E.* % S.E.* 
Saturated........... 21.3 (2.2) 10.9 (1.2) <0.01 
16.2 (0.6) 15.2 (2.2) 0.4 
Linoleate......... 20.8 (1.3) 13.7 (1.9) | 0.05 > p 
> 0.02 

Arachidonate....... 12.6 (2.0) 6.0 (0.6) 0.02 

Plasma 
Saturated........... 2.2 (0.8) | 3.8 (1.4) 0.2 
2.4 (1.0) 5.2 (1.8) 0.1 
Linoleate.......... 2.4 (0.9) 3.5 (0.3) 0.2 
Arachidonate....... 3.4 (0.6) | 3.7 (0.4) | 0.4 


* Standard error of the mean, n equals 4. 


peak were pooled to provide a single sample of sufficient size 
for hydrolysis, digitonin precipitation, and the determination of 
specific activity. In essence, these changes sacrifice multiple 
determinations on a given ester for the sake of measurements 
on individual samples, and therefore greatly increase the num- 
ber of columns which must be run in order to obtain the same 
degree of precision. 

Table II lists the composition of liver and plasma esters in 
“tranquil” and stressed rats. The liver ester compositions of 
the two groups are in excellent agreement; comparison of the 
plasma values shows a statistically significant’ drop in saturated 
esters in the stressed animals. 

On the other hand, the incorporation of newly synthesized 
cholesterol into the liver esters of the two groups (Table III) is 


3 Values were considered statistically different when p was .05 
or less. 
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profoundly changed by the imposition of stress on the animal. 
The incorporation of cholesterol into saturated, linoleate, and 
arachidonate esters is significantly depressed, and unchanged in 
oleate esters. Equally important are the relative rates of es- 
terification in the two conditions. We initially reported that 
the order of descending activity was: oleate > linoleate > satu- 
rated > arachidonate ester (1) and this corresponds to the pat- 
tern seen in the liver esters of the stressed animals. In the 
tranquil animal the order is now: saturated > linoleate > oleate 
> arachidonate ester. 

The activities of the plasma esters in thestressed animals tended 
to be higher than those of the tranquil animals, but the limited 
number of samples prevents a statistically significant compari- 
son. If, however, the ratio of plasma ester activity to liver 
ester activity is computed for the two groups, the ratios for the 
tranquil animals were 0.104 to 0.301 and those for the stressed 
animals 0.267 to 0.613. The values for esters of each fatty 
acid were higher in stressed animals than in their tranquil coun- 
terparts in each case. In no instances did the plasma ester 
activity exceed that of the liver ester. 


DISCUSSION 


These experiments provide evidence of the sensitivity of cho- 
lesterol esterification to environmental stress if one accepts the 
tranquil animal as being representative of the normal undis- 
turbed condition. It may be argued that environmental stress 
is a normal component of an animal’s experience and that the 
tranquil animal’s metabolism is the result of stress removal by 
handling and “‘gentling;” at present we regard this as a moot 
point in its pertinence to lipid metabolism. 

With respect to the studies which led us to these findings, 
several points may be made. First, the relative order of activ- 
ities in the liver esters of stressed animals is identical to the one 
which had been consistently obtained in all prior studies. Al- 
though this order cannot be considered a definitive test for stress, 
it suggests that merely handling the experimental animals may 
have had the same effect as the restraint used in these experi- 
ments. Second, the values obtained from pooled samples prob- 
ably reflect the composite of individual transitions from normal 
to stressed conditions since the segregation of animals into dis- 
tinct categories of either tranquil or stressed markedly reduced 
the variation seen in earlier groups. The achievement of such 
segregation does not, however, explain the generally higher levels 
of activity in the plasma esters of the pooled groups, or the occa- 
sional instances of higher activity in the plasma ester than in 
the liver ester. Further investigation is required to determine 
if the latter events occurred as the result of, or in addition to, 
the stress phenomena. 

The lability of these esterification processes presents a serious 
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obstacle to future studies of turnover rates since it is almost 
impossible to establish that stress is completely absent. How- 
ever, the differential changes in the activities of the liver esters 
are in agreement with prior postulations on the existence of 
fatty acid-specific processes in the metabolism of esters (1, 2, 8). 
It becomes increasingly difficult to account for the behavior of 
individual esters on the basis that their metabolic activity is a 
reflection of mass action processes. Thus, it was of considerable 
interest to us to note a recent discovery of heterogeneity in 
another class of esters, the phospholipids. Collins (9) reported 
that, after the injection of P®, the specific activities of rat-liver 
lecithins subjected to countercurrent distribution showed dis- 
tinct differences related to polarity and hence to fatty acid com- 
position. The more polar fractions were associated with higher 
specific activities; and he concluded that such disparities in ac- 
tivity can be accounted for only by specificity in the esterifica- 
tion processes. If one regards the glyceryl-phosphory! choline 
moiety as providing a common alcohol for a variety of fatty 
acid esters, the parallelism with the conditions of cholesterol 
esterification is apparent. With this in mind, it may prove 
fruitful to investigate other classes of esters to see if their metab- 
olism is comparably affected by stress. 

Similarly, there is a clear need for further investigation of 
fatty-acid mobilization and incorporation by tranquil animals. 
Until such time as pharmacological tranquilization can be shown 
to be its equivalent, however, the use of physical tranquilization 
would seem to be preferable. 


SUMMARY 


Animals stressed by simple restraint for 30 minutes after in- 
jection of isotopic acetate exhibit patterns of cholesterol incor- 
poration into liver and plasma esters that differ qualitatively 
and quantitatively from those of unstressed animals. These 
results indicate that the mere act of measurement may upset 
certain parameters in lipid metabolism. The significance of this 
lability in cholesterol metabolism is discussed. 
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The rat adrenal gland secretes a Porter-Silber chromogen with 
a mobility of 0.6 relative to corticosterone in toluene-propylene 
glycol (1-3).1 It does not reduce tetrazolium derivatives and 
differs in this respect from steroids containing a dihydroxyace- 
tone side chain, which reduce tetrazolium, and from the 20- 
keto-21 aldehydes which do not reduce tetrazolium but react 
more rapidly with the Porter-Silber reagent than do ketols with 
a hydroxyl group at Cy; (4-7). The secretion of this compound 
is greatly increased by adrenocorticotropic hormone (2). The 
material is inactive in the eosinopenia assay but appears to have 
sodium-retaining activity comparable to that of deoxycorti- 
costerone (7). Previous studies have indicated that the sub- 
stance is a steroid with a A‘*3-ketone function but no ketone 
group at C,, and Cy, that it lacks hydroxyl groups at C, and 
at Cy7, and that it forms two acetylated derivatives (7). These 
conclusions were based on absorption spectra, obtained in 
methanol and in sulfuric acid, and upon treatment with dini- 
trophenylhydrazine and diphenylamine, on the Zimmermann 
test before and after oxidation with various oxidizing agents, on 
various spot tests, and on the properties of the products obtained 
after acetylation. 

This paper presents evidence strongly suggesting that the 
unknown compound is the 20 — 18 cyclic hemiketal of 18- 
hydroxy-11-deoxycorticosterone. 


EXPERIMENTAL PROCEDURE 


The method of incubation of adrenal glands and the isolation 
of the lipid fractions have been described, as have been the 
procedures used for oxidation with sodium bismuthate, chromic 
acid, and cupric acetate (7). Acetylation was carried out by 
the method of Zaffaroni and Burton (8) and saponification by 
the procedure described by Bush and Willoughby (9). Reduc- 
tion with borohydride was performed by the procedure of Zander 
(10). For oxidation with sodium periodate and the measure- 
ment of released formaldehyde Wilson’s method IIb was fol- 
lowed (11). These methods were applied before crystalline 


* This work was supported by Federal Provincial Mental Health 
Grant No. 604-5-64 and by a grant from the Scottish Rite Com- 
mittee for Research in Dementia Praecox. 

t The data in this paper will form part of a thesis to be presented 
by Pamela J. Ward in partial fulfillment of the requirements for 
the degree of Doctor of Philosophy in biochemistry from McGill 
University. 

1 The report by Péron (3) that we have obtained a Porter-Silber- 
positive substance of the polarity of cortisol with incubated rat 
adrenals is a misinterpretation. The only Porter-Silber-positive 
substance detected by us so far is the compound discussed in this 
paper. 
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material became available. To ensure low blank values, the 
material eluted from the toluene-propylene glycol chromatograms 
was taken to dryness, and then partitioned between water and 
benzene. 

Porter-Silber chromogens were identified on paper with the 
Porter-Silber reagent (6), reducing steroids with a solution of 
2 ,5-diphenyl-3-(4-styrylphenyl)-tetrazolium chloride (7), 17- 
ketosteroids by the Zimmermann reaction (12), aldehydes by 
the Schiff test (6) and acids by spraying with a mixed indicator 
solution (13). For the Schiff test and the test for acids the steroids 
were eluted from the chromatogram and reapplied on paper so 
that 10 wg were confined in a circle 5 mm in diameter. The 
presence of acids was always verified by extraction of the eluate 
with sodium carbonate (14), as the spot test sometimes gave 
false positive results. The procedures used for the reactions of 
steroids in solution with tetrazolium, Porter-Silber, and Zimmer- 
mann reagents have been described elsewhere (7). Acetate 
groups were determined by acetylation with radioactive acetic 
anhydride and by the method of Baggett, Engel, and Fielding 
(15), modified slightly and scaled down as follows. Portions of 
eluates containing 10 to 30 ug of acetylated steroids and eluates 
from corresponding paper blanks were evaporated in vials with a 
2-ml capacity, and 0.05 ml of freshly prepared potassium- 
hydroxylamine reagent (15) was added. After 10 minutes at 
room temperature, 0.10 ml of dilute HCl] (6.5 ml of concentrated 
HCl made up to 100 ml with H,O) and, after mixing, 0.05 ml of 
HC! containing ferric chloride (850 mg of FeCl3 dissolved in 50 
ml of diluted HCl prepared as described above) were added. 
After a period of at least 30 minutes, the solutions were read 
against reagent blanks in microcuvettes 1.5 mm in width, with 
a 10-mm light-path (Pyrocell Manufacturing Company) in a 
Beckman model DK-2 spectrophotometer. A calculated density 
O.Ds10—-O.Des0 was used and found to be approximately 0.100 
per 10 ug of steroid monoacetate. Acidification before addi- 
tion of ferric chloride prevented the formation of a brown pre- 
cipitate. The ether steps were omitted. 

Infrared spectra were obtained with a Perkin-Elmer model 
12C single beam spectrometer with sodium chloride optics, on 
samples of steroid compressed in potassium bromide (100 ug of 
steroid per 5 mg of KBr). In addition, the spectrum between 
2.6 and 3.3 uw of compounds dissolved in carbon disulfide was 
determined with the Beckman model DK-2 spectrophotometer, 
as a high degree of resolution could be achieved with this instru- 
ment. For this procedure, samples of 50 to 200 ug were dis- 
solved in 0.2 ml of carbon disulfide and read against a carbon 
disulfide blank with microcuvettes transmitting in the near- 
infrared region (Pyrocell IRS 22350) 1.5 mm in width and 10-mm 
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light-path. The cuvettes were lowered into a temperature- 
regulated cell holder to a level that just permitted the light to 
pass through the solution. The settings were: temperature, 25° 
sensitivity, 1.0; scanning time, 2; time constant, 0.2; scale ex- 
pansion, 2; range, 0 to 100°% T or 75 to 125% T. The nominal 
slit width at 2.8 uw was 0.2. 

The unknown was crystallized, after partition between ben- 
zene and water, from methanol-chloroform (1:1), and the 
erystals were washed repeatedly with ice-cold petroleum ether- 
ether (1:1), following a suggestion by Dr. R. Neher. The 
method of Péron was also used (3). The unknown oxidation 
product was crystallized from acetone after the residue of the 
benzene extract was dissolved in methylene chloride, washed 
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Fic. 1. Infrared spectra in KBr of the unknown Porter-Silber 
chromogen (A, B) and of the 20 — 18-hemiketal of 11-deoxy-18- 
hydroxycorticosterone (C). Curve A was obtained before crystal- 
line material was available. To save space, the parts of Curves A 
and C below 4.5 uw have been shifted up by the amount indicated 
by the gap. The curves have been corrected for the variable 

100°% line obtained with the blank. 
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Figs. 2 anp 3 


Fic. 2. (left) Tracings of the near-infrared spectra in CS» ob- 
tained with the unknown Porter-Silber chromogen (——) and its 
acetate with Rpoc 0.83 (----- ) with the Beckman model DK-2 
spectrophotometer. Concentrations, 70 and 110 wg per 0.2 ml. 

--+, 100% line obtained with 

Fic. 3. (right) Tracings of the near-infrared spectra in CS. ob- 
tained with reference steroids. ——, 20 — 18- rps of 18-hy- 
droxy-11-dehydrocorticosterone, 130 ug per 0.2 ml; ------ 11- 
deoxycorticosterone, 200 ug per 0.2 ml; —eniaieieain, 200 
pg per 0.2 ml; transmittance values for corticosterone only should 
be read off the left scale. , 100% line corresponding to the 
scale on the right. 
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with 0.1 N NaOH, 0.1 N HCl, and water, and the solvent evapo- 
rated. Crystals of the oxidation product were also obtained after 
direct addition of acetone to the residue from the benzene 
extract. Melting points (corrected) were determined with the 
Fisher-Johns melting point apparatus. 

The 20 — 18-lactone of 118,18, 18-trihydroxy-3-keto-4-etienic 
acid-I18 — 1l-hemiacetal and the 18 — 11l-lactone of 118,21- 
dihydroxy-3 ,20-diketo-4-pregnene-18-acid were prepared by 
oxidation of aldosterone and of its 2l-monoacetate by the 
methods of Ham et al. (16) and of Simpson et al. (14). Corre- 
sponding reference lactones were donated by Drs. R. Neher and 
S. Solomon. The 20 — 18-hemiketal of 18-hydroxy-11-deoxy- 
corticosterone, and its oxidation product, the 20 — 18-lactone of 
18-hydroxy-3-keto-4-etienic acid, both synthesized by Pappo 
(17), were obtained through the courtesy of Dr. H. Levy of the 
Worcester Foundation. The 20 — 18-hemiketal of 18-hydroxy- 
11-dehydrocorticosterone (Ciba) was kindly supplied by Drs. J. 
Schmidlin and A. Wettstein. The writers gratefully acknowledge 
these gifts of reference steroids. 


RESULTS 


Crystallization and Infrared Spectra of Parent Compound— 
The parent compound yielded crystals that proved to be ree- 
tangular, fan-shaped, or spherical upon microscopic examination. 
The first two varieties were obtained by both the procedures of 
Neher and of Péron and melted at 138-142°. The third type 
crystallized from the petroleum ether-ether washings and melted 
at 115-116°. All crystals gave an infrared spectrum which 
appeared to be the same as that published by Péron for this 
compound (3). It was nearly identical with the spectrum of 
the synthetic 20 — 18-hemiketal of 18-hydroxy-11-deoxycorti- 
costerone (Fig. 1). In the analytical region it contained a band 
near 2.8 yw indicating a hydroxy] function, bands at 6.01 and 6.17 
mw attributable to a conjugated ketone group, and a band of 
variable intensity at 5.75 mw that was sometimes only barely 
evident as a shoulder. The spectrum obtained before crystalline 
material had become available always showed this latter band 
distinctly, lacked the prominent bands at 10.87 and 11.49 y, and 
showed other differences in the fingerprint region. The reason 
for these differences is not known. The band at 5.75 pw may be 
due to a contaminant as it was obtained occasionally in the early 
experiments with the eluate from the paper blank. None of 
the spectra had a band characteristic for a saturated ketone 
group. 

When the crystalline material was dissolved in carbon disulfide 
and examined with the Beckman model DK-2 spectrophotometer, 
a doublet was obtained with peaks at 2.79 and 2.82 yw (Fig. 2). 
These bands exhibited the same relative intensity at concen- 
trations ranging from 20 to 200 ug per 0.2 ml, indicating the 
absence of intermolecular bonding. A doublet in this position 
was given by only 2 out of 14 hydroxylated steroids examined 
so far, namely by the 20 — 18-hemiketal of 18-hydroxy-ll- 
deoxycorticosterone and by the 20 — 18-hemiketal of 18-hy- 
droxy-11-dehydrocorticosterone (Fig. 3).2. These bands may 
therefore characterize 21-hydroxysteroids containing a 20 — 18- 
hemiketal linkage. 

Chemical Tests—The chemical tests used for the establishment 


2 A publication on the near-infrared spectra of different steroids 
obtained with the Beckman model DK-2 spectrophotometer is in 
preparation. 
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of structure included exposure to reducing, oxidizing, acetylating, 
and hydrolyzing agents. 

The unknown was resistant to reduction (at the Coa position) 
with sodium borohydride because polarity and other properties 
remained unchanged under conditions that readily reduced 
corticosterone, 17a-hydroxyprogesterone, and 118 ,21-dihydroxy- 
3 ,20-diketo-4-pregnene-18-acid-18 1l-lactone at this site. 
This observation was in agreement with the spectrophotometric 
evidence, indicating the absence of a saturated ketone function. 

The conclusions drawn from the properties of the products 
obtained after oxidation and acetylation of the unknown and its 
derivatives are summarized in Fig. 4. 

Properties of Oxidation Products—The unknown compound 
liberated formaldehyde upon oxidation with excess periodate. 
The ratio of formaldehyde produced by the unknown to that 
produced by an equal amount of corticosterone (based on ultra- 
violet absorption) was close to unity (Table I). The material 
therefore contained two adjacent oxygen functions.? One of 
these must belong to a primary alcohol to permit the evolution 
of formaldehyde. 

Oxidation with sodium periodate, sodium bismuthate and 
chromic acid vielded in all cases a product with an ultraviolet 
absorption maximum at 240 my and with an average mobility 
relative to 11-deoxycorticosterone (Rpoc)! of 1.13 and to progester- 
one (Rpre) of 0.87 in the toluene-propylene glycol system 
(Table 11). Tests with tetrazolium, Porter-Silber, Zimmermann, 
and Schiff reagents on this oxidation product were negative. It 
did not give an acid reaction when sprayed with indicator solu- 
tion and could not be extracted with sodium carbonate. In 
contrast, the oxidation of standard corticosterone with periodate 
and with bismuthate resulted in a_ polar, alkali-extractable 
product, and a Schiff-positive product was obtained upon oxida- 
tion of 206-dihydrocorticosterone prepared by the method of 
Southcott et al. (18). These observations confirmed previous 
evidence that the unknown parent compound could not contain 
an a-ketol- or a dihydroxyacetone side chain. In addition, 
they excluded the presence of a diol side chain. 

The properties of the unknown oxidation product suggested 
the presence of a lactone. Mixed chromatography established 
that the mobility in toluene-propylene glycol was identical with 
that of the reference compound 18-hydroxy-3-keto-4-etienic 
acid-20 — 18-lactone, and slightly greater than that of 116,18, 
18-trihydroxy-3-keto-4-etienic acid-20 — 18-lactone-18 — 11- 
hemiacetal with Rpoc 0.93. The oxidized derivative crystallized 
with ease, forming flat irregular rectangular crystals that melted 
at 227-228°. They solidified into beautifiul symmetrical bars 
(Fig. 5) that appeared multicolored under polarized light, in 
contrast to the crystals obtained with the parent compound 
which looked colorless. When the residue of the benzene ex- 
tract was crystallized directly from acetone, omitting inter- 
mediary steps, rectangular crystals melting at 220—-223° were 
obtained. The infrared spectrum showed a strong band at 5.64 
bu, attributable to a y-lactone group, as well as bands at 6.01 and 
6.18 uw indicating a conjugated ketone (Fig. 6); the hydroxyl 
band was absent. The bands in the analytical region were in 


* Periodate may also liberate formaldehyde from compounds 
substituted with an amino group. However, the unknown did not 
react with ninhydrin, which forms colored derivatives with amino 
acids as well as with primary and secondary amines. 

* The abbreviations used are: subscript DOC, relative to deoxy- 
corticosterone; subscript PRG, relative to progesterone. 
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NaBiOs or Cr0s; | NalQ, 
(0.13p) 
KHCO3 Ac20 Ac20 KHCO3 
MeOH Pyr. Pyr. MeOH 
He COAc 
Ac 
Ha Os Ha OAc 
CrOz3 
(0.83p) (1.34p) 
Crd 3 
? 
He (1.30p) 


IN 


(1.13) 


Fic. 4. Interrelations of the unknown and its derivatives. The 
figures in parentheses represent the mobility of the compounds, in 
toluene-propylene glycol, with respect to 11-deoxycorticosterone. 
The letter p signifies a positive Porter-Silber reaction. All sub- 
stances absorbed at 240 muy, and failed to reduce tetrazolium. Ab- 
breviations used are: MeOH, methanol; pyr., pyridine; Ac, acetate; 
Ac2O, acetic anhydride. 


TABLE I 
Formation of formaldehyde 


Readings were made in a volume of 1.6 ml. Where values of 2 
or 3 experiments are averaged, the standard deviation is indicated. 
The amount of unknown is based on ultraviolet absorption, as- 
suming an extinction coefficient of cortisol, in all tables and fig- 
ures. 


Compound Amount) O.D.5%5-O.D. «50 
ug 

Standard corticosterone................... 5 108 + 4 
Standard corticosterone................... 10 222 + 12 
Standard progesterone.................... 10 6+ 6 
Unknown, Rpoc 0.13. ............0..0..... 5 88 + 7 
Unknown, Rpoc 0.13. ..................... 10 198 + 18 
Oxidized unknown, Rpoc 1.13.............. 10 —10 + 10 
Oxidized unknown, Rpoc 1.30.............. 10 20 
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TaBLe II T 
Amount and mobility of products formed by oxidation and acetylation of unknown and its derivatives of 
Unless indicated, excess reagent was added. Figures in brackets indicate unchanged compound. 
Reaction and compound | Average Rpoc Amount Reagent | | Yield Ratio of acetate I to acetate’ II 
Oxidation | 
Parent 0.13p* | 100 Cupric acetate | (0. 14p) | (26) | to 
| 0.81p | 6 | tal 
| 1.09p | 12 | alc 
: 1.36p | 17 | act 
Parent | 0.13p 100 Sodium periodate | 1.19 46 | ev: 
(mole /mole ) | 1.47p 28 | an 
ee 0.13p 100 Sodium periodate | 1.06 | 55 | aff 
| | 1.24p | 6 | 
Parent 0.13p 112 — Sodium periodate | 1.07 | 83 | a 
| | | 1.19p | | 
Parent 0.13p 200-275 Sodium bismuthate | 1.14 + | 98 + 4 | 
| eo | | tat 
Parent | 0.13p 40-50 Sodium bismuthate | 119 +0.23 (| 6224 | uct 
| | | per 
Parent 0.13p | 40 Chromic acid 1.09 | 50 | obt 
Acetate | O.83p Chromic acid (0.84p) | (28) | (av 
| 1.07 | 12 | i 
Acetate Il 1.34p 20 Chromic acid 0.82p | 32 | the 
1.00 | 17 | ae 
Acetylation | | | ee 
Parent 0.13p 150 Acetic anhydride + (0.20p) large amount | 
pyridine (mole/mole) 0.79p | 5 | 2.5 not 
1.39p | 2 | forr 
Parent 0.13p 100-465 Acetic anhydride + 0.838p + 0.04 | 29 + 6 | 1.18 + 0.36 | was 
n=7 pyridine 1.34p+0.04 3248 (Range 0.04-2.06!) idly 
Acetate I O0.83p 13 Acetic anhydride + (0.93p) | (51) | witl 
pyridine - 1.47f | 34 | P 
*p = positive Porter-Silber reaction. of t] 
+ Standard error. 
t Porter-Silber reaction not performed. ro 
relat 
— 18-lactone on the other hand showed all the maxima in the ets 
locations obtained with the oxidation product of the unknown i 
as well as additional bands when the concentration in the po- ‘ine 
tassium bromide pellet exceeded that of the unknown (Fig. 6). sais 
2000 _ 1000 800 the s 
90 tion, 
(B) mate 
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(D) conve 
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Fic. 5. Photomicrograph of the unknown oxidation product ‘g 80 diacet 
obtained with polarized light. Magnification, & 250. tainec 
the exact position of the bands obtained with the oxidation the m 
product of aldosterone but the remaining spectrum differed Fra. 6. Infrared spectra in KBr of the unknown oxidatice of ace 
greatly, as did the melting point (m.p. of aldosterone derivative product (A), of 18-hydroxy-3-keto-4-etienie acid-20 — 18-lactone Wh 
> 300°). The spectrum of 18-hydroxy-3-keto-4-etienic acid-20  (B), and of the unknown acetates with Rpoc 0.83 and 1.34 (C, D). only } 
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The crystals of this reference lactone had the same shape as that 
of the unknown oxidation product and melted at 220—223°. 

The spectrum of the unknown oxidation product in carbon 
disulfide obtained with the Beckman model DK-2 spectrophotom- 
eter also lacked hydroxyl bands, as did the spectra of both etienic 
acid lactones. 

The oxidation product of the unknown could not be converted 
to an acid by alkaline hydrolysis in contrast to the lactones ob- 
tained by oxidation of aldosterone and of the 21-monoacetate of 
aldosterone (Table III). It was resistant to acetylation with 
acetic anhydride and pyridine at room temperature as was 
evident from the unchanged mobility of the treated compound 
and its failure to form acetohydroxamic acid. It was also un- 
affected by treatment with sodium borohydride. The last two 
properties are in accord with the spectrophotometric evidence 
of an absence of hydroxyl- and saturated ketone functions. 

Treatment with sodium bismuthate resulted in nearly quanti- 
tative conversion of the parent compound to the oxidation prod- 
uct, based on ultraviolet absorption (Table II). With sodium 
periodate an additional derivative absorbing at 240 my was 
obtained. It was less polar than the main oxidation product 
(average Rpoc 1.30; Rera 1.05), gave a typical, 2.e. slowly 
developing, Porter-Silber reaction, with the same extinction as 
the parent compound, was not formaldehydogenic and did not 
reduce tetrazolium. Its yield appeared to depend upon the 
amount of periodate added. The identity of this compound was 
not established. Exposure to cupric acetate also caused the 
formation of material that gave a slow Porter-Silber reaction and 
was less polar than the parent compound, in contrast to the rap- 
idly reacting and polar derivatives obtained by this procedure 
with reference steroids containing an a-ketol side chain (5, 7). 

Properties of Acetylation Products—Two Porter-Silber positive, 
ultraviolet-absorbing products were obtained upon acetylation 
of the parent chromogen at room temperature, with R- values in 
benzene-formamide of 0.53 and 0.87 (6, 7) and with Rpoc values 
in toluene-propylene glycol of 0.83 and 1.34 (Table II). The 
relative yield of these two products varied greatly under ap- 
parently identical conditions. The amounts of C in the 
eluates from the two regions, obtained after acetylation with C™ 
acetic anhydride could best be explained by the presence of a 
monoacetate in the more polar position and a diacetate near 
the solvent front (Table IV). The chemical estimation of acetate 
groups led to the same conclusion; per unit of ultraviolet absorp- 
tion, the more polar acetate formed the same, and the fast moving 
material twice the amount of acetohydroxamic acid obtained 
with deoxycorticosterone acetate. Saponification of both ace- 
tates yielded material with mobility and reactions of the parent 
compound. 

When the diacetate was treated with chromic acid, two 
products were obtained, with Rpoc 0.82 and 1.06 in toluene- 
propylene glycol (Table II). Only the more polar material 
gave the Porter-Silber reaction. Its mobility and the recovery 
of the parent compound upon saponification indicated the 
conversion of the diacetate to the monoacetate by the oxidation 
procedure. The second product obtained upon oxidation of the 
diacetate was neutral and had a mobility within the range ob- 
tained with the main oxidation product of the unacetylated 
compound. The failure of saponification procedures to affect 
the mobility of the second derivative demonstrated the absence 
of acetate groups in that compound. 

When the monoacetate was treated with chromic acid, the 
only product obtained, apart from unchanged monoacetate, was 
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TABLE III 


Resistance of oxidation product of Porter-Silber 
chromogen to alkaline hydrolysis 


Lactone I refers to 118,18, 18-trihydroxy-3-keto-4-etienic acid- 
20 — 18-lactone-18 — 1l-hemiacetal, lactone II to 118,21-dihy- 
droxy-3 ,20-diketo-4-pregnene-18-acid-18 — 1l-lactone. Values in 
Column A were obtained by hydrolysis in aqueous 0.5 nN NaOH 
at 50°, those in Column B by exposure to boiling 1.2 N NaOH in 
methanol (16). When more than one experiment was perenne, 
the number is given in parentheses. 

The hydrolysates obtained with lactones I and II yielded alkali- 
extractable products of high polarity in toluene-propylene glycol 
(Rpoc 0.03 and 0.00, respectively). These were absent in the 
chromatograms obtained from the hydrolysate of the unknown 
oxidation product. 


Amount of Amount of extracted lipid 


lipid ex- 
tracted from 
neutralized 
hydrolysate in 


Recovered 
from the 
NazCOs wash 


Lost by wash- 
with 
azCO3 


Compound 


A | | “2:12 
% % % 
Lactone I derived from aldos- 
85(4) 45 | 63(4); 82 | 40(4) 27 
Lactone II derived from al- | 
dosterone monoacetate...... 73 85 | 43 52 | 21 19 
Unknown oxidation product...| 68(3), 97 | 14(3)) 23) 0(3)) 4 
Corticosterone................ 77(4) 66 | 32(4)' 71) 9(4) 24 
31(4)/ 40 | 56(4) 69 | 16(4)) 0 
Unknown parent compound...) 78(2) 3(2) 0(2) 
TABLE IV 


Determination of acetate groups 
With both methods the values for the chromatographed com- 
pounds have been corrected for readings given by corresponding 
paper blanks. The range of duplicate determinations is indi- 
cated. 


By determination of 
acetohydroxamic 
acid formation 


By analysis of 
products 


Compound obtained with 
radioactive ace- 
tic anhydride | 4 mount 
c.p.m./ug Mg 
Deoxycorticosterone acetate..... 39.6 20 | 145 + 20 
Deoxycorticosterone acetate..... 40 | 280 + 5 
Chromatographed  deoxycorti- 
costerone acetate............. 33.4 

Unknown, Rpoc 0.83............. 22.2 10 89 
Unknown, Rpoc 1.34............. 59.2 10 160 
Unknown, Rpoc 1.34............. 20 | 320 + 10 


again a derivative less polar than the monoacetate and more 
polar than the diacetate, and not affected by saponification. 
These findings suggest that the oxidation of the acetates results 
in the same product as that obtained by oxidation of the un- 
acetylated compound. They also indicate the absence of a 
hydroxyl group on C;; as oxidation of the diacetate yielded only 
derivatives of increased polarity (9). 

The acetylated compounds were not obtained in crystalline 
form. The more polar material yielded an infrared spectrum 
with conjugated ketone bands, bands at 5.74 and 8.1 yu attribut- 
able to the acetate group, and again no saturated ketone band 
(Fig. 6). The amount of diacetate available was insufficient for 
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Unless indicated, excess reagent was added. Figures in brackets indicate unchanged compound. 


Reaction and compound Average Rpoc 


Oxidation 
Parent 


Parent 
Parent 
Parent 
Parent 
Parent 


Parent 
Acetate I 


Acetate Il 
Acetylation 

Parent 

Parent 


Acetate | 


*» = positive Porter-Silber reaction. 
+ Standard error. 
t Porter-Silber reaction not performed. 


0. 13p* 


0.13p 
0.13p 
0.13p 
0.13p 


0.13p 
O.S3p 


1.34p 


0. 13p 


0.13p 
0.S83p 
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TABLE II 


Amount and mobility of products formed by oxidation and acetylation of unknown and its derivatives 


— 


Amount Reagent 
Mg 
100 Cupric acetate 
100 Sodium periodate 
(mole/mole) 
100 Sodium periodate 
112 Sodium periodate 


Sodium bismuthate 


n= 3 
40-50 | Sodium bismuthate 
n= 2 | 
40 | Chromic acid 
20 Chromic acid 
20 acid 
150 Acetic anhydride + 


pyridine (mole/mole) 


Acetic anhydride + 
pyridine 

13 Acetic anhydride + 

pyridine - 


Odeerved of Ratio of acetate I to acetate iL 


recovered product Yield 
(0. 14p) 26) | 
0.S81p 6 | 
1.09p 12 | 
1.36p 17 
1.19 46 
1.47p 28 
| 1.06 55 
1.24p 6 
| 1.07 | 83 
| 1.19p | 6 
1.14 + 0.02T O+4 
2.19 + 0.23 Sas 
1.09 50 | 
(0.84p) | (28) 
1.07 | 12 | 
0.82p | 32 | 
1.00 | 17 | 
(0.20p) | large amount | 
0.79p | 5 | 2.5 
1.39p | 2 | 
0.83p 1.18 + 0.36 
1.34p+0.04 3248 (Range 0.04-2.06!) 
(0.93p) | (51) | 
1.47t | 34 | 


as 


Fic. 5. Photomicrograph of the unknown oxidation product 


obtained with polarized light. 


Magnification, K 250. 


the exact position of the bands obtained with the oxidation 
product of aldosterone but the remaining spectrum differed 


greatly, as did the melting point (m.p. of aldosterone derivative 
The spectrum of 18-hydroxy-3-keto-4-etienic acid-20 


> 300°). 


—+ 18-lactone on the other hand showed all the maxima in the 
locations obtained with the oxidation product of the unknown 


well as additional bands when the concentration in the po- 


tassium bromide pellet exceeded that of the unknown (Fig. 6). 
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Fic. 6. Infrared spectra in KBr of the unknown oxidation 


product (A), of 18-hydroxy-3-keto-4-etienic acid-20 — 18-lactone 
(B), and of the unknown acetates with Rpoc 0.83 and 1.34 (C, D). 


J 

of 

ete 

tal 

ald 

ace 

an 

aff 

pro 

of : 

200-2750 

tat 

uct 

| 

(av 

dev 

the 

red 

amc 

idly 

| P 

int 

Tela 

eluat 

| 

thes 

% & 

mate 

tates 

| 

prod 

/ | gave 

Conve 

proce 

diacet 

tainec 

comp 

Wh 


June 1961 


The crystals of this reference lactone had the same shape as that 
of the unknown oxidation product and melted at 220—223°. 

The spectrum of the unknown oxidation product in carbon 
disulfide obtained with the Beckman model DK-2 spectrophotom- 
eter also lacked hydroxyl bands, as did the spectra of both etienic 
acid lactones. 

The oxidation product of the unknown could not be converted 
to an acid by alkaline hydrolysis in contrast to the lactones ob- 
tained by oxidation of aldosterone and of the 21-monoacetate of 
aldosterone (Table III). It was resistant to acetylation with 
acetic anhydride and pyridine at room temperature as was 
evident from the unchanged mobility of the treated compound 
and its failure to form acetohydroxamie acid. It was also un- 
affected by treatment with sodium borohydride. The last two 
properties are in accord with the spectrophotometric evidence 
of an absence of hydroxyl- and saturated ketone functions. 

Treatment with sodium bismuthate resulted in nearly quanti- 
tative conversion of the parent compound to the oxidation prod- 
uct, based on ultraviolet absorption (Table I1). With sodium 
periodate an additional derivative absorbing at 240 my was 
obtained. It was less polar than the main oxidation product 
(average Rpoc 1.30; Rere 1.05), gave a typical, 7.e. slowly 
developing, Porter-Silber reaction, with the same extinction as 
the parent compound, was not formaldehydogenic and did not 
reduce tetrazolium. Its yield appeared to depend upon the 
amount of periodate added. The identity of this compound was 
not established. Exposure to cupric acetate also caused the 
formation of material that gave a slow Porter-Silber reaction and 
was less polar than the parent compound, in contrast to the rap- 
idly reacting and polar derivatives obtained by this procedure 
with reference steroids containing an a-ketol side chain (5, 7). 

Properties of Acetylation Products—Two Porter-Silber positive, 
ultraviolet-absorbing products were obtained upon acetylation 
of the parent chromogen at room temperature, with R- values in 
benzene-formamide of 0.53 and 0.87 (6, 7) and with Rpoc values 
in toluene-propylene glycol of 0.83 and 1.34 (Table II). The 
relative yield of these two products varied greatly under ap- 
parently identical conditions. The amounts of C' in the 
eluates from the two regions, obtained after acetylation with C" 
acetic anhydride could best be explained by the presence of a 
monoacetate in the more polar position and a diacetate near 
the solvent front (Table IV). The chemical estimation of acetate 
groups led to the same conclusion; per unit of ultraviolet absorp- 
tion, the more polar acetate formed the same, and the fast moving 
material twice the amount of acetohydroxamic acid obtained 
with deoxycorticosterone acetate. Saponification of both ace- 
tates yielded material with mobility and reactions of the parent 
compound. 

When the diacetate was treated with chromic acid, two 
products were obtained, with Rpoc 0.82 and 1.06 in toluene- 
propylene glycol (Table II). Only the more polar material 
gave the Porter-Silber reaction. Its mobility and the recovery 
of the parent compound upon saponification indicated the 
conversion of the diacetate to the monoacetate by the oxidation 
procedure. The second product obtained upon oxidation of the 
diacetate was neutral and had a mobility within the range ob- 
tained with the main oxidation product of the unacetylated 
compound. The failure of saponification procedures to affect 
the mobility of the second derivative demonstrated the absence 
of acetate groups in that compound. 

When the monoacetate was treated with chromic acid, the 
only product obtained, apart from unchanged monoacetate, was 
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TABLE III 


Resistance of oxidation product of Porter-Silber 
chromogen to alkaline hydrolysis 

Lactone I refers to 118,18, 18-trihydroxy-3-keto-4-etienie acid- 
20 — 18-lactone-18 — 11-hemiacetal, lactone II to 118,21-dihy- 
droxy-3 ,20-diketo-4-pregnene-18-acid-18 — 1ll-lactone. Values in 
Column A were obtained by hydrolysis in aqueous 0.5 Nn NaOH 
at 50°, those in Column B by exposure to boiling 1.2 Nn NaOH in 
methanol (16). When more than one experiment was poeternen, 
the number is given in parentheses. 

The hydrolysates obtained with lactones I and II yielded alkali- 
extractable products of high polarity in toluene-propylene glycol 
(Rpoc 0.03 and 0.00, respectively). These were absent in the 
chromatograms obtained from the hydrolysate of the unknown 
oxidation product. 


Amount of Amount of extracted lipid 
racte rom 
Lost by wash-| Recovered 
Cc d neutralized y h h 
A | B A | B A B 
% % % 
Lactone I derived from aldos- 
85(4)| 45 | 63(4) 82 | 40(4) 27 
Lactone II derived from al- 
dosterone monoacetate...... 73 85 | 43 52 | 21 19 
Unknown oxidation product...| 68(3) 97 | 14(3); 23.) O(3)) 4 
Corticosterone................ 77(4) 66 | 32(4)) 71) 9(4) 24 
31(4) 40 | 56(4) 69 | 16(4)) O 
Unknown parent compound...) 78(2) 3(2) 0(2) 
TABLE IV 


Determination of acetate groups 
With both methods the values for the chromatographed com- 
pounds have been corrected for readings given by corresponding 
paper blanks. The range of duplicate determinations is indi- 
cated. 


By determination of 


By analysis of acetohydroxamic 


products acid formation 


Compound obtained with 
radioactive ace- 
tic anhydride | 4 mount O.D.60-O.D.s10 
c.p.m./pg ug 
Deoxycorticosterone acetate..... 39.6 20 | 145 + 20 
Deoxycorticosterone acetate..... 40 | 280 + 5 
Chromatographed deoxycorti- 
costerone acetate............. 33.4 
Unknown, Rpoc 0.83............. 22.2 10 89 
Unknown, Rpoc 1.34............. 59.2 10 160 
Unknown, Rpoc 1.34............. 20 320 + 10 


again a derivative less polar than the monoacetate and more 
polar than the diacetate, and not affected by saponification. 
These findings suggest that the oxidation of the acetates results 
in the same product as that obtained by oxidation of the un- 
acetylated compound. They also indicate the absence of a 
hydroxyl group on C,; as oxidation of the diacetate yielded only 
derivatives of increased polarity (9). 

The acetylated compounds were not obtained in crystalline 
form. The more polar material yielded an infrared spectrum 
with conjugated ketone bands, bands at 5.74 and 8.1 yp attribut- 
able to the acetate group, and again no saturated ketone band 
(Fig. 6). The amount of diacetate available was insufficient for 


| 
| 


a satisfactory spectrum, but the most prominent bands were 
those at 5.74 and 8.1 yw. The spectrum of the monoacetate 
obtained with the Beckman model DK-2 spectrophotometer 
contained a band at 2.79 uw but lacked the second component of 
the doublet at 2.82 uw present in the parent compound (Fig. 2). 
The diacetate had no bands in this region, indicating the presence 
of only two hydroxyl groups in the parent compound. 

Reaction of Reference 21-Hydroxy-20 — 18-hemiketals with 
Porter-Silber and Tetrazolium Reagents—The 20 — 18-hemiketal- 
of 18-hydroxy-11-deoxycorticosterone and of 18-hydroxy-11 
dehydrocorticosterone gave a typical Porter-Silber reaction, that 
is, slowly developing, with a maximum near 410 my, and both 
steroids gave 61°% of the absorbancy obtained with an equal 
amount of cortisol. The hemiketal of 18-hydroxy-11-deoxy- 
corticosterone failed to reduce the tetrazolium reagent, whereas 
the 11-keto analogue gave 16% of the absorbancy obtained by 
reaction with a comparable amount of cortisol. 


DISCUSSION 


The findings in this paper offer compelling proof, in our opinion, 
for the proposed identity of the unknown compound, even 
though not enough material was accumulated for elemental 
analysis. The most convincing evidence for its identification 
with the 20 — 18-hemiketal of 18-hydroxy-11-deoxycorticosterone 
are the similarity of the infrared spectra of the two compounds, 
the ability of both substances to give a slowly developing Porter- 
Silber reaction without reducing tetrazolium, and the similar 
properties of the oxidation products of the two compounds. The 
only discrepancy was the difference between the melting point 
of the unknown parent compound and the reference steroid 
(138-142° versus 180-182°), suggesting insufficient purification 
of the unknown. 


The comparisons with the reference steroids were made at’ the — 


very end of this investigation, when the synthetic compounds 
became available. However, the early work on the physical 
and chemical properties of the unknown and its derivatives had 
already indicated that the compound, in all likelihood, was a 
steroid, hydroxylated at C2, with a 20 — 18-hemiketal linkage 
and that it contained no free hydroxyl groups in the remainder 
of the molecule and no saturated ketone function. No other 
structure could readily account for the production of formalde- 
hyde and a lactone upon oxidation, and for the presence of two 
hydroxyl groups, both easily acetylated and both disappearing 
upon oxidation. Originally, a configuration was proposed that 
was analogous to the 18 — 11-hemiacetal of aldosterone in the 
20 — 18-hemiketal form postulated by Ham et al. (16), but 
unsaturated at Cig to permit a positive Porter-Silber reaction.® 
However, this hypothesis was ruled out by the failure of the 
oxidation product, which should then be a conjugated lactone, 
to show ultraviolet and infrared absorption bands indicative of 
conjugation, and by the relatively low polarity of the unknown 
compound and its oxidation product compared to aldosterone 
and the lactone derived from it. That the oxidation product 
might be identical with the oxidation product of 18-hydroxy-11- 
deoxycorticosterone, first became apparent from the similarity 
of both the infrared spectrum and the melting point, published 
by Kahnt et al. (19) with those of the unknown derivative. The 
possibility suggested by Dr. Péron, that the unknown parent 
compound might be 18-hydroxy-11-deoxycorticosterone, had 


5 This structure was proposed by the authors at the meetings of 
the First International Congress of Endocrinology. 
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been rejected, in spite of identical mobilities, because of the 
reported reducing property of this compound and the differing 
infrared spectrum published by the Swiss workers (19) and be- 
cause the unknown contained no saturated ketone function and 
fluoresced in phosphoric acid. However, these objections would 
not apply to the 20 — 18-hemiketal form of the steroid provided 
it did not equilibrate readily with the open structure. When 
Schmidlin and Wettstein (20) reported that the 20 — 18-hemiketal 
of 11-dehydrocorticosterone displays a markedly impaired re- 
ducing power it became crucial to establish the ability of this 
configuration to give the Porter-Silber reaction. 

The 20 — 18-linkage of both the parent compound and the 
oxidation product appears to be remarkably stable. The 
lactone could not be hydrolysed, and all attempts to obtain a 
reducing derivative by hydrolysis of the hemiketal were unsuc- 
cessful. These included boiling with 0.5 n HCl or NaOH for 
30 minutes, and with 90% acetic acid for 1 hour, as well as 
exposure to 1 m perchloric acid in glacial acetic acid at room 
temperature for 6 hours, a procedure reported to break ketal 
linkages that hydrolyze with difficulty (20). The treatment with 
boiling HCl and NaOH abolished the positive Porter-Silber 
spot test given with cortisol, but not with the rat adrenal chromo- 
gen. The lack of oxygen at Ci, seems to stabilize the 20 — 18- 
linkage, judging from a comparison of the behavior of these 
substances with that of aldosterone and its oxidation product. 
Pappo (17) has pointed out that the 20 — 18-hemiketal of 18- 
hydroxyprogesterone has little tendency to react in the open 
form. 

The two acetylation products of the rat adrenal chromogen 
must also contain the 20 — 18-hemiketal linkage as they do not 
reduce tetrazolium. The position of the acetate group within 
the side chain of the monoacetate could not be assigned. 

The lactone formed by oxidation of 18-hydroxy-11-deoxy- 
corticosterone-20 — 18-hemiketal has been isolated from beef 
adrenal perfusates by Mihina (see footnote (17)) and the lac- 
tone of the 11-hydroxy analogue was obtained from hog adrenal 
homogenates by Neher and Wettstein (21). These substances 
may therefore be naturally occurring metabolites. 

Beef adrenal homogenates apparently convert 11-deoxycorti- 
costerone to 18-hydroxy-11-deoxycorticosterone in the open 
form (19). Deoxycorticosterone added to quartered rat adrenals 
causes a 10-fold increase in the production of nonreducing Porter- 
Silber positive material, but no reducing substance of compa- 
rable mobility is formed; corticosterone production is also greatly 
increased, whereas the output of aldosterone is not affected.‘ 
The increases in response to deoxycorticosterone are independent 
of the presence of ACTH. The trophic hormone may therefore 
not be involved in the oxygenations at C,,; and C,s but act at 
an earlier stage in the biogenesis of these steroids, as has been 
suggested by Stone and Hechter (22). Current theories associate 
the role of ACTH with the regulation of the level of TPNH (28) 
required for the hydroxylation of steroids (24, 25). This co- 
enzyme has recently been implicated in the cleavage of the 
cholesterol side chain as well (26). 

ACTH, glucose, inosine, and calcium all affect the production 
of the Porter-Silber chromogen to the same extent as that of 
corticosterone but have little influence upon the production of 
aldosterone and the more polar material (2, 7). This suggests 
that the Porter-Silber positive substance is formed in the same 


6M. K. Birmingham and P. J. Ward, unpublished observations. 


| 
Ic 
a 
r 
0 
ti 
t 
ac 
0 
ke 
t 
t 
| tv 
hy 
re: 
st 
O 
P 
gl 
D 
| th: 
fae 
eal 
an 
) de 
| U 
2a 
mt 
po! 
Ho 
| 


June 1961 


location within the gland as corticosterone and that oxygenation 
at Cs is not necessarily confined to the zona glomerulosa. 


SUMMARY 


Evidence is presented for the identification of the ultraviolet- 
absorbing, lipid-soluble Porter-Silber chromogen secreted by the 
rat adrenal with the 20 — 18-hemiketal of 18-hydroxy-11-de- 
oxycorticosterone. Observations warranting this conclusion are 

1. The formation of formaldehyde and a lactone upon oxida- 
tion with periodate and the stoichiometric relation indicated by 
the amount of formaldehyde produced. 

2. The formation of a monoacetate and a diacetate by mild 
acetylation. 

3. The absence of hydroxyl bands in the absorption spectrum 
of the diacetate and the oxidation product and the absence of 
ketone bands in the unknown and its derivatives. 

4. The similarity between the infrared spectra obtained with 
the unknown and the synthesized reference compound, and be- 
tween the spectra obtained with the oxidation products of these 
two compounds. 

5. The identical and characteristic absorption bands, due to 
hydroxyl groups, obtained under conditions permitting high 
resolution, with the unknown and two reference compounds 
hydroxylated at C2 and containing the 20 — 18-hemiketal 
structure. 

6. The positive Porter-Silber reaction and lack of reducing 
power exhibited by these reference steroids and the unknown. 
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The conversion of lanosterol to cholesterol requires the re- 
moval of three methyl groups, reduction of the A* double bond, 
and “‘shift”’ of the nuclear double bond from position A® to posi- 
tion A’. The mechanisms by which these changes occur and 
the sequence in which they occur are poorly understood at this 
time. 

The finding that Waring Blendor homogenates of rat liver are 
capable of efficiently converting zymosterol (A®:*4-cholestadienol), 
but not zymostenol (A*-cholestenol), to cholesterol (2) suggests 
that reduction of the A* double bond of cholesterol precursors 
is probably a very late step in the formation of cholesterol (2-4). 
This view is strengthened by the isolation of desmosterol (A®-?4- 
cholestadienol) from chick embryos and rat liver and skin (4-6) 
and the demonstration of the conversion of this sterol to cho- 
lesterol in the rat (5). It has also been suggested, however, 
that reduction of the A** double bond may occur relatively early 
in the reactions leading to the formation of cholesterol (7, 8). 

The present study concerns some further observations on the 
convertibility of zymosterol and zymostenol to cholesterol in 
intact rats and rat liver homogenates. In both Bucher and 
Waring Blendor homogenates of rat liver, zvmostenol was found 
to be more readily convertible to cholesterol than was zymos- 
terol, under the conditions studied. Observations made in this 
study suggest that zymosterol or other A*-sterols are not sig- 
nificant intermediates in the conversion of zymostenol to cho- 
lesterol. 

The effect of triparanol, an inhibitor of cholesterol synthesis 
(9), on the conversions of zymosterol and zymostenol to choles- 
terol by the rat has also been studied. 


EXPERIMENTAL PROCEDURE 


Animals—Female rats of the Sprague-Dawley strain, weigh- 
ing approximately 200 g, were used in this study. They were 
fed Purina laboratory chow. Triparanol, a gift from Dr. Thomas 
Blohm of the Wm. 8. Merrell Company, was administered by 
subcutaneous injection in a daily dose of 5 mg, suspended in 
0.1 ml of olive oil, for 11 days. 

Administration of Sterols by Intraportal Injection—In experi- 
ments in vivo the sterols were injected into the portal vein under 
ether anesthesia. The material to be injected was administered 


* This work was supported by a research grant (H-1875) from 
the National Heart Institute, United States Public Health Service. 
A preliminary report was presented at a meeting of the Federation 
of American Societies for Experimental Biology (1). 

+t Postdoctoral Research Fellow of the National Heart Insti- 
tute, United States Public Health Service. 


_ 74, 2.5 ml per g of liver). 


through a 25- or 27-gauge needle in the form of an alcohol-0.9% 
NaCl solution suspension (0.1 ml of alcohol, 0.2 ml of 0.9% NaCl 
solution). After removal of the needle, bleeding from the in- 
jection site was controlled by pressure with a cotton pledget 
moistened with a solution of thrombin. The abdominal wound 
was closed and the rat was placed in a cage with access to food 
and water. The animals were killed 20 hours later with ether. 
The liver sterols were isolated, after digestion in boiling 15% 
alcoholic KOH (5 ml per g of liver) for 3 hours, by adding an 
equal volume of water and extracting three to five times with 
2 volumes of petroleum ether (b. p. 30-60°). 

Preparation of Cell-free Homogenates of Liver—Bucher homog- 
enates were prepared as previously described (10). Waring 
Blendor homogenates were prepared by homogenization in a 
Waring Blendor for 30 seconds at 0°. The homogenization me- 
dium in both cases was potassium phosphate buffer (0.1 mM, pH 
Nicotinamide, DPN, and magne- 
sium salts were not added. Whole cells and nuclei were re- 
moved by centrifugation (10). 

Incubations were carried out in oxygen at 37° in stoppered 
vials for 1 hour in a Dubnoff metabolic shaker. The substrates 
were added in propylene glycol (25 or 50 ul/2.5 ml of homog- 
enate). The sterols were isolated from the homogenates as 
previously described (10). 

Isolation and Purification of Radioactive Cholesterol—The sterols 
were separated on silicic acid-Super-Cel columns with benzene 
as the eluting solvent (11). In most cases the columns were 1.2 
cm in diameter and 100 cm in length. Fractions, 4 ml in vol- 
ume, were collected. Purified (12) carrier cholesterol was added 
before chromatography of the products of the incubations. 

After chromatography, the amounts of radioactivity and cho- 
lesterol in each fraction tube were measured. The cholesterol 
was recovered from the counting fluid by isolation as the digito- 
nide and subsequent cleavage with pyridine-ether (10). The 
radioactivity associated chromatographically with cholesterol 
was further identified as cholesterol by passage through the 
dibromide (10), after the addition of purified (12) carrier choles- 
terol. The specific activity of the radioactive cholesterol was 
determined before and after passage through the dibromide. 

The laborious chromatographic method was used because of 
the effectiveness of this procedure in the purification of choles- 
terol (10) and because it offered the possibility of detection of 
potential intermediates in the reactions studied. 

Measurement of Radioactivity and Sterols—Radioactivity was 
measured in a Packard Tri-Carb liquid scintillation spectrom- 
eter as previously described (10). Corrections for quenching 
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were made with the use of an internal standard. Cholesterol 
and desmosterol were measured colorimetrically (10, 13). 

Isolation of Radioactive Yeast Sterols—Fleischmann’s baker’s 
yeast was grown anaerobically for 60 hours according to the 
procedure of Klein (14) and subsequently oxygenated for 13 
hours as outlined by Johnston and Bloch (2). The cells were 
collected by centrifugation at 0° and washed once with cold 
distilled water. Approximately 200 mg of the washed cells were 
incubated in 10 ml of medium of the following composition: 
potassium phosphate buffer (0.1 M, pH 7.4), MgCl. (0.004 m), 
DPN (0.0008 m), nicotinamide (0.03 m), and glucose (0.055 M). 
To this mixture were added 250 ue of sodium acetate-1-C™ (spe- 
cific activity, 13.5 me per mmole) purchased from Orlando Re- 
search, Inc., Orlando, Florida, in a volume of 25 wl. The incu- 
bation was carried out in an open 50-ml Erlenmeyer flask on a 
Thomas rotating table at room temperature for 34 hours. Dis- 
tilled water was added periodically to maintain constant volume. 

At the end of the incubation, the cells were collected by cen- 
trifugation and digested in boiling 15% alcoholic KOH (5 ml) 
for 3 hours. Water (5 ml) was added and the resulting mixture 
was extracted three times with 2 volumes of petroleum ether 
(b. p. 30-60°). The solvent was evaporated with a stream of 
nitrogen. The residue was applied to a silicic acid-Super-Cel 
column as described above, and the sterols were eluted with 
benzene. Aliquots were taken from selected tubes for measure- 
ment of radioactivity. The resulting chromatogram is shown 
in Fig. 1. 

With the exception of the radioactivity in tubes 96 through 
105, the chemical nature of the radioactive peaks was not studied. 
The chromatographic behavior of the first, third, and fourth 
radioactive peaks is very similar to that of squalene, lanosterol 
(and closely related compounds), and monomethy! cholestenols 
(such as methostenol), respectively. The radioactive compound 
corresponding to the second peak eluted from the column did 
not serve as an efficient precursor of cholesterol after intraportal 
injection into a rat. 

Purification and Identity of Zymosterol-C4—The contents of 
tubes 96 through 105 were combined, and the benzene was evap- 
orated under nitrogen. The residue was rechromatographed on 
a 1.0 100-cem column. A single peak of radioactivity was 
observed. The contents of the tubes corresponding to the cen- 
ter of this peak were combined for use in the biological experi- 
ments. 7 

Nonradioactive zymosterol isolated on a large scale from yeast, 


‘with essentially the same techniques as in the radioactive ex- 


periment, gave a melting point of 106—109° (literature, 108—109° 
(15)). The infrared spectrum! was identical with one of authen- 
tic zymosterol.? 

Evidence for the presence of a A*4 double bond was obtained 
by ozonolysis of the zymosterol-C'. Of the theoretical amount 
of acetone-2 ,4-dinitrophenylhydrazone-C'*, 54% was recovered. 
(This yield is not corrected for any losses during the ozonolysis 
due to incomplete reaction or allylic rearrangement in the course 
of the reaction.) 

When the zymosterol-C' was chromatographed with non- 
radioactive zymosterol, the radioactivity ran parallel to the 


1The author wishes to thank Dr. Howard Dinsmore and Mr. 
Page Edmondson for recording the infrared spectra. The tech- 


niques used have been described by them elsewhere (16, 17). 
* The gift of an infrared spectrum of authentic zymosterol from 
Dr. Erwin Schwenk is gratefully acknowledged. 
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Fic. 1. Chromatogram of unsaponifiable lipids from yeast 
incubated with sodium acetate-1-C'%. @——®@, counts per min- 
ute in aliquots (1) of selected fractions. 


carrier (with specific activities of 547, 560, 521, and 537 ¢.p.m. 
per mg on the contents of four successive fraction tubes). When 
the contents of tubes 81 through 90 were chromatographed with 
nonradioactive zymosterol, a clear separation of the radioactivity 
and zymosterol was observed. 

In subsequent studies in vitro and in vivo with the zymosterol- 
C4, several radioactive compounds were recovered which were 
more polar chromatographically than cholesterol. That these 
compounds were not formed from zymosterol during the diges- 
tion of the tissue preparation with the aleoholic KOH or during 
the chromatography is suggested by the following experiment. 
The liver of a normal rat was digested for 2 hours in boiling 15% 
alcoholic KOH. After cooling, zymosterol-C™ was added to the 
mixture and the contents of the flask were heated under reflux 
for 3 hours. Recovery and chromatography of the sterols were 
carried out as described above. A single peak of radioactivity, 
clearly separated from the cholesterol of the liver, was recovered. 

Preparation of Zymostenol-24 ,25-H*—Zymosterol (1.5 mg, 
m.p. 106—109°) in purified (18) ethyl acetate (12 ml) was hy- 
drogenated in the presence of 100 me of tritium gas at room tem- 
perature over a Raney nickel catalyst (19). The reduction was 
carried out at atmospheric pressure for 8 hours. The solution 
was filtered to remove the catalyst, and the ethyl acetate was 
evaporated under nitrogen. To remove any readily exchange- 
able tritium, 5 ml of water and 5 ml of ethanol were added to 
the sterol and the mixture was allowed to stand at room tem- 
perature for 3 hours. The mixture was then heated gently on 
a steam bath for 15 minutes under nitrogen and, after cooling to 
room temperature, it was extracted three times with 20-ml 
portions of petroleum ether (b.p. 30-60°). The combined pe- 
troleum ether solutions were washed three times with 10-ml 
portions of water and evaporated to dryness under nitrogen. 
The yield was about 90%, based on colorimetric assay of the 
sterol. The changes with time in optical density at 620 my after 
treatment of the tritiated compound with the Liebermann- 
Burchard color reagent (20) were the same as those observed 
with an authentic sample of zymostenol (m.p. 129-130°). Zy- 
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Fic. 2. Chromatogram illustrating the separation of zymos- 


tenol-H’ and nonradioactive cholesterol. X-——-—-X, cholesterol 
measured colorimetrically; O——O, radioactivity. 


TABLE I 


Incorporation of zymosterol-C' and zymostenol-H®* into cholesterol 
by rat liver homogenates 


Conversion of Zymosterol-C* and Zymostenol-H? to Cholesterol 


| | Specific activity of 


| | | 
| | Amount | onver- alter a 
|Volume| Substrate | 
| | added terol Before | After 
| purifica-  purfica- 
| | | tion | tion 
Bucher 1 | 7.5 Zymosterol <1¢ 29 23.3 | 23.4 
Bucher 2 | 12.5 | Zymosterol <1 31 22.2 18.9 
Bucher 2 | 5.0| Zymostenol| 3.0, 51 | 143 145 
| | | 
Bucher 3 12.5 | Zymosterol | 7.5, 26 11.8 12.5 
Zymostenol | 7.5) 41 231 225 
Bucher 15.0 | Zymosterol <1 7 | 
Zymostenol | 9.0 41 392 409 
Waring 1 | 10.0 Zymosterol 6.0) 12 7.07 6.25 
Zymostenol 6.0; 25 161 150 
Waring 2 5.0 Zymostenol 3.0 19 48.8 53.3 


« Zymosterol and zymostenol were incubated together in the 
third and fourth Bucher homogenates and in the first Waring 
Blendor homogenate. 

’ Percentage of the incubated radioactivity which was recov- 
ered in cholestero! after chromatography. 

¢ After dilution with carrier cholesterol, the specific activity of 
the radioactive cholesterol isolated by chromatography was meas- 
ured before and after purification through the dibromide. 

4 The specific activity of the zymosterol-C' could not be ac- 
curately measured because of the very small amount of the radio- 
active compound. A minimal specific activity of 6000 c.p.m. per 
pg was estimated on the basis of the total amount of radioactivity 
isolated in the zymosterol-C'4 and the estimated zymosterol con- 
tent based upon analysis of a larger amount of the same yeast 
preparation from which the radioactive compound was isolated. 
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mostenol gives an immediate blue color which changes to green and 
reaches maximal intensity 6 minutes after the addition of the 
reagent. The specific activity of the zymostenol was 23 uc per 
mg. 

Zymostenol (1.87 mg, m.p. 129-130°, prepared from 8, 14-cho- 
lestadien-38-ol by the method of Barton and Cox (21)) and 
113,000 ¢.p.m. of the tritium-labeled zymostenol were chro- 
matographed on a column of the type described above. The 
radioactive sterol and the nonradioactive sterol were indistin- 
guishable chromatographically. The separation of the tritium- 
labeled zymostenol and purified (12) cholesterol on the same type 
of column is shown in Fig. 2. 


RESULTS 


The results of the incubations of zymosterol and zymostenol 
with rat liver homogenates are shown in Table I. In all incu- 
bations, including those in which both substrates were incubated 
together with the same homogenate, a higher percentage of radio- 
activity derived from zymostenol was associated with cholesterol] 
at the end of 1 hour than from zymosterol. In the incubations 
of the tritium-labeled zymostenol with the rat liver homogenates, 
most (over 85%) of the added radioactivity was recovered in 
petroleum ether-soluble compounds at the end of 1 hour. The 
chromatogram of the sterols obtained after the incubation of 
zymostenol with the second Bucher homogenate is shown in 
Fig. 3. 

The conversions of zymosterol and zymostenol to cholesterol 
in normal and triparanol-treated rats are shown in Table II. 
The chromatogram of the liver sterols of a triparanol-treated 
rat given zymosterol intraportally is shown in Fig. 4. For com- 
parison, the chromatogram of the liver sterols of a normal rat 
treated by injection of zymostero]l is shown in Fig. 5. The 
chromatogram of the liver sterols of a triparanol-treated rat 
given zymostenol intraportally is shown in Fig. 6. 
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Fic. 3. Chromatogram of the sterols obtained from a Bucher 
homogenate of rat liver which was incubated with zymostenol- 
H? for 1 hour. Symbols are as in Fig. 2. 
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TABLE II 


Effect of triparanol on incorporation of zymosterol-C'* and 
zymostenol-H? into liver cholesterol in vivo 


Specific activity%of 
recovered cholesterol 
Je Liver __ after addition of 
— radioac- carrier® 
su ivity 
Animal Substrate “strate | recovered = 
injected irom terol® Before After 
liver? 
purifica- | purifica- 
tion tion 
% % C.p.m.smg 
Normal | Zymosterol | <104 4.3 52 34.3 34.8 
Treated | Zymosterol | <10 3.4 2 
Normal | Zymostenol 42 13.6 61 316 302 
Treated | Zymostenol 42 14.4 27 


¢ Twenty hours after the intraportal injection of the radioac- 


tive substrates. 

’ Percentage of radioactivity recovered from liver which was 
associated with cholesterol after chromatography. 

¢ Same as Table I. 

4Same as Table I. 
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homogenates. In several experiments with Bucher homogenates, 
the extent of conversion of zymostenol to cholesterol was sig- 
nificantly greater than reported previously. No clear explana- 
tion can be offered for the different results obtained in this study 
and those reported previously (2) regarding the conversion of 
zymostenol to cholesterol in Waring Blendor homogenates of rat 
liver, because different experimental techniques were used in the 


two studies. 
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Fia. 5. Chromatogram of the liver sterols of a normal rat after 
the administration of zymosterol-C'4. Symbols are as in Fig. 4. 


Fic. 4. Chromatogram of the liver sterols of a triparanol- 
treated rat after the administration of zymosterol-C'4. O O, 
radioactivity; X- —--—X, cholesterol and desmosterol measured 
colorimetrically. The first peak measured colorimetrically is 
cholesterol, the second is desmosterol. 


DISCUSSION 


The conversions of zymostenol and zymosterol to cholesterol 
have been shown to occur readily in both Bucher and Waring 
Blendor homogenates of rat liver. Despite the shorter incuba- 
tion time and the absence of added DPN, nicotinamide, and 
magnesium salts, the conversions observed in these experiments 
are roughly comparable in magnitude to those reported by 
Johnston and Bloch (2) in their carrier-free incubations in Bucher 
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Fic. 6. Chromatogram of the liver sterols of a triparanol- 
treated rat after the administration of zymostenol-H*. Symbols 
are the same as in Fig. 4. The second radioactive peak is similar 
chromatographically to the substrate. This fraction was not 
studied further. 
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The possibility that zymosterol or other A* sterols are sig- 
nificant intermediates in the conversion of zymostenol to cho- 
lesterol appears to be precluded on the basis of two observations 
made in this study. First, the conversion of zymostenol to 
cholesterol was greater than the conversion of zymosterol to 
cholesterol in the same homogenate preparation. Second, in 
the conversion of zymostenol to cholesterol, most of the radio- 
activity is retained in petroleum ether-soluble compounds. The 
tritium in the zymostenol was presumably located on carbon 
atoms 24 and 25. If, in the conversion to cholesterol, a A*4 
double bond were introduced, a considerable portion of the tri- 
tium would be removed. The recovery of 40 to 50°%% of the 
added radioactivity in cholesterol and a much greater percentage 
in petroleum ether-soluble compounds precludes such a possi- 
bility. 

The finding that added nicotinamide, pyridine nucleotides, or 
magnesium salts are not needed to obtain effective conversion 
of zymostenol or zymosterol to cholesterol in liver homogenates 
represents an extension of previous findings reported by Olson 
et al. (22) and Frantz et al. (10, 23). The former workers found 
that DPN addition did not stimulate the conversion of lanosterol 
to cholesterol in Bucher homogenates (which contained added 
MgCl. and nicotinamide). They also found that a TPNH- 
generating system could partially replace the soluble fraction of 
the liver homogenate in this conversion. Frantz et al. found 
that the addition of the combination of DPN, nicotinamide, 
and MgCl. was not necessary for the conversion of A’-cholestenol 
to cholesterol. Under the same conditions, 4a-methyl-A‘-cho- 
lestenol was not converted to cholesterol. Efficient conversion 
of this sterol to cholesterol was observed in a homogenate when 
the combination of cofactors was added. These findings sug- 
gest that a pyridine nucleotide (probably TPNH) and Mg*+ may - 
be required cofactors in the removal of the 4, 4’, and 14 methy] 
groups of cholesterol precursors. Precise delineation of the 
cofactor requirements for these reactions will await studies that 
utilize purified enzyme preparations. 

The chromatograms of the sterols obtained from homogenates 
incubated with zymosterol were very similar to that obtained 
from an experiment in vivo shown in Fig. 5. The chemical nature 
of the radioactive compounds, more polar chromatographically 
than cholesterol, is uncertain. On the basis of the recovery of 
only one radioactive peak after the addition of the zymosterol-C 
to an inactivated liver preparation, it is unlikely that these 
compounds are the result of nonenzymatic factors. It is also 
unlikely that these compounds were formed from cholesterol. 
When cholesterol-4-C™ of high specific activity was incubated 
with the fourth Bucher homogenate preparation, virtually all 
of the radioactivity recovered after chromatography was asso- 
ciated with cholesterol. In addition, 13 hours after the intraperi- 
toneal injection of 1.5 me of sodium acetate-1-C™ into a rat, vir- 
tually all of the radioactivity recovered in the sterol fraction of 
liver after chromatography was associated with cholesterol. 

The chromatogram of the sterols obtained from the homog- 
enate incubated with zymostenol (Fig. 3) is suggestive of the 
presence of three radioactive compounds more polar chromato- 
graphically than cholesterol. The first is believed to be 7-dehy- 
drocholestero] on the basis of chromatographic behavior. Fur- 
ther studies are in progress to establish the identity of this 
compound. The remaining two peaks are similar chromato- 
graphically to zymostenol and lathosterol. 


3G. J. Schroepfer Jr., unpublished data. 


Conversion of Zymosterol-C™ and Zymostenol-H? to Cholesterol 
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The accumulation of significant quantities of a sterol other 
than cholesterol has been noted in the tissues of triparanol- 
treated rats. The identification of this sterol as desmostero] 
was made by Avigan et al. (24) and confirmed by Frantz et al. 
(13). The conversion of lathosterol to cholesterol by rat liver 
homogenates is unaffected by pretreatment of the animals with 
triparanol (13). In the present study little or no conversion of 
zymosterol to cholesterol was observed in a rat treated with this 
drug. Most of the radioactivity recovered from the liver of this 
animal was associated chromatographically with desmosterol. 
As several other sterols behave very similarly to desmosterol in 
the chromatographic system used, sufficient evidence is not avail- 
able to equate the radioactivity with desmosterol. 

Both normal and triparanol-treated rats converted zymostenol 
to cholesterol in good yield. In the normal rat a higher conver- 
sion was observed. 

The observations made in this study, along with those cited 
above, are compatible with the hypothesis that triparanol in- 
hibits the reduction of the A*4 double bond of cholesterol pre- 
cursors. 


SUMMARY 


1. The incorporation of zymosterol-C' and zymostenol-24 , 25- 
H? into cholesterol by both Bucher and Waring Blendor homog- 
enates of rat liver has been demonstrated. 

2. These conversions did not require the presence of added 
nicotinamide, diphosphopyridine nucleotide, or magnesium salts. 

3. On the basis of observations made in this study it is sug- 
gested that sterols with a A** double bond are not significant 
intermediates in the conversion of zymostenol to cholesterol. 

4. Zymostenol, but not zymosterol, was efficiently incor- 
porated into the cholesterol of liver after intraportal administra- 
tion to rats treated with triparanol. 
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of Dr. Ivan Frantz, Jr. The author gratefully acknowledges his 
advice and encouragement. The ozonolysis experiment was per- 
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The first component of human complement (C’1) has been 
reported to exist in serum as a proenzyme which can be activated 
by antigen-antibody aggregates (1-5), plasmin (1, 6), and, in a 
partially purified state, by autocatalysis (6, 7) to an enzyme, 
C’l-esterase, capable of hydrolyzing certain synthetic amino 
acid esters, notably N-acetyl-L-tyrosine ethyl ester (6-8), and 
interacting with the fourth and second components of human 
complement (C’4 and C’2) (3, 7). Both conversion of pro- 
enzyme to enzyme and enzymatic activity were inhibited by a 
substance of fresh human serum which was nondialyzable, heat- 
labile (56°, 30 minutes), and unrelated to any of the recognized 
components of human complement (6, 8). Subsequent studies 
(9) indicated that in human serum, C’l-esterase inhibitor was 
labile at 0° at pH values below 5.5 or in the presence of low con- 
centrations of methanol, but could be recovered quantitatively 
in the supernatant fraction of serum containing 40° saturated 
ammonium sulfate. 

A modification of the chromatographic method of Boman (10, 
11) for the separation of serum proteins has yielded substantially 
purified C’l-esterase inhibitor containing only traces of trypsin 
and plasmin inhibitors. This method has also been utilized by 
Moll, Sunden, and Brown (12) for the ai-globulin trypsin in- 
hibitor in serum of pregnant women and by Bundy and Mehl (13) 
for purification of a,-globulin trypsin inhibitor in normal human 
plasma. The present paper describes a partial purification 
procedure for C’l-esterase inhibitor and some properties of the 
purified inhibitor. Its behavior in various immune systems will 
be reported separately. The data to be presented demonstrate 
that serum inhibitor of C’l-esterase is distinct from serum 
trypsin or plasmin inhibitors. <A preliminary report of this work 
has appeared in abstract form (14). 


EXPERIMENTAL PROCEDURE 


Trypsin and Soybean Trypsin Inhibitor—Crystalline trypsin, 
containing approximately 50% MgSQ,, and crystalline soybean 
trypsin inhibitor were obtained from the Worthington Biochemi- 
cal Company. ‘Trypsin solutions in distilled water were stand- 


* This investigation was supported in part by research grant 
No. E-1255 from The National Institute of Allergy and Infectious 
Diseases of The National Institutes of Health, United States 
Public Health Service and was carried out under the auspices of 
the Commission on Immunization of the Armed Forces Epidemi- 
ological Board, supported in part by the Office of the Surgeon 
General, Department of the Army. 

t Work performed in partial fulfillment of requirements for 
M.D. degree. 

t Senior Research Fellow (SF-307), United States Public Health 
Service; part of this investigation was conducted during tenure of 
a Research Fellowship of the Cleveland Area Heart Society. 


ardized to contain 200 ug of trypsin per ml, assuming that a solu- 
tion of unit optical density (A = 280 my, 1 cm) contains 0.695 
mg of trypsin per ml (15, 16). Under our assay conditions, 15 
wg of crystalline soybean inhibitor produced 50% inhibition of 
40 ug of crystalline trypsin. 

Trypsin inhibition and trypsin activity were measured by a 
modification of the method of Kunitz (17). Inhibitor values 
were expressed as micrograms of crystalline soybean inhibitor. 

a-Chymotrypsin—The crystalline bovine salt-free product (Lot 
No. 283) was obtained from Armour Laboratories, and diluted 
in 0.001 N HCl to contain 200 ug per ml assuming that Ey 
at 280 mu = 21.5 (18). 

Human plasmin was a purified product obtained from Merck 
Sharp and Dohme. The dry powder was dissolved in sodium 
phosphate buffer, pH 8.0, ionic strength 0.15, to contain 10,000 
Merck Sharp and Dohme units per ml. 

Bovine thrombin was a highly purified product generously 
donated by Dr. O. D. Ratnoff, Western Reserve University. 

Acetyl-x-tyrosine ethyl ester and p-toluenesulfonyl-L-arginine 
methyl ester were obtained as previously described (8). 

Serum—Human blood was obtained by venipuncture without 
anticoagulant from healthy donors, allowed to clot at room tem- 
perature for 1 hour, and held overnight at 4°. Serum was 
separated by centrifugation in the cold, pooled, and stored at 
— 60°. 

C’1-Esterase—C'l-esterase was the product of autocatalytic 
activation of partially purified human C’l1, prepared by published 
procedures (7). The activation was accomplished by adjust- 
ment of physicochemical conditions (pH 7.4, ionic strength 
0.15, 37°, 15 minutes) (6, 7). The activity of C’l-esterase was 
measured by micro-formo] titration of acid liberated from ATE! 
(7,8). One unit of C’l-esterase is defined as that amount which 
will liberate 0.5 umole of titratable acid from ATE under assay 
conditions (9). The C’l-esterase preparation contained 64 
units per mg of nondialyzable nitrogen. 

C’1-esterase inhibitor was assayed as described previously (9). 
One unit of inhibitor is defined as that amount which completely 
inhibits the esterolytic action of 10 units of C’l-esterase under 
standard assay conditions. 

Anion Exchange Resin—Dowex 2-X10,200 to 400 mesh, Lot 
4150-50, was obtained from The Dow Chemical Company, and 
prepared for column chromatography according to Boman (11) 
in 1000-m]l delivery burettes measuring 47 by 480 mm. Col- 
umns were used repeatedly after regeneration. Regeneration 
was accomplished by flushing the column consecutively with 1 
liter of 1 n hydrochloric acid, 3 liters of deionized water, followed 


1 The abbreviations used are: ATE, N-acetyl-u-tyrosine ethyl 
ester; TAMe, p-toluenesulfonyl L-arginine methyl ester. 
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by 2 liters of 0.06 m Tris buffer, pH 7.3 at 25°, to equilibrate the 
resin. 

Nitrogen was determined by the micro-Kjeldahl method, on 
thoroughly dialyzed samples and subtracting appropriate nitro- 
gen blanks contributed by the dialyzing medium. 


RESULTS 


Preparation of C’1-Esterase Inhibitor—Solid ammonium sulfate 
was added to pooled human serum at 0° to 40% saturation with- 
out adjustment of pH. The mixture was stirred, allowed to 
stand overnight at 0°, and the precipitate of inert protein was 
removed by centrifugation at 0°. The supernatant solution was 
dialyzed overnight against running tap water and recentrifuged 
at 0°. The clear supernatant solution was used immediately for 
further purification or was stored for future use at —30°. 
Column chromatography was carried out at room temperature. 

Dialyzed ammonium sulfate supernatant solution, 50 ml, was 
applied to a 47- X 480-mm column of Dowex 2-X10 equi- 
librated with 0.06 m Tris buffer, pH 7.3, at 25°. Buffer was 
allowed to flow through the column at approximately 1 to 2 ml per 
minute, and fractions of effluent were collected at 12-minute 
intervals. Under these conditions, almost all of the trypsin 
inhibitor and only a trace of C’l-esterase inhibitor emerged in 
the first protein fraction not adsorbed by the resin. A large 
portion of C’1-esterase inhibitor was then eluted by changing the 
eluting buffer to 0.09 m NaCl dissolved in starting buffer. The 
emergence of protein from the column was followed by measuring 
the optical density of the effluent fractions in a Beckman Model 
DU spectrophotometer at 280 my with the use of silica cells of 
l-cm light path. The equilibrating buffer was used as a blank. 
Aliquots were removed from appropriate fractions and assayed 
for C’l-esterase inhibitor and trypsin inhibitor. The results of 
a typical fractionation are presented in Fig. 1. It is evident 
that almost all trypsin inhibitor activity was associated with the 
first protein peak eluted by 0.06 m Tris buffer. This result is not 
n accord with that of Moll, Sunden, and Brown (12) and will be 
urther considered in a later section. A large fraction (50 to 
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Fig. 1. Separation of serum inhibitor of C’l-esterase from 
serum trypsin inhibitor on a Dowex 2 column. The optical den- 
sity, O——O, of each fraction is recorded. The C’l-esterase in- 
hibitor content, @——®@, and trypsin inhibitor content, A——A, 
of the protein-containing fractions are also recorded. Fractions 
36 to 45 contained 96% of the total trypsin inhibitor; Fractions 
58 to 63 contained 88% of the total C’l-esterase inhibitor applied 
to the column. Column load, 25 ml of dialyzed 40% ammonium 
sulfate supernatant of serum. 
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TABLE I 
Extent of purification of serum inhibitor of C'l-esterase by 
anion exchange chromatography 


Column loaded with 25 ml of dialyzed 40% ammonium sulfate 
supernatant of human serum. 


C’1-Esterase inhibitor 
T in 
inhibitor Total Yield specific Purifi- 
content activity; cation 
units % — 
equivalent 8 ratio 
30,000 | 155 | 100 | 0.52 1 
Ammonium sulfate superna- 
tant of serum, 40%....... 23,675 | 155 | 100 | 1.08] 2.1 
Eluted by 0.06 m Tris...... 22 , 560 0 0 0 
Eluted by 0.09 m 
NaCl in 0.06 m Tris.... . 860 | 124 | 80 | 123 | 236 


90%) of the C’l-esterase inhibitor was found in the protein peak 
eluted by 0.09 m NaCl in 0.06 m Tris buffer. This fraction con- 
tained only a trace of the original trypsin inhibitor activity. 

The column fractions containing C’l-esterase inhibitor were 
pooled, dried by lyophilization, reconstituted with water to 5 to 
10% of the original volume, and dialyzed overnight against 2 
changes of 500 volumes of 0.15 mM NaCl. The dialyzed inhibitor 
solution could be stored at —20° for several months without loss 
of activity and was unaffected by repeated freezing and thawing. 

The extent of purification of C’l-esterase inhibitor and its 
separation from serum trypsin inhibitor are shown in Table I. 
Over 100 chromatographic separations of this type have been 
performed. The yield of C’l-esterase inhibitor ranged from 40 
to 90% (average = 60%) and the specific activity from 60 to 130 
(average = 90) units per mg of nondialyzable nitrogen. 

The apparent chromatographic differences between serum 
trypsin inhibitor and C’1-esterase inhibitor were further evaluated 
by rechromatography at 4° of the isolated materials on identical 
columns of Dowex 2-X10. Dialyzed ammonium sulfate super- 
natant of human serum, 10 ml, was applied to a 2.5- & 57-cm 
column of Dowex 2-X10 equilibrated with 0.06 m Tris buffer, 
pH 7.3, and the effluent from the column was collected volumetri- 
cally in 5 ml aliquots. The eluting buffer was changed to 0.09 m 
NaCl in 0.06 m Tris buffer at Tube 17. The optical density at 
280 my and the trypsin inhibitor and C’l-esterase inhibitor con- 
tent of the appropriate fractions were determined. Fig. 2a 
shows again the almost complete separation of serum (C’1- 
esterase inhibitor from serum trypsin inhibitor. The fractions 
containing trypsin inhibitor (Tubes 14 through 17 in Peak I) 
were pooled, lyophilized, reconstituted in 5 ml of 0.06 m Tris 
buffer, pH 7.3, and dialyzed overnight against the same buffer. 
The fractions containing C’l-esterase inhibitor (Tubes 32 
through 34, Peak II) were treated in the same way. Rechroma- 
tography of the material from Peak I (Fig. 2b) showed that almost 
all trypsin inhibitor activity of Peak I was recovered in the pro- 
tein fraction eluted by 0.06 m Tris buffer. Although a considera- 
ble amount of protein was eluted at higher ionic strength from the 
Peak I material, very little trypsin inhibitor and no C’l-esterase 
inhibitor were eluted under these conditions. The material from 
Peak II was completely readsorbed by the resin equilibrated with 
0.06 m Tris buffer at pH 7.3. Elution with 0.09 m NaCl in this 
buffer gave a small protein peak (Fig. 2c) in the expected position 
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Fic. 2. a. Chromatography of 10 ml of dialyzed ammonium sul- 
fate supernatant of human serum. The optical density at 280 muy, 
O O, is plotted for each 5 ml fraction. The trypsin inhibitor 
content, A——A, and C’l-esterase inhibitor content, @——®@, of 
appropriate fractions are also recorded. 

b. Rechromatography of Peak I, containing trypsin inhibitor 
activity. 

c. Rechromatography of Peak II, containing C’l-esterase in- 
hibitor activity. Dowex 2 X10 columns, 2.56 X 57 em equili- 
brated with 0.06 m Tris buffer, pH 7.3. At Fraction 17 (ar- 
rows) the buffer was changed to 0.09 m NaCl in 0.06 Tris. All 
other conditions identical in each chromatography. For experi- 
mental details, see text. 


for C’l-esterase inhibitor. Associated with this peak was most 
of the C’l-esterase inhibitor activity from Peak II and only a 
trace of trypsin inhibitor activity. The trypsin inhibitor ordi- 
nate in Fig. 2c has been expanded to demonstrate more clearly 
the presence of this trace activity. 

The results of this experiment showed clearly that serum tryp- 
sin inhibitor and C’l-esterase inhibitor activities were essentially 
separable and distinct and behaved as discrete chromatographic 
entities. 

During electrophoresis on paper at 4° in barbital buffer at 
pH 8.6 and ionic strength 0.1, the inhibitor migrated as an a@pe- 
globulin when compared with normal serum. Examination in 
the Spinco analytical ultracentrifuge showed that the purified 
C’l-esterase inhibitor consisted of two sedimenting components. 
More than 80°% of the sedimenting material had an apparent 
sedimentation constant of 4.5 S under conditions of the deter- 
mination. Because of poor separation it was not possible to 
determine the sedimentation constant of the second component. 
Further studies on the sedimentation characteristics of serum 
inhibitor of C’l-esterase were deferred until more highly purified 
preparations are available. 


Purification of Serum Inhibitor 
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Effect of pH on Inhibitor—The stability of purified C’1-esterase 
inhibitor to changes in pH was tested by titrating 2.0 ml aliquots 
of purified inhibitor containing 10 units per ml in 0.15 m NaCl to 
desired pH values with 0.15 m HCl or NaOH. The mixtures 
were kept at 2° for 18 hours, then titrated to pH 7.4 + 0.1. 
The volume of each mixture was made to 3.0 ml with 0.15 
NaCl and finally to 4.0 ml with 1.0 ml of sodium phosphate 
buffer, pH 7.4, ionic strength 0.15. Aliquots of 0.25 and 0.5 ml 
were taken from each mixture for inhibitor assay (Fig. 3). The 
activity of the inhibitor progressively diminished below pH 5.5 
and above pH 10.5. 

Effect of Heating on Inhibitor—To determine the heat stability 
of purified C’l-esterase inhibitor, 0.5 ml aliquots of inhibitor at 
pH 6.6, diluted in 0.15 m NaCl to contain 10 units per ml, were 
kept for 30 minutes at various temperatures from 0° to 60°, 
They were then chilled to 0°, and duplicate 0.1 ml aliquots were 
immediately assayed. The results (Fig. 4) showed that the 
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Fig. 3. Stability of purified serum inhibitor of C’l-esterase to 
changes in pH; 18 hours, 2°. See text for experimental details. 
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TEMPERATURE, °C 


Fic. 4. Stability of purified serum inhibitor of C’l-esterase to 
changes in temperature. Samples were incubated at indicated 
temperature for 30 minutes. See text for experimental details. 
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TIME, MINUTES UNITS ESTERASE 


Fic. 5. a (left). Stoichiometric esterolysis of ATE by C’l-es- 
terase. Each reaction mixture contained 1.0 ml of C’l-esterase, 
diluted to contain the desired activity, 1375 ml of 0.015 m Tris 
buffer, pH 8.0 at 37°, and 0.125 ml of 1.6 m ATE to start the re- 
action. Readings were taken every 30 seconds from a digital- 
reading automatic burette. The pH of the reaction mixture was 
constant at 8.0 throughout. Temperature, 37°, except as shown 
in inset. 


5 lo 


inhibitor was unstable at temperatures greater than 48° and that 
its activity was completely abolished at 60°. 

Kinetics of Inhibition of C’1-Esterase by Purified Inhibitor— 
The rate of acid production from ATE by C’l-esterase was fol- 
lowed in a pH-stat (Enzyme-Chemostat, American Instrument 
Company, Inc., Silver Spring, Md.) as a function of time in the 
presence of various concentrations of inhibitor. Fig. 5a shows 
the proportionality of acid liberated from ATE as a function of 
the amount of C’l-esterase present in the reaction mixture; the 
inset demonstrates the increase in rate of acid liberation with 
increasing temperature. Fig. 56 shows that esterolysis of ATE 
by C’l-esterase was inhibited instantaneously by purified in- 
hibitor to an extent directly proportional to the amount of 
inhibitor added. 

The stoichiometry of inhibition was determined in another 
experiment. Separate 0.5 ml aliquots of C’l-esterase containing 
56 units per ml were incubated with increasing amounts of 
purified inhibitor under assay conditions for C’l-esterase. The 
residual C’1-esterase in each mixture was then determined. The 
results, shown graphically in Fig. 6, indicated that the extent of 
inhibition was directly proportional to the amount of purified 
inhibitor added; 7.e. a stoichiometric combination of inhibitor 
with C’l-esterase occurred. 

Effect of Purified Inhibitor on Other Esterases—Because of the 
esterolytic activity of trypsin (19), chymotrypsin (20), plasmin 
(21), and thrombin (22) on synthetic amino acid esters, it was of 
interest to determine the effect of purified C’l-esterase inhibitor 
on these enzymes. The results of this experiment, presented in 
Table II, indicated that the presence of sufficient inhibitor to 
cause nearly complete inhibition of C’l-esterase did not signifi- 
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Fic. 5. 6 (right). Instantaneous inhibition of C’l-esterase by 
purified C’l-esterase inhibitor. The reaction mixture at 37° con- 
tained 57 units of C’l-esterase at pH 8.0 in a total volume of 2.375 
ml. At zero time 0.125 ml of 1.6 m ATE was added. At the ar- 
row, 0.1 ml of the appropriate dilution of purified inhibitor (EI) 
was added, beginning with 1 unit and progressively increasing to 6 
units. Additions were separated by an interval of 4 minutes. For 
graphic convenience, all additions are shown from the same point. 
All other conditions as in Fig. 5a. 
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Fic. 6. Stoichiometric inhibition of C’l-esterase by purified 
inhibitor. Each tube contained 0.5 ml. of C’l-esterase containing 
56 units per ml. The inhibitor preparation contained 62 units per 
ml and was diluted 1:10 with 0.15 m NaCl before use. Inhibition 
is a linear function of the amount of inhibitor added. 


6 
se 
ts 
to 
es 
2 
M | 
te | 
e 
| 
ty 
at 
re 
/ 
e 10 / 
|| 
| 
| 
to 
od | 


1678 


TaBLeE II 
Effect of purified serum inhibitor of C’l-esterase on esterolysis of 


Purification of Serum Inhibitor 


TAMeand ATE by proteolytic enzymes and C’1-esterase 


All incubation mixtures containing ATE were assayed under 
When TAMe was used, the buffer 


standard conditions (9). 


used was sodium phosphate, pH 8.0, ionic strength 0.15, and the 


final TAMe concentration was 0.04 M. 


| | Acid liberated per ml. 

| | reaction mixture in 

| | 1S min. Esterase | Inhibition 

Enzyme Substrate inhibitor | by esterase 

| wee | 

esterase esterase 

| | inhibitor | inhibitor 

| pmoles pmoles units % 

Trypsin? Atm. 7.6 1.3 | 0 
Trypsin? ATE 7.6 7.6 4.0 0 
Trypsin? ATE 7.6 6.4 8.0 16 
Trypsin? ATE 7.6 3.8 16.0 30 
Trypsin? TAMe 7.3 7.4 1.3 0 
Trypsin? TAMe 7.3 7.4 4.0 0 
Trypsin? TAMe 7.3 7.8 8.0 0 
Trypsin? TAMe 7.3 7.5 16.0 0 
a-Chymotrypsin® | ATE 15.4 15.3 1.3 0 
a-Chymotrypsin® | ATE 15.4 15.4 4.0 0 
a-Chymotrypsin® | ATE 15.4 13.5 8.0 12 
a-Chymotrypsin® | TAKE 15.4 0.5 16.0 97 
a-Chymotrypsin‘* | TAMe 0 0 1.6 
Plasmin? ATE 0 0 1.6 
Plasmin? TAMe 4.5 4.4 1.6 2 
Thrombin®* ATE 0 0 1.6 
Thrombin¢ TAMe 16.4 16.2 1.6 2 
C’l-esterase/ ATE 10.0 1.8 §2 
C’l-esterase/ TAMe 2.0 0 1.6 | 100 


267 units per mg of protein nitrogen. 

> 60 wg in distilled water. 

¢ 60 wg in 0.001 Nn HCl. 

4 3000 units in sodium phosphate buffer, pH 8.0, ionic strength, 


0.15. 
¢0.25 mg protein in sodium phosphate buffer, pH 8.0, ionic 


strength, 0.15. 
20 units by standard assay (310 wg of protein nitrogen). 


cantly affect the esterolytic activities of plasmin, thrombin, 
trypsin, or chymotrypsin. At higher levels of inhibitor, 7.e. 
12.5 to 25 times the weight of trypsin or chymotrypsin used, 
significant inhibition occurred with ATE as substrate but not 
with TAMe. 


DISCUSSION 


A naturally occurring inhibitor of human C’l-esterase has 
been purified approximately 200-fold from human serum. The 
relative unreactivity of purified C’l-esterase inhibitor with 
trypsin indicated that the inhibitor was not identical with the 
a,-globulin trypsin inhibitor described by Moll, Sunden, and 
Brown (12), or by Bundy and Mehl (13). This was further 
supported by the observations that column fractions rich in 
trypsin inhibitor activity contained little or no activity against 
C’l-esterase, that both inhibitors behaved as separable and dis- 
tinct activities upon rechromatography, and that purified C’1- 
esterase inhibitor migrated electrophoretically as an ae-globulin. 
The C’l-esterase itself, although partially purified with respect 
to serum, is still a complex mixture of proteins; accordingly, 
studies on the stoichiometry of combination of C’l-esterase with 
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specific inhibitor have been descriptive, and information on the 
ratio of inhibitor to esterase at complete inhibition as well as the 
number and nature of the reactive groups involved must await 
isolation of pure C’l-esterase and C’l-esterase inhibitor. Un- 
certainties occur concerning the association of traces of apparent 
trypsin inhibitor activity with rechromatographed C’l-esterase 
inhibitor (Fig. 2c) and the inhibitory effect of high levels of C’1- 
esterase inhibitor on esterolysis of ATE by trypsin and chymo- 
trypsin (Table II). Whether these activities of partially purified 
C’l-esterase inhibitor represent contamination by serum trypsin 
inhibitor, or whether C’l-esterase inhibitor itself has a slight 
inhibitory effect on tryptic digestion of casein and esterolysis of 
amino acid esters remains a problem which further purification 
studies, now in progress, will attempt to resolve. 

It is necessary to proceed with caution in following any scheme 
of protein purification involving Dowex 2 anion exchange resin, 
Bundy and Mehl (13) have observed differences between the 
conditions required for elution of plasma trypsin inhibitor and 
those reported by Moll, Sunden, and Brown (12). Under our 
conditions, the serum trypsin inhibitor emerged from the Dowex 
2 column wholly in the fraction stated to be devoid of inhibitor 
by Moll, Sunden, and Brown. These results may perhaps be ex- 
plained by differences in cross-linkage of the resins, in the size 
of the sample applied, and in the ionic strength of the eluting 
medium. Boman and Westlund (11) have shown that sample 
size is of critical importance in Dowex 2 chromatography of 
serum proteins. Increases in sample size from 25 ml to 150 ml 
per column in this study caused increasing amounts of C’1-es- 
terase inhibitor to emerge in the protein fraction not adsorbed 


TaBLeE III 


Effect of sample size on Dowex 2 column on yield of serum inhibitor 
of C’l-esterase 


Column size, 47 by 480 mm. For details of elution, see text. 


: Amount of esterase inhibitor eluted 
Volume of dialyzed 40° ammonium} 
sulfate applied 
to column : By 0.09 m NaCl in 0.06 
By 0.06 m Tris buffer ue Tris buffer 
ml % of total 
25 | 0 | 88 
50 | 7 | 80 
100 | 26 | 51 
150 30 | 34 
| 
TABLE IV 


Elution pattern of serum tnhibitor of C'l-esterase from three 
different lots of Dowex 2 anion exchange resin 
The numbers in parentheses indicate the specific activity (units 
per milligram of nitrogen) of each fraction. In each case, 300 
units of esterase inhibitor applied to the column. For details of 
elution procedure, see text. 


Amount of esterase inhibitor eluted by 
Column material Lot no. | os 
Tris, 0.15 Tris in'0.00 Tris) 
units 
Dowex 2-X10..| 4150-50 0 250 (123) 
Dowex 2-X10..}| 4150-50 0 193 (71) 
Dowex 2-X10..| 4419-12 0 0 260 (110) 
Dowex 2-X8... 91251 0 | 175(36) 95 (85) 
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to the resin. The extent of such variation is shown in Table 
II. Although resins of different cross-linkage produced differ- 


ent patterns of emerging C’l-esterase inhibitor activity, the 
amount of cross-linkage cannot be the only determining factor. 
This is evident from Table IV, in which the elution patterns of 
three separate lots of Dowex 2 are compared. The elution pat- 
terns were different for all lots of resin although two of the lots 
were identical with respect to exchange capacity, particle size, 
percentage of cross-linkage, and moisture content. This empha- 
sizes the necessity of varying the elution schedule empirically in 
order to obtain the best yield and purity of C’l-esterase inhibitor. 

The purified C’l-esterase inhibitor has been found to affect the 
action of C’l-esterase not only on synthetic substrates but also 
in several biological systems, viz. immune cytotoxicity (23), im- 
mune human hemolysis (paroxysmal cold hemoglobinuria) (24), 
the early steps of complement fixation (25), and immune hemol- 
ysis of certain intermediate complexes of sensitized sheep 
erythrocytes and human or guinea pig complement (26). In 
each case, the inhibitor blocks the steps in which the action of 
C’l-esterase has been implicated. Since the serum inhibitor of 
C’l-esterase plays a role in these and perhaps other immunologi- 
cal phenomena, purification and characterization of the in- 
hibitor have been considered necessary for eventual understand- 
ing of the mechanism of action of human complement. 


SUMMARY 


A serum inhibitor of C’l-esterase has been purified over 200- 
fold by ammonium sulfate fractionation and chromatography on 
anion exchange resin. The partially purified inhibitor is a heat- 
labile a@-globulin which instantaneously and stoichiometrically 
inhibits the esterolysis of N-acetyl-L-tyrosine ethyl ester by 
C’l-esterase. Itis particularly unstable at acid pH and appears 
to be distinct from serum trypsin or plasmin inhibitors. 


Acknowledgments—We wish to thank Mr. Goldwin Hughes 
for invaluable technical assistance and Dr. M. D. Schoenberg 
for conducting the ultracentrifugal analysis. 


J. Pensky, L. R. Levy, and I. H. Lepow 


— 


— 


1679 


REFERENCES 


. Lepow, I. H., Wurz, L., Ratnorr, O. D., AND PILLemMeR, L., 


J. Immunol., 73, 146 (1954). 


. Lepow, I. H., aNp L., J. Jmmunol., 75, 63 (1955). 
. Lerow, I. H., Ratnorr, O. D., ANp PiLLeMER, L., Proc. Soc. 


Exptl. Biol. Med., 92, 111 (1956). 


. Becker, E. L., J. Immunol., 77, 462 (1956). 
. BeEcKER, E. L., J. Immunol., 77, 469 (1956). 
. Lerow, I. H., Ratnorr, O. D., ano Levy, L. R., J. Expl. 


Med., 107, 451 (1958). 


. Lepow, I. H., Ratnorr, O. D., Rosen, F. 8., AND PILLEMER, 


L., Proc. Soc. Exptl. Biol. Med., 92, 32 (1956). 


. Ratnorr, O. D., ano Lepow, I. H., J. Exptl. Med., 106, 327 


(1957). 


. Levy, L. R., anp Lepow, I. H., Proc. Soc. Exptl. Biol. Med., 


101, 608 (1959). 


. Boman, H. G., Nature (London), 175, 898 (1955). 
. Boman, H.G., AND WESTLUND, L. E., Arch. Biochem. Biophys., 


64, 217 (1956). 


. F.C., SuNpEN, 8S. F., Brown, J.R., J. Biol. Chem.., 


233, 121 (1958). 


. Bunpy, H. F., ano Ment, J. W., J. Biol. Chem., 234, 1124 


(1959). 


. PENSKY, J., AND Levy, L. R., Federation Proc., 18, 591 (1959). 
. GREEN, N. M., ano Neuratu, H., J. Biol. Chem., 204, 379 


(1953). 


. Davie, E. W., AND NeuratuH, H., J. Biol. Chem., 212, 515 


(1955). 


. Kunitz, M., J. Gen. Physiol. 30, 291 (1947). 
. NEURATH, H., GLADNER, J. A., AND Davies, E. in W. D. Mc- 


Evroy B. Guass (Editors), Symposium on the mecha- 
nism of enzyme action, Johns Hopkins Press, Baltimore, 1954, 
p. 50 


. SCHWERT, G. W., Neuratu, H., Kaurman, S8., AND SNOKE, 


J. E., J. Biol. Chem., 172, 221 (1948). 


. KaurMan, 8S., SCHWERT, G. W., AND NeuRATH, H., Arch. Bio- 


chem., 17, 203 (1948). 


. TROLL, W., SHERRY, S., AND WAcHMAN, J., J. Biol. Chem., 208, 


85 (1953). 


. SHERRY, S., AND TROLL, W., J. Biol. Chem., 208, 95 (1953). 
. Lepow, I. H., ano Ross, A., J. Exptl. Med., 112, 1107 (1960). 
. Hinz, C. F., Jr., Picken, M. E., anp Lepow, I. H., J. Exzpil. 


Med., 113, 193 (1961). 


. Lervow, I. H., Federation Proc., 19, 76 (1960). 
. Leon, M. A., AND Lepow, I. H., Federation Proc., 20, 19 (1961) 


| 
.6 | 
he 
he 
ait 
n- 
nt 
ise 
10- 
ied 
sin 
ht 
of 
me 
in, 
he 
nd 
ur 
tor 
ize! 
ple 
ml 
| 2) 
22 
24 
26 
its 
300 
of 
aC! 
M 
10) 


THE JOURNAL OF BIOLOGICAL CHEMISTRY 
Vol. 236, No. 6, June 1961 
Printed in U.S.A. 


Studies on Cytochrome Oxidase* 
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Ever since cytochrome oxidase was first solubilized from heart 
muscle preparations by Yakushiji and Okunuki (1) and Straub 
(2) in 1941, the further purification of this enzyme has been the 
subject of studies by many workers, using extraction with bile 
salts (3-14), or digestive enzymes such as trypsin (6, 7) and 
snake venom (15), fractionation with ammonium sulfate (5-14), 
chromatography (9, 12, 13, 15-17), and treatment with thio- 
glycolate (14). In most instances, cytochrome oxidase is kept 
in a solution with the aid of bile salts such as cholate and deoxy- 
cholate, which are inhibitory to the enzyme activity, especially 
in highly purified preparations of this enzyme (4, 6, 7,9). These 
inhibitory effects have, however, been overcome with nonionic 
synthetic detergents such as Emasol, Tween, and Triton (18, 19). 
With the aid of these synthetic detergents a highly concentrated 
and enzymatically active preparation of cytochrome oxidase 
made according to a modification of the method of Okunuki et al. 
(9) has been used in spectrophotometric (20-23) and magneto- 
chemical studies (24, 25). During the course of further purifi- 
cation of the preparation, enzymatically active green crystals 
and stable lyophilized preparations of cytochrome oxidase were 
obtained from a highly concentrated preparation. The present 
paper describes the purification and some properties of these 
preparations. 


EXPERIMENTAL PROCEDURE 


Preparation of Cytochrome Oxidase—A purified preparation of 
cytochrome oxidase is made from 20 beef hearts according to a 
slight modification (20) of the method of Okunuki et al. (9). 
The present preparation differs slightly from that described in 
two previous papers (9, 20) in that the fraction precipitated in 
ammonium sulfate solution between 26 and 33% of saturation 
is collected, instead of that obtained between 25 and 35% of 
saturation; this allows better separation of cytochrome oxidase 
from cytochromes 6 and c;. All operations are performed at 0- 
3°. The precipitate can be solubilized with 0.05 m phosphate 
buffer, pH 7.2, containing 0.5% Emasol 4130! (18, 19), if the 
following criteria are satisfied: (a) complete removal of cyto- 
chromes 6 and c;; this should be examined by the low-temperature 
spectrometry (26) or the low-temperature spectrophotometry 


* This work was supported in part by a grant from the United 
States Public Health Service. 

1 Emasol 4130 is a nonionic synthetic detergent, polyoxyethyl- 
ene-sorbitan-monooleate, produced by Kao Soap Company, 
Tokyo. It is assumed to be identical with Tween 80 (Atlas Pow- 
der Company, USA) except for a minor difference in the length of 
polyoxyethylene side chains indicated by the difference in hydro- 
philic and lipophilic balance: 16.5 for Emasol 4130 and 15.0 for 
Tween 80. 


(27) since most commercial spectrophotometers do not have 
sufficient resolution to detect a minute amount of cytochromes 
b and ¢,; (b) complete removal of a modified form of cytochrome 
oxidase which has an absorption peak at 422 my (28) after re- 
duction; this can be detected as a shoulder around 420 to 430 
my in an absorption spectrum of the dithionite-reduced prepara- 
tion of this enzyme; (c) the ratio of the absorbancy at 280 mu 
(oxidized) to the absorbancy at 443.5 my (reduced) is 2.5 or less; 
and (d) the ratio of the absorbancy at 443.5 my (reduced) to the 
absorbancy at 423 my (oxidized) is 1.25 or more; a somewhat 
lower ratio is observed in a less purified or a partially modified 
preparation as discussed previously (21). The preparation 
solubilized with a minimal amount of the Emasol-phosphate 
buffer is dialyzed against the same buffer for 48 hours to remove 
cholate and then centrifuged at 27,000 x g for 20 minutes. The 
supernatant contains cytochrome oxidase which is further pu- 
rified by either of the two following procedures. Throughout 
the procedure the solution of cytochrome oxidase is perfectly 
clear and transparent. From a preparation that does not meet 
some of the above criteria, a somewhat opalescent solution is 
formed during later dialyses which is unsuitable for further 
purification. 

Crystalline Dialyzed and Lyophilized Preparations—The super- 
natant is centrifuged at 104,000 x g for 120 minutes. Three 
layers are formed in the centrifuge tube: a colorless supernatant 
containing floating lipid, a deeply colored supernatant containing 
active cytochrome oxidase, and a tightly packed pellet (a heavy 
preparation of cytochrome oxidase). After careful removal of 
the colorless supernatant by aspiration, the second supernatant 
is taken out, filtered with Whatman No. 50 filter paper, and 
dialyzed against the Emasol-phosphate buffer, containing am- 
monium sulfate, 10°% of saturation, the final pH of which is ad- 
justed to 7.2 with ammonia. After dialysis for 6 hours at 0°, 
the dialyzed preparation is allowed to stand for 1 to 2 weeks for 
crystallization. The protein concentration of the solution is 
15% or more. Crystallization prolonged for more than 3 weeks 
should be avoided, because of possible alteration of the prepara- 
tion. Green crystals (Fig. 1) are slowly formed which are col- 
lected by centrifugation (5000 x g, 5 minutes), dissolved into 
distilled water, and dialyzed against distilled water for 3 days at 
0° to remove Emasol 4130 and ammonium sulfate. By filtration 
of the dialyzed solution with Whatman No. 50 filter paper, 4 
clear and transparent solution of cytochrome oxidase is obtained 
which will be referred to as crystalline dialyzed preparation. By 
lyophilization of this preparation crystalline lyophilized prepara- 
tion is obtained. 

Direct Dialyzed and Lyophilized Preparations—The supernatant 
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Fic. 1. Green crystals from a highly concentrated and purified preparation of cytochrome oxidase in the presence of a detergent, 


Emasol 4130 (X600). See Discussion. 


n the Emasol-phosphate buffer is dialyzed against distilled water 
for3 daysat 0° and then centrifuged at 27,000 x g for 20 minutes. 
The supernatant is filtered and further centrifuged at 104,000 x 
g for 120 minutes. As described in the previous section, three 
layers are formed. The deeply colored second supernatant is 
carefully removed as before and filtered. A clear solution of 
cytochrome oxidase is obtained, which is referred to as direct 
dialyzed preparation. Direct lyophilized preparation is prepared 
by lyophilization. 

Crystalline dialyzed preparation is used for the determination of 
metal content, absorption spectra, and enzyme activity. This 
preparation can be diluted 104 times with distilled water without 
the aid of detergents. The diluted preparation is stored without 
loss of activity at 0° for at least 2 weeks. The concentrated 
preparation is stable at 0° for at least 5 weeks, but the lyophilized 
preparations are recommended for safe storage, since they can be 
stored in a desiccator at room temperature without modification 
of their properties. A better lyophilization is obtained if the 
preparation is well dialyzed against distilled water. Contami- 
nation with cholate, ammonium sulfate, and phosphate makes 
the lyophilized preparations partially insoluble. 

Preparation of Cytochrome c—A crystalline preparation of 
cytochrome c is made according to the method of Hagihara et al. 
(29). After dialysis against distilled water for 6 hours, cyto- 
chrome c¢ is reduced with palladium asbestos-hydrogen (30) or 
borohydride. No difference between palladium asbestos-hydro- 
gen-reduced and borohydride-reduced cytochrome c is observed 
in determination of the activity of cytochrome oxidase. 


Quantitative Determination of Iron and Copper—dAnalysis of 
iron and copper is carried out according to a modification of the 
method of Sandell (31) which permits simultaneous determina- 
tion of iron and copper from one digested sample. This simul- 
taneous determination from one sample is especially useful in 
evaluating the atomic ratio of copper and iron in enzyme prepara- 
tions, because it eliminates possible errors in pipetting and 
digestion. Since the iron content of cytochrome oxidase is about 
one-tenth that of cytochrome c, accurate analysis of metals can 
be carried out only with fairly large amounts of the enzyme 
preparation (at least 50 mg of the preparation for one repro- 
ducible value); careful digestion of the preparation is required to 
obtain satisfactory and reproducible results. No step in the 
digestion procedure can be omitted. 

Digestion—An aliquot of sample containing 10 to 100 yg of 
iron or copper is transferred to a micro-Kjeldahl flask (capacity, 
10 ml) and dried at 105°. The dried sample is dissolved in 1 ml 
of 36 N H.SO, and heated gently. At the charring point a few 
drops of 30% HO: are occasionally added. Heating is continued 
until a colorless liquid is obtained. The cooled digest is diluted 
with 3 ml of distilled water, heated, and evaporated to white 
fumes. The digest is cooled, diluted with another 3 ml of dis- 
tilled water, and is heated and evaporated to white fumes again. 
The digest is cooled, diluted with 10 ml of distilled water, heated 


-to boiling, and diluted to 20 ml with distilled water. 


Iron Determination with o-Phenanthroline—o-Phenanthroline 
is used as a chelating agent for ferrous iron. This forms a red 
complex with ferrous iron with absorption maximum at 508 mu, 
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the millimolar absorbancy index of which is found to be 11.4 
(em! & at 5OS8 my). Freshly prepared hydroquinone 
solution should be used as a reducing agent for iron in biological 
materials which may contain phosphate (31). 

To a 10-ml aliquot of the diluted digest, 2 ml of 0.25°7 o- 
phenanthroline, 1 ml of freshly prepared 1°; hydroquinone, and 
5 ml of 25°, sodium citrate are added. The pH of the mixture 
is adjusted to 3.5 to 4.0 with 15°, NH,OH (usually less than 1.5 
ml). At this moment orange-red color develops if iron is present. 
The mixture is diluted to 20 ml with distilled water, mixed well, 
and allowed to stand for | hour. The absorbancy of the solution 
is measured at 50S my with the reagent blank as a reference. 
The amount of iron is calculated from the following equation: 


absorbaney at 508 mu 
0.287 


umoles of iron per Kjeld:hl flask = 


As much as 1 mg of copper per Kjeldahl flask does not interfere 
with the iron determination (Fig. 2.1). 

Copper Determination with Zine Dibenzyldithiocarbamate— 
Zine dibenzyldithiocarbamate (32) is a much better chelating 
agent for copper determination than sodium diethyldithiocar- 
bamate, which has been used by many workers (3, 5, 9, 13, 33, 34), 
judging from the following (31): (a) the reaction between copper 
and zine dibenzyldithiocarbamate can be carried out in the 
mineral acid medium (<1 N HeSO,), which permits the direct 
extraction of copper dibenzyldithiocarbamate from a diluted 
acid digest without pretreatments required in the sodium di- 
ethyldithiocarbamate method (34); (b) zine dibenzyldithiocar- 
bamate reacts specifically with copper in the acidic medium, 
providing greater tolerance for other heavy metals present in the 
digest (Fig. 2B); and (¢) copper dibenzyldithiocarbamate in CC], 
is much more stable toward light than copper diethyvldithio- 
carbamate. The millimolar absorbaney index of copper di- 


Fe determination with o-phenanthroline 


benzyldithiocarbamate in CCl, is found to be 15.1 at 435 my 
(cm~! 

Another 10-ml aliquot of the diluted acid digest is transferred 
to a small separatory funnel (capacity, 60 ml) after which 10 ml 
of distilled water, and 15 ml of CCl, containing 0.01°% zine di- 
benzyldithiocarbamate are added to the digest in the funnel. 
The contents of the funnel are vigorously mixed by shaking for | 
minute. The clear yellow CCl, extract is separated, the ab- 
sorbancy of which is measured at 435 my with the reagent blank 
as a reference. The amount of copper is calculated from the 
following equation: 


absorbaney at 435 mu 
0.505 


umoles of copper per Kjeldahl flask = 


No interference of 1 mg of iron per Kjeldahl flask is observed in 
the copper determination (Fig. 2B). 

Biuret Protein Determination—Protein concentration 1s deter- 
mined by a biuret reaction according to a modification of the 
method of Gornall et al. (35). 

A protein sample (2.95 ml or less)—the maximal amount of 
protein is 5 mg—0.05 ml of 30°, H.Ov2, 2.0 ml of the biuret reagent 
[1.5 g of CuSO,-5 H.O, 6.0 g of potassium sodium tartrate, and 
40 ml of carbonate-free 754% NaOH are mixed and diluted to 500 
ml with distilled water (a 2-fold concentrated solution of the 
original of Gornall et al. (35))], and enough distilled water to give 
a total volume of 5.0 ml are well mixed and allowed to stand for 
30 minutes at room temperature. The absorbancy of the solu- 
tion is measured at 540 my with the reagent blank as a reference. 
Since the typical absorption spectrum of the biuret color of some 
hemoproteins, such as cytochrome c, is obtained only after 
bleaching the alkaline hemochromogen with H2Oz., it is necessary 
to add H.O. in the hemoprotein determination (Fig. 3). The 
addition of a small amount of sodium dodecyl! sulfate is sometimes 


Cu determination with zinc dibenzyldithiocarbamate 


T T T ' 
(A) (B ) 
= 
c Cc 
o 
2 = a 
: 
2a 
Amount of Fe or Cu 0.5 1.0 1.5 0.5 1.0 1.5 
(pmoles /Kjeldahl flask ) 
Fe (pq) 28 56 84 28 56 84 
Cu (pq) 32 64 96 32 64 96 
Fic. 2. Standard curves for iron and copper determination. O——O, a standard solution of iron; @——®@, a standard solution of 
copper; and O——O, a mixed solution of iron and copper (the molar ratio is 1:1). (4) Iron standard curve and effect of coexisting 


copper, and (B) copper standard curve and effect of coexisting iron. Amounts of iron and copper in the abscissa are expressed as 


pg or wmoles per original Kjeldahl flask. 
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Fic. 3. Biuret absorption spectra of various proteins. The 
reaction is carried out as described in the text. (4) Biuret spec- 
trum of untreated evtochrome c, (B) H.O.-treated cytochrome c, 
(C) bovine serum albumin, H,O.-treated and untreated, and (D) 
erystalline bacterial proteinase, H.O.-treated and untreated. 
helpful to clarify a somewhat turbid sample such as a heart 
muscle preparation. Both HO, and sodium dodecyl] sulfate do 
not interfere at all with the biuret reaction. Dialyzed bovine 
serum albumin and crystalline bacterial proteinase (36, 37) are 
used as the standard of determination, as both give the same 
absorbancy index at 540 my (Fig. 3). 

Determination of Activity of Cytochrome Oxidase—The activity 
of cytochrome oxidase is measured spectrophotometrically ac- 
cording to the method of Smith (38, 39). The initial concen- 
tration of reduced cytochrome c (98° % reduced) is fixed at 15 
um (0.1 ml of 450 um cytochrome c in 3.0 ml of the reaction mix- 
ture) to avoid possible variation of the first order velocity con- 
stant of the reaction as a result of changing the cytochrome c 
concentration reported by Smith and Conrad (40). The reaction 
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is initiated by rapid mixing of 0.01 ml of the appropriately diluted 
preparation of cytochrome oxidase with the reaction mixture. 
The rate of the reaction is followed at 550 my by a split-beam 
recording spectrophotometer (41-43) at 25°. The first order 
velocity constant, k(sec~!), is calculated from the equation of 
Smith (38, 39). The specific activity is expressed as k(sec~) 
per mg of protein of cytochrome oxidase per 3 ml of the reaction 
mixture. 

Miscellaneous—Cholate is determined by the method of Kier 
(44). Ammonium sulfate is determined colorimetrically (45). 
Emasol 4130 is determined spectrophotometrically from its 
absorption in ultraviolet region. The colorimetric determina- 
nation and spectral analysis are carried out with a Zeiss model 
PMQ II spectrophotometer. pH Meter 22 (Radiometer, Copen- 
hagen) is used for the pH measurement. 


RESULTS 


Absorption Spectra—The preparation shows absorption peaks 
at 280, 340, 422, 423 and 597 muy in the untreated oxidized state, 
and at 443.5, 517, and 603 my in the dithionite-reduced state. 
These findings are essentially in agreement with the previous 
report (20) and with the results of others (5, 7-9, 13, 14, 22, 46) 
(Fig. 4). 

The effects of cyanide, carbon monoxide, and reducing agents 
are identical to those given in the previous report (20). It is 
notable that the ratio of the absorbancy at 443.5 my (reduced) to 
the absorbancy at 423 my (oxidized) is 1.25 or more as discussed 
previously (21). 

The absorption spectrum of the reduced alkaline pyridine 
hemochromogen of the preparation is also identical to that re- 
ported by others (5, 9). 

Metal Analysis—The heme is separated from the preparation 
by the method of Morrison and Stotz (47). Of the total iron 
97 © is found in the heme fraction extracted with 2% HCl-ace- 
tone and transferred into the ether phase; 95% of the total 
copper is found in the fraction extracted with the acid-acetone 
and transferred into the acetone-water phase with 5% NaC 


ABSORBANCY 
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Fic. 4. Absorption spectra of cytochrome oxidase. The spectra are recorded with Zeiss spectrophotometer PMQ II. Solid lines 
(A, B, and E) indicate the untreated oxidized preparation, and broken lines (C and D) the preparation reduced with sodium dithionite. 
Trace A (ultraviolet) is recorded by a 10-fold more dilute preparation than that for traces D and E (visible). Traces B and C 
(Soret) are recorded by a 4-fold more dilute preparation than that for traces D and E. 
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TABLE I 


Results of metal analysis of purified preparation 
of cytochrome oxidase 
Analysis of iron and copper is carried out according to the pro- 
cedure described in the text. Crystalline dialyzed preparation 
is used; protein concentration, 28.5 mg per ml and dry weight 
concentration, 31.5 mg per ml; protein content is 90°% of the dry 
weight. 


Volume of original 
solution digested 
Iron and Copper Analyses 


2.0 ml 20ml | 3.0ml 
Iron | | 
Absorbancy at 508 mu, found...... 0.119 0.118 0.177 
Iron per Kjeldahl flask, caleulated | | 
Iron in original solution (uatoms/ | | 
Mean value (watoms/l)......... 206 | 
Copper | | 
Absorbancy at 435 my, found...... 0.358 0.361) 0.541 
Copper per Kjeldahl flask, calcu; | 
Copper in the original solution | 
Mean value (uwatoms/l)......... 357 


Atomic ratio of copper to iron, 1.7 


The protein precipitate after extraction with the acid-acetone 
contains no appreciable amount of iron and copper. Therefore, 
the total iron can be treated as the heme iron. ; 

Table I shows the results of direct analysis of iron and copper 
in crystalline dialyzed preparation, and illustrates the reproduci- 
bility of the values. The absorbancy indexes 


em~! 
&(mu heme a)-! and protein per ml)~1 
at various peak wave lengths are calculated on the basis of these 
results (Fig. 4 and Table II). 

Effect of pH on Activity of Cytochrome Oxidase—The effect of 
pH on the activity of cytochrome oxidase is examined at three 
different concentrations of KH2PO,, K2HPO, buffer, 0.01, 0.05, 
and 0.10 mM. Optimal pH is found to be 5.7 to 5.9. The highest 
activity is obtained in 0.05 mM phosphate at pH 5.8. Activity is 
increased 30 to 50% by the addition of 1% Emasol 4130 at all 
the pH values tested. Emasol 4130 does not change the pH of 
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the solution because it is a nonionic detergent. Fig. 5 shows the 
pH-activity relationship in 0.05 m phosphate buffer and in a 
buffering mixture of 0.025 m citric acid-0.050 m NazHPQOs,, which 
is a 4-fold diluted solution of MclIlvaine’s buffer (48) in the 
presence of 1% Emasol 4130. Activity in the diluted MclIlvaine’s 
buffer is about 20° higher than in 0.05 m phosphate buffer. 
The optimal pH is also found to be 5.8. 

Effect of Phosphate and Emasol Concentration on Activity of 
Cytochrome Oxidase—The effect of phosphate concentration on 
the activity is determined; the optimal concentration is found to 
be 0.05 m phosphate which is independent of the pH of the solu- 
tion; this finding is contrary to the results of Wainio et al. (4, 49). 
The effect of phosphate concentration at pH 6.10 in the presence 
of 1°% Emaso] 4130 is shown in Fig. 6B. By the addition of 0.5 
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Fic. 5. Effect of pH on the activity of cytochrome oxidase. 
O O, 0.025 m citric acid-0.050 m NazHPO, buffer (4-fold diluted 
solutions of MelIlvaine’s buffer (48); @----- @, 0.05 m KH:2PO;- 
K:2HPO, buffer in the presence of 1% Emasol 4130. The concen- 
trations of cytochrome c (98% reduced) and cytochrome oxidase 
are 15 um and 6.6 X 10-3 mg of protein per ml (or 2.0 K 10-2 mg of 
protein per 3 ml of the reaction mixture), respectively. The pH 
of the reaction mixture is measured before and after the reaction 
and no change is observed. No autoxidation of reduced cyto- 
chrome c is observed above pH 4.00. 


TaBLe II 
Absorbancy index of cytochrome oxidase 


Absorbancy indexes are calculated from the results of metal analysis and the protein content of crystalline dialyzed preparation 


used in Table I. 


Absolute spectrum 


Difference spectrum 


Absorption spectrum _- 


(CO-Reduced) | 


(Oxidized) (Reduced) (Reduced) — (Oxidized) 
| | | 
Wavelength (mz) 280 | 422 | 443.5 | 605 430 444 605 
Absorbancy (em7!) 49.5 16.4 20.2 4.35 18.2 13.8 | 2.2 
Absorbancy index | | | | | 
a | 241 | 79 | 98 21 | 88 | 67 | 11 
1740 575 | 710 152 | 687 | 483 
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to 1°¢ Emasol 4130, activity is increased 20 to 50% in all the 
instances tested. Fig. 64 shows the effect of Emasol concen- 
tration on activity in 0.05 mM phosphate buffer, pH 6.05. The 
optimal value is found to be 4 to 6% (volume for volume). 
Viscosity of the solution rises with increasing concentration of 
Emasol. At 30°% Emasol, the solution is gelatinized. In spite 
of high viscosity at 15% Emasol, the oxidase shows 70 to 75% 
of its maximal activity (Fig. 6A). This may provide an in- 
teresting suggestion in connection with a solid-state reaction of 
cytochrome oxidase in mitochondria (50). 

Effect of Enzyme Concentration on Activity of Cytochrome Ox- 
dase—In Fig. 7 the activity in the presence and absence of 1% 
Emasol 4130 is plotted against the concentration of cytochrome 
oxidase added. Activity is proportional to the enzyme concen- 
tration in the range tested (2 K 10-! to 4 K 10! wg perml). The 
straight line relationship proves that the enzyme preparation 
contains no inhibitory contaminant such as cholate (51). In 
the presence of 1% Emasol 4130 the activity is increased 30 to 


50%. 
DISCUSSION 


Stability of Preparation—Both crystalline dialyzed and direct 
dialyzed preparations are soluble in a wide range of pH (at least 
3.0 to 9.0) and in very low buffer concentrations (down to 1077 
m phosphate or Tris) for a week in the absence of detergents, al- 
though activity is increased in the presence of Emasol 4130 as 
described in the text. 

The lyophilized preparations are convenient not only for 
storage, but also for the preparation of a very highly concentrated 
solution such as 30% protein solution (about 2 mm heme a 
equivalents) for magneto-chemical studies. No change by 
lyophilization in spectral properties and enzyme activity has 
been observed. In preparing a solution from the lyophilized 
powder, it is recommended that the powder first be moistened 
with a small amount of diluted buffers such as 0.01 m Tris-HCl 
buffer, pH 7.0 to 7.5, and then diluted with distilled water to a 
desired condition; it is found that if it is exposed to distilled 
water directly, part of the preparation becomes irreversibly 
coagulated. The solution made of the powder is perfectly clear 
and transparent. 

Activity of Preparation—The present preparations show the 
comparable order of the activity to other preparations without 
the addition of extra lipid (11, 14, 16, 17, 52) as shown in Table 
III. It is difficult to compare all available data on the activities 
of various preparations obtained by different methods of measure- 
ment. Even in the method of Smith (38, 39), which has been 
widely used, the activity, k(sec~), is dependent upon cytochrome 
c concentration (40) and temperature (11, 40). Under the pres- 
ent experimental conditions, the value Qo, (ul O2 per mg of 
protein per hour) is 4000 at 25° in the presence of 15 uM cyto- 
chrome c, calculated from the specific activity, k(sec—!) per mg of 
protein, 4.5; the medium is the 4-fold diluted solution of MclIl- 
vaine’s buffer (48), pH 5.8, 5% Emasol 4130 being present. 
Activity at 38° is usually more than 3 times greater than that at 
25°. 

Wainio et al. (4, 49) reported that the optimal pH shifts from 
6.8 to 5.9 as the molarity of the buffer (KH2PO,4, NasHPOs) is 
increased from 0.010 to 0.100, and that the optimal concentration 
of the buffer is shifted by changing the buffer pH. However, as 
mentioned by them previously (4), the preparation containing 
deoxycholate is very unstable at an acidic pH and lower con- 
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(B) 


Fic. 6. (A) Effect of Emasol 4130 concentration on the activity 
of cytochrome oxidase. The activity is measured at 0.05 m phos- 
phate buffer, pH 6.05 (the upper abscissa, 0----- O). (B) Effect 
of phosphate concentration on the activity of cytochrome oxidase. 
The activity is measured at pH 6.10 in the presence of 1% Emasol 
4130 (the lower abscissa, O——-O). The concentrations of cyto- 
chrome c and cytochrome oxidase are the same as in Fig. 5. 
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Fic. 7. Effect of the enzyme concentration on the activity of 
cytochrome oxidase. The activity, first order velocity constant: 
k (see), is measured at 0.05 m phosphate buffer, pH 5.90, in the 
presence and absence of 1% Emasol 4130 with 15 um cytochrome c. 
The reactions at more than 4 X 10-* mg of protein of cytochrome 
oxidase per ml are so rapid that the accurate measurement can be 
carried out only with a highly stabilized recording spectropho- 
tometer with a rapid signal response. 
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TaBLeE III 
Comparison of cytochrome oxidase activity of various preparations 
Some of the values presented here are not maximal values reported in the literatures (9, 11), but are chosen because they were ob- 


tained under experimental conditions nearest to the present experiments (at 25° and 15 wm cytochrome c). 


Some of the reported val- 


ues are converted to k(sec~!)/mg of protein/3 ml of reaction mixture and uwmoles of cytochrome c/min/mg of protein, by using the 


following equations: 


A(sec”!)/mg protein/3 ml of reaction mixture = 


1 k(sec™!)/mg protein/ml (by Wainio ef al.) 


k(sec”')/mg protein/3 ml of reaction mixture = 625 x k(sec™!)/mg nitrogen (by Okunuki ef al.) 


umoles cytochrome c/min/mg protein = 60 (sec) X me X uM cytochrome c X k(sec~!)/mg protein/3 ml 
Preparation yr pg | Temperature | Cytochrome oxidase activity Investigator 

2-3 | 25 3.3 | Wainio et al. (3, 4, 49) 
2-4-1.5 No. 184 16 0.1 0.29 | (17) 
2-4-1.5 No. 184 + phosphatidvlserine | 16 2.2 6.33 (17) 
2-2 16 1.9 5.45 | (17) 
Smith-Stotz 15 | 25 5.5 | 14.8 | Smith (38) 
0.74 Okunuki et al. (9) 
0.03* | | (9) 
Cytochrome oxidase | 13 25 2.93 | Hatefi (11) 
Cytochrome oxidase + lipocytochrome c 13 25 | 6.8 | (11) 
Crystalline dialyzed | 15 | 25 4.5 | 12.1  Yonetani (this paper) 
Crystalline lvophilized 15 25 4.3 | 11.6 | 
Direct lvophilized 15 25 4.1 


*20 to 30 times more active in the presence of 1°04 Emasol 4130. 


centrations of the buffer. Therefore, part of their results should 
be attributed to the secondary effect due to instability of the 
preparation. In fact, as described in the text, the optimal pH 
is found to be at 5.8, which is independent of the molarity of the 
buffer, and the optimal concentration of phosphate is 0.05 M, 
which is also independent of the pH of the buffer in the present 
stable preparation. 

Purity of Preparation—The present preparation is 15 to 18 
times more highly purified than the initial heart muscle prepara- 
tion, based upon A absorbancy at 605 my (reduced — oxidized) 
per dry weight per ml.2_ Keilin and Hartree (54) and Borei (55) 
reported lyophilization of heart muscle preparations accompanied 
by a loss of activity. Ejichel et al. (3) sueceeded in lyophilizing a 
purified cytochrome oxidase preparation without loss of activity. 
The recent report of Greenlees et al. (17) shows that their prepara- 
tion (Prep. 2-2) contains protein, 11° of dry weight, deoxycho- 
late, 38° of drv weight, and unidentified materials, 50°% of dry 
weight. 

Biuret protein content of the present preparation is 90°% of dry 
weight or 88°? of lyophilized weight. The contents of the non- 
protein fraction are mainly lipid extractable with hot ethanol. 
No appreciable amount of cholate (<0.2°.) and Emasol 4130 
(<1%) is found. As shown in Table III, lyophilization can be 
carried out without significant loss of activity. Since direct 
lyophilized preparation can be made more easily with excellent 
yield than crystalline lyophilized preparation and no significant 
difference in properties of the two preparations has been found, 
the former preparation is recommended for the usual experiments 


2 According to Slater’s standard (53), A absorbancy at 605 my 
(reduced minus oxidized) per g of protein per ml, the preparation 
is 7 to 8 times more highly purified than a Keilin-Hartree heart 
muscle preparation. 


(19) 


such as measurement of enzyme activity, and of spectral and 
magneto-chemical properties. 

The green crystals (Fig. 1) dissolved in distilled water are 
analyzed before and after the dialysis against distilled water; 
they consist of the enzyme and the detergent, Emasol 4130 
(12°%%-mg per mg of protein). A small amount of ammonium 
sulfate is also found, which is not a constituent of the crystals 
since it can be easily removed by rapid washing with distilled 
water without significant modification of crystals. No appreci- 
able amount of cholate is found (<0.2°%). Therefore the crys- 
tals are considered to be a combination of the enzyme protein 
and the detergent, Emasol 4130. The present crystals are too 
small for study of paramagnetic properties of a single crystal by 
electron spin resonance. To obtain larger and more stable 
crystals further improvement of the preparation procedure is 
required. 

The ratio of the absorbancy at 430 mu (reduced + CO) to the 
absorbancy at 280 muy (oxidized) of the preparation is 0.37, 
whereas the ratio in the photochemical action spectra of the 
carbon monoxide compound of the respiratory enzyme by War- 
burg is 1.85 (Table IV) (56-59). The considerable difference in 
the ratio suggests that only part of the enzyme preparation 
corresponds to the respiratory enzyme. The millimolar ab- 
sorbancy index of the carbon monoxide compound of the respir- 
atory enzyme at 430 muy is 161 (57, 58), and 110 (59) (cm X 
mM heme a~) is much higher than that of the reduced carbon 
monoxide compound of cytochrome oxidase 78 (5) and 88 (this 
paper), based upon the heme a content. 

Ball and Cooper (60) reported the molar ratio of cytochromes a 
and a; to be 3 to 1, based upon the contribution of the carbon 
monoxide-sensitive component at 605 mu (about 25%) and the 
assumption that the absorbancy indexes of cytochromes a and 
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TaBLE IV 
Comparison of absorbancy indexes of the respiratory enzyme and cytochrome oxidase (cytochromes a and a;) 


The values of (1), (2), (3), and (4) are obtained from the photochemical action spectra of the carbon monoxide compound of the 
respiratory enzyme, whereas the values of (5), (6), and (7) are obtained from the absolute absorption spectra of cytochrome oxidase 
(cytochromes a and a3) and its carbon monoxide compound. The values of (1), (2), and (5) are calculated from the absorption coeffi- 


cient: 3 (heme a/ml)—!.* 


acm 
Absorbancy index: heme 


Reduced compound CO-reduced compound 


280 my 


Material Investigator 


605 my 445 my 430 mu 590 my 
87 165 14 | Yeast (1) Warburg and Negelein (56) 
S7 161 24 | Yeast 2) Warburg (57, 58) 
| | 115 | 12 Yeast (3) Chance (59) 
| | | 110 11 Heart muscle (4) Chance (59) 
1) 100 | 78 ! Cytochrome oxidase (5) Dannenberg and Kiese (5) 
) | 85 | 2127 | Cytochrome oxidase (6) Okunuki et al. (9) 
21 8S | 24it 88 Cytochrome oxidase (7) Yonetani (This paper) 
—In T 
*3= ; = a ln 10 where a, 6, c, and T are absorbancy index, length of the optical path, concentration, and transmittancy, re- 
Ce 
spectively. 


+ The value is taken from the oxidized preparation. 


a; are equal at 605 mu. Chance (59) calculated the absorbancy 
index of the carbon monoxide-sensitive component, cytochrome 
a3, to be 11 at 589 my on the basis of the results of photodis- 
sociation kinetics of the carbon monoxide compound of cyto- 
chrome a3 in a heart muscle preparation (Table IV). 

A more direct approach to the absorbancy index will be ob- 
tained by physical separation of the component from cytochrome 
oxidase (cytochromes a and a3) or by magneto-chemical analysis 
of heme a of cytochrome oxidase.’ 

Copper in Preparation—The role of copper in purified prepara- 
tions of cytochrome oxidase has been investigated by Wainio et 
al. (63, 64), Sands and Beinert (65) and Takemori et al. (66, 67). 
However further experiments are required to clarify the function 
of copper and the relation between copper and heme prosthetic 
groups. A preliminary note on the copper in the present prepa- 
ration has been recently presented elsewhere (68). 

Although Takemori et al. (66, 67) reported that the absorption 
peak at 340 my of cytochrome oxidase has some connection with 
copper content, no correlation between copper and absorption 
peaks of cytochrome oxidase in visible and Soret regions has 
been found in the present preparation. Therefore the absorb- 
ancy indexes are calculated on the basis of iron content (or heme 
a content) (Fig. 4 and Table IT). 

Cytochrome Oxidase and Cytochromes a and a3;—As discussed in 
the two previous papers (20, 21), cytochrome oxidase, the enzyme 
which catalyzes the oxidation of reduced cytochrome c by mo- 
lecular oxygen and has absorption peaks at 445 and 605 my in a 
reduced state, is assumed to consist of two components, cyto- 
chromes a and a3 according to the functional differentiation of 
these two peaks by Keilin and Hartree (69) and others (7, 20, 21, 
23-25, 50, 70-77). However, some investigators, especially 
those working on the purification of the enzyme, consider cyto- 
chrome oxidase to be a single hemoprotein (3-5, 8-14, 22, 33, 46), 


3 The magneto-chemical studies with a sensitive Gouy’s balance 
(62) suggest the existence of two different hemes in the cytochrome 
oxidase preparation. 


since it has not been physically separated into more than one 
component. 

Those who treat the enzyme as a single hemoprotein must 
answer the following questions before a final determination can 
be made: (a) why is the absorption spectrum of the reduced car- 
bon monoxide compound of cytochrome oxidase (430 and 600 
my) (5, 8, 13, 14, 20, 22, 46) different from the photochemical 
action spectrum of the carbon monoxide compound of the re- 
spiratory enzyme (430, 545, and 590 mu) (56-58, 75, 76)? (b) 
why are the a and y peaks of cytochrome oxidase in difference 
spectra always reduced to different extents during aerobic steady 
states (7, 21, 50, 72, 73)? (c) why does the @ peak of reduced 
cytochrome oxidase disappear to a selectively smaller extent than 
the y peak on sudden addition of oxygen (74)? 

On the other hand, to those considering cytochrome oxidase as 
cytochromes a and a3, physical separation of the two components 
will be required as conclusive evidence of their existence. 


SUMMARY 


1. A preparation of cytochrome oxidase made from beef heart 
according to the method of Okunuki e¢ al. is further purified by 
dialysis and differential centrifugation for crystallization and 
lyophilization. 

2. Modifications of Sandell’s method for quantitative deter- 
mination of iron and copper and of Gornall’s method for protein 
determination by the biuret reaction are described as applicable 
to cytochrome oxidase analysis. 

3. On the basis of metal analysis, the absorbancy indexes of 
cytochrome oxidase at various peak wave lengths have been 
calculated. 

4. The optimal pH of the enzyme activity of cytochrome oxi- 
dase measured by Smith’s method is found to be 5.8, which is 
independent of the buffer concentration. The optimal concen- 
trations of phosphate and the nonionic detergent, Emasol 4130, 
for the enzyme activity are found to be 0.05 m and 5% (volume 
for volume), respectively. 
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5. The method of Smith for the determination of cytochrome 
oxidase is found to be applicable in a wide range of the enzyme 
concentration. 

6. Stability, enzyme activity, purity, and copper content of 
the preparation are discussed. 

7. Some criteria to resolve the discrepancy between a single 
hemoprotein and “cytochromes a and a; concepts of the en- 
zyme are presented. 


Acknowledgment—The author is deeply indebted to Professor 
Britton Chance for his kind encouragement and guidance during 


the course of these studies. 
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A cytoplasmic particulate system which desulfurates thiourea 
in the presence of thiocyanate ion and a reducing agent such as 
ascorbic acid or reduced diphosphopyridine nucleotide can be 
isolated from thyroid, but not from liver or kidney tissue (1). 
The sulfur products of this system in vitro are protein-bound sul- 
fur (about 50%), thiosulfate (27%), sulfate (10%), and an un- 
known compound (10%). The observations to be reported 
suggest that the site for protein-binding of the sulfur of thiourea 
is a disulfide bond. Furthermore, the data are consistent with 
the formulation that a thiol-disulfide exchange occurs between 
thiourea and a disulfide bond in thyroid tissue.! 


EXPERIMENTAL PROCEDURE 


Methods of preparation of sheep thyroid homogenate, dif- 
ferential centrifugation, analysis of radioactivity, and measure- 
ment of thiourea desulfuration have been described previously 
(1). For the experiments in this paper, the cytoplasmic par- 
ticulate fraction is defined as a pellet obtained from the 8500 xX g 
supernatant fluid centrifuged at 105,000 x g for 60 minutes. 

Materials—S**-sulfite in 0.02 Nn NaOH and 0.002 m in EDTA,? 
with a specific activity of 20 me per mmole, was obtained 
from the New England Nuclear Corporation. This solution was 
stored at —20° under nitrogen. Methyl mercuric nitrate was 
prepared from methyl! mercuric chloride (Metalsalts Corporation, 
Hawthorne, New Jersey) by treatment with silver nitrate in 
ethanol (4). 

Incubation of S**-Sulfite with Thyroid Cytoplasmic Fraction— 
S**-labeled sulfite (S**O37) was incubated with the tissue fraction 
along with 150 umoles of Tris, pH 7.4, and 1 umole of EDTA ina 
final volume of 1.0 ml at room temperature for 15 minutes. 

To identify the reaction products, an aliquot of the mixture 
plus 0.2 umole of carrier sulfite and sulfate were then applied to 
Whatman No. 1 chromatography paper which was run in each of 
two different ascending solvent systems. In the mixture of 
ethanol-1.0 M ammonium acetate, pH 7.5 (7.5:3), the Ry values 
were as follows: protein-bound sulfite (protein-bound S**O;7), 
0.0; sulfate, 0.25; and sulfite, 0.59. With acetone-n-butanol- 
water (2:2:1) as recommended by Stelmaszyiska (5), the Re 
values were: protein-bound $%50;3-, 0.0; sulfate, 0.10, and sulfite, 


* Publication No. 100 from the Graduate Department of Bio- 
chemistry, Brandeis University. This work was aided by grants 
from the National Institutes of Health (3274 P.E.T.) and the 
National Science Foundation. 

‘A preliminary account of this work has been reported pre- 
viously (2, 3). 

2 The abbreviation used is: EDTA, disodium salt of ethylene- 
diaminetetracetie acid. 


0.28. Several other minor radioactive spots were noted in each 
system, but were not identified. The carrier spots were identified 
as follows: sulfite by spraying with 0.1 N iodine, and sulfate by 
spraying with 0.024% barium chloride followed by 0.024% po- 
tassium rhodizonate. 

The amount of protein-bound S**O;- formed was determined 
by a comparison of the specific radioactivity of the protein with 
that of the radioactive sulfite used. 

Preincubation Studies—Tissue fractions (about 10 to 15 mg of 
protein) were placed in individual 25-m] Erlenmeyer flasks with 
various concentrations of sulfite, cysteine, thioglycollic acid, 
iodoacetamide, p-chloromercuribenzoate or methyl mercuric 
nitrate for 15 minutes at 4°, buffered with 1.0 m Tris to pH 7.4. 
The mixtures were then individually placed in a 18/32 Visking 
casing and dialyzed overnight at 4° against 4 changes of water, 
each 1 liter. After dialysis, aliquots of the residual mixtures 
were assayed for desulfuration activity. Sulfite was made up 
before use in 0.001 Mm EDTA to minimize auto-oxidation. EDTA 
did not affect the desulfuration of thiourea. 

Amino Acid Analysis—The tissue cytoplasmic particulate 
fraction was first dialyzed overnight at 4° against water. The 
proteins were then hydrolyzed in an evacuated, sealed tube with 
6 N HCl at 110° for 22 and 48 hours (6). The amino acid com- 
position was determined by quantitative photometric ninhydrin 
analyses’ in the Beckman Spinco automatic amino acid analyzer 
according to the procedures of Spackman et al. (7). Analyses 
for half-cystine residues of the 22- and 48-hour hydrolysates 
agreed within 5%. Control observations revealed that 75% 
of cysteine and cystine could be recovered as cystine. 


RESULTS 


Protein-bound Sulfur—lIt has been previously noted that only 
the sulfur moiety of thiourea becomes linked to thyroid protein 
and that the sulfur resists release by the action of 1 N HCl at room 
temperature overnight (1). However, it is possible to displace 
up to 80% of the sulfur from the particulate protein by incubat- 
ing it at room temperature for 2 hours with nucleophilic anions 
(0.01 m), such as sulfite or cyanide at pH 7.4, with 0.1 nN NaOH, 
or with thiols (0.01 mM) such as cysteine or reduced glutathione 
at pH 7.4. Incubation with sulfite or cyanide led to the forma- 
tion of thiosulfate and thiocyanate, respectively. At least 60% 
of the total sulfur released by cysteine was volatile and was 
trapped on cadmium acetate paper. The catalysis of the iodine- 
azide reaction by the treated paper is evidence that the volatile 
product was hydrogen sulfide. 


3 We are indebted to Mr. Myer Coval for these determinations. 
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100+ 


PB-SO, ,mumoles /mg Protein 


05 10 25 5.0 10.0 20.0 


SOS moles/mi 
Fig. 1. The formation of protein-bound sulfite (PB-S*O;7) 
after incubation of S**-labeled sulfite with a thyroid cytoplasmic 
particulate fraction (1.5 mg of protein) at room temperature for 15 
minutes, pH 7.4. Each point is the average of duplicate deter- 
minations. 


S%5_Sulfite—Since sulfite is one of the most potent inhibitors 
of the desulfuration of thiourea (1), and since the specificity of 
its reaction with proteins has been established (8-11), the extent 
and nature of the binding of sulfite to the thyroid cytoplasmic 
particulate fraction was studied. 

Incubation of the thyroid particulate preparation with labeled 
sulfite yielded protein-bound 3*°O;~, sulfate, sulfite, and several 
minor, unidentified products. The magnitude of the binding of 
sulfite to thyroid protein is noted in Fig. 1. The system was 
saturated at a sulfite concentration of 20 umoles per ml, a level 
at which about 86 mymoles of protein-bound S*O;- per mg 
protein were formed. The value of 86 myumoles of protein- 
bound S8*°O;~ agreed satisfactorily with the half-cystine content 
of two different batches of sheep thyroid cytoplasmic particles, 
namely, 188 and 192 mumoles half-cystine residues per mg of 
protein. The 2-fold difference is acceptable since no attempt 
was made to bring about a quantitative conversion of the pro- 
tein cystine to S-sulfocysteine by reoxidizing the sulfhydryl 
groups resulting from the initial cleavage of the —S—-S— bonds 
by sulfite (9). 

Protein-bound Sulfite (protein-bound S*°O;-)—The sulfite was 
shown to be bound to thyroid protein on the basis of the follow- 
ing observations: (a) the radioactivity precipitated along with 
the protein upon the addition of trichloracetic acid; (b) the 
radioactivity was non dialyzable, and (c) the radioactivity did 
not separate from the protein during paper chromatography 
or paper electrophoresis. 

Attempts were made to determine the nature of the binding 
of sulfite to the thyroid protein. The protein-bound 8*O;-, 
like the protein-bound sulfur, resisted the action of 1 N HCl at 
room temperature overnight. Furthermore, about 80% of the 
sulfite could be displaced from the protein-bound S*O;- under 
precisely the same conditions and by the same reagents that 
remove the sulfur from the protein-bound sulfur, which results 
from the desulfuration of thiourea. 

Inhibition Studies—Further evidence that sulfite and the sulfur 
of thiourea were linked to thyroid protein in a similar manner 
was obtained from the following observation. The relationship 
between the substrate concentration of thiourea and the rate of 
desulfuration was plotted (Fig. 2), by means of the procedure of 
Lineweaver and Burk (12). The Michaelis constant derived 
from this plot is 6.9 & 10-5M per liter. In the same experiment, 
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the effect of sulfite on the desulfuration was observed. The 
inhibition by sulfite is competitive; the values for K;” and K,* 
are 7.0 X 10-§M per liter and 8.9 X 10-® per liter, respectively. 
The inhibition of the desulfuration of thiourea by sulfite is com- 
pletely reversible not only when sulfite and thiourea are added 
together (Fig. 2), but also when sulfite, at these concentrations, 
's preincubated with the particulate fraction (1.5 mg of protein) 
for 15 minutes at 4° or 37° followed by dialysis. 

Similar inhibition experiments were carried out with cyanide, 
The results obtained, although qualitative, indicate that ecyvan- 
ide is also a competitive inhibitor of the desulfuration reaction. 

Preincubation Studies—The most potent inhibitors of the 
desulfuration of thiourea are sulfite, cyanide, and thiols (1), 
nucleophilic anions which effectively produce a reductive cleavage 
of disulfide bonds according to the following equations (13-17): 


RSSR’ + = + R’SSO;- (1) 
RSSR’ + CN- + R’SCN (2) 
RSSR’ + R’S- + R’/SSR” (3) 


On the basis of these chemical reactions, the following experi- 
ments have been performed to test the hypothesis that an intact 
disulfide bond in the thyroid protein is essential for the desulfura- 
tion reaction. 

Preincubation of the thyroid particulate fraction with sulfite 
(0.01 mM), cysteine (0.01 M), or thioglycollic acid (0.01 M) led toa 
67 to 80% inhibition of the subsequent desulfuration of thiourea 
(Table I). In Table I (Line 3), it is seen that the inhibition of 
the protein pretreated with sulfite is not due to free or undialyzed 
sulfite. The irreversible inhibition by 0.01 Mm sulfite in this 
experiment differs from that in the competitive inhibition studies; 
this suggests that the cleavage of disulfide bonds by an excess of 
sulfite may have been accompanied by secondary changes in 
the protein structure. 

Similar experiments with cyanide (0.01 Mm) indicated that it 
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Fic. 2. The effect of substrate concentration and of added 
sulfite (A, 20 mumoles per ml, B, 50 mumoles per ml) on the desul- 
furation of thiourea. The incubation mixture contained the thy- 
roid cytoplasmic particles (1.5 mg of protein), KSCN (1 umole), 
ascorbic acid (1 umole), Tris buffer (150 umoles), pH 7.4, thiourea 
(50 mumoles), EDTA (1 umole) and sulfite in a final volume of 
1.0 ml. Sulfite was added before the thiourea. S (thiourea), 15 
expressed as mumoles per ml. V (velocity), is expressed as mg- 
moles of thiourea desulfurated per 30 minutes. Each point is the 
mean of two determinations. 
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TABLE I 


Desulfuration of thiourea: inhibition after preincubation 
with nucleophilic anions 


Individual flasks contained the thyroid cytoplasmic particulate 
fraction (10 to 15 mg of protein), the inhibitor, and Tris buffer, 
final pH 7.4. After standing at 4° for 15 minutes, the mixtures 
were individually dialyzed overnight at 4° against water. Ali- 
quots from each experiment were then assayed for desulfuration 
activity (1). The data are derived from an average of duplicate 
flasks. 


| 2 
Thiourea 


“Inhibition 

ms protein 

Control + sulfite-treated preparation | 0.01 | 14.6 4.0 
Thioglycollic acid......0.0..0....... | 0.01 | 5.0 | 67.0 


TABLE II 


Desulfuration of thiourea: no inhibition following 
preincubation with SH group inhibitors 


The experimental conditions are as for Table I. 


gH | Thiourea | 
Concen- 
| Inhibition 
mpmoles or 
protein 
12.7 9.0 


Methyl mercuric | 0.01 | 13.6 | 2.0 


was not an effective inhibitor under the above conditions. 
Attempts have been made to carry out the preincubation at a 
pH of 9.0 to 10.0. However, these studies have been incon- 
clusive because the protein fraction was found to be irreversibly 
inactivated at this pH, with or without cvanide. 

Preincubation studies with sulfhydryl group inhibitors such as 
iodoacetamide (0.05 mM), p-chloromercuribenzoate (0.01 M), or 
methyl mercuric nitrate (0.01 M) indicated (Table I1) that such 
treatment did not affect the desulfuration reaction. 

All of these data support the postulation that the sulfur of 


thiourea is bound to thyroid protein in a S—S linkage. Efforts 
were made to obtain direct evidence for this concept. Attempts 


to hydrolyze the protein-bound sulfur with 6 N HCI at 100° over- 
night or with pepsin, pH 1.5 to 2.0, or trypsin, pH 8.5, followed 
by acid hydrolysis in an attempt to isolate a cysteine residue 
containing the labeled sulfur derived from thiourea, have been 
unsuccessful. 


DISCUSSION 


It has been demonstrated that the sulfur of thiourea is trans- 
ferred directly to protein of a thyroid cytoplasmic particulate 
fraction to yield protein-bound sulfur (1). The sulfur is released 


from the protein by sulfite, cyanide, or thiols with the formation 
of thiosulfate, thiocyanate, and hydrogen sulfide, respectively. 
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These properties are similar to those of the organic polysulfide 
reported by Hylin and Wood (18) to result from the transsulfura- 
tion reaction involving 8-mercaptopyruvate. 

Incubation of sulfite with the thyroid preparation leads to the 
formation of protein-bound sulfite. The release of the sulfite 
from thyroid protein by precisely the same reagents that released 
the sulfur from the protein-bound sulfur is evidence that sulfite 
and the sulfur of thiourea are linked to thyroid protein in a 
similar manner. This conclusion is strengthened by the observa- 
tion that sulfite is a competitive inhibitor of the desulfuration of 
thiourea. The reaction of sulfite with thyroid protein and its 
release from the protein are similar to the results obtained by 
Swan (8) who incubated labeled sulfite with wool and concluded 
that the protein acquired the label in the S-sulfocysteine (R3s- 
SO;-) group. 

From the experiments with sulfite and the preincubation 
studies with the nucleophilic anions, it may be inferred that an 
intact disulfide bond in thyroid tissue is essential for the desulfura- 
tion reaction. Furthermore, this disulfide bond serves as a direct 
acceptor for the sulfur of thiourea. The desulfuration of thioure: 
mav therefore, be considered to occur via a transsulfuration 
reaction. Two other transsulfuration reactions are worthy of 
note. One, preduces thiocyanate from cyanide and thiosulfate 
and is catalyzed by the rhodanese enzyme (19) which has been 
reported by Sérbo (20) to have a disulfide bond as its active site. 
The other produces pyruvate, sulfur, and protein-bound sulfur 
from B-mercaptopyruvate (21, 22) and is catalyzed by an enzyme 
which has been reported as requiring an SH group (23) or a 
thiol-disulfide-copper svstem (24) for activity. 

These data lead one to conclude that thiourea cleaves a di- 
sulfide bond in thyroid tissue and forms a mixed disulfide (Re- 
action 1), which upon hydrolysis vields a thiosulfenic acid (Re- 
action 2) and urea. The latter has been identified by paper 
chromatography as one of three C-labeled products formed dur- 
ing the transsulfuration reaction (1). 


DIAGRAM 


Protein NH,» 
| | ra (1) 
S — S+-S-—-C 
Protein Protein 
| | HO | | 
SH S+ urea 
| (2) | 


SH 
NH.—C=NH 


Support for this formulation is derived from the work of Toennies 
(25) in which he demonstrated that thiourea was able to cleave 
the disulfide bond of cystine, to form chemically the mixed 
disulfide S-(guanylthio)-L-cysteine. This observation has been 
confirmed in our laboratory. 

Parallel observations on the iodination reaction in vitro with 
the thyroid cytoplasmic particulate fraction, indicate that an 
intact disulfide group is essential for the formation of protein- 
bound monoiodotyrosine.* Hence, the transsulfuration as well 
as the iodination reaction in this thyroid cytoplasmic particulate 


4 Unpublished observations. 
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fraction require an intact disulfide bond for activity. Competi- 
tion for this site might explain the action of thiourea in inhibit- 
ing the iodination of tyrosyl groups in the thyroid. 


SUMMARY 


The nature of the protein-bound sulfur, resulting from the 
transsulfuration of the sulfur of thiourea to a thyroid cytoplasmic 
particulate fraction, has been studied. The linkage of this 
sulfur to protein is similar to the sulfur-sulfur bond which results 
from the treatment of the thyroid preparation with sulfite to 
vield S-sulfocysteine residues. 

Sulfite and cyanide are competitive inhibitors of the trans- 
sulfuration reaction. 

An intact disulfide structure in the thyroid particulate fraction 
is essential for the ‘“‘desulfuration”’ of thiourea and seems to be 
the site to which the sulfur of thiourea is transferred. Hence, 
the mechanism for this transsulfuration reaction probably in- 
volves a thiol-disulfide interaction between thiourea and the 
thyroid protein which results in the formation of a mixed disulfide 
which upon hydrolysis yields a protein-bound thiosulfenic acid 
and urea. 


Acknowledgments—We are indebted to Dr. Leonard Spector 
for invaluable advice and counsel and to Miss Ellie Bougas and 
Mr. Henry Guerin for technical assistance. 
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The physical properties of bovine prothrombin preparations 
have been described in this journal (1). Although methods for 
obtaining bovine thrombin are now also available (2), the phys- 
ical properties, including the molecular weight, have not been 


described. Here we report values for the sedimentation co- 


efficient, diffusion coefficient, intrinsic viscosity, frictional ratio, 
molecular weight, and estimated axial ratio. A revised value 
for the molecular weight of prothrombin is also given. 


EXPERIMENTAL PROCEDURE 


Thrombin—Thrombin was prepared from prothrombin of 
high specific activity (2, 3). Eight preparations were pooled, 
dissolved in an acetate-chloride buffer, and checked with the 
ultracentrifuge at a concentration of 5.2 mg per ml. This solu- 
tion of pooled thrombin products was used for all physicochemi- 
cal measurements, except sedimentation studies. For the study 
of sedimentation constant as related to concentration, a single 
thrombin preparation in 0.1 mM KCl was used; this was also pre- 
pared from prothrombin as described (2). 

Buffer—Levine and Neuhaus (4) found that thrombin pre- 
pared in this laboratory was isoelectric at pH 5.6. Accordingly, 
a sodium acetate-potassium chloride buffer was prepared at this 
pH and with an ionic strength of 0.2, of which the KCI con- 
tributed 50%. The density of this buffer was 1.0056 g per ml 
at 25°. The pooled thrombin, having been dried from the frozen 
state, was dissolved in this buffer and dialyzed in the cold 
against three aliquots of the same buffer during the 24 hours of 
dialysis. This dialyzed thrombin solution was then used for 
the measurements of partial specific volume, diffusion coefficient, 
and intrinsic viscosity. 

Sedimentation—A Spinco model E ultracentrifuge equipped 
with the Philpot-Svensson cylindrical lens system, a phase plate, 
and a thermistor temperature control system was used to meas- 
ure the sedimentation constant at the various concentrations. 
The centrifuge runs were made in a double sector cell at 59,780 
r.p.m. and were 128 minutes in duration. The temperature 
of the rotor was maintained at 20° during the run by the ther- 
mistor temperature control system. The thrombin was dis- 
solved in 0.1 M KCl to give a concentration of 16.2 mg per ml 
and measurements were made at this concentration and at 8.1, 
4.0, and 1.6 mg per ml. 

Partial Specific Volume—For this determination, solutions of 
thrombin in the acetate-chloride buffer were weighed in a 10-ml 
pycnometer to 0.1 mg; duplicate weighings were made for each 
point. The temperature equilibration was done in a 25° water 


* This investigation was supported by a research grant H-3424 
from the National Heart Institute, National Institutes of Health, 
United States Public Health Service. 


bath and the procedure was similar to that of Pedersen (5), in 
which the weight fraction of the protein solute as abscissa is 
plotted against the mass in grams of the pycnometer contents. 

Diffusion—A Spinco model H electrophoresis-diffusion instru- 
ment with an 11-ml cell was used to measure the diffusion con- 
stant of thrombin at 20°. For this determination, the thrombin 
was in the acetate-chloride buffer at a concentration of 5.2 mg 
per ml. The initial boundary was sharpened by a mechanically 
driven syringe, as first proposed by Kahn and Polson (6). To 
measure the abscissas and ordinates of the Schlieren patterns, 
we used a Gaertner microcomparator and measured to 0.001 mm. 

Viscosity—A standard 10-ml Ostwald viscosimeter with a 
water discharge time of 240.8 seconds at 25° was used. Dupli- 
cate measurements were made at 25° at three thrombin concen- 
trations, 7.8, 5.2, and 2.66 mg per ml, with the acetate-chloride 
buffer as the solvent. 


RESULTS 


Sedimentation—The sedimentation constants were calculated 
from the displacement of the maximal ordinate, and have been 
corrected to a solvent having the characteristics of water at 20°. 
In the plotting of these sedimentation constants against con- 
centration, the method of least squares was used to determine 
the straight line. On extrapolation to infinite dilution, a value 
of 3.76 S was found for s2,,, of thrombin (Fig. 1). 

Partial Specific Volume—In the plotting of the weight fraction 
of thrombin as abscissa against the mass in grams of the pyc- 
nometer contents, the slope (dm/dw,) of the line was 3.115. 
When this value was used in the equation given by Kraemer 
(8), the partial specific volume of thrombin was found to be 
0.69 ml per g.! 

Diffusion—The diffusion coefficient was calculated by the 
method of successive ordinates, in which the plot of 


(xo? — x,?)/4 In( Ai /H2) 


as ordinate against the time in seconds gives a line whose slope 
equals the diffusion constant. In this expression x; and z2 are 
the abscissas measured from the maximal ordinate (H max), and 
H, and H, are the ordinates for these two abscissas, respectively. 
The diffusion constant as thus determined was 8.47 x 10-7 em? 


1In preliminary studies we found that some of our thrombin 
preparations contained 3% carbohydrate; this value of 6 = 0.69 
is consistent with the partial specific volumes reported for other 
glycoproteins. For the glycoprotein calf serum fetuin, Pedersen 
(25) found 6 = 0.69, and Spiro (9) found 6 = 0.696. For human 
a-2 globulin Oncley, Scatchard, and Brown (10) found 6 = 0.69. 
Prothrombin is a glycoprotein, and Lamy and Waugh (1) found 
for it that 6 = 0.70. 
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Fic. 1. The concentration dependence of the sedimentation 
constant of thrombin. Rotor speed was 59,780 r.p.m. and the 
temperature was 20.0°. The solvent was 0.1 mM KCl. With acety- 
lated thrombin there is no concentration dependence (7). 


per second. When this was corrected to water at 20°, the Deo _,, 
for thrombin was 8.70 & 10-7 cm? per second. 

The diffusion coefficient was also calculated by the method 
of moments, with the use of the procedure as described by 
Greenberg (11). The ordinates were measured at abscissa in- 
tervals of 0.2 mm. Since the base line was not even, the neces- 
sary proportional corrections were made on the ordinates. By 
this method, the measured value for D was 8.59 & 10° em? per 
second; with the viscosity correction factor of 1.024, Deo... was 
found to be 8.82 & 10-7 em? per second. The mean value of 
these two determinations is 8.76 & 10-7 em? per second, and we 
used this value for our subsequent calculations. AGE 

Homogeneity —In Fig. 2 are the ultracentrifuge patterns re- 
corded at various time intervals for the pooled thrombin solution 
containing 5.2 mg per ml. With the use of these ultracentrifuge 
patterns and with the specific activity measurements, we con- 
cluded that the solution of these eight pooled thrombin products 
had the degree of homogeneity necessary for cur measurements 
of partial specific volume, diffusion coefficient, and intrinsic 
viscosity. Another test for homogeneity that is sometimes 
used is the ratio of the two diffusion coefficients; this ratio had 
the value 1.014. 

Viscosity— The intrinsic viscosity, {n], was determined by 


THROMBIN 
| 


Fic. 2. Ultracentrifuge patterns of bovine thrombin at a con- 
centration of 5.2 mg per ml in 0.2 mM acetate-chloride buffer, pH 
5.6. These patterns were taken successively at 24, 40, 56, 72, 96, 
and 128 minutes. Rotor speed was 59,780 r.p.m., and rotor tem- 
perature was 20.0°. Sedimentation proceeds from left to right. 
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standard procedures. In the plot of specific viscosity per unit 
concentration, (n.,)/c), against concentration, the line was deter- 
mined by the method of least squares. Extrapolation of this 
line to infinite dilution gave a value of 0.0376 ml per g for the 
intrinsic viscosity. 

Molecular Weight—By use of the Svedberg equation (12) and 
with the constants reported above we determined the molecular 
weight of thrombin. With S = 3.76, v = 0.69 ml per g, and 
D = 8.76 X 10-7 cm? per second (all corrected to water at 20°), 
we found the molecular weight of thrombin to be 33,700. 

Frictional Coefficient and Frictional Ratio— When the molecu- 
lar frictional coefficient for the hydrated particle, F', was ceter- 
mined from the diffusion coefficient (17), it was found to be 
46.2 x 10°%. The frictional ratio, /:/'o, was determined by a 
standard equation (5) from the diffusion coefhicient, molecular 
weight, and partial specific volume, and was found to be 1.16: 
the effective hydrodynamic volume, V,, of thrombin was c¢al- 
culated to be 3940 ml. 


DISCUSSION 


Seegers, Levine, and Shepard (2) used a novel appreach to 
estimate the molecular weight of thrombin. They made use 
of the fact that a large and accurately measurable portion cf the 
prothrombin molecule is discarded when prothrombin is acti- 
vated to thrombin. Prothrombin has a specific activity of 2000 
units per mg of dry weight, and thrombin has a specific activity 
of 4100 units per mg of dry weight. Knowing that 1 molecule 
of prothrombin vields 1 molecule of thrombin, they were able 


to multiply the molecular weight of prothrombin by the ratio’ 


of the specific activities of the two proteins to cbtain the mo- 
lecular weight of thrombin. The value found was 30,700. 
However, they used 62,700 as the mclecular weight cf prothrem- 
bin. When we substitute the revised value of 68,500, the 
molecular weight of thrombin is 33,600 by this methed. 

In our ancillary studies on prothrombin we bave determined 
its molecular weight to be 68,500. In their initial report, Lamy 
and Waugh (1) found a molecular weight of 62,700. In a sub- 
sequent abstract (1) they proposed a revision on the basis that 
the sedimentation constant ef prothrombin is concentration- 
dependent, and they suggested the figure 67,000. We measured 
the concentration dependence of the sedimentation constant of 
prothrombin, and found se,, = 5.22 8. The use of this figure 
with the values reported by Lamy and Waugh (1) for the partial 
specific volume and the diffusion cce ficient gave the molecular 
weight figure of 68,500. 

We also estimated the molecular weight of thrombin frem its 
amino acid composition, and here again there was very gcod 
agreement with the value determined from physicochemical 
measurements. From the amino acid composition of thrombin 
as reported by Miller, Brown, Casillas, and Seegers (13), we 
calculated the molecular weight of thrombin by using the 
method of simultaneous equations as suggested by Brand (14). 
The thrombin, after careful purification by chromatography 
and repeated precipitations, was dried to constant weight and 
analyzed for amino acid content by the method of Mocre and 
Stein (15). From the amino acid composition, the minimal 
molecular weight of thrombin was calculated by using simul- 
taneous equations. The ratio of two amino acid concentrations 
in terms of moles (¢;/c;) Was used in suecessive simultaneous 
equatiors 

= R; = Ri¢3/¢1; Ri = Riei/e 
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With Ri = 1, 2, 3,..., these equations were solved until an 
integer was found for R;. This R; was the number of moles of 
amino acid 7 in terms of 1 or more moles of amino acid 7. In 
Table I are the results of these calculations for the 18 amino 
acids in thrombin. From the calculations for 18 amino acids, 
the mean molecular weight of thrombin was found to be 33,900. 
On the basis of cystine analysis the minimal molecular weight 
is 10,100, and on the basis of lysine it is 11,900. 

From these three independent determinations of the molecu- 
lar weight of thrombin, the mean value is 33,700. This value 
is probably close to the true value for the molecular weight of 
thrombin. 

In a preliminary note by Gladner, Laki, and Stohlman (16) 
the tentative molecular weight for thrombin was given as rang- 
ing from 9,900 to 17,000. Even with this wide range the result 
is difficult to evaluate. The work was done with only a few 
milligrams of thrombin, and the purity of the preparation was 
not determined. To arrive at the molecular weight figure 
another assumption was made; namely that 1 mole of DFP? 
combines with 1 mole of thrombin. From the percentage of 
DFP in the hypothetical combination of 1 mole of DFP with 
thrombin, the calculations were made. 

Frictional Ratio and Axial Ratio—We were interested in com- 
paring the axial ratio and the molecular dimensions of thrombin 
with those of prothrombin as given by Lamy and Waugh (1). 
When one assumes a value for w, the degree of hydration of the 
protein, one can then use the well known procedures developed 
by Perrin (17), Kraemer (8), and Oncley (18) to obtain a value 
for the axial ratio a:b from the frictional ratio F:Fo. Svedberg 
and Pedersen (12) and Cohn and Edsall (19) give useful tables 
for a/b. The axial ratio can also be estimated from the vis- 
cosity increment, as has been done by Simha (20) and by Mehl, 
Oncley, and Simha (21), again with an assumed value for w. 
Edsall (22) has suggested w = 0.3 as a reasonable value to use, 
and Oncley, Scatchard, and Brown (10) have used w = 0.2 for 
several plasma proteins. We estimated the axial ratio for 
thrombin by these two methods, and with w = 0.25 g per g of 
protein, the mean value of a/b was 2.8. 

We also determined a/b as proposed by Scheraga and Mandel- 
kern (23) through use of the parameter 8, which is free of as- 
sumptions about the degree of hydration. We found with our 
data for thrombin that 8 = 2.34 x 10-° and a/b = 7.0. The 
parameter 8 is very sensitive, particularly to differences in 
solvents; since two solvents were used in our measurements, 
this may well be why this value for a/b is elevated. 

Lamy and Waugh (1) calculated the length of the prothrombin 
molecule by using the method of Flory and Fox (24) which gives 
the root mean square distance between the ends of a randomly 
coiled polymer. Lamy and Waugh (1) thus estimated that 
prothrombin was 119 A long and, with a/b = 3.5, its diameter 
was 34 A. When we made similar calculations with our data 
for thrombin, we found that it was 84 A long and 30 A in diam- 
eter; thrombin is thus about 0.7 as long as prothrombin, but 
has nearly the same diameter as prothrombin. 


SUMMARY 


The physicochemical properties of bovine thrombin are as 
follows: 829, is 3.76 S, the diffusion constant 8.76 < 10-7 em? 


p * The abbreviation used is DFP, ditsopropyl-phosphorofluori- 
ate. 


C. R. Harmison, R. H. Landaburu, and W. H. Seegers 


TABLE I 


Calculation of molecular weight of thrombin from amino 
actd composition 


| | Mol. wt. 
‘Moles amino acid 


Amino acid 105 g protein 
| | Minimal | R,* X minimal 

Tryptophanf......... | 17.4 «5,750 6 34,500 
Aspartic acid......... 70.3 1,420 24. 34,100 
Threonine............ 38 2,870 12 34, 400 
| 40.3 2,480 £14 34,700 
Glutamic acid........) 84.1 1,19 | 34,500 
| 40.0 2,500 14 35,000 
| 63.4 1,580 | 22 34,800 
i 35.2 | 2,840 12 34,100 
| 46.0 2,180 16 | 34,900 
Methionine........... | 12.3 §,150 4 32,600 
i-Leucine............. | 30.5 3,280 10 32,800 
1,470 23 | 33,800 
| 29.6 3,380 10 33,800 
Phenylalanine........ | 28.7 3,480 10 34,800 
| 8.41 11,900 | 3 | 35,7 
| 15.9 6,280 5 31,400 
| §6.5 1,770 | 19 | 33,600 

Mean molecular weight.......................... 33, 900 

* See text. 


t In these calculations, tryptophan was used as the reference 
amino acid, or amino acid 1. 


TaBLe II 
Physicochemical properties of thrombin, with a comparison 
with prothrombin 


Property | Thrombin Prothrombin 
Diffusion coefficient.... 8.76 1077 6.24 10-7* 
0.69 ml per g 0.70 ml per g* 
Molecular weight: phys-_ 

ical measurements.... 33,700) 62,700* 

| average 68 , 500 

Amino acid analysis.... 33,900/ 33,700 
Specific activity ratio... 33,600 
Frictional ratio......... 1.16 1.32* 
Intrinsic viscosity ..... 0.0376 0.041* 
Amiel . 2.8 3.5* 
| S4A 119 A* 
| 30 A 34 A* 
liffective hydrodynamic 

| 3940 X 10°78 


* Data of Lamy and Waugh (1). They assumed w = 0.3, and 
arrived at a/b = 3.7. From their viscosity data, they found 
a/b = 3.4. Using a/b = 3.5, they calculated that the prothrom- 
bin molecule was 119 A long, and 34 A in diameter. 


per second, the intrinsic viscosity 0.0376 ml per g, and the par- 
tial specific volume 0.69 ml per g. From these values, the 
molecular weight is calculated as 33,700. This is practically 
the same as the molecular weight of 33,900 determined from the 
amino acid composition, or 33,600 as determined from the rela- 
tive increase in specific activity when a large portion of pro- 
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thrombin is discarded in the conversion of prothrombin to 
thrombin. The mean of these three values is 33,700. The 
frictional ratio relative to the equivalent anhydrous sphere was 
1.16. If the molecule is assumed to contain 25% water of hy- 
dration per g of protein, the axial ratio is 2.8 whether calculated 
from the viscosity studies, or from sedimentation and diffusion 
studies. The effective hydrodynamic volume of the thrombin 
ellipsoid was found to be 3940 x 10-% cm‘. The length of 
thrombin as a prolate ellipsoid was calculated to be 84 A, and 
its diameter 30 A. The value 68,500 is a revised figure for the 
molecular weight of bovine prothrombin. 
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As initial steps in studying the cell-free biosynthesis of guinea 
pig pancreas ribonuclease, we have developed an ion exchange 
procedure for its isolation and have analyzed the various sub- 
cellular fractions with this technique. This cytological approach 
was independently applied in studies on the ribonuclease of 
mouse pancreas (1). Earlier studies on the pancreas of several 
species have indicated that ribonuclease is found among all the 
subcellular fractions (1-3). The guinea pig pancreas is not an 
exception, since almost one-half the enzyme activity is in the 
soluble supernatant (3). The presence of more than one pan- 
creatic ribonuclease has been demonstrated in several laboratories 
by ion exchange chromatography (1, 4-8).!? 

The chromatographic analysis of subcellular fractions of mouse 
or beef pancreas has shown the presence of all these components 
and, furthermore, has shown the same relative amount of each 
ribonuclease component except in the soluble supernatant (1, 
4,5). In this fraction, a poorly retained component was present 
which was readily decomposed during the isolation procedure 
and gave the original two components (4, 5). The more strongly 
adsorbed ribonuclease component is usually present in the highest 
amounts with the proportion varying from 90% in bovine pan- 
creas to 65% in guinea pig pancreas. 

The large proportion of ribonuclease B* in guinea pig pancreas 
seems due to the presence of a new ribonuclease component 
which differs from the poorly retained component of mouse pan- 
creas (1) in that dialysis or acid treatment yields only the ribo- 
nuclease B. 


EXPERIMENTAL PROCEDURE 


Guinea pigs were fasted 24 hours before removal of the pan- 
creas. They were decapitated and bled. The isolated tissue 
was minced, homogenized in 0.88 M sucrose, and fractionated 
according to the method of Siekevitz and Palade (9). All frac- 
tions used for chromatography were washed (9) before extraction 
except in the experiment which measured the relative quantity 
of enzyme present in the cellular subfractions (legend to Table I). 


* This work was supported by grant RG-6629 from the National 
Institutes of Health of the Public Health Service. 

‘A preliminary report of this work was presented at the 138th 
meeting of the American Chemical Society, September 1960 at 
New York City. 

? Two ribonuclease activities are obtained on chromatography 
of the total acid extract of rat pancreas. Only one is observed 
when the acid extract is subjected to ammonium sulfate frac- 
tionation before chromatography (8). (M. Uziel, unpublished 
observation. ) 


1697 


All procedures were performed in the cold room (+5°) unless 
stated otherwise. 

The RNase was assayed by a modification of the method of 
deDuve etal. (10). An aliquot of the enzyme in 0.4 ml of column 
buffer plus 1.6 ml of 0.05 m Tris, pH 8.0 (final pH was 7.2) was 
incubated with 0.5 ml (12 mg) of dialyzed yeast RNA (Schwarz 
BioResearch, Inc.). After 45 minutes at 37°, 1 ml of 2.5% 
HCIO, containing 0.25% uranyl acetate was added. The solu- 
tion was cooled at 5° for 1 hour and then filtered in the cold. 
A 0.3 ml aliquot was diluted with 5 ml of water and read at 260 
mu in the Beckman model DU spectrophotometer. Control 
experiments on incubation of RNA in the buffer yielded between 
0.03 and 0.05 absorbancy unit. The assay of RNase activity 
was directly proportional to the amount of enzyme present when 
the above values were less than 0.500. Measurements resulting 
in more than this value were repeated with less enzyme. Crys- 
talline beef pancreas RNase (Armour 381-059) was used as a 
standard. 

Amberlite IRC-50-Na* (200 to 400 mesh) was prepared ac- 
cording to Hirs, Moore, and Stein (7), except that the hydraulic 
backwashing technique of Hamilton (11) was used to obtain a 
uniform particle size. A 2-liter separatory funnel was used as a 
column, and all the material which floated at a flow rate of 280 
ml per minute was removed and discarded. The rate was then 
adjusted to 450 ml per minute and the total fraction collected 
(approximately 15% yield) was used in the present chromatog- 
raphy studies. 

The buffer, 0.15 mM phosphate at pH 6.25, was prepared as 
follows: 89.76 g of NaH2PO,-H,O and 35.52 g of Na2HPO, (an- 
hydrous) were dissolved in 6 liters of distilled water. All columns 
were equilibrated with this buffer before chromatography. 
Samples were applied in either 0.1 M sodium acetate buffer, pH 
5.0, or the buffer used for chromatography. Corrections were 
made for the absorbancy due to nucleotide or nucleic acid from 
the enzyme preparation. RNase activity was extracted by shak- 
ing 1 volume of the various fractions with 4 volumes of 0.1 M 
sodium acetate buffer (pH, 5.0) for 2 hours at 5°, and the solution 
was cleared by filtration. 

Protein concentration was determined by the method of Lowry 
et al. (12). 


RESULTS 


Distribution of Ribonuclease—The distribution of RNase ac- 
tivity among the various subcellular fractions was similar to 
Although the quan- 


that observed by Siekevitz and Palade (9). 
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(a) 


A260 mu 
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Fic. 1. Chromatographic patterns of ribonuclease activity. 
These patterns were obtained from fresh extracts of guinea pig 
pancreas and represent the following fractions: (a), whole homoge- 
nate; (6) supernatant fluid; and (c), microsomes. See text for 
details. The column was 0.64 em? X 50cm. See ‘Experimental 
Procedure” for details. 


tity of RNase in the nuclear fraction was variable, it could be 
reduced to less than 1°% by washing. Therefore, it appears this 
activity is due to contamination by supernatant fluid because 
all of the activity can be accounted for as residual supernatant 
fluid from the washing procedure. In addition, the chromatog- 
raphy pattern is identical to that of the supernatant fluid. 

Chromatography of Ribonuclease—On chromatography, four 
components® exhibiting RNase activity were observed (Fig. 1). 
The relative quantity of each component followed a pattern 
(Table I). The ratio of Component A to Component B was 4 
for the zymogen and mitochondrial fractions, 3 for the micro- 
somal fractions, and 1.3 for the supernatant and nuclear fractions. 
The final row of Table I (calculated whole homogenate) gives 
the expected quantity of each component. The calculations are 
based on the percentage of RNase in each subcellular fraction 
(see legend to Table I) and also the relative quantity of Com- 
ponents A, B, C, and D. Thus, the procedures are all additive. 

Chromatography of extracts of all the various subcellular frac- 
tions of beef pancreas show the same chromatographic pattern 
of ribonucleases. In all cases, the B components comprise about 
7 to 10% of the total activity; the remainder was Component A. 
Chromatography in this case was carried out at pH 6.2 with 
0.18 m phosphate. 

When Chloretone (1,1, 1-trichloro-2-methyl-2-propanol) was 
used as a fungistatic agent in the buffer, the position of Com- 
ponent A was variable and dependent on the concentration of 


’The various RNase components present in the guinea pig 
pancreas have been designated RNase A, RNase B, RNase C, and 
RNase D (Fig. 1). 


Guinea Pig Pancreas Ribonucleases 
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TABLE I 


Distribution and recovery of guinea pig ribonucleases from 
subcellular fractions 

See text for details. The table records two types of values. 
The columns under the headings RNase A, ete., represent the 
percentage of each component present in the washed fractions (9). 
The final column records the recoveries of the enzyme activities 
from the columns. The final row is a calculated value of the 
distribution expected if the individual subcellular fractions were 
recombined as in a whole homogenate. 


| | | | RNase | 

% | ~ % | % % 
25 0.8 | 3.2 | 110 
Supernatant..................| | 38 | 0.68 | 
Whole homogenate........:.... 63 1.0) 6.0. 110 
Calculated whole homogenatet. 66 | 27 | 046 | 5.9 110 


t Recovery of enzyme activity in the effluent compared to the 
sample applied. 

t The percentage of RNase in each unwashed fraction was the 
following: nuclear, 12; zymogen, 28; mitochondria, 4; microsomes, 
12; and supernatant fluid, 44. 


Chloretone. For example, Component A was more strongly re- 
tained and gave a much broader peak. To avoid this variable 
all chromatographies were performed in the cold room in the 
absence of growth inhibitors in the buffers. 

When bovine pancreas RNase A (Armour Lot 381-059) was 
chromatographed with 0.15 m phosphate, pH 6.25, the retention 
volume was almost 4 times that of the guinea pig RNase A. 
However, when deslysino RNase (a generous gift of Mr. D. 
Eaker and Dr. T. P. King) was chromatographed in the 0.15 
phosphate system, the main peak coincided with the main com- 
ponent, RNase A, from guinea pig.4 Attempts to desalt the 
guinea pig enzymes with Sephadex G-25 for concentration and 
rechromatography resulted in low recoveries. This is presumed 
to be caused by the low protein concentration which was approxi- 
mately 0.2 ug per ml. 

Component C—Component C is present to a small extent in 
the initial extracts. On storage of the supernatant fluid from 
the homogenate in the frozen state however, Component C in- 
creased from 1- to 5-fold in various experiments. 

Component C (Fig. 2a) is a complex material which is not 
fractionated by repeated chromatography (Fig. 2b) and is only 
partially transformed by treatment with acid (pH 2) for 2 hours 
at 5° (Fig. 2c). After 16 hours of dialysis against water (+5°) 
and chromatography, Peak C was no longer evident, and all the 
enzyme was in the B position (Fig. 2d). In none of these ex- 
periments did enzyme activity appear in the A or D positions. 
The recovery of activity was 69% from the dialysis experiment, 
80% from the rechromatography, and 73% from the acid treat- 
ment. Rechromatography, dialysis, or acid treatment did not 
change Component A or Component B (Fig. 3). Similar results 
were observed with Component D. 

Purity of Ribonuclease A—The relative purification is close to 
the theoretical, based on the quantity of RNase initially present 


4M. Uziel, and E. Bartos, unpublished observations. 


| 
1.200 8 
400 / \ 
Cc 
/ x/ \y 
8 (b) 
1.200 
| 
Ac (c) 
/ 
x \ 
16 32 48 64 
su 
C. 
of 
aft 
| 
(d 
(+ 
in 
est 
R} 
ap] 
pig 
fur 
pul 
the 
Wo 
ret 
int 
Aj 
R} 
gen 
RN 
of i 
suc 
if o 
chre 
sub 
pat 


ly re- 
riable 
1 the 


) was 
ntion 
se A. 
r. D. 
15M 
com- 
t the 
1 and 
umed 


nt in 
from 
C in- 


s not 
only 
hours 
+5’) 
ll the 
e eX- 
tions. 
nent, 


June 1961 


(a) 


(d) | 
pom | | 
bite 16 32 48 64 


ML. EFFLUENT 


Fig. 2. Chromatography of ribonuclease from extracts of aged 
supernatant fluid and rechromatography properties of Component 
C. (a), the total extract; (b), rechromatography of the peak tube 
of Component C; (¢), rechromatography of some Component C 
after acid treatment (pH 2.0 for 2 hours at 5°) and adjustment of 
pH and ionic strength to the conditions for chromatography ; and 
(d), rechromatographyv after overnight dialysis against water 
(+5°). The column dimensions are 0.64 cm? X 50 em. See 
“Experimental Procedure”’ for details. 


in the guinea pig pancreas (8). Craddock and Dalgleish (8) 
estimate that 0.1% of the dry weight of guinea pig pancreas is 
RNase. This implies that the maximal purification would be 
approximately 1000-fold. From 250 mg (dry weight) of guinea 
pig pancreas, we obtained 40 mg of extracted protein which was 
further purified 180-fold by chromatography (Fig. 4). The total 
purification was therefore approximately 1100-fold. Because 
the pancreas secretes RNase, the percentage of composition 
would be expected to vary and therefore the calculated theo- 
retical value will indicate only an order of magnitude. It is of 
interest that the specific activity of guinea pig pancreas RNase 
Ais 7% higher than the specific activity of bovine pancreas 
RNase A. Other studies on the physical and chemical homo- 
geneity of the enzyme preparations are in progress. 


DISCUSSION 


The evaluation of the data on the subcellular distribution of 
RNase is difficult because of the possibility of either aggregation 
of initially soluble material or the disruption of fragile particles 
such as the zymogen granules. If disruption has occurred and 
if one particle is the only source of the enzymes studied, then 
chromatography will show the same pattern independent of the 
subcellular fraction studied. 

In extracts of bovine pancreas, the RNase chromatographic 
patterns of all the subcellular fractions are identical. This sup- 


E. Bartos and M. Uziel 


1699 


1.000 


A260 mu 


32 
ML. EFFLUENT 


Fic. 3. Rechromatography of the A and B components from 
fresh extracts of guinea pig pancreas homogenate. The curve 
in (a) is an extract of supernatant fluid. The curves in (}) and (c) 
represent the rechromatography of Component B and Component 
A, respectively, after isolation from (a). Acid treatment or dialy- 
sis did not alter the positions of either component. The column 
was 0.64 cm? X 30cm. See “Experimental Procedure’”’ for details. 
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Fic. 4. The patterns of elution of protein and ribonuclease 
activity. Over 90% of the protein and 110% of the RNase activity 
was recovered. The purification in this step is 180-fold. The 
peak was pooled from 51 ml to 68 ml. This was concentrated and 
used to measure the specific activity. It was 7% higher than a 
comparable sample of bovine RNase A. See text for details. 
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ports the belief that there is one quantitatively major source of 
enzyme in the bovine pancreas, 7.e. the zymogen granule. Ex- 
tracts of the subcellular fractions from guinea pig pancreas, how- 
ever, show different chromatographic patterns. This difference 
between the species can be interpreted either as the presence of 
an inhibitor for the RNase A component of guinea pig pancreas 
or as the presence of different complements of enzymes exhibiting 
RNase activity. The latter explanation is supported first, by 
the presence of Component C in the microsomes and supernatant 
fluid and.second, with the specific modification of Component C 
by dialysis or acid treatment. Earlier investigations on the 
ribonucleases of sheep (4), beef (1, 7) and mouse pancreas (2, 7) 
indicated some complex forms of RNase which are not adsorbed 
to either Amberlite IRC-50 or carboxymethyl! cellulose. These 
complexes were destroyed by procedures involving dialysis, 
acidification, or treatment with Amberlite IRC-50. Rechro- 
matography showed the presence of all of the components initially 
obtained from the crude extracts. In Dickman’s experiments 
(1, 5), the nonadsorbed component (Peak I) was eluted before 
the expected solvent front. This indicates that the complex was 
unable to penetrate the resin. Since the source of his Peak I 
was the final supernatant of a sucrose homogenate, this might 
represent an undissociated ribonucleoprotein which is too large 
to penetrate the resin. 

Our fast component is not eluted in this excluded volume but 
is present in the microsomal fraction and the nonsedimented 
fractions of fresh extracts of the guinea pig pancreas. In addi- 
tion, the aging of the homogenates causes an increase in the 
quantity of RNase C with a variable loss of activity in the other 
components. In most cases, the gains in RNase C were balanced 
by a decrease in the RNase B, but there were some cases when 
there was a concomitant loss in RNase A. Thus, we cannot 
state unequivocally at this time that the RNase C arises from 
only one of the other RNase components of the extract. How- 
ever, the reverse reaction, breakdown of the complex, yields only 
the RNase B (Fig. 2). 

The differentiation between RNase C and RNase B is de- 
pendent on those factors which govern the chromatography. 
The evidence concerning the basis for ion exchange chromatog- 
raphy of the polyion RNase points to at least two variables, 
first, the presence of specific protein-ammonium ion interaction 
with the negatively charged resin, and second, the ability of the 
protein to bind phosphate. 

The sequence and the content or location of charged residues 
is not sufficient to affect the chromatographic position. For 
example, in the sheep RNase, corresponding to the beef pancreas 
RNase A, a glutamate residue is in the place corresponding to a 
lysine residue of beef pancreas RNase A (4, 13). On the other 
hand, specific sites of interaction of the positively charged groups 
with the resin are present (14). Deslysino RNase, which differs 
from beef pancreas RNase by the absence of the terminal ly- 
sine, is not absorbed to Amberlite IRC-50 under conditions 
where the parent compound beef pancreas RNase is retained.$ 

However, this is not the only kind of specific interaction. Sub- 


T. P. King, personal communication. 


Guinea Pig Pancreas Ribonucleases 


stitution of a carboxymethyl group on the imidazole side chain 
of histidine 119 of beef RNase causes an increase in retention 
volume (15). This is the opposite to what one expects for in- 
creasing the net negative charge on the protein. But, if this 
charge interferes with the binding of the phosphate, then at this 
pH the net positive charge increases, which agrees with the ob- 
served result of an increased retention of the protein. 

Since the modifications occurring in the formation of guinea 
pig RNase C are reversible, it seems most probable that an 
alteration in the phosphate-binding properties is occurring. 


SUMMARY 


Chromatographic analysis of the subcellular fractions of guinea 
pig pancreas has demonstrated the presence of a new ribonucle- 
ase component (Component C). This enzyme is characterized 
by the following. It is a separate chromatographic peak, it can 
be transformed to only one of the two major ribonuclease com- 
ponents, 7.e. Component B, and the relative amount of this com- 
ponent increases as the homogenate ages. In addition, the 
ribonuclease Component B is three times more concentrated in 
the final supernatant fluid than in the zymogen granule. This 
is also consistent with a new kind of ribonuclease. On the other 
hand, chromatographic patterns of extracts from all the sub- 
cellular fractions of calf pancreas contained about 90% ribo- 
nuclease A and no ribonuclease was observed with the properties 
of Component C. Therefore, guinea pig pancreas has a different 
complement of enzymes than calf pancreas. 

Ribonuclease A from guinea pig pancreas has been purified 
1100-fold and has a specific activity 7% higher than calf pancreas 
ribonuclease A. 
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In recent years, numerous human enzymes and proteins have 
been crystallized and some studies have been made to determine 
physicochemical differences between those from human and 
from other animal species (1-3). Some of these studies have 
indicated that there are species differences. It was of interest 
to extend these studies to other proteins. Cytochrome c was 
chosen in the present study because it has been fairly well char- 


acterized and has a relatively low molecular weight. 


Some comparative studies on the cytochrome c have already 
been investigated by Tuppy and others (4-10). The heme- 
peptides obtained by proteolytic enzyme digestion were found 
to be chemically different in some species. However, human 
cytochrome c has never been isolated and characterized to our 
knowledge. The purpose of this present investigation was the 
isolation and crystallization of human heart cytochrome c and 
the comparison of some of its properties with those of bovine 
cytochrome c. 


EXPERIMENTAL PROCEDURE 


Chemicals—Cholic acid was purchased from Eastman Chem- 
ical Company and used without any purification. Emasol-4130 
(polyoxyethylene-sorbitan-monooleate) was kindly supplied by 
the Kao Soap Company, Ltd., Osaka, Japan. Sodium thio- 
glycolate and a@,a’-dipyridyl were purchased from the Wako 
Pharmaceutical Company, Ltd., Osaka, Japan. Amberlite 
IRC-50-X E-64 resin was purchased from the Fisher Scientific 
Company. 

Human Hearts—These were kindly collected by Dr. Chapel 
of the St. Francis Hospital, Honolulu, Hawaii and were frozen 
immediately after autopsy. 

Beef Cytochrome c—A lyophilized powder of pure heart cyto- 
chrome c was donated by the Nagase Company, Ltd., Amaga- 
saki, Japan. 

Cytochrome c Oxidases—The methods used for the preparation 
and assay of beef and human heart cytochrome c in the present 
study were reported by Okunuki et al. (11-13). (The beef hearts 
were kindly supplied by the Hawaii Meat Company, Honolulu, 
Hawaii.) In the case of the human heart preparation, the 
residue from which cytochrome c was extracted was used as the 
starting material. The amount of cytochrome c oxidase was 


* This study was supported by Grants RG-6733 and M-2891 
from the United States Public Health Service and in part from a 
grant from the Hawaii Heart Association. A preliminary report 
was given by the authors at the Pacific Slope Biochemical 
Conference, Davis, California, September 1960. 

tOn leave, Department of Biology, University of Osaka, 
Osaka, Japan. 


determined spectrophotometrically from the molecular absorb- 
ancy, 16.5 mm~! cm-!, based on the difference between the ab- 
sorbancies at 605 my and 630 mu. 

Preparation and Determination of Concentration and Purity of 
Cytochrome c—The method of Hagihara et al. (14, 15) was adopted 
for the purification of cytochrome c. The molecular absorbancy 
for reduced beef and human cytochrome c was assumed to be 
27.7 mM~ cm~! at 550 my (16). 

Iron Determination—Iron determinations were based on the 
procedure of Iwasaki et al. (17) on twice crystallized reduced 
cytochrome c. For the blank, the outer solution obtained from 
the final dialysis was used. Soft iron wire was used to make up 
the standard solutions. 

Electrophoretic Runs—aAll the experiments were conducted in 
the Perkin-Elmer electrophoresis instrument. The phosphate 
buffer used in the experiments had an ionic strength of 0.1 and 
was adjusted to pH 7.5 and prepared by the method of Miller 
and Golder (18). 


RESULTS 


Purification of Cytochrome c—The method used in the present 
investigation for the purification of human heart cytochrome c 
has been published (14, 15). Since the isolation of crystalline 
human heart cytochrome c itself has not been reported, a sum- 
mary of the purity and yields during the various steps are shown 
in Table I, starting with 850 g of human heart. 

Fig. 1 illustrates the chromatographic behavior of human 
cytochrome c on Amberlite IRC-50-XE-64 during the purifica- 
tion procedure. The fractions indicated by the arrow were col- 
lected and used for crystallization. In order to determine 
whether this was native cytochrome c or not, the hearts were 
kept in the refrigerator (5°) for 1 week and then chromato- 
graphed, rather than being frozen immediately at —40°. Under - 
these conditions, two other peaks were observed besides the 
peak obtained with fresh specimens. 

The yield of crystals in a typical experiment was 50 to 60 mg 
from 850 g of human heart. This yield was somewhat less 
than that reported for bovine heart preparations (14). 

The Ess0/E2s0 ratio of human heart cytochrome c was less 
than that of the bovine preparation, 7.e. 1.21 as compared to 
1.25. 

Photographs of the crystalline oxidized and reduced human 
heart cytochrome c are shown in Fig. 2A and 2B, respectively. 
In the oxidized form, needles crystallized as rosettes or as sep- 
arate needles, whereas in the reduced form only separate needles 
were obtained. 
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TABLE I 


Purity and yield of human cytochrome c in each purification step 


Cytochrome c | 


Steps*® of purification Volume  Ess0/E2so 

Concen- Total 

tration amount 

ml pmoles 
1. Crude extract................| 1600 | | 0.06 

2. First adsorption and elution | | | 
on XE-64. | 51 | 0.107 | 5.46 (0.35 

3. Second and elution 

4. Chromatography on XE-64... 90 0.0563 5.06 1.02 
| | 2.25% | 4.5% 1.22 
6. Second crystals.............. | 2T 1.20 


Comparative Biochemical Studies. I 


* See references (14, 15) for an explanation to the various purifi- 
cation steps. 
Tt These values express approximate amounts. 


Electrophoresis Experiments—Experiments were carried out on 
both the oxidized and reduced cytochrome c preparations. Fig. 
3A shows the electrophoretic pattern of the oxidized form. A 
single sharp peak was observed, which indicated high purity. 
Fig. 3B illustrates the pattern obtained with the reduced form. 
A small shoulder was observed, which indicated the presence of 
small amounts of another form. In all probability the reduced 
form was also pure but the reduction with ascorbic acid has 
modified a part of the cytochrome c. Evidence for this hypoth- 
esis came from the following experiment. If the cytochrome c 
was repeatedly put through a cycle involving reduction and oxi- 
dation with ascorbic acid and sodium ferricyanide and then 
chromatographed, two to three components were detected: which 
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were not originally present. According to Paleus and Theorell 
(19), their preparation of beef cytochrome c contained three 
components in the reduced state when checked in the electro- 
phoresis instrument. It was of interest that when mixtures of 
the oxidized and reduced forms were studied, a separation of the 
two components was observed as shown in Figs. 4A and 4B. 

Iron Content—Table II gives the results of the iron analysis 
of the human and bovine cytochromes. The iron content of 
twice recrystallized human preparations which were electro- 
phoretically pure showed an iron content of 0.41%. This value 
is lower than that reported for any cytochrome c (6, 19). The 
reason for this discrepancy is unknown at the present time. 

Absorption Spectrum of Cytochrome c—The absorption spectrum 
of the human heart cytochrome c in the oxidized and reduced 
forms is shown in Fig. 5. No differences could be detected in 
the absorption maxima when compared with that of beef heart 
cytochrome c. 

Specific Activity of Human Cytochrome c—The biological ac- 
tivity of human cytochrome c was checked with cytochrome 
oxidase prepared from both human and bovine hearts. The 
specific activities of both the human and bovine cytochrome c 
with the use of the human and bovine cytochrome oxidases were 
identical. These experiments also showed that human cyto- 
chrome oxidase utilizes both human and bovine cytochrome ¢ 
equally well as a substrate. 

Chromatographic Behavior of Human and Beef Cytochrome c— 
If there were any gross chemical differences between human and 
beef cytochrome c, it might be possible to separate them on 
chromatography with Amberlite IRC-50-XE-64. When a mix- 
ture of human and bovine cytochrome c was chromatographed 
under conditions used during the purification process, the two 
preparations were eluted together. 
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ABSORBANCE 


x, 


FRACTION NUMBER 


Amberlite IRC-50-XE-64 (1.9 X 40 em) equilibrated with 0.25 n ammonium 
phosphate buffer, pH 7.0, was developed with 0.25 N ammonium phosphate buffer at 5° and 7-ml fractions were collected. Frac- 


Fic. 1. Chromatography of human cytochrome c. 


tions indicated by arrow were used for crystallization. 


xX, Absorbance at 280 my; O, absorbance at 529 mu. 
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Fig. 2A. Cry stalline soln Sian heart cytochrome c. Also shown is a millimeter scale which has been enlarged. B. 
Crystalline oxidized human heart cevtochrome c. 


Mix 


Red. 


Fic. 4A. Electrophoretic pattern of a mixture of oxidized and 
reduced cytochrome c. The conditions were identical to those in 
Fig. 3A. ‘The total protein concentration was 0.53°¢ and consisted 

Fic. 3A. Electrophoretic pattern of oxidized cytochrome c. of about 40° reduced and 60% oxidized forms. Photographed 
The picture of the ascending limb was photographed at 140 min- __ at 110 aan. B. Electrophoretic pattern of a mixture of oxi- 
utes. Phosphate-sodium chloride buffer, pH 7.5,0.lionic strength, dized and reduced cytochrome c. The conditions were identical 


was used. The protein concentration was 0.34%. B. Electro- tothose described in 4A except that the total protein concentration 
phoretic pattern of reduced cytochrome c. The ‘conditions were was 0.73°%% and consisted of about 45°% in the oxidized form and 
identical except that the protein concentration was 0.42%. about 55°; in the reduced form. 


1703 


hed 
A B 
Ox. 
B 
A 
| Mi 
} 1X 


Vol. 236, No. 6 


1704 Comparative Biochemical Studies. I 
2.0 T | | | | 
416 
410 


ABSORBANCE 


300 400 500 600 


WAVE LENGTH , mu 


Fic. 5. The absorption spectrum of human heart cytochrome c. 


The spectrum of the oxidized form is indicated by the solid line 


whereas the spectrum of the reduced form is indicated by the dotted line. 


TaBLeE II 
Tron content of human and beef cytochrome c 


Source _Cytochromec Fe found content 
| 
| mg | us | % 
6.9 | 28.2 | 0.41 
DISCUSSION 


With an established procedure of purification (14, 15), human 
heart cytochrome ¢ can be readily obtained in crystalline form 
in both the oxidized and reduced states. In comparison with 
results obtained with human ribonuclease and human amylase 
(1, 2), there is a striking similarity of the human and bovine 
heart cytochrome c. The properties studied include activity, 
chromatographic behavior, absorption spectrum, iron content, 
ete. This does not mean that chemical differences do not exist. 
In fact it would be very surprising if human cytochrome ¢ and 
bovine cytochrome ¢ had the same primary, secondary, and 
tertiary structures. Such studies as amino acid composition, 
sequence studies, heme-peptide investigations, etc., would have 
to be made to establish clearly any differences. 

It has been reported (5) that beef and pigeon cytochrome c 
in the oxidized and reduced states have different mobilities. 
An analogous situation was found in the case of human cyto- 
chrome c. At pH 7.5 the mobility of the reduced forms was 
less than that for the oxidized forms. This mobility difference 
is a consequence of the reduction of the iron from ferric to fer- 
rous state and possibly of alterations in the secondary or tertiary 
structures of the protein moiety. Nozaki et al. (20) have shown 
that the oxidized form is more readily digested by proteolytic 
enzymes than is the reduced form, suggesting that the reduced 
form has a more rigid structure. 

Various investigators (6, 21) have shown that bacterial cyto- 
chrome oxidases are incapable of utilizing mammalian cyto- 
chromes. The preliminary results with human cytochrome oxi- 
dase indicate that it is capable of utilizing both human and 


bovine cytochrome c equally well as a substrate. These studies 
further illustrate the similarity in the components of the bovine 
and human electron transport system. 


SUMMARY 


1. The preparation of crystalline human heart cytochrome ¢ 
in both the oxidized and reduced states has been described. 

2. Some of the physicochemical properties of the human heart 
cytochrome c have been determined and compared with those of 
bovine heart cytochrome ce. 

3. Human cytochrome oxidase can utilize equally well either 
bovine or human cytochrome c. 

4. These studies indicate that there is a great similarity in the 
structures of several of the components of beef and human elee- 
tron transport systems. 


Acknowledgment—The authors wish to thank Dr. Willis A. 
Gortner for the use of the facilities at the Pineapple Research 
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Several investigators have studied ribonuclease and its con- 
formation changes by the technique of difference spectrophotom- 
etry (1-3). The ribonuclease molecule contains three abnor- 
mal tyrosy] residues which cannot be titrated until a pH greater 
than 12 is reached (4, 5). It has been shown (6) that it may be 
possible to relate all the difference spectra quantitatively to each 
other and to the state of the ribonuclease molecule. More 
specifically, if a conformation change normalizes some of the 
abnormal tyrosy] residues, 7.e. changes them so that they can be 
titrated in the pH range, around 10, usually observed for phenolic 
hydroxy! groups, then it appears that the difference spectra ob- 
served between the modified and native forms of the molecule 
ean be related to the number of abnormal residues which have 
been normalized. The assumption involved here is that the 
normalization of abnormal residues is responsible for the spectral 
shifts observed by difference spectrophotometry; and this as- 
sumption appears consistent with all evidence at present avail- 
able. 

The difference spectra of RNase are due to a change in the 
environment of the tyrosyl residues, which causes a shift of the 
spectrum to shorter wave lengths when the molecule unfolds. 
This has been called the “denaturation blue shift” (3). At any 
wave length A, the difference in molar extinction Ae, accompany- 
ing a shift in the spectrum of AA is given by the relationship 
Ae, = — Ad(de/ddX), where (de/dA), is the slope of the spectrum 
at wave length A (7). Thus, Ag can be used as a measure of 
the spectral shift. Bigelow (6) showed that the total possible 
denaturation blue shift for RNase at 287 my (the wave length 
at which Ae is largest) was —2600 + 100, and that this occurred 
whenever all three anomalous tyrosyl residues had been nor- 
malized. It was possible to assign values to the contributions 
made by the individual anomalous residues when they were 
normalized in a conformation change. This was possible by 
trying combinations of previous experiments to see if various 
spectrophotometrically observable conformation changes were 
additive. For example, RNase in water undergoes a denatura- 
tion blue shift when adjusted to low pH (1) and also when dis- 
solved in 8 M urea (2). But once RNase is in 8 M urea, there is 
no further shift on lowering the pH (6). This clearly indicates 
that whatever spectral change occurs in low pH in water has also 
occurred when RNase is unfolded in 8 M urea at neutral pH. In 
this way it was found that two of the abnormal tyrosy] residues 
(A and C) could each contribute —1000 to Aeos7 and the other 


* These studies were supported by a research grant from the 
National Cancer Institute, U. 8. Public Health Service, Contract 
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(B) could contribute —700. The individual values were, of 
course, somewhat uncertain, but the data then available were 
remarkably consistent. 

Experiments such as these have, therefore, produced evidence 
for the existence of a number of spectrophotometrically distin- 
guishable derivatives and denatured states of RNase. It is im- 
portant to obtain more evidence that it is possible to assign values 
of Aeos7 to the normalization of individual tyrosyl residues. Re- 
cently, Foss (8) has studied, by difference spectrophotometry, 
the reversible conformation change which RNase goes through 
between 50 and 70° and which was first observed by Harrington 
and Schellman (9). Foss has shown that the conformation 
change is accompanied by a spectral shift, and from his data one 
can calculate that Aes; = —1580. Since this value is, within 
experimental error, equivalent to —1700, it may mean that two 
tyrosyl residues are normalized in the transition and, further, 
that these are A and B, or C and B. 

In an attempt to supply some confirmatory evidence for the 
validity of assigning values of the denaturation blue shift to the 
normalization of individual anomalous tyrosyl residues, the 
experiments of Foss (8) have been extended. In an attempt to 
support the previous conclusion (6) that normalizing all three 
anomalous residues causes a denaturation blue shift whose value 
is —2600 regardless of the method of denaturation, the spectral 
properties of alkali-denatured RNase have been examined. 


EXPERIMENTAL PROCEDURE 


The bovine pancreatic RNase was a Worthington preparation, 
lot No. 553. Protein concentrations were determined by ultra- 
violet absorption at 277.5 my. Semi-micro Kjeldahl determina- 
tions led to a molar extinction of 9800 for this sample of RNase 
at this wave length. 

1. Experiments at Low pH and High Temperature—Solutions 
of RNase, 3.5 mg per ml, in 0.1 M acetate buffer, pH 4.0, were 
used as reference solutions. Experimental solutions were made 
up to be of identical RNase concentration, and of pH varying 
from 0.8 to 3.3 at room temperature. Differences of absorbancy 
between the solutions were measured at room temperature in 4 
Beckman DU spectrophotometer equipped with a photomulti- 
plier. The experimental and reference solutions were then 
heated in an oven (the cuvettes were taped shut, which prevented 
significant evaporation) until they just boiled. They were 
rapidly taken to the spectrophotometer and differences in the 
absorbancy were again determined. These values were constant 
for several minutes, showing that the solutions had not cooled 
enough for the conformation change to reverse. Finally, the 
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TABLE I 


Denaturation blue shifts observed for denatured forms and derivatives 
of RNase compared to native RNase at 25°, neutral pH 
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one hour at 20°. Tanford et al. (5) have shown that this treat- 
ment normalizes all the anomalous tyrosyl] residues irreversibly. 
The sample was neutralized to pH 6.3 and a difference spectrum 


PD was measured from 270 to 400 mu by comparing it to a solution 
Treatment normalized | “2s; | Reference* = of native RNase of identical concentration (1.44 mg per ml). 
Denatured Alkali A, B, C |—2660° | 5, this RESULTS 
forms paper The data from the experiments at low pH and high tempera- 
8 M — A, B, C |—2600° | 2 ture on RNase are reported as values of Aess7. In all cases the 
5M LiBr A,B —1700¢ | 18,3 
10 LiBr A. B.C l_2700¢ | 6 difference spectra were typical tyrosyl difference spectra having 
Low pH, T < 17° a 600 | 13 two minima, one at 280 my and a larger one at 287 mu. The 
Low or neutral pH, | A, B ~1700 | 8,13, this difference spectra approached zero at 300 my and they changed 
T > 43° paper sign in the vicinity of 270 mu. 
For the experimental solutions before heating, the data are in 
f Derivatives | Performic acid A, B, C |—25004 | 9 agreement with results previously reported (1, 11). Aess7 for 
; Complete — pepsin | A, B, C |—2500 | 2 RNase at pH 1, compared to neutral RNase, is about —1000. 
digestion : When the solutions were heated, including the reference solution, 
} Partial pepsin di- | B,C —1700 | 2 Aéssz was 0, within the experimental error, at all the pH values 
gestion studied. 
P B,C When the solutions were re-cooled, those that had been at pH 
below 1.5 showed values of — 1670 (+70). In other words, 


«References are to original observers of the spectral shift 
under the given conditions. 

+ Value corrected for light scattering. See text. 

¢ Values corrected for effect of medium on normal tyrosy] resi- 
dues (6). 

4 Calculated value (6). 

¢F. M. Richards, private communication. 
text. 


See discussion in 


solutions were allowed to cool to room temperature and differ- 
ences in absorbancy were again determined. No solution was 
subjected to more than one such heating-cooling cycle. 

One other experimental datum was required. It was necessary 
to show that the RNase in acetate actually went through this 
procedure reversibly. Two identical solutions of RNase in 
acetate were prepared; one was heated as before and then cooled. 
At each stage absorbancy differences were determined using the 
unheated solution as a reference at 287 mu. At the start, the 
difference was 0.000; for the hot solution the difference was 
—0.395 (Aessy = —1550, as found by Foss (8)); for the cooled 
solution the difference was 0.007, indicating that the RNase 
solution in acetate, used as a reference for the earlier experiments, 
is not affected significantly by this treatment and that the con- 
formation change occurs reversibly by this criterion. 

2. Spectrophotometric Titration of Irreversibly Acid-denatured 
RNase—When it was found (see ‘“‘Results’”) that RNase which 
had been heated to boiling at pH 1 was irreversibly denatured, 
a sample was prepared and a spectrophotometric titration (10) 
was carried out on it. The solution for the spectrophotometric 
titration was approximately 0.01 m in glycine and 0.01 m in 
phosphate, and contained about 0.5 mg. of RNase per ml. The 
pH was adjusted from 6 to 13 by consecutive additions of 0.85 
N KOH. Samples were removed from the pH meter and read 
in the spectrophotometer at a number of wave lengths in the 
vicinity of 295 my and at several points between 300 and 400 
my. After the spectrum was determined, the sample was re- 
turned to the pH meter for another adjustment of the pH, and 
the procedure was repeated. 


the conformation change was not reversible at these low values 
of pH. Those that had been at pH above 2.5 showed Aes; values 
of 0 (+100), indicating that at these pH values the conformation 
change was reversible. One solution, which had been at pH 2.2, 
showed a time-dependent change. When it had cooled to about 
35°, Aéos7 was still about —1700 but this value slowly changed 
until, about an hour later, Aéss7 leveled off at —140, the same as 
it had been before heating. 

A sample of irreversibly denatured RNase which had been 
boiled at pH 1 was prepared. This sample, as indicated above, 
showed a denaturation blue shift of —1700 at pH 1 and also 
when it was neutralized to pH 6.3, so that not even raising the 
pH caused the reversal of the conformation change. The results 
of the spectrophotometric titration of this sample are shown in 
Fig. 1, as a plot of Aes; against the pH (10). There are two 
steps to the titration curve of relative heights about 5:1. The 
break in the titration curve occurs at pH 12.5. The points in 
the first step were independent of time, but those in the second 
step increased with time. The data in this figure and Fig. 2 are 
taken after the time-dependent changes had ceased. In Fig. 1 
are included the data of Tanford, Hauenstein, and Rands (5) 
for native RNase. Fig. 2 shows difference spectra (not to be 
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Fic. 1. Spectrophotometric titration of irreversibly acid-de- 


3. Difference Spectrum of Alkali-denatured RNase—A sample 


natured RNase. @, data were time dependent; ----, data of 
of RNase was denatured by allowing it to remain at pH 13.1 for | 


Tanford et al. (5) for native RNase. 
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l { point. The probable reason for the abnormal behavior observed da 

here will be discussed below. Ri 

3,000;- thi 

DISCUSSION sin 

2. 000|- e The measurements of Foss (8) show that when RNase is on! 

heated in neutral solution to above 70° a denaturation blue shift | sh 

occurs, and it is possible to calculate from his data that Aes, is — blu 

—1580. The experiments reported here confirm this result and si 

1,000F om they also show that when RNase is heated above this transition it 

temperature a decrease in the pH does not result in any further » - 

| 3 | spectral shift. Such a spectral shift, due to lowering of the pH, ths 

0 285 295 305 315 is observed with RNase at lower temperature. This blue shift nat 

was attributed to the normalization of anomalous tyrosyl A (6) (at 

r and Aéos7 for this process is —1000 (11). Since it does not occur wh 

Fia. 2. Difference spectra calculated (see text) for the two steps in RNase at the high temperature when the pH is lowered, we nea 
of the spectrophotometric titration curve of irreversibly acid- . f 4 
denatured RNase. ©, Geet stew (data divided ty must conclude that the conformation change caused by the high hie 
step. temperature also causes the normalization of anomalous residue 6 
A, as does low pH alone. den 

confused with the difference spectra at neutral and acid pH Thus, it is demonstrated that the denaturation blue shift ob- oer 
values discussed elsewhere in this paper) for each step of the served by Foss (8) includes two contributions, one of which is det 
titration curve. The curves were prepared by the rather inac- apparently due to normalization of anomalous residue A (Aeg = | ie 
curate procedure of subtracting one spectrum from another. For ~—1000). The remaining —600 of Foss’ denaturation blue shift 
the first step the spectrum at pH 6.3 was subtracted from that 18 very likely due to the normalization of another of the anoma- has 
at pH 12.5. For the second step the spectrum at pH 12.5 was _ lous residues. This is probably B, whose contribution to the for 
subtracted from that at pH 13.1. For purposes of comparison, denaturation blue shift was previously assessed at —700 (6). 8 
the numerical values of the difference spectrum for the first step Hermans and Scheraga (13) have recently examined this we 
were divided by five. phenomenon in considerable detail. They show that the value of | 
Fig. 3 shows the difference spectrum of alkali-denatured for Aess; (observed for RNase on decreasing the pH) is tempera- | wey 
RNase. This is not a typical tyrosyl difference spectrum, for ture-dependent, being about —600 at temperatures below 17°, | ns 
although it has the two minima at the right wave lengths, its —1700 above 43°, with intermediate values observed at inter- - 
shape is different from that usually observed (compare previously mediate temperatures. The reference solutions here were RNase sae 
published difference spectra for RNase, e.g. those in references at neutral pH and room temperature, so that their results and — — 
in 1, 2 and 6) and it is displaced upward. There is an unusual ours agree that there are contributions from two tyrosyl] residues oe 
difference in absorbancy in the region above 300 mu which de- to the spectral shift caused by the heat transition. Thus, it is | “ 
creases at longer wave lengths but which is still significant even Seen that unique significance cannot be assigned to an extinction - 
at 400 mz. The usual difference spectrum approaches zero at change observed on the acidification of native RNase at an a : 
300 my and it changes sign around 270 mu, but not above this intermediate temperature. However, a derivative, pepsin-in- — — 
activated RNase, first prepared by Anfinsen (12) was also studied plet 

0.300-— (6, 1 1). This derivative has only one anomalous tyrosy] residue, 

which can be normalized by titrating the derivative to low pH. — | 

Aeos7 for this process is —1000 (11). This anomalous tyrosyl = 

0.200/-  ~ ae was called A (6). When RNase was examined in the same study one 

(11) it was titrated to low pH at 25°, and when Aees7 was found — 

0.100 to be —1000, this transition was assumed to be also due to the — arte 
normalization of residue A. From the work of Hermans and | _ 

AA Scheraga (13) it is clear that in this case, the —1000 consists of — a 
Or the —600 they observed at low temperatures (and which we | =m 

attribute to the normalization of residue B) and part of the other 1] 

a —1000 they observed between 17° and 43° (and which we attrib- 2} 

ute to residue A). It seems that a conclusion reached earlier = = C@IT3 

(6), 7.e. that no more than one of the anomalous tyrosyl] residues — 

-O. 200}—- — of RNase can be involved in carboxylate hydrogen bonds, must prese 

be modified in the light of the later work of Hermans } porte 
ae | | | | | and Scheraga (13). Now it can be seen that two of them (A | steps 
a 270 280 290 300 310 320 and B) may be involved in such bonding. ) ae 
x If it is correct, as we believe, that pepsin-inactivated oe gee 

: : : . contains only one anomalous tyrosyl residue (A) and that 1 six t 
total denaturation blue shift is observed on lowering the pH to | RNa 
corrected data; @, corrected data (see text); ----, correction 1 at 25°, then this value would have to be the same (—1000) at pe 


for light scattering. higher temperatures, in contrast to the behavior of RNase. No 
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data bearing on this question are available at present. However, 
Richards! has examined his derivative, RNase-S-Prot (14) from 
this point of view. RNase-S-Prot is spectrophotometrically 
similar to pepsin-inactivated RNase, in that it appears to have 
only one anomalous tyrosyl but still gives a denaturation blue 
shift on lowering the pH to 1. The value of this denaturation 
blue shift is the same at 25° and 37°, which is the sort of behavior 
we expect for it and for pepsin-inactivated RNase. In passing, 
it can be pointed out that the fact that these two derivatives 
are spectrophotometrically similar would apparently indicate 
that the two ends of the RNase chain are near each other in the 
native molecule, since pepsin attacks near the COOH-terminus 
(at least in the spectrophotometrically significant step (2, 12)) 
whereas subtilisin, the enzyme used by Richards (14) attacks 
near the NH.-terminus. 

The experiments reported here on the acidification of RNase at 
high temperatures lead one to suppose that RNase irreversibly 
denatured by acid should still have one anomalous tyrosy1 residue 
(residue C). If this is correct, the anomalous residue should be 
detectable by spectrophotometric titration.2. Figs. 1 and 2 show 
that the irreversibly acid-denatured RNase does have one anoma- 
lous tyrosyl residue as expected. The titration curve (Fig. 1) 
has two steps of relative heights 5:1 and the difference spectra 
for each step (Fig. 2) have maxima at 295 muy, as expected for 
the ionization of tyrosyl residues. <A possible explanation for 
the contradiction between the results of this experiment and that 
of Hermans and Scheraga? also presents itself. For the second 
step of the titration curve, the difference spectrum has an un- 
usually large difference in extinction in the region above 310 mu, 
which only approaches zero at 400 mu. The apparent explana- 
tion for this extra absorbancy is that when the RNase reaches 
very high pH values (around 13) the denatured molecules aggre- 
gate and the aggregates cause an increase in the light scattering 
and an apparent increase in the absorbanecy. Processes of this 
sort are, of course, hard to control and it is easy to imagine that 
under other experimental conditions the apparent absorption 
change due to light scattering might be so large as to mask com- 
pletely the true absorption change due to tyrosyl ionization. 
The difference spectrum reported by Hermans and Scheraga? for 
the second step was very much like what one would expect for a 
process involving aggregation. Under the experimental condi- 
tions used here it has fortunately been possible to observe un- 
equivocally the ionization of tyrosyl residues in each step of the 
titration curve. 

Finally, we consider the difference spectrum of the alkali-de- 
natured RNase at neutral pH (Fig. 3). As mentioned above, 
this difference spectrum is quite different from those previously 


1 Richards, F. M., private communication. 

? Hermans and Scheraga (15, see also 13) have recently reported 
carrying out a spectrophotometric titration on this irreversibly 
denatured RNase and, indeed, they found a two-stepped titration 
curve similar to the one shown in Fig. 1 (15). During the oral 
presentation of reference 15 (cf. 13) Hermans and Scheraga re- 
ported that they had determined difference spectra for the two 
steps of the titration curve. They found that the second step 


did not give a difference spectrum characteristic of tyrosyl ioniza- 
tion and they then concluded that some other process was being 
observed in the second step. They therefore believed that all 
six tyrosyl residues were normal in the irreversibly acid-denatured 
RNase, and that they were all titrated in the first step. This 
experiment has been repeated to see if the contradiction can be 
resolved. 


C. C. Bigelow 
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observed for RNase. This one is distinguished by a significant 
vertical displacement at all the wave lengths studied. This is 
no doubt due to the same phenomenon, 7.e. light scattering 
caused by the aggregation of the alkali-denatured protein which 
was observed in the spectrophotometric titration discussed above. 
Leach and Scheraga (16) have discussed the complication of 
difference spectrophotometry which is introduced by changes in 
light scattering. They studied the difference spectra of insulin, 
a protein that polymerizes or depolymerizes in response to 
changes in the pH. Leach and Scheraga showed convincingly 
that light scattering corrections can be applied to difference 
spectra by measuring changes in the apparent absorption at 
wave lengths longer than those at which the changes in true 
absorption should be significant. These data, when plotted on 
log-log paper give a straight line, and by extrapolation back to 
the spectral region of interest give corrections for the observed 
spectra. Thus, a light scattering correction is subtracted from 
the total difference in absorption of the two solutions, and one 
can determine the net change due to change in the environment 
of the chromophoriec groups in the protein. This procedure has 
been applied in the present experiment. The dotted line in Fig. 
3 gives the scattering correction determined in this way; and 
the corrected difference spectrum, which is also shown, has the 
typical character of other RNase difference spectra. 

It should be noted that both the uncorrected difference spec- 
trum and the scattering correction were slightly time dependent, 
but the corrected difference spectrum was not. The time-de- 
pendent changes were such that the scattering correction became 
smaller as time passed, indicating that the protein aggregated at 
pH 13 was slowly disaggregated after lowering the pH to 6.3. 
The fact that the corrected difference spectrum did not vary with 
time indicates that the denaturation is not reversible in so far as 
the tyrosyl residues are concerned. It also shows that the tyrosyl 
residues are not intimately concerned in the aggregation-disag- 
gregation reaction, and suggests a method by which tyrosyls 
involved in intermolecular interactions might be distinguished 
from those involved in intramolecular reactions. 

The numerical value for Aeéos7 for the neutral alkali-denatured 
RNase (corrected for light seattering) is —2660. This is the 
same value that was repeatedly found in earlier work on other 
RNase derivatives and denatured states in which all three 
anomalous tyrosyl residues had been normalized (6). Four such 
states have now been examined. Sela and Anfinsen (2) studied 
RNase in 8 M urea by difference spectrophotometry and it was 
later shown that their result was consistent with Aess; = —2600, 
if it were corrected for the effect of 8 M urea on normal tyrosyl 
residues (6). Blumenfeld and Levy (16) showed that all six 
tyrosyl residues titrate normally when RNase is in 8 M urea. 
Sela and Anfinsen (2) studied a final peptic digest of RNase by 
difference spectrophotometry and found that Aéss7 = —2500. Al- 
though no one has titrated this digest, there is no reason to 
imagine that any of the tyrosyl residues are still anomalous. 
The six tyrosyl residues in performic acid-oxidized RNase titrate 
normally (11). Calculation of Aes; indicates that it would be 
— 2500 (6). 

Thus, it seems certain that in any derivative or denatured state 
of RNase in which all six tyrosyl residues are titrated normally, 
regardless of how they have been normalized, a difference spec- 
trum will indicate that Aeoxs7 = —2600, and that this is the total 
possible denaturation blue shift. 
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The recurrence of this value, and of the values —1000 and 
—700 for the individual anomalous residues A and B, increases 
our confidence in the validity of assigning values to the individual 
residues, as well as in the numerical values themselves. 

In closing, it may be helpful to consider a list of denatured 
forms and derivatives of RNase in which denaturation blue shifts 
have been observed. Table 1 provides such a list, includes the 
values of Aéss7 for these blue shifts and also identifies the individ- 
ual anomalous residues normalized by each treatment. In some 
cases the numerical values of Aéos7 are corrected values and may 
therefore not agree with the values given by the original ob- 
servers. In such a case, the author’s earlier paper (6) should be 
consulted. 


Acknowledgment—The author is grateful to Dr. Harold A. 
Scheraga for the opportunity of reading two manuscripts by 
himself and his colleagues (13, 16) before they were published. 


SUMMARY 


The ultraviolet difference spectra of three denatured forms of 
ribonuclease, two of which are apparently spectrophotometri- 
cally identical, have been examined. On raising the temperature 
sufficiently, ribonuclease unfolds reversibly with a denaturation 
blue shift which is shown to consist of two parts. The magnitudes 
of these two parts serve to identify the anomalous tyrosy] residues 
involved as those previously identified as A and B. 

If the pH is low enough this denaturation is irreversible, but 
the irreversibly denatured molecule is spectrophotometrically 
identical to the reversibly denatured molecule. It has one anom- 
alous residue according to spectrophotometric titration. This is 
the residue previously identified as C. 

When ribonuclease is denatured by exposure to high pH, all 
three anomalous tyrosyl residues are normalized. On lowering 
the pH the difference spectrum observed is similar to, but with 


Acid- and Base-denatured Ribonuclease 


a significant difference from, those usually observed. The differ- 
ence is attributed to an increase in the apparent absorption 
caused by light scattering by aggregated denatured molecules. 

The magnitude of the denaturation blue shift observed for the 
alkali-denatured protein, corrected for the effect of light scatter- 
ing, is the same as has been found previously when all three 
anomalous tyrosyl residues were normalized. 
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We have reported in a previous paper (1) that optical rotatory 
dispersion measurements indicate that the native conformation 
of 8-lactoglobulin, in aqueous solution, contains few, if any, 
regions with an a-helical structure. It appears likely, from the 
many studies of Jirgensons (2) that this conclusion is applicable 
to a large number of globular proteins, and we have suggested 
that this indicates the most important factor in the determination 
of protein structure in aqueous solutions to be the hydrophobic 
force which has its origin in the hydrogen-bonded structure of 
the solvent, water. 

We have also shown previously (1) that the addition of a 
variety of organic substances to aqueous 6-lactoglobulin at pH 3 
leads eventually to a conformation which, again on the basis of 
optical rotatory dispersion, has a high content of a-helices. In 
other words, when the concentration of water is sufficiently 
depleted, the hydrophobic forces vanish and the tendency to 
form intramolecular hydrogen bonds becomes the predominant 
factor in the determination of structure. 

Our previous study (1) also showed that the change in con- 
formation which results from the addition of organic substances 
to aqueous @-lactoglobulin is not a single reaction, but that it 
occurs in two stages: first an unfolding of the native structure and 
then a refolding to the predominantly helical structure. This 
finding was taken as further proof that the conformation in 
aqueous solution differs from the helical conformation in a funda- 
mental way. If the difference were simply due to the shift of a 
helix-coil equilibrium, with helices favored in the water-poor 
solvents but progressively disrupted as the water content is 
increased, then a smooth transition from one conformation to 
the other would have occurred. 

The chief purpose of the present paper is to compare the organic 
substances used in our earlier study with two substances not used 
previously, urea and formamide. These substances are expected 
to interfere with the formation of CO---HN hydrogen bonds, 
and should thus prevent the refolding reaction leading to a helical 
conformation. On the other hand, urea and formamide should 
have no special effect on the unfolding reaction if the native con- 
formation owes its stability to the hydrophobic forces produced 


* This work was supported by research grants from the National 
Science Foundation and from the National Institute of Arthritis 
and Metabolic Diseases, United States Public Health Service. 
The experimental part of this study was carried out in the Depart- 
ment of Chemistry, State University of Iowa, with the assistance 
of Mrs. Valerie G. Taggart. 


by the structure of water. Both these predictions are confirmed 
by the data presented below. 


EXPERIMENTAL PROCEDURE 


The 6-lactoglobulin used in these studies was purchased from 
Pentex, Inc., Kankakee, Illinois. Urea was purified by the 
method of Schellman (3). Formamide was a highly purified 
commercial reagent. Ethanol, dioxane, and water were purified 
by standard distillation procedures. 

Optical rotation measurements were carried out as described 
previously (1). A mercury lamp was used as light source and 
measurements were made at 365, 405, 436, 546, and 578 mu. 
The results were plotted according to the equation of Moffitt and 
Yang (4), 


(x? — 


3 M, 
[a] = 


n? + 2 100 (1) 


sample plots being shown in Fig. 1 of our previous paper (1). 
In this equation n is the refractive index, \, is the absorption 
wave length associated with the rotation (assumed to be 212 my), 
and ./, is the average molecular weight per residue, taken as 112. 
The dispersion of refractive index was neglected. 

The Moffitt-Yang plots were used to determine the parameter 
bo, as well as the specific rotation [a]5s9 at the wave length of the 
sodium D line (589 my). These parameters and the values of 
[a]43, measured directly at 436 mu are used as the basis of this 
study. 

Solutions for measurement were prepared by 5-fold dilution of 
stock solutions of B-lactoglobulin which had an initial concen- 
tration near 2.5 g of protein per 100 cc, the solvent being water 
containing 0.1 mM tetramethyl ammonium chloride. Protein 
insoluble at the isoelectric point was removed by centrifugation 
and HCl was added to bring the pH near pH 3.0. After dilution, 
the protein concentration was 0.5 g¢/100 cc, the ionic strength 
was 0.02, and the pH (in water) was always between pH 2.9 
and pH 3.1. The concentration of each stock solution was de- 
termined from the observed specific rotation at 365 mu after 
5-fold dilution with water, with the use of the value fa]z5 = 
—116°. 

All measurements were made at 25°. The results reported for 
dioxane are the same as those which formed the basis of our 
earlier study (1). The results for ethanol include the earlier 
data and some new results. 
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RESULTS! 


The values of [a]43, observed in urea and formamide solutions 
are shown in Fig. 1. The parameters 6, and [a@]ss9 calculated 
from Moffitt-Yang plots are shown in Figs. 2 and 3. Values of 
b, for dioxane and ethanol are given in Fig. 4, and the correspond- 
ing values of [a]43. in Fig. 5. Values of [a];s9 are also used in the 
subsequent calculations. Those for dioxane are given in Fig. 2 
of our earlier paper (1). 

Most of the experiments cited in these figures represent values 
of the specific rotation which were instantaneously attained, and 
which remained unchanged during the period of examination, 
which in most cases was less than 1 hour. Moreover, as the 
“reversed” points of Figs. 1 to 3 show, the reaction with urea 
and formamide appears to be reversible. In experiments which 
will be reported at a later date we have shown that the reaction 
with dioxane is also reversible. The reaction with ethanol, 
however, is not completely reversible. The reason for this ap- 
pears when viscosity measurements are made. Preliminary 
studies indicate a rapid increase in viscosity with time when the 
ethanol concentration is about 40 ec/100 ec. This could mean 
that aggregation which is difficult to reverse occurs in this sol- 
vent. The effect of this aggregation upon the optical rotation 
appears to be small and we have assumed that the rotation values 
for ethanol represent the reversible equilibrium of unaggregated 
B-lactoglobulin. It may be noted in this connection that Kauz- 
mann and Simpson (5) observed some time effects in optical 
rotation changes produced by urea at pH 7. We have observed 
somewhat smaller changes, but only at the two highest concen- 
trationsused. The data in Figs. 1 and 2 represent in this case an 
extrapolation to zero time. 

We see from Figs. 2 and 3 that urea and formamide produce 
essentially no change in the dispersion parameter 6., whereas high 
concentrations of the other organic substances which we have 
used always lead to a marked change in 6, towards a high negative 
value, as shown in Fig. 4 for ethanol and dioxane. We have 
interpreted a high negative value of 6, as indicative of a confor- 
mation with a high helix content (1). No such structure is 
evidently formed in the presence of urea or formamide, as was 
anticipated. 

A corresponding difference is observed in [a@}43, and [a@]ss9. In 
ethanol and dioxane (Fig. 5) [a] initially becomes more negative, 
but this initial change is followed by a change in the opposite 
direction, towards the more positive values typical of a-helical 
conformations (1). In urea and formamide only the first of 
these processes is observed; the final rotations are in the range 
found for unfolded proteins in general. 

In the experiments with urea we were unable to attain a suf- 


1 It should be noted that the results of this paper do not include 
a study of the state of aggregation of 8-lactoglobulin, nor do they 
indicate whether the conformation of the protein as deduced from 
optical rotation measurements agrees with the conformation de- 
duced from other properties. 

Studies which bear on these questions are in the process of being 
completed, but only one solvent, dioxane, has been used. Pre- 
liminary analysis of the data indicates that the native 8-lacto- 
globulin is dissociated to single polypeptide chains before unfold- 
ing begins and that no reaggregation occurs. Furthermore, 
changes in viscosity and sedimentation coefficient parallel changes 
in optical rotation, such that the protein conformations assigned 
on the basis of optical rotation appear to be confirmed by these 
methods. A full account of our studies with dioxane will be pub- 


lished at a later date. 
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ficiently high urea concentration to determine unequivocally 
what the rotation at the end of the transition would be. We 
have assumed that the final values would be the same as those 
observed by Schellman (3) in the reaction of urea with 6-lacto- 
globulin at pH 5.5 and ionic strength 0.1. Under these condi- 
tions, the unfolding reaction occurs at a lower urea concentration 
than at pH 3 and ionic strength 0.02, and rotations characteristic 
of the completely unfolded state can be observed, as shown in 
Figs. 1 and 2. It may be noted that the most negative value of 
[a]ss9 attained in the urea reaction at pH 7 and ionic strength 
0.14 by Kauzmann and Simpson (5) is just 3° higher than the 
highest value in Schellman’s experiments. The urea concentra- 
tion required to produce unfolding was intermediate between 
that observed by us at pH 3 and that observed by Schellman at 
pH 5.5. 


CALCULATED RESULTS 


The simplest possible interpretation of the experimental results 
observed with urea and formamide is that they represent equilib- 
rium in a single reaction, 


N (native) — U (unfolded) 


The specific rotation of each conformation depends slightly on 
solvent composition, but in the narrow range of composition 
within which the transition occurs we may without error use 
constant values. For the native conformation, at 436 and 589 
my, respectively, [a]y = —75° and —33.5°. For the unfolded 
conformation, at the same wave lengths, [a]; = —219° and 
— 102° in formamide and [a]; = —250° and —120° in urea. 
The observed rotation [a] is given by 


la] = fylaly + (2) 


where fy is the fraction of molecules in the native conformation 
and fr = 1 — fy is the fraction in the unfolded state. The 
values of fy and fy can thus be determined from the data and 
the equilibrium constant A = fv/fy can be evaluated. There 
is very satisfactory agreement between the values calculated 
from |a}43, and those calculated from [a]5s9, the largest difference 
for any of the results in Fig. 6 being 0.04 in log A. The values 
of log A observed are plotted as a function of solvent composition 
in Fig. 6. It is seen that the major part of the transition may be 
described by an equation of the form 


K = K,C (3) 


in which C is the concentration of the organic component of the 
solvent. For formamide n = 20, forurean = 22. If Kauzmann 
and Simpson’s data for the urea reaction (5) at pH 7, extrapolated 
to zero time, are treated the same way, one obtains n ~ 10. The 
urea reaction observed by Schellman (3) at pH 5.5 has a large 
dependence on concentration over most of the transition region, 
requiring n S 15. 

We wish to compare these results with the unfolding process 
which occurs when dioxane or ethanol is added to aqueous {- 
lactoglobulin. To accomplish this we must first eliminate from 
consideration that part of the B-lactoglobulin which in these 
solvents exists in the helical form. We again make the simplest 
possible assumption, namely that there are just two successive 


reactions, 


N (native) = U (unfolded) — H (helical) 


Where fx, fr, and fy represent the fractions of molecules in each 
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Fig. 1. Specifie rotation at 436 mu. The urea concentration is expressed as grams per 100 ce of solution and the formamide concen 
tration as ce added per 100 ce of solution. QO, results obtained after previous exposure to a concentration of 60 cc of formamide per 
100 ec, except the lowest such point, which was obtained after exposure to 40 g of urea/100 cc; ®, data of Schellman (3), adjusted to 


25° by interpolation. 


Fic. 2. Values of 6, and specific rotation at 589 my for urea; symbols are as in Fig. 1 
Fic. 3. Values of 6b, and specific rotation at 589 my for formamide; @, results after previous exposure to a concentration of 60 


ec/100 ee. 


Fia. 4. Values of 6b, for dioxane and ethanol 


conformation and [a] y, (b.) n, etc., the corresponding values of [a] 
and b., we have, for the experimental values of these parameters, 


b, = fu(bo)n + fu(bo)u + fu(bo)x (4) 
le] = + fulalu + fulalu (5) 


Since 6, is not significantly altered when @-lactoglobulin is un- 
folded by urea and formamide, nor when it is unfolded by alkaline 
denaturation (1), we may take (b.)v = (b.)~ = —70°, so that 
fu or fy +fvis obtained directly from Equation 4 and Fig. 4 if a 
value can be assigned to (b.)y. As Fig. 4 shows, conversion to 
conformation H is not complete at the highest concentrations 
of ethanol and dioxane which were used. The assignment of 
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Fic. 5. The specifie rotation at 436 my for dioxane and ethanol. 


q | 
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x O — 
FORMAMIDE 
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0.55 0.65 
log C 


Fic. 6. Logarithm of the equilibrium constant, A = (U)/(N), 
plotted against the logarithm of the concentration. Concentra- 
tion units are the same as in Figs. 1 to 3, but the slope of the plot 
is independent of the units used. 


a value for (b.)q is thus somewhat arbitrary. We have chosen 


= —450°. 

Once (6,)x is fixed, [a], can be determined by extrapolation of 
observed values of [a] versus 6.. A reasonable set of values, 
consistent with (6.)y = —450°, is la], = —120°, —40°, and 
—6.5°, respectively, at 365, 486, and 589 mu. The experimental 
data indicate that conformation // has the same optical rotatory 
properties in dioxane and in ethanol.’ 


2 We have performed an experiment using a three-component 
solvent system, water-dioxane-ethanol, in which the organic sol- 
vent had a concentration of 64 ec/100 ce of solution, but the pro- 
portions of ethanol and dioxane were varied. Identical values of 
b, (—395 + 10°) were obtained, regardless of composition. The 
same values of [a]g6 and [a]ss3 were obtained when the organic 
portion of the solvent was dioxane alone or ethanol alone, but 
somewhat more negative values were observed at intermediate 
compositions. Thus f[a]is5. reached a minimum value of —75° 
when the ratio of ethanol to dioxane was 3:1, compared with —64° 
for dioxane or ethanol alone. If the value of (6,)”% used above is 
correct, conformation H appears not to be entirely helical (a value 
of —650° is expected for a completely right-handed helical confor- 
mation). The foregoing results could then be interpreted as in- 
dicating that the helical portion of the structure remains un- 
changed as dioxane is replaced by ethanol, while the nonhelical 
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With fy and [a], known we can subtract the rotation due to 
molecules in the helical conformation (Equation 5), so that the 
specific rotation [a]’ of the remaining molecules becomes 

= fy’laly + fu'lelu = — — fx) 6) 
in which fy’ = fx/(fw + fv) andfc’ =fr/(fx +fv). These 
are the data we need to examine the V = U transition in dioxane 
and ethanol. The results at 436 and 589 my are shown in Figs, 
7 and 8, with the corresponding data for urea and formamide, 
from Figs. 1 to 3, included for comparison. 

The figures clearly show that the unfolding reaction produced 
by all four of the organic substances is essentially the same. We 
have similar initial and final values of [a] at each wave length, 
and the mid-point of the transition lies in each case at a solvent 
composition in which the apparent volume fraction of organic 
component is between 0.28 and 0.42. It is significant that the 
apparent volume concentrations at the mid-point for dioxane and 
ethanol are intermediate between those for urea and formamide, 
so that the differences in the ability to produce unfolding cannot 
be related to differences in the ability to break CO---HN hy- 
drogen bonds. 

Figs. 7 and 8 show that the transition curves in dioxane and 
ethanol are less steep than in urea and formamide. The central 
portions of the curves (three experimental points for dioxane and 
two for ethanol) may again be fitted by Equation 3, the value of 
n required being n ~ 9. 

To conclude this section, it may be noted that the analytical 
treatment here applied to the changes in optical rotatory prop- 
erties of 8-lactoglobulin which are produced by dioxane and 
ethanol may also be applied to the other organic substances dis- 
cussed in our earlier paper (1). Our data for these substances 
are less complete than for dioxane and ethanol, but the results 
available can be treated the same way. They permit us to 
arrange the substances in the following order, with respect to the 
apparent volume concentration of organic component required 
to produce 50% conversion of NV to U: n-propanol (< 25 cc/100 
ec), chloroethanol, dimethyl formamide, urea, dioxane, ethanol, 
n-methyl propionamide, and formamide (42 cc/100 cc). 


DISCUSSION 


The results presented above are in accord with the contention 
that the major factor which determines the conformation of B- 
lactoglobulin in aqueous solutions is uniquely associated with the 
structure of the solvent, water. In particular, the possibility 
that intramolecular peptide hydrogen bonds make a major con- 
tribution to the stability of the native structure is ruled out by 
the fact that formamide and urea do not have any special ability 
to disrupt the native structure, whereas these substances are 
sharply differentiated from other organic substances in pre- 
venting the formation of the helical form of B-lactoglobulin.’ 

It may be noted that the same conclusions probably apply to 
ribonuclease. This protein also has a low helix content in aque- 


part undergoes some rearrangement. No explanation for the ob- 
served variation in [a] is needed in the present context, of course, 
only the identity of [a] in ethanol and dioxane being relevant. 

3 There is no intention here to suggest that CO---HN hydrogen 
bonds are absent in the native conformation. On the contrary, 
it is likely on thermodynamic grounds that most of the carbonyl 
and imino groups will form such bonds. What the data indicate 
is that a variety of hydrogen bonds, such as CO---HN, CO-:: 
HOH, H.O---HN, CO---urea, and urea---HN, all have essen- 
tially similar stability, so that the relative strength of such hydro- 
gen bonds has little influence on the N = U equilibrium. 
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Fic. 7. The specific rotation at 436 my of that part of the 8-lactoglobulin, in dioxane or ethanol, which is not in the helical confor- 


mation. 


helical form. The data of Fig. 1 have been included for comparison. 


The uncertainty at high concentration of dioxane or ethanol is large, because the major part of the protein is there in the 


The concentration of urea has been expressed on an apparent 


volume basis by dividing the experimental weight concentration by the density of urea. 
Fig. 8. Data similar to those of Fig. 7, but at 589 mu 


ous solution (6, 7), and it is unfolded and refolded by chloro- 
ethanol and by dioxane (7) in much the same way as £6-lacto- 
globulin. It is also unfolded by concentrated LiBr (8), a 
substance which cannot conceivably play the role of weakening 
intramolecular hydrogen bonds. 

Two theories (9, 10) have been proposed which interpret the 
native structure of globular proteins in terms of the influence of 
the structure of water. Both of these theories predict that water 
will lead to a unique conformation, but they differ in that the 
theory of Klotz (9) assigns relatively high stability to the special 
water structure which is produced by nonpolar groups whereas 
the theory of Kauzmann (10) assigns these structures a low 
stability, so that the most stable protein conformation is that 
which best avoids them. We favor the latter approach, but the 
data of the present paper are compatible with either. It should 
be noted that Yanari and Bovey (11) have recently given a 
convincing explanation of ultraviolet spectral anomalies of pro- 
teins which is based on Kauzmann’s point of view. 


SUMMARY 


We have shown in an earlier study, based on measurements of 
optical rotatory dispersion, that 8-lactoglobulin has a confor- 
mation with a high content of a-helices in aqueous-organic mix- 
tures which are rich in the organic component. The same study 
showed that the native conformation, in water solution, is a very 
different one, unique to water, and presumably the result of the 
action of hydrophobic forces. 


These conclusions are confirmed in the present paper by com- 
paring two organic substances, urea and formamide, which may 
be expected to have a strong tendency to rupture CO- --HN hy- 
drogen bonds, with two other substances, dioxane and ethanol, 
in which this tendency is expected to be weak. We find no signifi- 
cant differences among these substances in their tendency to un- 
fold the native configuration. Formation of the primarily 
helical conformation of the protein, on the other hand, is entirely 
prevented by urea and formamide. 
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In earlier communications (1, 2), we described a specific reac- 
tion of iodine with the sulfhydryl groups of proteins, and pre- 
sented evidence that the initial product of this reaction is the 
sulfenyl iodide group. Part of this evidence involved spectro- 
photometric determination of the stoichiometry of the iodine- 
protein reaction. In this communication, we describe the 
measurement of a second product of this reaction, hydrogen ion, 
since the ratio of iodine consumed to hydrogen ion liberated is 
characteristic of the level of oxidation of icdine in this system. 
The establishment of this ratio has provided a further con- 
firmation of the formation of stable sulfenyl iodide groups in 
native proteins. 


EXPERIMENTAL PROCEDURE 


Measurement of Hydrogen Ton Liberation during Reaction of 
Todine with Sulfhydryl Compounds—Quantitative measurements 
of the extent of liberation of hydrogen ion in the course of the 
reaction of I;” with various sulfhydryl-containing compounds 
were made at constant pH with the automatic titrator and 
recording apparatus of Radiometer, Inc., Copenhagen. In a 
typical experiment, a solution was prepared which contained 
about 0.006 mmole of reactive sulfhydryl group in 2 ml. Then, 
1 ml of cold, fresh 0.6 m KI was added, the solution was placed 
in the reaction vessel at 5°, and the pH was adjusted to the 
desired value by the addition of 1 Nn HClor NaOH. The syringe 
burette of the pH-stat contained standard 0.05 n NaOH to 
maintain the solution at the chosen pH throughout the reaction. 
To initiate the reaction, a quantity of standard 0.1 N iodine in 
0.2 m KI was added rapidly from a micropipette. An addition 
of no more than 50 to 100 ul was sufficient to supply the desired 
quantity of iodine for the reaction. Stirring was obtained by 
continuously spinning the tube containing the sample about 
the combined glass and calomel electrodes and the burette tip 
in a turbine arrangement similar to that described by Dixon 
and Wade (3). Many of the reactions reported here proceed, 
initially, at a rate somewhat greater than the over-all response 
time of the recording equipment and stirring device used, so 
that only approximate data concerning the rate of these reac- 
tions were obtained. The total base consumed by the reaction 
is, however, conveniently recorded. 

Measurement of Hydrogen Ion Liberation during Reaction of 
2-Mercaptoethanol with Protein Sulfenyl Iodides—In order to 
measure the extent and approximate rate of reaction of 2-mer- 
captoethanol with the sulfenyl iodide derivatives of the protein, 
it was necessary to use stoichiometric or somewhat smaller 


* This investigation was supported by a research grant, No. 
C-3640 from the United States Public Health Service. 


quantities of iodine in the first reaction so that no free iodine 
would remain unreacted. Excess iodine would directly oxidize 
this simple mercaptan to its disulfide. After the reaction of the 
protein with iodine had ceased, an excess of the 2-mercapto- 
ethanol was added as a small quantity of aqueous 1 M solution 
with a micropipette. The amount added is given in the text. 

Materials—Ovalbumin was prepared by the method of Warner 
(4). Lactoglobulin was obtained from Pentex, Inc., and _ the 
Nutritional Biochemicals Corporation. Mercaptalbumin was 
obtained from Pentex, Inc. Preliminary calculations for iodine 
additions were based on the assumption of three reactive sulfhy- 
dryl groups in ovalbumin and two in lactoglobulin (1). The 
molecular weight of ovalbumin was taken as 45,000, that of 
lactoglobulin as 37,000, and that of mercaptalbumin as 65,000. 
2-Mercaptoethanol was obtained from Eastman Kodak Com- 
pany. All other compounds used were commercial products of 
reagent grade or the equivalent. 


RESULTS 


When small quantities of iodine are added to a solution of 
sulfhydryl-containing proteins under the conditions outlined 
in the previous section, a very rapid liberation of hydrogen ions 
occurs. The quantity of hydrogen ions released increases with 
the further addition of iodine until an end point is reached, 
beyond which the further addition of iodine has little or no 
effect if the titrations are performed below pH 7. The results 
of such a titration of ovalbumin are given in Fig. 1. In this 
particular case, it may be seen that about 6 equivalents of i0- 
dine must be added per mole of ovalbumin in order to obtain 
the maximum of 2.7 hydrogen ions released. It is possible, then, 
to obtain more reliable data on proton release by adding initially 
an excess of iodine, because there is some cumulative error in 
such a titration experiment (Fig. 1). This procedure also 
permits some observations about the rate and complexity of 
the over-all reaction. Thus, in Fig. 2 it may be seen that the 
initial liberation of protons is complete within less than a min- 
ute, but that at pH 8.48, in contrast with pH 6.13, there are 
continuing secondary reactions which release protons, and there- 
fore make the determination of a specific end point difficult at 
high pH values. Experiments of this type were performed over 
the pH range from 5 to 8.5 for both ovalbumin and lactoglobu- 
lin and the results are summarized in Fig. 3. Neither the total 
proton release nor the time course of the reaction could be shown 
to depend on iodine concentration over the range tested (Table 
I) so long as the minimal stoichiometric amount was present. 
It may be seen that proton release may be reliably measured 
only below a pH of about 6.7, because the secondary reactions 
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lead to progressively higher and more uncertain figures as the 
pH is increased. Below pH 6.7, the end point is quite well 
defined, although the exact value for proton release tends toward 
lower values at lower pH, especially in the case of lactoglobulin. 

A similar experiment with glutathione is shown in Fig. 4. 
Over the pH range examined, proton release after the addition 
of iodine is complete in less than one minute, and clear end 
points are obtained even above pH 7. In the alkaline range 
there is a decrease in proton release which can be ascribed to 
the ionization of the sulfhydryl group in this pH region. 

In Table I, the total protons released from various sulfhydryl] 
compounds when treated with iodine are listed. These values 
were obtained in the pH range in which it was apparent from 
the pH dependence study that a minimum of secondary change 
was occurring in each case. These figures then represent the 
proton liberation which results from the rapid and specific reac- 
tion of iodine with sulfhydryl groups that we have described 


EQUIV. Ht/MOLE PROTEIN 
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Fic. 1. Liberation of hydrogen ion upon the stepwise titration 
of ovalbumin with iodine, at pH 6.11, 5°; ovalbumin, 0.00214 
mmole/3 ml. 
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Fic. 2. Liberation of hydrogen ion during the reaction of oval- 
bumin with iodine. @, 0.00287 mmoles of protein; pH 6.28, 5°; 
0.0177 meq I added at zero time. The arrow marks the addition 
of 1 meq of 2-mercaptoethanol (see text). A, 0.00287 mmoles 
protein; pH 8.46, 5°; 0.0177 meq I added at zero time. 
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Fic. 3. Dependence upon pH of the total liberation of hydrogen 
ions from proteins following the addition of iodine. (a) Lacto- 
globulin; (6) Ovalbumin. The concentrations of the reactants 
varied slightly in each run. The average system is described in 
the section on methods and in Table I. Above pH 6.5, the end 
point was not well defined, and was to some extent dependent upon 
the quantity of iodine added. The range of values encountered 
is indicated by the bar through the average result. 


TABLE 


Release of hydrogen ion after addition of I;- to sulfhydryl-containing 
compounds at 5° 


Compound lodine added | H* liberated | PH Range of 
equivalenis/mole 
Ovalbumin............... 6.0-12.0 | 2.97 + 0.12* | 6.0-6.4 
8-Lactoglobulin.......... 3.8-10.5 | 1.92 + 0.08*  6.2-6.6 
2-Mercaptoethanol....... 1-2 | 0.95 + 0.057 + 6.5-8.0 
Glutathione.............. 0.94 + 0.047 5.0-7.5 
Merecaptalbumin......... | + 0.04¢f 6.06.3 
| 2.00 + 0.10t 


* Standard deviation. 

7 Average and maximal deviation of three or more determina- 
tions. 

t Fast reaction. 


earlier from spectrophotometric studies carried out under similar 
experimental conditions (1). In the case of mercaptalbumin, 
the liberation of protons followed the same two-stage course 
noted in these spectrophotometric analyses. 

One of the major products of the reaction of iodine with pro- 
tein sulfhydryl groups indicated by our earlier studies was the 
sulfenyl iodide derivative formed by the following reaction in 
which PSI is protein sulfeny] iodide: 


P—SH + 21° PSI+ H* +. (1) 
A further test has been made by examining the liberation of 
hydrogen ion after the addition of the simple mercaptan, 2-mer- 


captoethanol. In the presence of protein sulfenyl iodide, the 
following reaction would be expected to occur. 


P—SI + R—SH — P—SS—R + H* + 1T (2) 


Inasmuch as 2-mercaptoethanol, like glutathione, will react 
with free iodine according to the equation, 


2R—SH + 21° > R—S—S—R + 2H* + 2° (3) 
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Fic. 4. Dependence upon pH of the total liberation of hydrogen 


ion from reduced glutathione after the addition of iodine. 0.00638 
mmoles of G-SH/3 ml at 5°; 0.014 meq of iodine added. 


it is important that only the minimal quantity of iodine needed 
for the completion of the initial reaction (Equation 1), or some- 
what less be added. A typical experiment of this type is in- 
cluded in Fig. 2. Although there could have been little or no 
free iodine present when the mercaptoethanol was added, it 
may be seen that a rapid release of protons occurred. The value 
of proton release from ovalbumin, under these conditions, varied 
from 2.1 to about 3.2, and for lactoglobulin from 1.0 to 2.0 in a 
large number of experiments. The amount of 2-mercapto- 
ethanol added was varied from a 20- to a 200-fold molar excess 
in these experiments. This did not appear to be a factor in 
determining total proton liberation, although of course the rate 
of the reaction was faster at higher levels of 2-mercaptoethanol. 
Below pH 7 the variation of the rate and extent of this reaction 
with pH was within the variation found at a single pH. This 
variation arises in all likelihood from the rather delicate ad- 
justment of the quantity of iodine added initially, since if it is 
low, a low answer will result; one is certain, however, that the 
proton release is not due to reaction of free iodine with mer- 
eaptoethanol. If, on the other hand, the quantity of iodine 
added is slightly high, excess protons will be. detected. It is 
possible, too, that the rate of spontaneous decomposition of the 
various sulfenyl iodide groups through hydrolysis or some other 
more complex reaction may also be a factor in this variable 
yield of hydrogen ions. It is interesting to note that if spon- 
taneous decomposition of protein sulfenyl iodide occurs below 
pH 7 over the time interval of these experiments, the reaction 
does not involve the liberation of protons. 

Solutions of glutathione to which stoichiometric quantities 
of iodine have been added do not, of course, yield any hydrogen 
ions when excess 2-mercaptoethanol is subsequently added. 


DISCUSSION 


Ovalbumin has previously been shown to contain four sulf- 
hydryl groups, three of which react with I; if the protein is in 
its native configuration. Spectrophotometric examination in- 


dicated that approximately 6 equivalents of iodine were required 
to react with ovalbumin, and that the rate of disappearance of 
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I;~ in the reaction was extremely rapid, being essentially com- 
plete in no more than 1 to 2 minutes. This ratio of iodine to 
sulfhydryl content suggested that the reaction proceeded as 
shown in Equation 1. The formation of sulfenyl iodide groups 
in ovalbumin was further supported by the demonstration of the 
characteristic light absorption of this group (5) and the rapid 


loss of this absorption upon the addition of various simple mer. — 


captans, with the production of the mixed disulfide of the pro- 
tein and the mercaptan (1, 2). Additional evidence for the 
initial formation of sulfenyl iodide is now afforded by the dem- 
onstration of the rapid liberation of approximately 3 moles of 
hydrogen ion when 6 or more equivalents of iodine are added 
per mole of ovalbumin. In the typical over-all sulfhydryl] oxi- 
dation reaction, (Equation 3), the ratio of equivalents of iodine 
to hydrogen ion is 1:1. In the formation of sulfenyl iodide 
(Equation 1), this ratio is 2:1. Thus, it seems well established 
that all three of the available sulfhydryl groups of ovalbumin 
react initially to form the sulfenyl iodide. Upon the subsequent 
addition of 2-mercaptoethanol, one would expect the liberation 
of 3 additional moles of hydrogen ion (Equation 2). As 2.1 to 
3.2 moles were found in many experiments, the existence of the 
sulfenyl iodide was further substantiated. 

This general description also fits the data available from stud- 
ies of lactoglobulin. This protein contains about 1.9 sulfhydry] 
groups per mole and reacts with about 4 equivalents of iodine 
(1) to yield about 1.8 equivalents of hydrogen ion. Subsequent 
reaction with 2-mercaptoethanol yields from 1 to 2 additional 
hydrogen ions. 

When the pH at which the iodine reaction is performed is 
greater than 7, more than one proton per reactive sulfhydryl 
is obtained. The exact amount is variable but increases with 
increasing pH. Although the source of these protons is not 
known, some potential reactions may be suggested. Iodination 
of other structures in the protein such as tyrosine residues, a 
reaction known to be favored by alkaline conditions, may occur. 
Although this may be a factor at pH values above 8 when more 
than 2 equivalents of iodine are present per reactive sulfhydryl 


group, it cannot be the full explanation below pH 8 if the iodine- 


sulfhydryl ratio is equal to or less than 2:1. It seems most 
likely that the excess proton liberation results from hydrolysis 
(2) which yields two acid groups 


PSI + H.O — P—SO- + I- + 2H* 


or by the reaction of the highly reactive sulfeny] iodide function 
with other groups in the protein, in a fashion similar to that 
described for its reaction with simple mercaptans 


p—SI 
| | | +H+4+Pr 


The determination of which of these processes is more important 
will necessitate more detailed studies of the stoichiometry of this 
reaction above pH 7, and of the structure of the modified pro- 
tein. 

The reaction of iodine with the sulfhydryl groups of proteins 
such as ovalbumin and lactoglobulin is clearly very different 
from that customarily observed with low molecular weight mer- 
captans. The product, sulfenyl iodide, has been postulated as 
an intermediate in the iodide oxidation of all mercaptans, but 
the persistence of this intermediate in aqueous solution at neu- 
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tral pH was not anticipated. In a relatively few preliminary 
studies of the reaction of iodine with thermally or urea-dena- 
tured ovalbumin we have not found the simple stoichiometry 
indicative of sulfenyl iodide formation; but rather a variable 
and complex reaction, strongly dependent upon iodine concen- 
tration and pH, and which is suggestive of highly unstable oxida- 
tion products. Although these studies are incomplete, it seems 
possible to conclude that the formation of the sulfenyl iodide in 
the native protein is in some way related to the organization of 
the sulfhydryl group into that structure, rather than simply to 
the inherent steric isolation of such groups in a macromolecule. 
The existence of such a stable oxidized form of iodine, capable, 
however, of reaction with various low molecular weight reagents, 
suggests the attractive, if premature, hypothesis that this group, 
rather than free iodine, may function in physiological reactions 
involving iodine. The rather remarkable rate of reaction of 
sulfenyl iodide with very low concentrations of thiouracil and 
thiourea has been noted (6), and may be of significance in this 
regard. 


Finally, a continued investigation of the reaction of protein: 


sulfenyl iodide with a variety of mercaptans and related com- 
pounds may be expected to provide much needed additional, 
information on the chemical reactivity of this function in aque- 
ous solution. The characterization of the modified proteins 


which result from these reactions will continue to provide addi- 
tional information relevant to the problem of the structure of 
the native proteins. 


L. W. Cunningham and B. J. Nuenke 


SUMMARY 


1. Under conditions which have previously been reported to 
favor sulfenyl iodide formation, the addition of 6 or more equiva- 
lents of iodine to ovalbumin results in the liberation of approxi- 
mately 3 protons. In the case of lactoglobulin, the addition of 
4 or more equivalents of iodine results in the production of about 
2 protons. These results substantiate the initial formation of 
protein sulfenyl iodide in this reaction. 

2. Upon the addition of a simple mercaptan, 2-mercapto- 
ethanol, to the preformed protein sulfeny] iodides, a liberation 
of hydrogen ions occurs, as would be expected from the earlier 
demonstration of the formation of mixed disulfides. 

3. The pH dependence of the reaction of iodine with these 
proteins, as evidenced by proton liberation, is described and 
compared with the behavior of glutathione under identical con- 
ditions. 
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The cleavage into large fragments of both normal and immune 
rabbit y-globulin by cysteine-activated papain was reported by 
Porter (1, 2). In the case of immune y-globulin the antibody 
activity was found associated with two of the three principal 
fragments isolated. Nisonoff et al. (3) have carried out the 
cleavage of rabbit immune y-globulin into similar fragments 
with a sedimentation constant of about 3.5 S by peptic digestion 
followed by reduction with cysteine. 

In this paper we describe an analogous two-stage cleavage of 
normal and immune rabbit y-globulin by the consecutive action 
of a water-insoluble papain derivative and a reducing agent. 
The water-insoluble papain was prepared by a procedure similar 
to that employed by Bar-Eli and Katchalski (4) for the prepara- 
tion of a water-insoluble trypsin. The use of water-insoluble 
papain permitted the termination of proteolysis at any given 
instant by filtration or centrifugation. The insoluble papain 
derivative, which could easily be freed of reducing agents, was 
found to act on proteins in the presence of negligible amounts of 
cysteine. It was thus possible to carry out the digestion of 
y-globulin without reduction of substrate or products. Immune 
y-globulin, hydrolyzed briefly under such conditions, although 
rendered susceptible to fragmentation by reduction, showed no 
alteration in its rate of sedimentation or in its ability to precipi- 
tate antigen. Antigen-antibody precipitates containing the 
papain-treated antibody dissolved on reduction to yield soluble 
complexes between antigen and fragments of antibody. 


EXPERIMENTAL PROCEDURE 


Preparation and Properties of Water-insoluble Papain—A 
copolymer of t-leucine and p-amino-pL-phenylalanine hydro- 
bromide (molar residue ratio 2.5:1) was prepared according to 
Bar-Eli and Katchalski (4). The copolymer (250 mg) was 
dissolved in 50% aqueous acetic acid (3 ml) and the solution 
was mixed with 3 ml of 2N HCl. Diazotization was effected by 
dropwise addition of 0.5 m NaNO,» (1.5 ml) to the ice-cooled 
polymer solution. The polydiazonium salt was precipitated 
after 2 hours at 4° by adding 2 N NaOH to pH 8.0. It was 
washed twice with 12-ml portions of 10°% sodium acetate fol- 
lowed by 0.1 Mm sodium phosphate buffer, pH 7.6 (30 ml). Cou- 
pling with papain was carried out by adding crystalline papain 
(Worthington, twice crystallized, 80 mg) suspended in 0.03 m 


_ * This investigation was supported by Grant A-3083 from the 
National Institutes of Health, United States Public Health Serv- 
ice, and Grant AF 61(052)-391 from the United States Air Force. 
Tt Fellow of the National Foundation. 


cysteine (2.0 ml) to a suspension of the diazotized copolymer in 
an aqueous solution (40 ml) at pH 7.6, 0.075 m in phosphate, 
0.005 M in cysteine, and 0.002 m in EDTA. Oxygen was re- 
moved by flushing the mixture with nitrogen and the coupling 
was allowed to proceed in a tightly stoppered vessel for 20 hours 
at 4°, with magnetic stirring. No free diazonium groups could 
be detected by means of a-naphthol after this period. The 
water-insoluble coupled product was centrifuged down and 
washed several times with a solution at pH 6.0, 0.005 M in cysteine 
and 0.002 Min EDTA. No enzymatic activity was detected in 
the initial supernatant or in any of the subsequent washings, 
The final water-insoluble papain (250 mg) was stored at 4° under 
an aqueous solution similar in composition to the wash solution. 
To facilitate pipetting of aliquots of constant enzymatic activity, 
the water-insoluble enzyme was homogenized in a Potter homog- 
enizer with a Teflon piston. No loss in activity occurred during 
this procedure. 

The content of protein in the water-insoluble papain was 
estimated by determining the amount of valine liberated on 
acid hydrolysis. After 48 hours of hydrolysis in 10 n HCl, 10 
mg of insoluble enzyme yielded 0.23 mg of valine, as determined 
by quantitative paper chromatography (5). Since the valine 
residue content of papain is 7.13% (6), 100 mg of the water- 
insoluble papain contain 28 mg of protein. The enzymatic 
activity of the insoluble papain was assayed by following the 
hydrolysis of BAEE, at pH 6.0 and 30°, in an autotitrator 
(Radiometer, Copenhagen, model TTT1). The assay solution 
(5 ml), with a pH of 6.0, was 0.025 m in BAEE, 0.002 m in EDTA, 
and 0.005 m in cysteine. The equivalent amount of active 
enzyme was calculated from the initial rate of alkali consumption 
by comparison with soluble papain, 100 wg of which gave an 
initial rate of 1.6 uwmoles of alkali per minute. By this assay 
100 wg of water-insoluble papain were found to equal in activity 
20 ug of crystalline enzyme. By taking into consideration the 
protein content of the insoluble enzyme, an enzymatic activity 
of about 70% was calculated for the bound protein. 

Storage of the water-insoluble papain at 4° for a period of 1 
month under the conditions described above resulted in a 30% 
loss in activity. When the enzyme preparation was heated for 
30 seconds in a boiling water bath, the activity towards BAEE 
decreased to approximately one-fifth of its original value. 

A study of the activity of water-insoluble papain towards 


1The abbreviations used are: EDTA, ethylenediaminetetra- 
acetate; BAEE, benzoyl-t-arginine ethyl ester; DNP, 2,4-dim- 
trophenyl. 
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BAEE as a function of pH revealed a broad pH optimum in 
the region pH 6.0 to 7.5. A similar pH range for the optimal 
activity of water-soluble papain was observed by Kimmel and 
Smith (7) who used benzoyl-L-arginine amide as substrate. 

Preparation of y-Globulin—Rabbit y-globulin was prepared 
by precipitation of a globulin fraction from serum at 0.4 satura- 
tion of (N H4)2SO,4 at 5°, subsequent DEAE-cellulose? chromatog- 
raphy (8), and lyophilization. The product contained no de- 
tectable amounts of other serum components when examined by 
paper electrophoresis in barbital buffer, pH 8.6, ionic strength 
0.1, and by ultracentrifugation under the conditions specified in 
Table II. 

Enzymatic Hydrolysis of y-Globulin—The y-globulin, con- 
taining some phosphate, was dissolved in 0.9% NaCl at a con- 
centration of 10 to 20 mg of protein per ml and was dialyzed 
against 0.9% NaCl. After dialysis, EDTA was added to a 
final concentration of 0.002 m and the pH was adjusted to 8.5. 
The protein concentration of the solution was derived from its 
optical density at 280 my in 0.1 N NaOH (9). An amount of 
the water-insoluble papain preparation (10 mg) corresponding 
in weight to 25 of that of the protein substrate (200 mg) was 
withdrawn from the stock suspension, washed with 5 volumes 
of 0.9% NaCl, centrifuged to remove the supernatant solution, 
and resuspended in the above y-globulin solution (10 to 20 ml). 
The enzyme was kept in suspension by stirring and the proteolysis 
was followed by titration with 0.1 N NaOH in an autotitrator at 
pH 8.5 and 25°. The water-insoluble enzyme was removed at 
the appropriate time by filtration through Whatman No. 1 filter 
paper and the filtrates were used in the subsequent studies. 
Reduction of the papain hydrolysates, when desired, was carried 
out in 0.99% NaCl, 0.01 mM in cysteine at pH 8.0 and 37°, for 12 
hours. 

Dinitrophenylation Procedure—Enzymatic hydrolysates of 
y-globulin were dinitrophenylated in 0.9% NaCl at pH 8.5 in an 
autotitrator by the method of Levy et al. (10). Dinitrophenyl- 
ation products were hydrolyzed in 6 N HC] at 110° for 18 hours. 
The acid hydrolysate was extracted with ether and the total 
amount of a-DNP-amino acids present in the ethereal extract 
was estimated as follows. The solvent was evaporated and the 
residue freed of dinitrophenol and dinitroaniline by the method 
of Li and Ash (11). The DNP-amino acids retained on the 
silica gel column used in this procedure were eluted with 17% 
n-butanol in chloroform, followed by 95% ethanol. Elution with 
ethanol was found necessary to secure complete recovery of 
DNP-serine. The combined effluents were then brought to 
dryness and the residue was dissolved in 1% NaHCQO;3. De- 
termination of the total amount of a-DNP-amino acids present 
was made colorimetrically at 350 my assuming a molar extinction 
coeficient of 1.55 x 104. To identify individual dinitropheny] 
amino acids and to determine their molar ratios, the two dimen- 
sional paper chromatographic system of Levy (12) and the 
phthalate-t-amyl aleohol system (13) were used. 

Preparation of Antisera—Immunization of rabbits against hen 
ovalbumin was accomplished by intramuscular injections of 32 
mg of alum-precipitated ovalbumin followed by intravenous 
restimulations during the 4th and 5th weeks. For restimulation 
eight injections, each of 2 mg of antigen, were given. Quantita- 
tive precipitin tests (14) were carried out with an antibody 


*Eastman Kodak Co. 
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TABLE I 


Proteolysis of gelatin and native proteins by soluble and 
water-insoluble papain 

Reaction mixtures contained 10.0 ml of a known concentration 
of substrate varying between 7 and 10 mg per ml and were all 
0.002 min EDTA. Proteolysis was followed by titration with 0.1 
N NaOH in a constant temperature cell with an autotitrator. 
The proteolysis experiments with bovine serum albumin and gela- 
tin (substrate to enzyme = 140 weight per weight) were carried 
out at pH 8.0, whereas all the other digestions were made at pH 
8.5. In the experiments comparing the activity of soluble and 
water-insoluble papain toward a given protein substrate, amounts 
of enzyme equal in activity toward BAEE were used. Surviving 
activity was measured by diluting 0.1 ml of the protein reaction 
mixture to 5.0 ml and measuring its activity on BAEE. 


} 


| | | | _| 
Substrate Pazyme Substrate Sconce: | ot 
| | | | tration | S§ protein 
| | leg | 
| | °C x 10-3 hrs “mmoles | % 
Gelatine... WIP® 200 | 0.75 18.9¢ | 
Gelatin.... WIP 200 30 | 0.1 0.75 16.4¢ | | 
Gelatin....; WIP | 0% 0.75 13.9¢ | 
Gelatin... WIP) 1.0 23.16. | 
Gelatin..... SP 25) 5.0 | 1.0 (23.1¢ | | 
BSA.......WIP | 66 0.8 | 8.6 13.8¢ 11.0) 51 
BSA SP | 66 | 40; 0.8 | 8.6 |16.1¢ | 13.1) 65 
WIP 10 | 30) 0.8 16 10.8¢ 12.5) 97 
SP 10 «0.8 16 8.5 88 


@ Gelatin, Fisher, U.S.P. granular. 

’ The abbreviations used are: WIP, water-insoluble papain; SP, 
soluble papain; BSA, bovine serum albumin (Armour crystalline) ; 
OA, hen ovalbumin (Worthington, twice crystallized). 

¢ uMoles of base per 85 mg of gelatin. 

4 Suspension of insoluble enzyme, 0.005 m in cysteine, was di- 
luted 35 times with 0.9% NaCl, centrifuged, and the solid centrif- 
ugate was resuspended in the reaction mixture. 

¢uMoles of base per umole of protein substrate, assuming a 
molecular weight of 70,000 for bovine serum albumin and 42,000 
for hen ovalbumin. 


y-globulin solution containing 7.6 mg of protein and 620 ug of 
antibody per ml. 


RESULTS 


Enzymatic Hydrolysis of Some Native Proteins—The synthetic 
substrate BAEE could not be hydrolyzed by 0.9% NaCl-washed 
water-insoluble papain in the presence of EDTA unless cysteine 
was added. On the other hand, when gelatin was used as sub- 
strate it was observed that the rate of hydrolysis was not markedly 
affected on decreasing the cysteine concentration from 0.005 mM 
to 0.0001 m (Table I). This finding suggested the possibility 
of hydrolyzing proteins by papain under conditions which do 
not cause protein reduction. Our findings on the proteolysis of 
some native proteins by both water-soluble and water-insoluble 
papain, in the presence of extremely low concentrations of 
cysteine (0.0008 Mm), are summarized in Table I. The data 


presented illustrate that native bovine serum albumin and hen 
ovalbumin, as well as gelatin, are digested appreciably on incu- 
bation with either water-soluble or water-insoluble papain. 
The activity of the insoluble papain was similar to that of the 


M4 
in 
te, 
re- | 
ng 
ld | 
he 
ne | 
in | 
| 
er | 
y; 
ng 
asf 
on 
10 
od | 
ne 
ic 
or | 
mf 
A, | — 
re | 
0 
y 
V 
| 
1 | 
/0 
r 


— 28 
© 
c 
24 
§ 
3 | A 
~ 
— 2 
3 ¢€ 
= 
8 
7 
28 


HOURS 


Fic. 1. Proteolysis of rabbit y-globulin by insoluble papain. 
Reaction mixture contained rabbit y-globulin (RGG) (115 mg) and 
water-insoluble papain (5.75 mg) in 0.9°% NaCl (15.0 ml) which 
was 0.002 mM in EDTA, pH 8.5, and at 25°. The insoluble enzyme 
in 0.005 m cysteine was washed with 10 volumes of 0.99% NaCl im- 
mediately before use, its supernatant was discarded, and it was 
resuspended in the reaction mrxture. X X, increase in nin- 
hydrin color vield (15). O---O, consumption of NaOH (0.1 m) 
at 25° and pH 8.5, measured with an autotitrator. 


soluble enzyme toward each of the substrates tested. Most of 
the activity of the enzyme, as tested by the BAEE assay, was 
retained after the incubation periods specified in Table I. 

Hydrolysis of y-Globulin by Water-insoluble Papain—The 
time course of the hydrolysis of native rabbit y-globulin by water- 
insoluble papain at pH 8.5, without the addition of cysteine, 
was followed titrimetrically and colorimetrically. The alkali 
uptake and the ninhydrin color (15) of the enzymatic digest as a 
function of incubation time are represented graphically in Fig. 1. 
Rapid hydrolysis occurs within the first 2 hours, leading to an 
increase in ninhydrin color of approximately 9 leucine equivalents 
per mole of y-globulin. Proteolysis continues at a somewhat 
slower rate thereafter, leading to an additional increase of nin- 
hydrin color of approximately 20 leucine equivalents per mole of 
protein within the next 193 hours. 

Sedimentation Studies on vy-Globulin Hydrolysates—The 
sedimentation coefficients measured for papain-treated y-globulin 
before and after reduction are recorded in Table II. The drop 
in the sedimentation constant from 6.20 to 5.18 8 on incubation 
with insoluble papain for 16 hours reflects the proteolysis which 
occurred even in the absence of added cysteine. Subsequent 
incubation of the papain-free hydrolysate with cysteine resulted 
in fragments with a sedimentation coefficient of 3.3 S similar to 
those described by Porter (2). Incubation of the y-globulin 
with water-insoluble enzyme for periods as short as 5 minutes 
caused no fragmentation but sufficed to convert essentially all 
the protein into a form potentially reducible to 3.3 8S fragments. 
Such short times of proteolysis did not result in any appreciable 
change in the original sedimentation constant (6.20 8). Both 
titration and ninhydrin assay, carried out as above, indicated that 
during the 5 minutes of incubation with insoluble papain, ap- 
proximately three to five bonds per molecule of y-globulin are 
hydrolyzed. When the enzymatic hydrolysate was passed 
through Sephadex G-25 (Pharmacia, Uppsala, Sweden) (16), 
equilibrated with 0.95% NaCl, no small peptides could be de- 
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tected in the effluent by ninhydrin assay or by absorption meas- 
urements at 280 mu. 

Incubation of the y-globulin with insoluble papain for about 
1 minute converted only part of the protein to its reducible form, 

NH»-Terminal Amino Acids tn Initial Digest of y-Globulin— 
In accord with previous results (17, 18), it was found that 
dinitrophenylated rabbit y-globulin yields approximately | 
mole of DNP-alanine per mole of protein upon acid hydrolysis 
(see Table III). Dinitrophenylation of y-globulin, which had 
been previously digested by water-insoluble papain for 5 minutes, 
yielded a total of 2.2 and 1.8 moles of a-DNP-amino acids per 
mole of original y-globulin after acid hydrolysis for 6 and 18 
hours, respectively. If the papain digest was reduced before 
dinitrophenylation, no significant qualitative or quantitative 
change in yield of a-DNP-amino acids was observed. Such a 
reduced digest, which gave only 1.95 moles of a-DNP-amino 
acids per mole of intact y-globulin, was found to contain mainly 
NH.,-terminal alanine and aspartic acid. To affirm that the 
appearance of NH.-terminal amino acids other than alanine re- 
sulted directly from cleavage of peptide bonds by papain and not 
partly from the increase in availability for dinitrophenylation 
of pre-existing NH,-terminal amino acids, the intact y-globulin 
was dinitrophenylated in the presence of 7 M urea. Such a 
dinitrophenylated protein yielded, after correction for break- 
down of the DNP-amino acids during the acid hydrolysis, only 
1 mole of DNP-alanine per mole of y-globulin, in agreement with 
the findings of other authors (17, 18) for native y-globulin. 

Chromatography of the reduced 5-minute papain digest on 
earboxymethyl cellulose in the system described by Porter (2) 
resulted in 84% recovery of the hydrolysate in three peaks ina 
weight ratio of 1:1:1.1. The combined recovery of the a-DNP 
amino acids in the three fragments approached that of the un- 
fractionated enzymatic digest. 
Porter (2), alanine was found to be the predominant NH.- 
terminal amino acid in Fractions I and II. Fraction III, on the 
other hand, was characterized by a number of NH,-terminal 
amino acids, none of which predominated. 


TABLE II 


Sedimentation coefficients of papain digests of rabbit y-globulin 
before and after reduction 
Ultracentrifugation was performed on approximately 0.5% pro- 
tein solutions at 59,780 r.p.m. and 23° after samples were dialyzed 
against phosphate buffer, pH 6.8, ionic strength 0.2 at 4°. 


| 


Time of incubation with 


water-insoluble papain® with cysteine? | S20, 
Control | 6.20 
16 hours 5.18 
16 hours + 3.34 
5 min 6.21 
5 min 3.27 
<1 min a. 6.49, 2.89¢ 


| 

« Proteolysis was carried out at 25°, pH 8.5, in a solution 0.002 
Min EDTA. The weight ratio of y-globulin to water-insoluble 
papain was 20:1. For other conditions see text. 

» After removal of insoluble papain by filtration, the hydroly- 
sates were made 0.01 m in cysteine (pH 8.0) and incubated for 12 
hours at 37°. 

¢ The components with the sedimentation constants of 6.49 and 
2.89 S had an area ratio of 3.5:1 in the Schlieren diagram. 
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In accord with the findings of | 
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Immunological Characteristics of Enzymatically Digested y- 
Globulin—The ability of rabbit antiovalbumin globulin to 
precipitate with its specific antigen before and after brief incuba- 
tion (5 minutes) with the water-insoluble papain in the absence 
of cysteine is represented in Fig. 2. The enzymatically hydro- 
lyzed antibody yielded essentially the same amount of precipi- 
tate as the intact antibody over the entire range of antigen 
concentrations tested. The molar ratio of antibody to antigen 
in precipitates formed at the equivalence point is about 3.25:1. 
The number of combining sites that may be calculated for the 
antigen ovalbumin in this case is therefore 6.5. 

In order to test the immunological activity of the antibody 
fragments formed by the reduction of the enzymatically digested 
immune y-globulin, their ability to inhibit precipitation of specific 
antigen by an optimal amount of intact antibody was investi- 
gated. The results given in Table IV indicate that practically 
complete inhibition of the precipitation of antigen occurs when 
the ratio of the total weight of fragments to intact antibody is 
1.82:1.00. 

To investigate the possibility of reducing the susceptible 
bonds of enzymatically digested antibody, even after it had been 
precipitated with antigen, the effect of reducing agents on such 
precipitates was tested. Dissolution of the precipitate occurred 


TABLE III 


NH:-terminal amino acids of rabbit y-globulin 
and its papain hydrolysis products 


Molar fraction of total a-DNP-amino acids isolated? 


Total 
a-DNP- » | 
bulin® & | | | | § 
moles/ | | | | | | 
mole | | 
Rabbit y-globu- | | | | | 
| 0.80 | | | 
Rabbit y-globu- | | | | 
linin7Murea. 0.78 1.00 | 
Rabbit y-globu- | | | | 
lin hydrolyzed | | | | | 
and reduced*.. 1.95 0.68 0.14 0.04 0.01 ¢ | Trace 0.12 
Fraction I¢...... 0.84 0.16 Trace | | 
Fraction II¢..... 0.48 0.80 0.20 Trace | | | 
Fraction III*.... 0.49 0.44 0.14) 0.21 0.08 0.14 | 


2 These figures are uncorrected for breakdown during acid hy- 
drolysis. DNP-alanine shows 20% breakdown when added to 
dinitrophenvlated rabbit y-globulin or total rabbit y-globulin 
hydrolysate and treated with 6 N HCl at 110° for 18 hours. 

b After ether extraction, the aqueous phases of the acid-hy- 
drolyzed dinitrophenylated papain digests were examined by pa- 
per chromatography with the solvent systems n-butanol-acetic 
acid-water (23) and t-amyl alcohol-phthalate buffer (13). No 
a-DNP-arginine, mono-DNP-histidine, or bis-DNP-histidine 
could be detected. 

¢ Proteolysis was by insoluble papain for 5 minutes at 25°. 
other conditions see text. 

4DNP-glutamic acid was determined together with DNP- 
aspartic acid; its presence was verified with the ¢f-amyl alcohol- 
phthalate paper chromatography system (13). 

* Isolated from reduced 5-minute digests of rabbit 7-globulin 
by chromatography on a carboxymethyl cellulose column (2). 
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Fig. 2. Varying amounts of the antigen ovalbumin were added 
to 3.8 mg of intact antibody y-globulin or antibody y-globulin 
digested for 5 minutes with insoluble papain in a final volume of 
1.0 ml. After incubation for 30 minutes at 37° followed by 24 
hours at 4°, the precipitates were centrifuged, washed twice with 
2.0 ml of cold 0.9% NaCl, and dissol ved in 1.05 ml of 0.1 N NaOH for 
optical density measurements. O——O, precipitates formed by 
intact antibody. XK-—--—-— xX, precipitates formed by digested anti- 
body. 


TABLE IV 


Inhibition of ovalbumin-antiovalbumin precipitation 
- by reduced papain hydrolysates of antiovalbumin 


The ovalbumin antigen (50 ug in 0.5 ml) was added to 1.5 ml of 
0.9% NaCl containing varying amounts of antiovalbumin y-globu- 
lin which had been digested for 5 minutes with insoluble papain 
and then reduced. After incubation for 30 minutes at 37°, intact 
antiovalbumin (3.79 mg in 0.5 ml) was added. This amount was 
found to precipitate all the antigen in the absence of an enzymati- 
cally digested antiovalbumin. After incubation of the reactants 
for 15 minutes at 37° and 48 hours at 4° the precipitates were cen- 
trifuged, washed twice with cold 0.9% NaCl, and dissolved in 1.05 
ml of 0.1 N NaOH for optical density reading. 


Reduced hydrol-| Optical density 
of Antiovalbumin of “aissolved | ‘Zahibition 
| albumin | precipitate 
mg | mg | wetght/weight | % 
0.512 0 
0.67 | 3.79 0.18 | 0.535 ~0 
1.67 | 3.79 0.45 0.535 | ~0 
3.30 | 3.79 0.91 | 0.268 | 50 
6.70 | 3.79 1.82 | 0.018 | 100 
10.05 3.79 | 2.70 | 0.025 ~100 
3.39 | | 0.017 


on incubation with either cysteine or thioglycolie acid. Since 
water-insoluble cystine is formed during the incubation with 
cysteine, thioglycolic acid was used. Its effect on precipitates 
formed by both intact and digested antibody is recorded in 
Table V. The data presented indicate that essentially all the 
precipitate formed by the predigested antibody dissolves in 
0.01 m thioglycolate. Precipitates formed by intact y-globulin 
were unaffected under similar conditions. 

The sedimentation pattern of the solubilized precipitate was 
determined under the standard conditions specified in Table II. 
Two peaks were obtained with sedimentation coefficients of 9.4 
and 3.648. The ratio between the areas under these peaks was 
approximately 5:4. Since the number of combining sites cal- 
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TaBLe V 
Dissolution by thioglycolate of tmmunological precipitates 
formed by antibody treated with insoluble papain 

Ovalbumin (160 we) was added to intact antibody y7-globulin 
(11.1 mg) or to 5-minute papain digests of antibody y-globulin 
(11.1 mg) in a final volume of 3.0 ml. After incubation at 37° for 
30 minutes followed by 4° for 5 hours, the precipitates were cen- 
trifuged, washed with 2.0 ml of cold 0.99% NaCl, and suspended in 
2.0 ml of 0.907% NaCl or 0.01 thioglvcolate in 0.99% NaCl, brought 
to pH 8.0 before use. The tubes were flushed with nitrogen and 
stoppered. After 14 hours of shaking at 37°, the remaining pre- 
cipitates were centrifuged, washed with cold 0.966 NaCl, and 
dissolved in 2.0 ml of 0.1 N NaOH for optical density reading. 
Optical density readings were also made on the corresponding su- 
pernatant fractions, which were dialyzed against 0.95 NaCl to 
remove thioglvcolate. 


‘Optical density Optical density 


Antibody in precipitate | “uissolved | dialyzed super- 

| precipitates natant fractions 
Papain-treated........... 0.5974 
Papain-treated........... 0.500 0.130 
0.448 0.090 


* Mean of duplicate experiments. 


culated for hen ovalbumin is about 6.5, it is plausible that 
most of the material present in the solution (9.4 S) consists of 
molecular aggregates, each composed of several antibody frag- 
ments bound to one antigen molecule. The slowly sedimenting 
material most probably represents the fragment of antibody 
which is devoid of any combining site (2). 


DISCUSSION 


In view of the usefulness of the water-insoluble papain in the 
present study and its possible application to the controlled 
cleavage of various native proteins, it is pertinent to discuss 
certain features of its preparation and action. The preparation 
of water-insoluble papain was essentially similar to that of water- 
insoluble polytyrosyl-trypsin (4). Since papain is known to 
have a relatively high content of tyrosine (13.7%) (6) and ap- 
proximately two-thirds of the molecule is nonessential for its 
activity (19), the preparation of a polytyrosyl-papain inter- 
mediate was omitted, and the enzyme was directly coupled with 
the diazotized polymeric carrier. The water-insoluble product 
retained most of the activity of the original papain. Unlike 
the water-insoluble polytyrosyl-trypsin, water-insoluble papain 
shows a hydrolytic activity toward low and high molecular 
weight substrates parallel to that of the water-soluble papain. 
Apparently the combination of papain with the water-insoluble 
carrier does not markedly reduce the accessibility of the active 
center of the enzyme to high molecular weight substrates. No 
satisfactory explanation can as yet be proposed for the observa- 
tion that water-insoluble papain is able to hydrolyze proteins 
but not BAEE without added cysteine. It is possible that 
protein solutions provide an environment which protects papain 
against rapid oxidation. 

The results presented in this study illustrate clearly that the 
cleavage of y-globulin by cysteine-activated papain demon- 
strated by Porter (2) consists of two separate stages; the first, 
limited proteolysis, and the second, reduction. The enzymatic 


Cleavage of y-Globulin by Insoluble Papain 


cleavage of three to five peptide bonds per molecule suffices to 
render the y-globulin susceptible to fragmentation by reduction, 
Such a limited proteolysis does not result in any change in the 
sedimentation constant (6.2 8), nor does it lead to the liberation 
of low molecular weight peptides. When antibody y-globulin 
was subjected to a similar limited proteolysis, no change in its 
capacity to precipitate specific antigen occurred. A two-stage 
fragmentation of rabbit y-globulin, with pepsin as proteolytic 
enzyme and cysteine as reducing agent, has recently been re- 
corded by Nisonoff et al. (3). The pepsin proteolysis stage in- 
variably led to a marked decrease in the sedimentation constant 
to about 5.0 5 and to a significant loss in the amount of high 
molecular weight material recovered. Furthermore, the peptic 
digestion of antibody y-globulin resulted in a decrease to 65 to 
74°, of its original capacity to precipitate specific antigen. It 
would thus appear that the controlled cleavage of antibody 
y-globulin by water-insoluble papain permits the modification of 
the y-globulin to a form susceptible to fragmentation by re- 
duction without appreciable alteration in structure. For the 
structural investigation of the three fractions described by Porter 
(2), the mild preparative procedure described here may be 
advantageous. ~ 

The rapid nature of the critical proteolysis of rabbit y-globulin 
was suggested by Porter (2) and investigated in detail on human 
y-globulin by Hsiao and Putnam (20, 21). The latter workers, 
who used p-mercuribenzoate to stop proteolysis by cysteine- 
activated papain after the desired time, showed that 80% of 
human y-globulin was cleaved to 3.5 8 fragments in 10 minutes 
with a loss of only 5% of its weight as dialyzable peptides. 
Rabbit y-globulin was also found to be largely converted to 3.58 
fragments within 1 hour of enzymatic digestion. The findings 
described in the present study indicate that the critical proteolytic 
step is extremely fast for rabbit y-globulin, requiring at most 5 
minutes for its completion. 

The dinitrophenylation experiments provide supporting evi- 
dence for the splitting of a very small number of peptide bonds 
during the 5 minutes of proteolysis of y-globulin. It is note- 
worthy that fractions I and II, derived from such brief digests, 
contained the same NH,-terminal amino acids, alanine and 
aspartic acid, in the same relative amounts as found by Porter 
(2) in the corresponding fractions isolated from 16-hour papain 
digests. Our results indicate that Fraction III is rather hetero- 
geneous with respect to its NH2-terminal amino acids, although 
alanine and serine together accounted for approximately 65% of 
the a-DNP-amino acids isolated. The above findings suggest 
that the critical proteolysis of y-globulin accomplished by 
papain is not entirely specific and that the prolongation of 
enzymatic hydrolysis mainly affects Fraction IIT. 

The dissolution by thioglycolate of the specific precipitate: 
formed by the antibody treated with insoluble papain indicates 
that the bonds susceptible to reduction remain available to the 
reducing agent even in the antigen-antibody aggregates. The 
cleavage of such bonds would be expected, in view of the ‘“‘frame- 
work theory”? (22), to cause a breakdown of the network of the 
antigen-antibody precipitate. Such a breakdown should be 
accompanied by the formation of soluble molecular aggregates, 
each composed of one antigen molecule bound to several antibody 
fragments. The sedimentation analysis of the solubilized antigen 
antibody precipitates seems to confirm the presence of such 
molecular aggregates. The above technique permits the prepa- 
ration of soluble antibody fragment-antigen complexes free from 
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immunologically nonspecific y-globulin. Furthermore, it pro- 
yides a convenient system for the investigation of the size and 
shape of antibody fragment-antigen complexes as well as of the 
forces of combination between antigen and monovalent an- 


tibody fragments. 
SUMMARY 


1. A water-insoluble papain of high activity was prepared by 
coupling papain with a diazotized copolymer of p-aminophenyl- 
alanine and leucine. 

2. Water-insoluble papain was found to hydrolyze gelatin and 
native proteins without the addition of cysteine. 

3. The cleavage of y-globulin to fragments with a sedimenta- 
tion constant of 3.8 8 was accomplished in two consecutive 
stages: (a) limited proteolysis by the water-insoluble papain, 
followed by (6) reduction with cysteine. 

4, Antiovalbumin, subjected to 5-minute digestion by water- 
insoluble papain, retained its original sedimentation constant 
as well as its full capacity to precipitate specific antigen. Sub- 
sequent reduction led to complete conversion into 3.3 58 fragments 
which inhibited the precipitation of ovalbumin by its homologous 
intact antibody. 

5. By dinitrophenylation an amount of 1.95 moles of NHb- 
terminal amino acids per mole of y-globulin could be accounted 
for in the 5-minute papain-digested y-globulin. The amino 
terminal amino acids of the fragments formed on the reduction 
of such digests were determined. 

6. Immunological precipitates formed by antiovalbumin 
treated with water-insoluble papain could be dissolved by 
reduction with thioglyecolate. The resulting water-soluble 
components, with sedimentation constants of 3.6 and 9.4 38, 
were assumed to represent, respectively, one of the fragments of 
antibody devoid of antiovalbumin activity and molecular ag- 
gregates, each composed of one antigen molecule bound to several 


antibody fragments. 
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The enzymic formation of enzyme-bound amino acy] adenyl- 
ates from adenosine triphosphate and amino acid (Equation 1) 
has been recognized for several years (1-8) and enzymes specific 
for certain of the amino acids have been isolated in a number of 
laboratories (2, 9, 10). These same enzymes are now known 
(11-15) to catalyze a second reaction involving the transfer of 
the amino acy! moiety from the adenosine phosphate moiety to a 
specific type of ribonucleic acid (Equation 2). The over-all 
reaction catalyzed by such amino acyl! ribonucleic acid synthet- 
ases' is summarized in Equation 3. 

Mg** 


AMP-PP + RCHNH-,COOH + enzyme 
(1) 
| 
enzyme—AMPCCHNH,R + PP; 
Enzyme—AMPCCHNH2R + RNA—OH — 
O (2) 
RNA—OCCHNH.R + AMP 


Mg** 
AMP-PP + RCHNH:COOH + RNA—OH . > 
O (3) 


RNA—OCCHNH.R + AMP + PP; 
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Department of Biochemistry, Brandeis University, Waltham, 
Massachusetts. 

§ Predoctoral Research Fellow of the National Science Founda- 
tion; present address, Medical Research Council Unit, Cavendish 
Laboratory, Cambridge University, Cambridge, England. 

1 Enzymes which catalyze an amino acid-dependent ATP-PP 
exchange and ATP-dependent amino acid hydroxamate formation 
have been referred to as amino acid-activating enzymes (1). In- 
asmuch as these activities are partial manifestations of the over-all 
reaction leading to amino acyl RNA formation (12, 16, 17) we 
propose to designate this class of enzymes as amino acyl RNA 
synthetases and the enzyme specific for a single amino acid, e.g. 
leucine, as leucy] RNA synthetase. This nomenclature, we feel, 
is consistent with the practice of including some indication of the 
nature of the product formed in the reaction. Moreover, it 
minimizes any ambiguity arising from situations in which amino 
acid activation occurs by reactions not involving amino acyl RNA 


By the above reaction, the amino acids are bound to the ae- 
ceptor ribonucleic acid through an ester linkage to the 2’- or 
3’-hydroxy] group of the terminal nucleotidy] ribose moiety (23- 
25), and where this has been examined, each amino acid is linked 
to a terminal adenylic acid (16, 23-25). 

The results of our investigations on the mechanism of amino 
acyl ribonucleic acid formation are reported in the present com- 
munication. The purification and characterization of the specific 
amino acyl ribonucleic acid synthetases and the amino acid- 
acceptor ribonucleic acid from Escherichia colt are presented in 
the following papers (26, 27). The fourth communication (28) 
describes the enzymic removal and resynthesis of the 3’-hydroxy- 
ended trinucleotide portion of the acceptor ribonucleic acid. 


EXPERIMENTAL PROCEDURE 
Materials 


Enzymes—In some of our earlier studies and in several experi- 
ments reported here, extracts of F/. coli and a mixture of un- 
formly C-labeled amino acids were used as a means of gener- 
ating highly labeled amino acyl adenylates. Extracts were 
prepared from cells grown as described in Paper II (26) by treat- 
ment of a washed cell suspension (4 ml of 0.05 m glycylglycine 
buffer, pH 7.0, per g wet weight of cells) in a cooled Raytheon 
10 ke sonic oscillator for 15 minutes or by disruption in a War- 
ing Blendor with glass beads (26). Both types of extract were 
dialyzed for about 24 hours against 30 to 40 volumes of 0.01 M 
Tris buffer, pH 8.0. 

The leucyl-, valyl-, isoleucyl-, and methionyl RNA synthetases 
from E. coli were prepared as described in Paper II of this series 
(20); the isolation of the methionyl RNA synthetase from yeast 
has been reported previously (2, 29). 

Crystalline inorganic pyrophosphatase (30) was kindly sup- 
plied by Drs. G. Perlmann and M. Kunitz. 

Amino Acid-Acceptor RNA Preparations—The acceptor RNA 
was isolated as described by Ofengand et al. (27), and in almost 
all cases, the material eluted from Ecteola (Brown Company) was 
used. The concentration of the acceptor RNA is expressed in 
terms of its nucleotide content and determined by its optical 
density at 260 my in 0.01 Nn KOH with a value of 10.0 as equal 
to 1 umole of RNA nucleotide. 


formation, e.g. S-adenosyl methionine (18), glutamine (19), gly- 
cineamide ribonucleotide (20, 21) formation, and very likely the 
formation of peptides (22). 
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C-labeled Amino Acids—The uniformly C-labeled amino 
acid mixture was obtained from the protein of Chromatium 
grown in the presence of NaHCO; as carbon source (31). The 
protein was hydrolyzed in 6 N HCI at 110° for 18 hours. The 
specific activity of the amino acids was 2.5 to 3.0 X 10° ¢.p.m. 
per wg atom of carbon. pL-Leucine-1-C™, pi-valine-1-C™, and 
t-methionine-CH;-C™ were purchased from Isotope Specialties, 
Inc., and uniformly labeled L-isoleucine-C™ was obtained from 
Volk Radiochemical Company. The specific activities of the 
amino acids ranged from 3 to 17 X 10° c.p.m. per umole counted 
in a windowless gas flow counter. 

Miscellaneous—PP;* was made as previously described (29). 
Nucleoside mono-, di-, and triphosphates were obtained from 
the Sigma Chemical Company, and unlabeled amino acids were 
purchased from the California Foundation for Biochemical Re- 
search or from Nutritional Biochemicals. As pointed out else- 
where (26), it was necessary in certain cases to use synthetic 
preparations of the amino acids to avoid trace contaminations 
by other amino acids. 


Methods 


Measurement of Amino Acyl RNA Formation—Depending 
upon the experiment, one of two assays for amino acyl RNA 
formation was carried out. The first determined the yield of 
amino acyl RNA formed when the enzyme, ATP, and amino 
acids were present in excess and the amount of acceptor RNA 
was limiting. The standard conditions for this measurement 
were as follows. The incubation mixture contained in a total 
volume of 0.5 ml, 50 uwmoles of sodium cacodylate buffer, pH 7.0; 
0.5 umole of ATP; 1.0 umole of MgCl. (for leucyl- and valyl 
RNA formation) or 5.0 uwmoles of MgCl. (for isoleucyl- and 
methionyl RNA formation); either 0.3 umole of pL-leucine-1-C%, 
0.4 umole of pi-valine-1-C'™, 0.03 umole of uniformly labeled 
L-isoleucine-C™ or 0.3 umole of L-methionine-CH;3-C"; 0.2 to 1.0 
umole of acceptor RNA nucleotide; 100 wg of crystalline beef 
serum albumin; 2 wmoles of reduced glutathione; 5 uwmoles of 
potassium chloride (for methionyl RNA formation); and either 
0.9, 0.5, 7, or 3 wg of protein of the leucyl-, valyl-, isoleucyl-, or 
methionyl RNA synthetase preparations, respectively. The 
mixture was incubated at 30° for 20 minutes (a time which was 
sufficient for the reaction to come to completion) and the reac- 
tion was stopped by the addition of 0.5 to 1.5 mg of carrier 
yeast RNA and 3 ml of a cold solution containing 0.5 m NaCl 
and 67% ethanol. After 5 minutes at 0°, the precipitate was 
centrifuged and washed three times by resuspension in the 
ethanol-salt mixture. The precipitate was dissolved in 1 ml of 
1.5 N NH,OH, and a suitable aliquot was dried in small dishes 
and counted in a windowless gas flow counter. The results are 
expressed as millimicromoles of amino acid bound per umole of 
acceptor RNA nucleotide. Data to be presented below (Fig. 5) 
show that, under these conditions, the amount of each of the 
amino acids bound is proportional to the amount of acceptor 
RNA added. 

In contrast to the first assay, which determined the yield of 
product, the second assay measured the rate of amino acyl RNA 
formation and was carried out under the conditions described 
above, except with less enzyme and more acceptor RNA (1.0 to 
2.0 umoles of RNA nucleotide). The reaction rate was propor 


tional to enzyme concentration over the range shown in Fig. 1. 
Measurement of Amino Acyl Adenylate Formation—The capac- 
ity of each of the enzymes to form amino acyl adenylates was 
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Fig. 1. Linear relationship of the rate of amino acyl RNA for- 
mation with enzyme concentration. See text for conditions. 


measured by the amino acid-dependent exchange of ATP and 
PP; (26). Inasmuch as the rate of amino acyl adenylate for- 
mation was the rate-determining step in the over-all exchange 
reaction (2, 29), the amino acid-dependent incorporation of 
PP;* into ATP actually measured the rate of amino acy] adenyl- 
ate formation. 

For comparisons of amino acyl adenylate and amino acyl RNA 
formation under the same conditions, the following assay was 
used. In a volume of 1.0 ml were 100 umoles of sodium caco- 
dylate buffer, pH 7.0, 5 umoles of MgCl, 2 umoles of ATP, 2 
umoles of PP;® (specific activity, 0.5 to 1.0 x 10° c.p.m. per 
umole), 2 umoles of the t-form of leucine, valine, isoleucine, or 
methionine, 200 ug of serum albumin, 4 wmoles of reduced gluta- 
thione (where indicated above), 10 wmoles of KCl] (where indi- 
cated above), and enough enzyme to give an incorporation of 
0.01 to 0.3 umole of PP; into ATP. The mixture was incubated 
at 30° for 15 minutes and the ATP was isolated and counted as 
previously described (2). All values were corrected for any 
ATP® formed in the absence of amino acid. This blank was 
always less than 5% of that observed with amino acid. 


RESULTS 


Required Components for Enzymatic Synthesis of Amino Acyl 
RNA Compounds—Formation of the amino acyl RNA derivatives 
was observed in the presence of ATP, Mg**, a specific RNA 
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TABLE I 
Requirements for amino acyl RNA formation by 
amino acyl RNA synthetases from E. colt 

The incubation mixtures and conditions used for measuring 
the rate of formation of each amino acy! RNA derivative are de- 
scribed under ‘‘Methods.’’ The column headings refer to the iso- 
lated enzymes which are relatively specific for the amino acids 
listed (26). 
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Components | Leucine Valine | Isoleucine | Methionine 
| pmoles/mg/hour 
| | <0.2 | 0.1 
Minus RNA........... | <0.08 | <0.2 | <0.02 | <0.1 
Minus Mg*+........... 0.15 | <0.1 
Minus enzyme......... | <0.03 | <0.2 <0.02 | <0.1 
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Fig. 2. Reversibility of amino acyl RNA synthesis. Tae C™ 
labeled mixed amino acyl RNA was prepared by incubating 2000 
ymoles of cacodylate buffer, pH 7.0, 90 umoles of MgCloe, 8 umoles 
of ATP, 1.17 X 107 e.p.m. of the C!+-amino acid mixture, 93 wmoles 
of acceptor RNA, and 8.0 mg of protein of a sonic extract of £. 
colt in a volume of 20 ml for 60 minutes at 30°. The product was 
isolated by the addition of NaCl to a concentration of 1.5 m fol- 
lowed by 2 volumes of cold ethanol. After chilling the mixture, 
the precipitated product was removed by centrifugation and ex- 
tracted with 0.01 m cacodylate buffer, pH 7.0. Denatured protein 
was removed by centrifugation, and the process of precipitation, 
buffer extraction, and removal of denatured protein was repeated 
twice more. The final product was dissolved in 0.02 m succinate 
buffer, pH 6. 

The amino acyl RNA was incubated with 20 wmoles of cacodylate 
buffer, pH 7.0, 15 wmoles of MgCl. and, where indicated, approxi- 
mately 2 umoles of C!-amino acid mixture prepared from Chroma- 
ttum, 2 pmoles of AMP, 2 uwmoles of PP;, 4 wmoles of Pj, and 0.2 
mg of protein of a sonic extract of #. coli in a volume of 0.5 ml, 
for the indicated time at 30°. The amount of amino acid remaining 
bound to the RNA was determined by measuring the amount of 
C'*-amino acid still precipitable by 0.6 m perchloric acid. The 
abbreviation used is: Enz, enzyme. 
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TABLE [I 
Formation of ATP from valyl RNA, AMP, and PP 


The complete system contained, per ml, 100 wmoles of sodium 
cacodylate buffer, pH 7.0, 2 umoles of MgCl., 50 umoles of potas- 
sium fluoride, 200 wg of serum albumin, 2.38 myumoles of valine- 
C4 as valyl RNA, 106 wg of valyl] RNA synthetase protein, 0.10 
umole of AMP, and 0.06 umole of (3.4 108 ¢.p.m. per 
umole). Valyl RNA was hydrolyzed to free acceptor RNA and 
valine by heating at 55° for 15 minutes at pH 9. The incubation 
was at 30° for 15 minutes and the reaction was stopped by boiling 
for 2 minutes. An aliquot of the reaction mixture was removed 
and the amount of valy] RNA remaining was determined by the 
amount of radioactivity still precipitable after the addition of the 
NaCl-ethanol mixture described under ‘‘Methods.’’ After the 
addition of unlabeled ADP, ATP, and PP; to the remainder of 
the reaction mixture, the nucleotides were adsorbed on charcoal. 
After the charcoal was washed several times with 0.01 m PP,, 
the nucleotides were eluted with 50% ethanol containing 0.3 y 
NH,OH and chromatographed on a Dowex 1-Cl~ column (32), 
In control experiments in which PP; was omitted, there was no 
disappearance (<5%) of valyl RNA or ATP when added in the 
amounts obtained in the experiment. Over 90% of the radioac- 
tivity was eluted with the carrier ATP, whereas in the experi- 
ment with hydrolyzed valyl RNA, less than 5% of the P® appeared 
with the ATP. In the former case, the specific activity of the 
ATP was essentially constant over the entire peak. The isolated 
material was further identified as ATP by the following two ex- 
periments. After reaction of the ATP*? with glucose and hexo- 
kinase, 45% of the P%* was isolated in the glucose 6-phosphate 
and 55% in the ADP. With an excess of valvyl RNA synthetase, 
L-valine, and unlabeled PP;, under conditions of the ATP-PP;® 
exchange reaction (26), 95% of the P%? in the ATP was found in 
the PP; fraction. 


Valyl RNA ATP 
Conditions 
Initial | Final | A Final | A 
mumoles mpmoles 

Complete system....) 1.19 | 0.06 | —1.13 |) 1.11 | +1.06 
Complete system 

with hydrolyzed 

valyl RNA........ 0.04 0.05 


fraction isolated from LF. coli, a C'-labeled amino acid, and the 
purified enzyme fraction capable of converting that amino acid 
to the corresponding amino acyl adenylate (Table I). In each 
case, omission of any one of the cited components resulted in a 
marked decrease in the rate of amino acyl RNA synthesis. 
Substitution of the ATP by UTP, GTP, CTP, dATP, or ADP 
lead to a decrease in the rate to less than 1%. Ribosomal RNA 
(27) from £. coli, or the equivalent fractions from animal and 
other bacterial sources, and synthetic polynucleotides prepared 
with polynucleotide phosphorylase (31), failed to function as 
amino acid acceptors under these conditions (32). 
Reversibility of Amino Acyl RNA Formation—Equation 3 pre- 
dicts that amino acyl RNA formation is reversible. Substantia- 
tion of this prediction was given by the following experiments. 
When amino acid-acceptor RNA, to which a mixture of C* 
labeled amino acids had been linked, was incubated with AMP, 
PP; and a dialyzed extract of E. coli, there was a rapid removal 
of the labeled amino acids from the RNA (Fig. 2). This occurred 
whether or not a pool of unlabeled amino acids was added. _ If 
either the AMP, PP, or the extract was omitted, or if UMP or 
CMP replaced AMP, or if P; was substituted for PPi, the rate 
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TABLE III 7 
Determination of equilibrium constant of L-valyl RNA formation 

For each experiment, 350 umoles of sodium cacodylate buffer, pH 7.0, 7 umoles of MgCle, 0.7 mg of serum albumin, 175 umoles of 
KF, and the reactants shown in the table were incubated in a volume of 3.5 ml. The valyl RNA was labeled with L-valine-1-C' (6 X 
10°c.p.m. per wymole). Samples were removed at 2, 3, 4, 5, 10, 15, and 20 minutes and the valyl] RNA formed or remaining was deter- 
mined as described in the standard assay procedure. In each case, the reaction was followed until no further change in the amount 
of valyl RNA could be detected. Completion of the reaction occurred by 5 minutes, and no change was measurable up to 20 minutes. 
The concentration of RNA is expressed as millimicromoles of valine-specific acceptor sites. The concentration of the RNA was 
calculated by the difference between the amount of valine-specific acceptor RNA added and the amount of valyl RNA formed or from 
the amount of valyl RNA which disappeared. Inasmuch as the concentrations of each of the other components was large compared 
to the amount of reaction which had occurred, the initial concentrations of each were used in the calculation. In separate experi- 
ments, it was shown that under these conditions there was no detectable destruction of the valine acceptor RNA chains nor was there 
any disappearance of ATP, AMP, or PP; (<4%) when added separately. 


Initial concentrations | 
Final 
Experiment No. concentrations K* 
AMP PP; ATP NA | ValylRNA| ENS 
| | — | | synthetase 
pmoles/ml units/ml  pmoles/ml 104 
1 0.40 1.02 0.40 0.52 1.36 X 1073 0 2.3 2.1 0.36 
2 0.40 0.51 0.80 0.52 1.36 X 10-3 0 1.2 5.4 0.32 
3 0.40 0.51 0.80 0.52 0 1.36 XK 1073 0.3 4.8 0.28 
+ 0.40 0.51 0.80 0.52 1.36 X 10-3 0 | 0.3 5.1 0.30 
Average | 0.32 
(AMP)(PPj)(Valyl RNA) 
 (ATP)(Valine)(RNA) 
CTT That the previous observations do represent reversal of amino 


8 = acyl RNA synthesis was established by the finding that incuba- 
tion of C4-valyl RNA with AMP, PP;*, and the specific valyl 


ay 7 : RNA synthetase resulted in essentially complete removal of the 
q 6: valine from the RNA and stoichiometric formation of ATP® 
21 ‘ad (Table II). No ATP® formation is observed when an equivalent 


amount of RNA and valine is substituted for the valyl RNA. 

Determination of the equilibrium constant for valy] RNA 
- ~ formation was made by measuring the steady state concentra- 
tion of valyl RNA in the presence of the other components of 
the system (Table III and Fig. 3). The average A.q value of 
0.32? showed that there was little change in free energy resulting 
_ from the formation of valyl RNA at the expense of the cleavage 
of ATP. 

Existence of Specific Acceptor RNA for Each Amino Acid—An 
examination of the kinetics of amino acyl RNA formation showed 
- that the reaction proceeded linearly with time and then reached 
a limit (Fig. 4). This limit was not appreciably increased (less 
than 5%) by the addition of up to 5 times more enzyme, ATP, 
or amino acid, whether added initially or when the reaction had 
stopped. The addition of 2.6 ug of crystalline inorganic pyro- 


Valyl RNA, moles / mi. x 103 


5 10 1S 20 tion. However, the addition of acceptor RNA, either at the 
Time in minutes beginning of the reaction or at the time the reaction ceased, lead 


Fic. 3. The equilibrium position for the valine incorporation to an increased yield of amino acyl RNA. If in each ease the 
reaction. The incubation conditions are described in Table III. reaction was allowed to proceed to completion in the presence of 
O——6, experiment 1; O——©, experiment 2; O——O, experi- tor RNA. th 
ment 3; @——@, experiment 4. varying amounts of acceptor RNA, the amount of amino acy 

RNA formed was a linear function of the amount of acceptor 
of amino acid removal from the RNA occurred at less than 1% RNA added (Fig. 5). It should be noted, however, that the 
the rate. The failure to remove amino acids from the RNA in yield of each amino acyl RNA was different. Thus, although 


the presence of only AMP and the enzyme was also consistent £3t should be peinted out that the calsalation of the Kis deus 


with the formation of enzyme-bound amino acyl adenylates by not, take into account the concentrations of possible complexes of 
the reverse as well as the forward reaction (7, 8). the phosphorylated derivatives (e.g. ATP, RNA, etc.) with Mgt. 
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Fic. 4. Kinetics of amino acyl RNA formation. The condi- 
tions used were those described for the usual assay of amino acyl 
RNA formation except that 12, 0.1, 0.4, or 0.5 ug of leugyl-(L), 
valyl-(V), isoleucyl-(J), or methionyl-(M@) RNA synthetase pro- 
tein, respectively, and 1.0 umole of acceptor RNA nucleotide were 
used. 


L 
>0.3 am 
I 
hes 0.2 M 
fe) 
X0.1 
0.0 0.2 0.4 0.6 0.8 1.0 


AmMales of acceptor-RNA nucleotide added 


Fic. 5. Formation of amino acyl RNA as a function of the 
amount of acceptor RNA. The conditions used were those de- 
Abbreviations are as in Fig. 4. 


scribed under ‘‘Methods.’’ 


TABLE IV 
Separate sites for linking amino acids to acceptor RNA 

Experiment 1. The reaction mixture (0.5 ml) contained 29 
umoles of sodium cacodylate buffer, pH 7.0, 1 umole of MgCl, 0.2 
umole of ATP, either 0.25 umole of pi-leucine-1-C™ (5.1 198 
c.p.m. per pmole), 0.25 umole of pL-valine-1-C! (6.1 10° ¢.p.m, 
per wmole) or 0.16 umole of L-methionine-CH;3-C' (3.0 & 196 
c.p.m. per umole), 0.9 umole of acceptor RNA, and 100 ug of g 
sonic extract of £. coli. The incubation was for 20 minutes at 
80°. In the experiment with a mixture of the three amino acids, 
all were present initially. 


Experiment 2. The incubation mixtures and conditions were as | 
When the incorporation of two © 


deseribed under ‘‘Methods.’’ 
amino acids was examined, the second amino acid and the appro- 
priate enzyme were added after 20 minutes, and the incubation 
was continued for an additional 20 minutes. 


Experiment 
No. 


Amino acid added Incorporation 
total c.p.m. 
1 | Leucine | 3759 
Valine 1646 
Methionine 468 
Mixture of above 5832 
Caleulated sum 5873 
2 | Valine 947 
Leucine 1038 
Valine, then leucine 2006 
Calculated sum | 1985 
Valine | 947 
Methionine | 448 
Valine, then methionine | 1434 
Calculated sum | 1395 
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the RNA acted stoichiometrically with each amino acid, fora — 


given amount of acceptor RNA the amount of amino acyl RNA 
formed varied with the amino acid. 

Two possible interpretations of this result are that (a) there 
was a single binding site which reacted with each amino acid to 
a different extent, or (6) there existed different and specific sites 
for the individual amino acids. 


These alternatives were dis- | 


tinguished by the following experiments (Table IV). When | 
leucine, valine, and methionine were present together, the total — 
amount of amino acid linked to the acceptor RNA was equal to — 
the sum of the amounts obtained when each amino acid was — 


present by itself (Experiment 1). Moreover, saturation of the 
acceptor RNA with one amino acid (e.g. L-valine) did not affect 
the amount of any other amino acid (e.g. L-leucine or L-methio- 
nine) which could subsequently be linked to the acceptor RNA 
(Experiment 2). These data ruled out the common binding site 
hypothesis but were consistent with the existence of a limited 
and fixed number of binding sites, each specific for a particular 
amino acid. 

Further support for this view has come from studies on the 


destruction of amino acid acceptor sites by periodate (28). This 


work showed that periodate oxidation of acceptor RNA destroys 


the ability to accept all amino acids. However, similar treat- 
ment of leucyl-, valyl-, or methionyl RNA followed by removal 
of the amino acid yielded preparations of RNA which could 
accept only that amino acid which was linked to the RNA during 
the exposure to periodate. Since, according to currently ac- 
cepted ideas of RNA structure, polynucleotide chains are ul 
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branched and therefore the only cis-hydroxyl configuration re- 
sides on the terminal nucleotide with a free 3’-hydroxyl group, 
it may be inferred that each amino acid is linked exclusively to 
either the 2’- or 3’-hydroxyl group of the terminal nucleotidy] 
ribose unit of individual RNA molecules. For the leucine- and 
valine-specific polynucleotide chains this terminal nucleotide is 
adenylic acid (28), although it is now clear that, in the acceptor 
RNA of E. coli, adenylic acid is the sole terminal nucleotide 
containing a free 3’-hydroxyl group on the ribose moiety (27). 

Heterogeneity of Acceptor RNA Chains Reacting with Single 
Amino Acid—The conclusion stated above predicts that acceptor 
RNA represents a heterogeneous population of polynucleotide 
chains, each chain being specific for a particular amino acid. It 
is essential before considering any analysis of the chemical basis 
of the amino acid specificity of acceptor RNA to know whether 
there exists a second order of heterogeneity, namely, whether all 
the chains reacting with a particular amino acid are identical. 
The following experiments suggested that they are not. 

Acceptor RNA from E. colt bound methionine to a different 
extent depending upon whether the methionyl RNA synthetase 
from E. coli or yeast was used (Fig. 6). Although the amount 
of methionine fixed was a direct function of the acceptor RNA 
added, the slopes of the two curves differed by a factor of 
about 2.5; that is, 2.5 times more methionine was bound per unit 
of RNA when the synthetase from EF. coli was used as compared 
with the one from yeast. Although the addition of more yeast 
methionyl RNA synthetase, ATP, or methionine did not in- 
crease the yield of methionyl RNA, it was clear that there still 
were sites available to accept methionine. This is shown by the 
experiment (Table V) in which the F. coli synthetase was added 
when the reaction with the yeast enzyme had come to completion. 
The reciprocal experiment, in which the acceptor RNA was re- 
acted to a limit with methionine with the FL. coli enzyme and then 
exposed to the yeast enzyme, showed no additional formation of 
methionyl RNA. It may be inferred from this result that of 
the polynucleotide chains specific for methionine, 40% can fune- 
tion with either enzyme, whereas 60% of the chains are available 
only to the #. coli synthetase. 

Support for this interpretation was obtained by the periodate 
oxidation technique for selectively inactivating those polynucleo- 
tide chains not linked to.amino acids (28). Samples of methiony] 
RNA prepared with the F. coli or yeast synthetases were treated 
with periodate, reisolated, and then the amino acids were re- 
moved with alkali. The regenerated acceptor RNA preparations 
were retested for their capacity to accept methionine with each 
of the enzymes (Table VI). When the methionyl RNA was 
prepared with F. coli enzyme, all sites specific for methionine 
survived the periodate oxidation when tested with either enzyme. 
On the other hand, when methionyl RNA was prepared with the 
yeast enzyme, 60% of the chains which accept methionine were 
inactivated as judged by the test with the enzyme from 4%. colt 
but all were conserved when assayed with the yeast enzyme. 
These data show that within the population of acceptor RNA 
molecules there were at least two distinguishable classes of poly- 
nucleotide chains which could accept methionine. 

Nature of Enzymes Catalyzing Amino Acyl RNA Formation— 
The enzyme preparations used in the present studies were puri- 
hed on the basis of their activity for amino acyl adenylate forma- 
tion (26). Although these same preparations catalyzed the 
formation of the amino acyl RNA derivatives, it was not clear 
which of the following hypotheses was operative. 

1, The formation of the specific enzyme-amino acy] adenylate 
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mumoles of methiony! RNA formed 


J 


| | | 
0.6 0.8 

Amoles of acceptor-RNA nucleotide added 

Fig. 6. Formation of methionyl RNA by methionyl RNA syn- 


0.0 


0.2 OA 1.0 


thetases from yeast and E. coli. The conditions used are those 


described under ‘‘Methods.’’ 


TABLE V 


Formation of methionyl RNA by methionyl RNA synthetases from 
E. coli and yeast 


The reaction mixtures contained, in a volume of 0.5 ml, 50 
umoles of sodium cacodylate buffer, pH 7.0, 1 umole of MgCl, 0.5 
pmole of ATP, 0.06 umole of L-methionine-CH;3-C™ (7.5 10® 
c.p.m. per umole), 5 umoles of potassium chloride, 100 ug of serum 
albumin, 0.81 umole of acceptor RNA, and either 30 ug of protein 
of methionyl] RNA synthetase from £. colt or 125 ug of protein 
of the similar enzyme from yeast added as indicated in the table. 
The incubation was at 30°. 


Total time Methionyl 
Enzyme additions of RNA 
incubation formation 
aie | 
E. coli enzyme at time zero............... 20 0.28 
40 0.27 
E. coli enzyme at time zero and again at 20 
E. coli enzyme at time zero; yeast enzyme 
Yeast enzyme at time zero................ 20 0.12 
40 14 
Yeast enzyme at time zero and again at 20 
Yeast enzyme at time zero; EF. coli enzyme | 
Yeast and £. coli enzyme at time zero.... 20 | 0.27 


complex may be followed by a nonenzymic transfer of the amino 
acid to the RNA. 

2. There may be a single amino acid-specific enzyme which 
catalyzes the formation of an amino acyl adenylate and the 
transfer of that amino acid from the adenylate moiety to the 
acceptor RNA. 

3. There may be required in addition to the enzyme forming 
each amino acyl adenylate either (a) separate specific amino acyl 
transferases for linking each amino acyl residue to the appro- 
priate acceptor RNA, or (6) a single amino acy] transferase which 
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TABLE VI 


Evidence for heterogeneity among acceptor RNA 
chains for L-methionine 

Methionyl RNA was prepared under the usual conditions with 
either the methionv] RNA synthetase from £. colt or from yeast 
and was isolated as already described. Both samples were treated 
with sodium metaperiodate in 0.1 mM sodium suecinate buffer at 
pH 5.6 in the ratio of 1 wmole of periodate per 14 wmoles of ac- 
ceptor RNA nucleotide. The RNA samples were reisolated and 
the bound methionine removed by 0.1 m glycine buffer, pH 10.2, 
at 30° for 60 minutes. The two RNA preparations were again 
recovered and then tested as acceptors of methionine with each 
of the methionyl RNA synthetase preparations as described in 


Table V. 


Methionyl RNA formation 


Source of enzyme used 
to measure methionyl 
RNA formation 


| Periodate-treated 
methionyl RNA prepared with 
Original RNA 


EE. coli enzyme | Yeast enzyme 


mumoles/umole RNA nucleotide 
0.23 
0.10 


0.10 
0.10 


transfers any amino acy! group but only to the appropriate ac- 
ceptor RNA chain. 

Although nonenzymic acylation of RNA by amino acyl adenyl- 
ates has been observed, the amino acids appeared to be bound 
to any RNA and in a variety of linkages (34). Such a mecha- 
nism would therefore not account for the fact that only a particu- 
lar fraction of RNA functions as an amino acid acceptor (11, 27). 
It also seems unlikely that a nonenzymic mechanism would 
manifest the high degree of specificity inherent in linking each 
amino acid exclusively to the terminal nucleotide of a particular 
RNA chain. Furthermore, the different yields of methionyl 
RNA produced in the presence of two different methionyl RNA 
synthetases are inconsistent with a nonenzymic transfer reaction. 

Since hypotheses 2 and 3 predict that the synthesis of a given 
amino acyl RNA derivative is preceded by the formation of the 
corresponding amino acyl adenylate, it is implicit in either al- 
ternative that the formation of each amino acyl RNA compound 
must be at least as specific with respect to the amino acid as is 
the synthesis of the amino acyl adenylate. Table VII shows 
that with four enzymes from £. colt and one from yeast only 
that amino acid which is converted to the adenylate is linked to 
the acceptor RNA. The only deviation from an exact correla- 
tion of the two specificities is the case of the isoleucyl] RNA 
synthetase. Although this enzyme can form both isoleucyl- and 
valyl adenylates (26), it synthesizes only isoleucy] RNA. The 
reasons why the valyl moiety is not transferred to the acceptor 
RNA (which can accept valine from the valyl RNA synthetase 
preparation) remain to be determined. 

Hypothesis 2, in contrast to 3, predicts that the ratio of the 
activity for amino acyl adenylate formation and amino acyl RNA 
synthesis must be constant throughout the purification of the 
enzymes. Any alteration in this ratio during purification would 
suggest the existence of separable activities. Table VIII shows 
that the ratio of activities for methiony] adenylate and methiony] 
RNA formation was constant during the course of an approxi- 
mately 100-fold purification of the methionyl RNA synthetase 
from yeast. Similar findings have been made with the leucyl- 
and methionyl RNA synthetases of EF. coli. The ratio of leucy] 
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TaBLeE VII 
Specificity of enzyme preparations for amino acyl adenylate and 
amino acyl RNA formation 
The rate of amino acyl adenylate formation was measured as 
described elsewhere (26), and the rate of amino acyl RNA synthe- 
sis was determined as described under ‘‘Methods.”’ 


: Amino acyl | Amino acy] 
Enzyme Amino acid tested adenylate RNA 
formation formation 
pmoles/mg/hour 
Leucine Leucine 358 3.2 
Valine 13.2 0.18 
Methionine 8.0 <0.01 
Isoleucine <3.0 <0.01 
Valine Valine 560 25 
Leucine <0.5 <0.01 
Tsoleucine <4.0 <0.01 
Methionine 2.0 <0.01 
Isoleucine Isoleucine 768 3.3 
Leucine 31 <0.07 
Valine 416 <0.03 
Methionine 41 0.07 
Methionine (£. coli) Methionine 356 3.5 
Leucine 4.0 <0.01 
Valine <3.0 <0.01 
Isoleucine <3.0 <0.01 
Methionine (Yeast) Methionine 44 0.016 
Leucine <0.4 <0.001 
Valine <0.4 <0.001 
| Phenylalanine <0.4 <0.001 


TaBLeE VIII 
Methionyl adenylate and methionyl RNA formation in various 
fractions obtained during purification of methionyl 
RNA synthetase from yeast 


Methionyl Methionyl 
Enzyme fraction* A/B X 1078 
(A) (B) 

pmoles/ mumoles / 

mg/hour me/hour 
0.61 0.23 2.6 
Alcohol Fraction 2................ 14.8 5.2 2.8 
Ammonium sulfate Fraction 1..... 23.2 8.0 2.9 
Ammonium sulfate Fraction 2..... 44.0 16.2 2.7 
Alumina Cy gel eluate............ 55.7 19.7 2.8 


* The various enzyme fractions were prepared as previously 
described (35) and the specific enzyme activities for the formation 
of methionyl adenylate and methionyl RNA were measured as 
described under ‘‘Methods.”’ 


adenylate formation to that of leucyl RNA formation was 40 
in crude extracts and 43 in the purified preparation (50-fold 
purified). The analogous ratios with methionine in the crude 
and purified preparations (75-fold purified) were 79 and 81, re 
spectively. 

The failure to observe separation of amino acyl adenylate and 
amino acyl RNA formation might also result (a) if the enzymes 
involved fractionated identically in the procedures we have used, 
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TABLE IX 


Comparison of rate of amino acyl adenylate and amino acyl RNA 
formation under similar conditions 


The rate of amino acyl RNA formation was measured as already 
described, and the synthesis of amino acyl adenylates was deter- 
mined by the amino acid-dependent ATP-PP;® exchange (26). 
To compare the two rates, however, the ATP-PP;* exchange re- 
action was carried out under the same conditions used for amino 
acyl RNA formation, except that unlabeled amino acid and 0.002 
u ATP and PP; were added. 


| 


Amino acyl Amino acyl | 
adenylate | RNA 


— _ formation | formation | 4/B 

| A) | (B) | 

umoles/mg/hour 
Leucyl RNA synthetase..........., 120 28 | 43 
Valyl RNA synthetase. ........... | 574 26.4 | 22 
[soleucyl] RNA synthetase......... 460 3.3 140 

Methionvl] RNA synthetase (EF. 

Methiony!] RNA synthetase (yeast). 22.1 0.007 3200 


and (b) if the hypothetical enzyme catalyzing the transfer of the 
amino acyl group to RNA were present in excess in both the 
erude and subsequent enzyme fractions. The first point can 
only be answered by more extensive purification studies. The 
second objection, however, is eliminated by the observation that 
with each enzyme preparation it is the formation of the amino 
acyl adenylate which is by far the faster reaction, 7.e. the transfer 
of the amino acyl group to the RNA is the rate-limiting step 
(Table IX). Note that this difference in the rate of amino acyl 
adneylate- and amino acyl RNA formation is of the order of 
20- to 140-fold and in one case is about 3000 times. These data 
imply that the transfer of the amino acyl moiety from the en- 
zyme-amino acyl adenylate complex to the acceptor RNA is the 
rate-limiting reaction. It should be pointed out that the slow 
transfer of methionine by the yeast methionyl RNA synthetase 
may be due to the use of the acceptor RNA from LE. coli. 

At present, our data are consistent with the hypothesis that a 
single enzyme catalyzes both the formation of a specific enzyme- 
amino acyl adenylate complex and the transfer of the amino acyl 
group to the acceptor RNA. 


DISCUSSION 


The findings reported here and those presented recently by 
other workers (16, 17) indicate strongly that the so-called “amino 
acid-activating enzymes” are in essence amino acyl RNA syn- 
thetases. Whereas the initial reaction between ATP, amino 
acid, and a specific enzyme results in the formation of an enzyme- 
bound amino acyl adenylate, in the presence of the appropriate 
acceptor RNA chain, the amino acyl moiety is transferred to 
the RNA and more specifically to the 2’- or 3’-hydroxyl group 
of the terminal nucleotidyl ribose. A mechanism of this type 
not only minimizes spontaneous destruction of the highly un- 
stable free amino acyl adenylate under physiological conditions 
(34, 36), but it also eliminates the requirement of additional 
specific enzymes to form each amino acyl RNA derivative. In- 
deed, it has recently been shown (37) that synthetic trypto- 
phanyl adenylate, in the presence of purified tryptophanyl RNA 
synthetase, serves as tryptophan donor to amino acid acceptor 
RNA. From a mechanistic view, the amino acyl RNA synthe- 
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tases are analogous to the enzymes which catalyze the formation 
of acyl-CoA derivatives (38-40), pantothenic acid (41), and 
carnosine (42) in that there is a primary formation of an enzyme- 
bound acyl adenylate and a subsequent transfer of the acyl 
moiety to an acceptor molecule. 

Recently Zillig et al. (43) reported that the yield of amino acyl 
RNA is a function of the amount of amino acyl RNA synthetase 
added. We have not observed this phenomenon in our studies. 
Rather, only the initial rate of amino acyl RNA formation is 
influenced by the amount of enzyme present. The final yield of 
amino acyl RNA is, with sufficient time, independent of enzyme 
concentration and depends entirely on the amount of acceptor 
RNA present. In our early studies of valyl RNA synthesis, we 
observed that the yield of valyl RNA did vary with the amount 
of enzyme added. This, however, was found to be due to in- 
activation of the enzyme during the course of the reaction, and 
it could be circumvented by the addition of serum albumin to 
the incubation mixture. Under these latter conditions, the en- 
zyme continues to act until the acceptor RNA is saturated with 
respect to valine. 

The finding that amino acyl RNA synthesis is reversible is 
surprising in light of the ester linkage between amino acid and 
the acceptor RNA. The A., of 0.32 for valyl RNA synthesis 
and the values of 0.7 and 0.37 reported for threonyl RNA 
synthesis (16, 17) indicate that the amino acyl moiety is main- 
tained at a high energy level. Whether this thermodynamic 
activation of the amino acid is a consequence of an adjacent 
hydroxyl group on the ribose or to some other structural feature 
of the combination remains to be determined. 

An interesting aspect of the mechanism of amino acyl RNA 
synthesis concerns the basis of the specificity in linking each 
amino acid to the appropriate polynucleotide chain. This ques- 
tion may be considered on the basis of the two reactions catalyzed 
by the enzyme: in the first phase, the enzyme forms a specific 
enzyme-amino acyl adenylate complex and in the second this 
complex reacts with a specific acceptor RNA chain to form the 
appropriate amino acyl RNA derivative. With respect to the 
first phase of the reaction, it is clear from studies with the purified 
amino acyl RNA synthetases that they exhibit a relatively high 
degree of selectivity for a single naturally occurring amino acid. 
The significance of the slight activity sometimes noted with other 
amino acids is difficult to assess in the absence of more precise 
data concerning the purity of the enzyme preparations and the 
amino acid substrates (26). There are two exceptions, however, 
which should be noted. The purified isoleucyl RNA synthetase 
forms valyl adenylate as well as isoleucyl adenylate, and the 
valyl RNA synthetase forms threonyl adenylate (26). In both 
cases, the A,, for the “unnatural” substrate is about 100-fold 
higher than that for the ‘‘natural’”’ one, so that with equal con- 
centrations of the ‘“‘natural’” and ‘‘unnatural’’ amino acids, the 
enzyme reacts almost exclusively with the ‘natural’ substrate. 

In an analysis of the factors which control the transfer of the 
amino acyl moiety to its specific acceptor RNA chain, several 
aspects must be considered. First, we might ask, ‘“‘What por- 
tions of the synthetase-amino acyl adenylate complex function 
in selecting the appropriate acceptor RNA chain?” Our data 
suggest that both the amino acid and protein moieties function 
in this selection. The fact that the enzyme-isoleucyl adenylate 
complex transfers isoleucine to the isoleucine-specific RNA chain 
but that the same enzyme in combination with valyl adenylate 
does not transfer the valine to any acceptor RNA chain empha- 
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sizes the role of the amino acid side chain. Similarly, the ob- 
servation that different amounts of methionyl RNA are formed 
when methiony] adenylate is linked to two different proteins 
points to a specific function for the protein in the selection of 
the correct RNA chain. There is no information at present con- 
cerning the chemical structures of the RNA chains which allow 
for the “recognition” between a specific enzyme-amino acyl 
adenylate complex and its appropriate RNA chain. Clearly, the 
terminal nucleotide, to which the amino acid is bound, cannot 
account for this specificity since for each amino acid this unit is 
adenylic acid (16, 24, 25). Whether the differentiation between 
acceptor RNA chains relies on differences in nucleotide sequence, 
configuration, or to some unknown factors remains to be deter- 
mined. The indications that there may be _ heterogeneity 
amongst RNA chains specific for a single amino acid may serve 
to complicate the analysis of this problem. 


SUMMARY 


Purified enzymes from Escherichia coli which form t-leucyl-, 
L-valyl-, L-isoleucyl-, or L-methionyl adenylates also catalyze 
the formation of the corresponding amino acyl ribonucleic acid 
derivatives. Each amino acid is bound through its carboxyl 
group to the terminal nucleotide (2’- or 3’-hydroxyl end) of 
specific polynucleotide chains. The synthesis of amino acy] ribo- 
nucleic acid derivatives is reversible, and in the case of L-valyl 
ribonucleic acid formation the equilibrium constant is 0.32. In- 
dications were obtained that the polynucleotide chains specific 
for accepting L-methionine are heterogeneous. 
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0.5% KCI, recentrifuged, and stored at —15°.! 
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The enzymic syrthesis of amino acy! ribonucleic acid deriva- 
tives appears to take place in two steps, both of which are cata- 
lyzed by a single enzyme (1-4). The first step involves the 
reaction of adenosine triphosphate, an amino acid, and an enzyme 
specific for that amino acid, resulting in the formation of an en- 
zyme-amino acyl adenylate complex and free inorganic pyro- 
phosphate. In the subsequent reaction, the amino acyl moiety 
is transferred to the 2’- or 3’-hydroxyl group of a terminal 
adenylic acid in a specific ribonucleic acid chain. The present 
paper describes the isolation and characterization of the en- 
zymes that catalyze the formation of leucyl-, valyl-, isoleucyl-, 
and methiony1 ribonucleic acid. 


EXPERIMENTAL PROCEDURE 


Escherichia coli strain B or ML30 was grown in a medium con- 
taining 1.1% KeHPOx,, 0.85% KH2PO,, 0.6% Difco yeast extract, 
and 1% glucose. The cells were grown with vigorous aeration 
and harvested near the end of the period of exponential growth. 
The cells were washed with a solution containing 0.5% NaCl and 
Cells stored for 
several months in this way did not lose significant amounts of 
enzymatic activity. 

Both the pL- and L-forms of the amino acids used were obtained 
from the California Foundation for Biochemical Research (CFP 
grade), or from Nutritional Biochemicals Corporation. 

ATP was purchased as the crystalline sodium salt from the 
Sigma Chemical Company. DEAE-cellulose, type 40, was pur- 
chased from The Brown Company, and it was converted to the 
hydroxyl form before equilibration with the appropriate buffers. 
Superbrite glass beads, 200 uw average diameter, were obtained 
from the Minnesota Mining and Manufacturing Company, and 
they were washed, before use with 1 N HCl and then with water. 

P-labeled sodium pyrophosphate was prepared by heating 
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NaHP*OQ, for 1 hour at 400° (5) and after separation from any 
remaining P*® inorganic phosphate by chromatography on a 
Dowex 1-Cl- column (6), it was diluted with carrier sodium 
pyrophosphate to a final specific activity of 104 to 10° ¢.p.m. 
per umole. Protein determinations were carried out by the 
method of Lowry et al. (7). 

Paper chromatographic separation of isoleucine and valine was 
carried out with a mixture of pyridine, iso-amyl] alcohol, and H.O 
(35:35:30) (8). 

The activity of each of the amino acyl RNA synthetases was 
assayed by the amino acid-dependent exchange of ATP and PP;” 
as described earlier (9). Potassium fluoride (0.01 m), which was 
not inhibitory to the ATP-PP;* reaction, was routinely added 
to the reaction mixtures to inhibit any inorganic pyrophospha- 
tase. One unit of enzyme activity is equivalent to the incor- 
poration of 1 ymole of PP; into ATP in 15 minutes. As already 
pointed out (9), the initial rate of incorporation of PP; into 
ATP was equivalent to the initial rate of amino acyl adenylate 
formation. Fig. 1 shows that for each assay the rate of the 
ATP-PP;® exchange was proportional to the amount of each 
amino acyl RNA synthetase preparation used. This propor- 
tionality was observed in the range of 0.02 to 0.3 umole of ATP” 
formation in 15 minutes (0.02 to 0.3 unit). 


RESULTS 


Crude extracts of E. coli catalyze the formation of the amino 
acyl adenylate derivatives of leucine, valine, isoleucine, and 
methionine, as well as the formation of the corresponding amino 
acyl RNA derivatives (10). The same initial fractionation pro- 
cedures sérved for the purification of the valyl-, isoleucyl-, and 
leucyl RNA synthetases, and eventual separation of these activ- 
ities was achieved by chromatography on a DEAE-cellulose 
column (11). The methionyl RNA synthetase was obtained by 
another procedure. 

Isolation of Valyl-, Isoleucyl-, and Leucyl RNA Synthetases— 
Unless otherwise stated, all operations were carried out at 0-5°. 
A mixture of 100 g wet weight of F. coli cells, 100 ml of 0.025 m 
Tris buffer, pH 8.0, and 300 g of glass beads (200 u) was stirred 
in a stainless steel Waring Blendor run at about 90 volts. If the 
temperature of the mixture approached 5°, stirring was stopped 
and the material was cooled in an ice bath to 0°. After a total 
of 15 minutes of stirring, 300 ml of Tris buffer were added, and 
the mixture was stirred at low speed for an additional 2 to 3 
minutes. After the beads had settled, the supernatant fluid was 
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Fic. 1. The rate of ATP-PP;*? exchange as a function of the 
amount of isoleucyl- (A), valyl- (B), leueyl- (C), and methionyl 
RNA synthetases (D) added. The reaction mixture contained, 
in a volume of 1.0 ml, 100 wmoles of Tris buffer, pH 8.0; 5 wmoles 
of MgCl.; 5 wumoles of potassium fluoride; 2 wumoles of ATP; 2 
pmoles of P%-sodium pyrophosphate containing 104 to 10° ¢.p.m. 
per umole; and 2 umoles of the appropriate amino acid. The incu- 
bation was carried out at 37° for 15 minutes and the amount of 
radioactivity in the ATP was determined as previously described 


(9). 
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decanted, and the beads were washed twice with 150 ml aliquots 
of buffer. The first supernatant fluid and washings were com- 
bined and centrifuged at 20,000 x g in a Servall SS-1 centrifuge 
for 1 hour and the precipitate discarded. The total volume of 
extract was usually 600 to 700 ml. 

For each 100 ml of cell extract, 5 ml of 1 m MnCl. were added 
with stirring, and after 20 minutes, the mixture was centrifuged 
for 15 to 20 minutes as described above. To every 100 ml of 
the supernatant fluid were added 31 g of ammonium sulfate, and 
after 20 minutes, the mixture was centrifuged at 30,000 X g for 
1 hour and the precipitate discarded. To the supernatant fluid 
were added 12 g of ammonium sulfate, and after the mixture 
was stirred for 20 minutes, it was centrifuged at 30,000 x g for 
15 minutes. The precipitate obtained from 100 g of cells was 
dissolved in 60 to 65 ml of 0.02 m phosphate buffer, pH 7.5, and 
dialyzed for 5 hours against the same buffer. The dialyzed 
solution was clarified by centrifugation (ammonium sulfate frac- 
tion 1). 

To every 100 ml of ammonium sulfate Fraction 1 were added 
16 ml of 0.5 M potassium phosphate buffer, pH 7.5. The solution 
was incubated at 30° for 13 hours, chilled to 0°, and then cen- 
trifuged to remove any insoluble material. By this procedure 
most of the nucleic acid in ammonium sulfate Fraction 1 is con- 
verted to an acid-soluble form, facilitating the further purification 
of the enzymes. ‘The breakdown of the nucleic acids results from 
the action of a ribonuclease present in the ribosomal particles 
(12). To each volume of the supernatant fluid were added 0.4 
volume of 0.05 m ATP, pH 7.1, 0.2 volume of 0.1 M L-valine, 0.2 
volume of 0.1 m MgCl, 0.14 volume of 0.05 m KF, and 0.06 
volume of 0.5 mM K,HPO, The mixture was heated at 55° for 
45 minutes, and after cooling to 0°, the insoluble material was 
removed by centrifugation. To each volume of the heated su- 
pernatant fluid, 1.6 volumes of ammonium sulfate solution, 
saturated at 4°, were added with stirring over a 10-minute period. 
The precipitate was removed by centrifugation at 30,000 x g 
for 10 minutes and dissolved in 20 ml of 0.02 mM phosphate buffer, 
pH 7.5, containing 0.05 m 2-mercaptoethanol. This solution 
was dialyzed against the same buffer for 2 to 3 hours, centrifuged, 


and any insoluble material was discarded (ammonium sulfate 
Fraction 2). 

Although the heating procedure was designed to specifically 
protect the valyl RNA synthetase, about 50% of the activity 
with isoleucine and leucine remained after this treatment. Be- 
cause there appeared to be considerable denaturation of protein 
and therefore some purification of each activity, the procedure 
was routinely used. 

The dialyzed ammonium sulfate Fraction 2 was adsorbed to 4 
DEAE-cellulose column (3.8 em? X 16 em) which had previously 
been equilibrated with 0.02 mM phosphate buffer, pH 7.5, contain. 
ing 0.05 M 2-mercaptocthanol. A linear gradient of decreasing 
pH and increasing phosphate concentration was used to elute 
the enzymes. The mixing chamber contained 550 ml of 0.02 y 
phosphate buffer, pH 7.5, whereas the reservoir contained 550 
ml of 0.25 mM phosphate buffer, pH 6.5; both solvents contained 
0.05 M 2-mercaptoethanol. The flow rate was maintained at 50 
to 60 ml per hour and fractions of approximately 25 ml were 
collected. ‘The isoleucyl-, valyl-, and leucy] RNA synthetases 
were eluted after about 400, 600, and 800 ml of buffer, respec. 
tively, had passed through the column (Fig. 2). The major 
portion of each peak was contained in 75 to 100 ml. The frac. 
tions containing the major portion of each peak were pooled and 


the enzymes were concentrated by addition of solid ammonium | 


sulfate to 0.85 saturation. After 15 minutes, the precipitate was 
centrifuged at 30,000 x g for 1 hour and then dissolved in 2 to 3 
ml of 0.02 m phosphate buffer, pH 7.5, containing 10-* m reduced 
glutathione. The individual enzymes were dialyzed overnight 
against about 100 volumes of the same buffer, and then against 
fresh buffer for another 3 to 4 hours. Any precipitate which 


formed during the dialysis was removed by centrifugation, and | 


the enzymes were stored at —15° 


Isolation of Methionyl RNA Synthetase—Extract from 100 g of | 


i. colt was prepared as described above, and then dialyzed over- 
night against 20 liters of 0.01 m Tris buffer, pH 8.0. For each 
volume of dialyzed extract, 0.9 volume of 0.05 m Tris buffer, 
pH 7.5, and 0.1 volume of 2 M potassium phosphate buffer, pH 
7.2, were added. ‘This mixture was incubated at 30° for 2.5 to3 
hours, and after it was chilled to 0°, the small amount of precipi- 
tate was removed by centrifugation. As previously pointed out, 
this procedure facilitated the subsequent fractionation steps by 


depolymerizing the nucleic acids present in the extract. To | 


each 100 ml of this solution were added 21.1 g of ammonium sul: 


60OF Isoleucine 
_j SOF a 
= 
~ 
2 
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> 
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- 
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Fic. 2. Chromatographie separation of isoleucyl-, valyl- and 


leucyl RNA synthetases on a DEAE-cellulose column. See text | 


for complete details. 
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TABLE [I 
Purification of valyl-, isoleucyl-, and leucyl RNA synthetases from E. coli 
ae Valyl RNA synthetase Isoleucyl RNA synthetase Leucyl RNA synthetase 
— Total units* Total units* Total units* | 
13.4 | 11,400 | 1.3 16,600 2.0 | 22,500 | 
- Ammonium sulfate 1............... | 105 16.4 | 6,850 3.4 11,550 6.7 
Ammonium sulfate 2............... 22 oe 6,060 16 5,320 14 5,230 | 14 
DEAE-cellulose fractionsf......... | 3,420 3,770 2,965 | 
Valyl RNA synthetase............. 3.3 2,850 166 | 
[soleucvyl RNA synthetase. ........ 2.4 | 3,120 | 181 | | 
Leucyl] RNA synthetase............ 2.8 4.50 | | | | 1,515 | 120 


* Corrected for activity of isoleucv] RNA synthetase with valine. 


(The true valine-dependent ATP-PP;* exchange activity is 


equal to the valine-dependent ATP-PP;* exchange activity minus 0.55 of the isoleucine-dependent ATP-PP ;® exchange activity.) 
+ The actual recovery of each enzyme from the column was: valyl RNA synthetase, 4860 units; isoleueyl RNA synthetase, 4680 


units; leucy] RNA synthetase, 3875 units. 


fate, and after stirring for 10 minutes the solution was centri- 
fuged. To the supernatant fluid were added 6.3 g of ammonium 
sulfate, and after 10 minutes, the precipitate was removed by 
centrifugation and dissolved in about 20 ml of 0.02 m potassium 
phosphate buffer, pH 7.2 ammonium sulfate Fraction 1). 

To each 100 ml of ammonium sulfate Fraction 1, 18.3 g of 
ammonium sulfate and then 6.3 ml of 1.8 M acetic acid were 
added. After about 5 minutes, the precipitate was removed by 
centrifugation, and 4.1 g of ammonium sulfate were added to 
the supernatant fluid; the mixture was again centrifuged, and 
the precipitate was dissolved in 40 ml of 0.02 m potassium phos- 
phate buffer, pH 6.5 (ammonium sulfate Fraction 2). 

To each 100 ml of ammonium sulfate Fraction 2 were added 
250 ml of cold water, and then 25 ml of alumina Cy gel (15 mg 
dry weight per ml). After 10 minutes, the mixture was centri- 
fuged at 10,000 x g, the gel was washed with about 250 ml of 
cold water, and the washings were discarded. ‘The enzyme was 
eluted from the gel with 150 ml of 0.1 mM potassium phosphate 
buffer, pH 7.0, and this fraction was dialyzed overnight against 
50 to 100 volumes of 0.02 m potassium phosphate buffer, pH 7.5 
(Cy eluate). 

Of the dialyzed Cy eluate fraction, 100 ml were adsorbed to a 
DEAE-cellulose column (3.2 em? X 7 em) which had previously 
been equilibrated with 0.02 m potassium phosphate buffer, pH 
7.5. The enzyme was eluted with a linear gradient of increasing 
ionic strength produced with a mixing chamber with 300 ml of 
0.07 m potassium phosphate buffer, pH 7.0, and a reservoir of 
300 ml of 0.2 m potassium phosphate buffer, pH 7.0. The flow 
rate was maintained at 50 to 60 ml per hour, and 100 ml frac- 
tions were collected. The major portion of the enzyme was 
eluted in about 75 ml (Fractions 17 to 25). These fractions 
were pooled, and the enzyme was concentrated by precipitation 
with ammonium sulfate as described for the other enzymes. The 
pellet was dissolved in 5 ml of 0.02 m phosphate buffer, pH 7.5; 
any insoluble material was removed by centrifugation. The en- 
zyme solution was stored at —15°. 

The data relative to the purification of the valyl-, isoleucyl-, 
leucyl-, and methionyl RNA synthetases are summarized in 
Tables I and II. 

Stability of Purified Enzyme Fractions—Preparations of the 


The values shown in the table represent the amounts in the most active fractions which 
were pooled and used in the ammonium sulfate concentration step. 


most purified valyl- and isoleucyl RNA synthetases were rea- 
sonably stable when kept frozen at —15° in the presence of 
reduced glutathione (10-* m) for periods as long as 3 to 4 months. 
The loss in activity ranged from 10 to 30°%, and these prepara- 
tions could not be reactivated by the addition of 2-mercapto- 
ethanol, reduced glutathione, or cysteine. In the absence of 
reduced glutathione, approximately 95% of the initial activity 
was lost after 1 month, but such preparations could be reactivated 
to about 50% of the initial level by the addition of 10-3 m 2-mer- 
captoethanol to the assay mixture. The purified preparations 
of methionyl RNA synthetase showed little or no loss in activity 
on storage at —15°, and no stimulation of the activity with 
glutathione or 2-mercaptoethanol was ever observed. 

In general, the purified leucyl RNA synthetase preparation was 
the most labile on storage. After several weeks at —15°, there 
was a marked dependence of the activity on 2-mercaptoethanol 
(or glutathione). With some aged and completely inactive prep- 
arations up to 90% of the activity could be restored by the addi- 
tion of the 2-mercaptoethanol. This stimulation of the activity 
by 2-mercaptoethanol was found with Tris, glycylglycine, 8,8- 
dimethylglutarate, and imidazole buffers, but there was marked 
inhibition by 2-mercaptoethanol when cacodylate buffer was 
used. 

Requirements for ATP-PP;* Exchange Reaction—With each of 
the purified enzymes there was 1% or less of the activity of the 
complete system if either the amino acid, Mg*+, ATP, or the 


TABLE II 
Purification of methionyl RNA synthetase from E. coli 
Fraction | Volume a Total Specific 
| tration | units activity 
ml mg/ml By». 
Dialyzed crude extract...... 425 13.7 7245 1.2 
Ammonium sulfate 1........ 172 6.2 3870 3.6 
Ammonium sulfate 2........ [ae 5.7 2304 5.6 
Cy gel eluate............... 100 1.4 1710 12.2 
Methionyl RNA synthetase. 5 3.0 1363 91 
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enzyme was omitted. The addition of 2-mercaptoethanol to 
the reaction mixture usually had a stimulatory effect. Leucy] 
RNA formation showed the greatest effect being activated 3 to 
5 times in the presence of 2-mercaptoethanol. In the case of 
the valyl and isoleucyl RNA synthetases, the activation was 
between 1.5 and 3 times depending upon the age of the prepara- 
tion. 

Effect of pH and Type of Buffer on Rate of ATP-PP;* Ex- 
change—Although each of the isolated enzymes displayed little 
variation in activity in the pH range of 7 to 9 there were marked 
differences with various buffers. For example, with the valyl 
RNA synthetase, maximal activity with Tris or glycine buffers 
was observed between pH 8.5 to 9.0, whereas with cacodylate 
or glycylglycine buffer, the maximal rate, which was about 10% 
higher than those found with Tris and glycine buffer, was found 
between pH 7.0 and 8.0. 

In the case of the isoleucy] RNA synthetase, the activity was 
maximal at pH 8.5 (glycine or Tris buffers). There was approxi- 
mately 50°% of the activity at pH 9.5 (glycine buffer), whereas at 
pH 6.6 (cacodylate buffer) there was 55°% of the maximal ac- 
tivity. 

With the leucy] RNA synthetase there was little difference in 
the activity in the pH range of 6 to 9 with Tris, glycine, glycyl- 
glycine, or 8,8-dimethylglutarate buffers. 

The methionyl RNA synthetase had the same activity be- 
tween pH 6.0 and 8.8 and was approximately 40 and 30% as 
active at pH 5.3 (cacodylate buffer) and pH 9.3 (glycine buffer), 
respectively. 

Determination of K,, Values for ATP and Amino Acids—The 
K,, values for each of the amino acids were estimated by the 
Lineweaver-Burk (13) plot from data obtained in the standard 
ATP-PP;® exchange assay (Fig. 3). These are: L-isoleucine, 
5 10-* L-valine, 1 10-4 L-leucine, 5.6 10-5 M; and 
L-methionine, 2.4 10-5 M. 

The A, values for ATP in the formation of valyl-, leucyl-, 
and methiony!] RNA under the conditions already described (2) 
are 2.3 X 10-5, 1.3 10-4, and 8.5 10-° M, respectively. 


Specificity of Isolated Amino Acyl RNA Synthetases in Formation 
of Amino Acyl Adenylates 


(A) Naturally Occurring Amino Acids—Table III shows the 
results of experiments in which each of the isolated enzyme 


Isoleucine 
K,=5x 


Valine 15- 
M 


ISF 


Methionine 


5 Leucine 5F 


Ks*5.6x10°M Ks*2.4x10°M 
%» 49 © 2% 30 49 
(S)'x 10° (s)'x10° 


Fic. 3. Determination of Michaelis constants for valine, iso- 
leucine, leucine and methionine in the formation of the correspond- 
ing amino acyl adenylate by the appropriate amino acyl RNA 
syuvthetase. 
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TaBLeE III 
Specificity of valyl-, tsoleucyl-, leucyl-, and methionyl RNA 
synthetases for amino acyl adenylate formation 
The results have been expressed with the specifically activated 


amino acid as 100 and all others relative to that figure, so that — 


results with different preparations carried out at different times 
could be tabulated. Each amino acid was tested under the con- 
ditions already described at a final concentration of L-amino acid 
of 2 X 10°? m. The results with pL- or L-amino acids were the 
same except for certain instances noted in the text. 


Isoleucyl Leucyl Methiony] 
Amino acid tested* RNA RNA RNA RNA 
synthetase synthetase | synthetase | synthetase 
100 44-56 4 <1 
L-Isoleucine........... 1 100 <1 <1 
p-Isoleucine........... <1 
<1 2-5 100 2 
p-Leucine............. | <1 
u-Methionine.......... 5-10 2 100 
L-Threomime........... 23 | <1 <1 <1 
' 


* Experiments not included in the table with the L-isomers of | 


phenylalanine, tyrosine, tryptophan, lysine, serine, alanine, ar- 
ginine, histidine, cysteine, and glycine with each of the enzymes 
shown gave values less than 5% of that found with the appro- 
priate amino acid. tL-Proline, L-glutamic, and L-aspartic acids 
were tested only with the methionyl RNA synthetase and found 
to have less than 1% the activity of L-methionine. 


preparations was tested for its ability to catalyze the ATP-PP® 
exchange reaction in the presence of the different naturally occur- 
ring amino acids. Aside from the reaction of L-valine with the 
isoleucy] RNA synthetase, and L-threonine with the valyl RNA 
synthetase, both of which will be discussed subsequently, each 
of the enzymes was found to show high specificity for a single 
amino acid. It should be pointed out that in certain instances 
anomalous results were obtained with certain commercially ob- 
tained samples of L-amino acids. For example, several samples 
of t-leucine gave significant amounts of exchange with the 
methionyl RNA synthetase ranging from 10 to 50% of that 
found with L-methionine, whereas other samples of the same 
amino acid were inert. Similar observations were made with 
samples of L-isoleucine and t-valine with the leucyl RNA syn- 
thetase. We believe that such anomalous results are due to 
contamination of these L-amino acid preparations by other 
L-amino acids. Since the K,, values for the amino acids by their 
respective enzymes (see above) were relatively low and because 
each amino acid preparation was routinely tested at a concen- 
tration of 2 x 10-* m (with respect to the L-isomer), it is clear, 
for example, that an impurity of 1% of t-methionine in the 
L-leucine preparation or of L-leucine in the-L-isoleucine and L-val- 
ine preparations would be sufficient to account for a significant 
exchange reaction. Moreover, since the isotope exchange is not 
accompanied by any net change in concentrations of the react- 
ants, the trace impurity functions catalytically. Support for 
this conclusion comes from the fact that synthetically prepared 
DL-amino acids were found to be uniformly inactive. This was 
not due to inhibition by the p-isomer since mixing equal amounts 
of the p-amino acid with the active L-amino acid samples gave 
no decrease in the rate of reaction. These findings are being 
stressed inasmuch as several investigators have tested the spec- 
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ificity of these enzymes by the ATP-PP;” exchange reaction 
(14, 15) with commercially obtained L-amino acid preparations. 

(B) Evidence for Formation of 1-Valyl Adenylate by 1-Isoleucyl 
RNA Synthetase—During the analysis of the enzyme fractions 
eluted from the DEAE-cellulose column, two separate peaks of 
valyl adenylate-forming activity were found (Fig. 2). One of 
these (Peak 1) was found to react with L-isoleucine as well as 
t-valine. Moreover, the ratio of activity with isoleucine and 
valine was constant (1.72 to 1.82) in all fractions of the peak 
(see Fig. 2). The material in this peak accounted for over 85% 
of the isoleucine-dependent ATP-PP;* exchange activity of am- 
monium sulfate Fraction 2 and about 30% of the valine-depend- 
ent activity. The finding of two separable activities for valyl 
adenylate formation and the constant ratio of activity with 
isoleucine and valine in the first peak suggested the existence of 
a single enzyme capable of forming both isoleucyl- and valyl 
adenylate. The following lines of evidence support this hy- 
pothesis. 

1. The activity observed in the presence of equimolar but 
saturating amounts of isoleucine and valine are not additive but 
rather equal to the activity with isoleucine alone. This would 
be predicted on the basis of the 100-fold difference in K,, values 
for the two amino acids as mentioned below. 

2. The ratio of activities with isoleucine and valine remains 
constant during inactivation and reactivation of the enzyme. 
In one preparation in which 2-mercaptoethanol was omitted 
from the eluting solutions, approximately 80% of the activity 
was lost whether tested with isoleucine or with valine as sub- 
strate. Moreover, incubation of the partially inactivated en- 
zyme preparation with 2-mercaptoethanol resulted in equal res- 
toration of the two activities. 

3. The possibility of contamination of the valine samples with 
a trace of isoleucine as the basis for the observed activity with 
valine can be eliminated. With several different samples of 
L-valine or pL-valine, the ratio of the two activities (with isoleu- 
cine and valine) did not vary significantly. When a mixture of 
L-isoleucine and L-valine was chromatographed with a solvent 
which separates the two amino acids (8), the material recovered 
from successive 0.5-cm strips cut perpendicularly to the line of 
solvent flow gave two separate peaks of activity when tested in 
lieu of the amino acid in the standard assay system. The posi- 
tion of these two peaks corresponded to that for the isoleucine 
and valine. 

4. As pointed out in the previous paper (2), although this 
enzyme produces both isoleucyl- and valyl adenylates, it cata- 
lyzes the formation of only isoleucyl RNA. Nevertheless, L-val- 
ine competitively inhibits the reaction linking L-isoleucine to 
RNA, and the K; for this inhibition is 3.8 « 10-4 m, whereas 
the K,, for valyl adenylate formation under the same conditions 
is 3.9 X 10-4. 

These experiments suggest that whereas the isoleucyl] RNA 
synthetase can form both t-valyl- and L-isoleucy] adenylates, the 
enzyme differentiates between the two amino acyl adenylate 
derivatives in the subsequent transfer of the amino acid residue 
to RNA. 

(C) Utilization of Analogues of Valine by Valyl RNA Synthe- 
tase—The purified valyl RNA synthetase preparation shows 
some activity in the ATP-PP;* exchange reaction with amino 
acid derivatives structurally related to valine (Table IV). p1- 
Threonine, which differs from pt-valine in the replacement of a 
methyl group by an hydroxyl group, has a 100-fold greater Kn 
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TABLE IV 
Activity of analogues of pxi-valine with valyl RNA synthetase 
All derivatives were tested under the conditions deseribed un- 
der ‘‘Experimental Procedure,’’ except that the substrate con- 
centrations were varied to determine the A,, values. 


Substrate | Km* Vmax 
| | % 

| | 0 
3.3 
| 15 
| 30 
| 0 
DL-6,8-Dimethyleysteine.............. | | 0 


* The A,, values are calculated in each case for the L-isomer. 


(based on the L-isomer) than valine and the maximal rate is 30% 
of that found with pi-valine. pt-Allothreonine, in which the 
hydroxyl] group is of opposite configuration to that of pi-threo- 
nine, is inert. pL-a-Amino-6-chlorobutyrate, in which the 
chlorine atom has the same configuration as the hydroxyl group 
of threonine, is at saturating concentrations as active as DL- 
valine, although the K,, is slightly higher. pt-Allo-a-amino-§- 
chlorobutyrate, which corresponds to pi-allothreonine, is only 
15% as active as pL-threonine. 

It is interesting to note that the pL-a-amino-¢-chlorobutyrate 
analogue of pL-threonine is a strong inhibitor of valine incorpo- 
ration by animal cells in vitro whereas the pL-allo-a-amino-f- 
chlorobutyrate is only 20% as active.? Substitution of one of 
the methyl groups of pi-valine by hydrogen, as in DL-a-amino- 
butyrate, results in an increase of the A,, and a decrease in the 
Vmax. DL-a-Aminoisobutyrate (norvaline) and 
methyleysteine (penicillamine) are inert. These data show that 
the valyl RNA synthetase can differentiate between closely 
related structures in the formation of the enzyme-amino acyl 
adenylate complexes. Further studies are required to evaluate 
whether the analogues which are converted to the adenylate 
derivatives are transferred to the valine-specific acceptor RNA 
chains. 


DISCUSSION 


It is now generally accepted that the mechanism of the amino 
acid-dependent exchange of ATP and PP;* is explained by the 
reversible formation of an enzyme-bound amino acyl adenylate. 
To date, enzymes highly specific for the formation of L-methio- 
nyl- (9), L-tryptophanyl- (15), L-tyrosyl- (16), L-alanyl- (17), 
L-threonyl- (4), L-seryl- (18), p-alanyl- (19), L-valyl-, L-isoleucyl-, 
and t-leucyl adenylates have been isolated. A closer inspection 
of several of these enzymes revealed that they catalyze not only 
the formation of a specific amino acyl adenylate but also the 
synthesis of the corresponding amino acyl RNA derivative 
(2-4, 17, 19, 20), and therefore may be considered as amino acy] 
RNA synthetases. Although each enzyme acts stoichiometri- 
cally in the formation of the enzyme-amino acyl adenylate com- 
plex, it appears to be regenerated during the subsequent syn- 
thesis of the amino acyl RNA compound (2). 

2 Private communication from Dr. M. Rabinovitz of the Na- 


tional Institutes of Health. We are also grateful to him for the 
generous gift of the pL-amino-8-chlorobutyrate derivatives. 
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The present work has revealed a somewhat anomalous situa- 
tion with respect to the isoleucyl- and valyl RNA synthetases. 
In the former case, L-valine is utilized at slightly less than one- 
half the rate of isoleucine, and in the latter, L-threonine reacts 
at about one-third the rate of L-valine. In both instances, 
however, the K,, of the less active amino acid is about 100 times 
‘higher than that of the ‘‘natural” substrate. It seems reasonable 
to suppose, therefore, that at conditions in vivo there is little 
competition between amino acids for the appropriate enzyme. 

Of further interest is the finding that the isoleucy] RNA syn- 
thetase will not form valyl RNA even though it makes the 
enzyme-valyl adenylate (2). It is not yet clear, however, 
whether such discrimination in the second reaction occurs with 
other synthetases which show low level activity with “unnatu- 
ral” amino acids and what the basis for this discrimination may 
be. 

It might be pointed out that purified amino acyl RNA syn- 
thetases provide a relatively simple and specific tool for measuring 
the concentrations of a given L-amino acid in the presence of its 
p-analogue or in the presence of a mixture of amino acid. The 
relatively low A,,, values for the amino acids in the ATP-PPi* 
exchange reaction (10-* to 5 & 10-® m) makes it possible to 
measure amino acid concentrations in this range. For exam- 
ple, Stevens et al. (21), using the methionyl RNA synthetase 
from yeast, have measured the biosynthesis of L-methionine by 
liver extracts. 


SUMMARY 


Amino acyl ribonucleic acid synthetases, relatively specific for 
either L-valine, L-leucine, L-isoleucine, or L-methionine, have 
been purified from extracts of Escherichia coli. The following 
statements summarize some of the pertinent findings made with 
the various synthetase preparations. 

1. The purified valyl-, isoleucyl-, and leucyl] RNA synthe- 
tases are relatively unstable in the absence of a sulfhydryl- 
containing compound, whereas the methionyl ribonucleic acid 
synthetase preparation shows no sulfhydryl requirement. 

2. The K,, values of 1 10-4 (1-valine), 5 xX 
(isoleucine), 5.6 10-5 m (L-leucine), 2.4 10-5 m (L-methio- 


nine) were found with the respective enzymes in the formation 
of the amino acyl adenylates. 

3. Specificity studies show that although the leucyl- and 
methiony! ribonucleic acid synthetases are highly specific for g 
single naturally occurring amino acid, isoleucy! ribonucleic acid 
synthetase forms L-valyl adenylate at about one half the rate 
of t-isoleucyl adenylate formation, and valy] ribonucleic acid 
synthetase utilizes threonine at about 30% the rate of valine. 
Nevertheless, valine is not converted to valyl ribonucleic acid by 
the isoleucy] ribonucleic acid synthetase. 
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The existence of a ribonucleic acid fraction with the unique 
property of binding amino acids is now well documented (1-6). 
The mechanism of formation and the structure of these amino 
acyl ribonucleic acid derivatives have been investigated in a 
number of laboratories with the following conclusions. Each 
amino acyl RNA compound is formed by a specific enzyme that 
catalyzes both the synthesis of the intermediate amino acyl aden- 
ylate complex and the corresponding amino acyl RNA deriva- 
tive (2, 3, 7); each amino acid is linked through its carboxyl 
group to a ribose-hydroxyl group of the terminal adenylic acid 
residue in a specific RNA chain (8-10); and each amino acid- 
acceptor RNA chain is terminated at the acceptor end by the 
identical trinucleotide sequence, RNA... pCpCpA (10-12) and 
at the other end by pGp... RNA (13, 14). Regarding the 
structural features, which differentiate RNA chains with respect 
to the amino acids they accept, essentially nothing is known. 

In connection with our studies of the mechanism of amino 
acyl RNA formation and with the objective of determining the 
chemical and structural features necessary for the formation of a 
specific amino acyl RNA derivative, a procedure for the isola- 
tion of the amino acid-acceptor RNA from Escherichia coli was 
developed (2). The present report describes the details of this 
method and some physical and chemical properties of the puri- 
fied RNA. 

Since this procedure was developed, there have been a number 
of accounts of the isolation and properties of amino acid-accep- 
tor RNA from animal tissues (15, 16), yeast (17-19), and bac- 
teria (14, 20). It is of considerable interest and very likely of 
fundamental significance that the amino acid-acceptor RNA 
from these diverse cells shows striking similarities in molecular 
weight, secondary structure, and in nucleotide end groups and 
composition. How closely this similarity prevails at the more 
detailed level of nucleotide sequence and over-all molecular 
conformation remains to be seen. 


EXPERIMENTAL PROCEDURE 
Materials 
E. coli was used as the starting material for the isolation of the 
amino acid acceptor RNA and for the preparation of enzyme 


* This investigation was supported by grant funds from the 
National Institutes of Health of the United Public Health Service. 
t Predoctoral Research Fellow of the National Science Founda- 
tion; present address, Medical Research Council Unit, Cavendish 
Laboratory, Cambridge University, Cambridge, England. 


extracts used in measuring C'-amino acid incorporation into the 
RNA. The organisms were grown as previously described (21), 
and extracts were prepared in a Waring Blendor with glass 
beads (21). The specific amino acyl RNA synthetases were 
isolated and used as already described (21). DNase was a twice 
recrystallized preparation purchased from Worthington Bio- 
chemical Company. 

The C-amino acid mixture used in the assays was derived 
from an acid hydrolysate of protein from Chromatium, strain D, 
grown with CQO, as sole carbon source. For use in the assay, 
it was diluted with an unlabeled hydrolysate of Chromatium 
protein to a specific activity of 3 to 5 xX 10° c.p.m. per umole 
of carbon. and p.-valine-1-C™ were purchased 
from Isotope Specialties, and unlabeled amino acids were ob- 
tained from the California Corporation for Biochemical Research. 

Ecteola-cellulose, type 20, was a reagent grade material ob- 
tained from the Brown Company. Sodium lauryl sulfate, U.S.P. 
grade, was used without further purification. 


Methods 


RNA was routinely assayed for amino acid acceptor activity 
with the Camino acid mixture in the presence of a dialyzed 
extract of EF. coli. The standard conditions were as follows: 50 
umoles of sodium cacodylate buffer, pH 7.0, 1 umole of MgCh, 
0.2 umole of ATP, approximately 6 xX 10° ¢.p.m. of the C"*- 
amino acid mixture, 0.2 to 8 units of the acceptor RNA and 
dialyzed FE. colt extract containing 75 to 150 ug of protein. The 
mixture, in a total volume of 0.5 ml, was incubated for 20 to 60 
minutes at 30°. With these amounts of enzyme and RNA, the 
reaction is complete in 20 minutes; with aged and less active 
extracts somewhat longer incubation periods were necessary. 
The incubation was terminated and the amount of C-amino 
acyl RNA formed was determined as previously described (3). 
Fig. 1 shows that the amount of C'-amino acid linked to the RNA 
was a linear function of the amount of RNA added. A unit of 
amino acid acceptor RNA is defined as that amount which binds 
10? c.p.m. (equivalent to 0.5 mumole of an amino acid with 5 
carbon atoms) as amino acid and the specific activity is expressed 
as units per micromole of RNA nucleotide (3). 

Ribose was measured by an orcinol method (22) with AMP 
as a standard; deoxypentose was determined by the diphenyl- 
amine procedure of Dische (23) with dAMP as the standard. 
Total phosphate was measured after ashing, by the Fiske- 
SubbaRow method (24) or by the procedure of Chen, Toribara, 
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Fic. 1. C'*-amino acid uptake as a linear function of RNA 
nucleotide concentration. See text for conditions. 


and Warner (25). The total RNA content of the dried cell 
preparation was determined by the orcinol method on the ex- 
tracts obtained after heating in 0.5 N perchloric acid at 100° for 
15 minutes. 


RESULTS AND DISCUSSION 


Preparation of Amino Acid-Acceptor RNA—Washed E. coli 
cells were dried by suspending the cell paste in a mixture of 
ethanol and ether (3:1) at a concentration of 67 g per liter of 
solvent and incubating the mixture at 37° for 60 -minutes. 
After filtration of the suspension, the residue was washed with 
the ethanol-ether mixture, then with ether and brought almost 
to dryness by suction. The filter cake was dried in a vacuum 
over KOH and paraffin shavings at room temperature, and the 
dried powder was stored at —15°. The average yield was 24 g 
of powder per 100 g of cell paste. 

Dried cells, 7.2 g, were suspended with the aid of a Waring 
Blendor in 225 ml of sodium cacodylate, pH 7.0; foaming was 
kept toa minimum. After the addition of 56 ml of 5% sodium 
lauryl! sulfate (dissolved in 45% ethanol) the mixture was trans- 
ferred to a 2-liter Erlenmeyer flask and heated, with constant 
swirling, for 7 minutes in a boiling water bath. The mixture 
was cooled to about 50° in an ice bath and 121 ml of 5 m NaCl 
were added. Rapid mechanical stirring was necessary to ensure 
adequate mixing of the salt solution with the viscous suspension. 
The mixture was kept in the ice bath for 45 minutes, centrifuged 
in the cold at 30,000 x g for 15 minutes, and the supernatant 
fluid removed. Subsequent steps in the isolation were carried 
out at 2-4°. The sediment was washed with 150 ml of 1.5 m 
NaCl, and the wash fluid was combined with the first supernatant 
solution. The precipitate which contains no significant amino 
acid acceptor activity and about 80% of the total RNA was 
discarded.!. Two volumes of ethanol were added to the super- 
natant fluid, and after about an hour, the precipitate was col- 


1 The RNA contained in this precipitate was subsequently iso- 
lated by phenol extraction (1). Although no further characteri- 
zation of this RNA fraction was attempted, its nucleotide com- 
position (Table II) was identical to that reported for EF. coli 
ribosomal RNA (26). 
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lected by centrifugation, washed with 67° ethanol containing 
0.5 m NaCl (salt-ethanol), and then suspended in 100 ml of 
0.01 mM sodium cacodylate buffer, pH 7.0. 

To this solution (crude acceptor RNA) were added 50 ug of 
crystalline DNase and 2 ml of 0.5 Mm MgCh, making the concen- 
tration 0.01 m. The mixture was incubated at 30° for 30 min- 
utes, and the acceptor RNA was then precipitated by the addi- 
tion of solid NaCl to 1.5 m and then of 2 volumes of ethanol. 
After centrifugation, the precipitate was washed with 60 ml of 
the salt-ethanol mixture, dissolved in 50 ml of 0.6 M ammonium 
formate buffer, pH 4.7, and centrifuged to remove any insoluble 
material. 

The supernatant fluid (DNase-treated RNA) was_ passed 
through an Ecteola-cellulose column (16 X 3.5 em), which had 
been equilibrated with 0.6 mM ammonium formate, pH 4.7; the 
rate was about 0.5 ml per minute. The column was washed 
with about 100 ml of 0.6 M ammonium formate buffer and then 
the RNA was eluted from the column with a linear gradient of 
buffer concentration. This was established by use of 250 ml of 
1.6 M ammonium formate, pH 4.7, in the reservoir and 250 ml of 
0.6 M ammonium formate, pH 4.7, in the mixing chamber. 
Fractions of 5 to 10 ml were collected, and the optical density at 
260 my was determined. For analysis of the amino acid acceptor 
activity, the RNA was precipitated by the addition of 2 volumes 
of ethanol, and after being washed with the salt-ethanol mixture, 
it was dissolved in 0.01 mM sodium cacodylate buffer, pH 7.0. 
The histogram for the chromatography of the RNA is shown in 
Fig. 2. A summary of the recoveries during the course of the 
isolation procedure is presented in Table I. About 70% of the 
amino acid acceptor activity and approximately 30% of the 
total optical density applied to the column is eluted between 
0.8 and 1.0 M ammonium formate with the peak being at 0.86 m. 
A consistent finding has been that the early portion of the peak 
contains the RNA with the highest specific activity for accept- 
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Fic. 2. Chromatography of amino acid-acceptor RNA on Ec- 
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TABLE I 
Isolation of amino acid-acceptor RNA from E. coli 


| Vi 
RNA fraction | acid acceptor | sgn Specific activity 
activity 
units/g cells nuclentide/ 
| 2 cells RNA nucleotide 
DNase treated. ...... 396 73 5.4 
| 266 | 24 | 11.0 


ing amino acids. For example, fractions recovered from the 
leading portion of the peak have 50 to 75% higher specific 
activity than those fractions from the later part of the peak 
when assayed either with the amino acid mixture or with leucine, 
valine, isoleucine, or methionine. Rechromatography of the 
once-chromatographed RNA yields a single peak emerging at an 
ammonium formate concentration of 0.83 mM with an increase in 
specific activity of about 20%. 

We have also used this procedure on 20 g batches of dried cells 
with slight modifications but essentially similar results. The 
various components were increased proportionately, and the 
sodium lauryl sulfate extraction was performed in a stainless 
steel beaker, immersed in a boiling water bath, with a stirrer 
driven by an overhead motor to ensure adequate mixing during 
the heating. Five such batches of the crude acceptor RNA 
fraction (representing about 10 mmoles of RNA nucleotide) were 
combined and subjected to the DNase step and then chromatog- 
raphy ona 37- X 4.5-cm column. The buffer gradient for elu- 
tion was between 0.6 M and 2.1 M ammonium formate (1200 
ml). The peak of acceptor RNA activity was eluted at an 
ammonium formate concentration of about 0.9 m. In some 
runs as much as one-third of the optical density applied to the 
column was removed with the 0.6 M ammonium formate wash but 
this material was always inactive as an amino acid acceptor. 

Analysis of the total RNA content of the dried cell prepara- 
tion gave values which averaged about 525 umoles of nucleotide 
per g. Basing our calculations on the recovery of 24 umoles of 
RNA nucleotide in the amino acid acceptor fraction (Table I) 
and correcting for the yield (68%), we estimate that the amino 
acid acceptor RNA comprises between 5 to 10% (6.7% in this 
instance) of the total cellular RNA. Using a value of 3 umoles 
of RNA nucleotide as being equal to 1 mg of RNA, we estimate 
that the acceptor RNA constitutes about 1% of the dry weight 
of F. coli. This value is somewhat higher than the value of 300 
mg of acceptor RNA per 300 g wet weight of cells reported by 
Tissiéres (20). 

Purity of Acceptor RNA Preparation—Estimations of protein 
in the acceptor RNA by the method of Lowry et al. (27) gave 
values which were equivalent to between 7 to 9 ug of serum al- 
bumin per wmole of nucleotide (approximately 2 to 3% on a 
weight basis). However, this estimate is undoubtedly high, 
since guanine reacts in the Lowry procedure to yield a color with 
the same spectrum as that found with proteins. Guanine, 1 yg, 
yields a color equivalent to about 7 to 8 ug of serum albumin? 
Similar values for the protein content of RNA, as determined 
by this method, were noted by Tissiéres (20). 

In contrast to the acceptor RNA preparations obtained by 
phenol extraction of mammalian tissue (1, 7), the present RNA 


* A. D. Kaiser, private communication. 


preparation did not contain significant amounts of bound amino 
acids. Although no direct estimate was made of the amino acid 
content of the acceptor RNA preparations described here, the 
fact is that at least 98% of the ability to accept a number of 
amino acids was lost after exposure of the RNA to periodate 
under conditions in which bound amino acids protect against 
periodate inactivation (9). Moreover, there was no significant 
increase (<5%) in the amount of amino acid which could be 
incorporated after dilute alkaline treatment of the RNA, a 
procedure which removes bound amino acids (9). If, under the 
conditions in which the cells were grown, the RNA were satu- 
rated with amino acids, then it seems most likely that these 
bound amino acids were removed during the initial extraction 
step, since all other procedures have routinely been used for the 
purification of amino acyl RNA derivatives. 

The pentose to phosphate ratios in the purified RNA prepara- 
tions have ranged from 0.96 to 1.08. Based on the phosphate 
content, the extinction coefficient, /(P) at 260 my in the pres- 
ence of 0.2 m NaCl is 7.7 X 10? at pH 7.0 and 8.8 xX 10° at pH 
12. In most preparations, the deoxypentose content was less 
than 4%. In certain instances however the RNA preparations 
obtained from the Ecteola-cellulose column during the large 
scale procedures were contaminated with deoxypentose-contain- 
ing oligonucleotides produced during the DNase treatment. 
Such oligodeoxynucleotides were removed by treatment with the 
Lehman phosphodiesterase (28). This enzyme converts oligo- 
deoxynucleotides and single-stranded polydeoxynucleotides to 
mono- and dinucleotides which are readily removed by dialysis 
against 0.2 m NaCl. 

The spectrum of the purified acceptor RNA preparation is 
characteristic of the nucleic acids (Fig. 3). At pH 7.0 in 0.2 mM 
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Fig. 3. Absorption spectra of amino acid-acceptor RNA. All 
curves were normalized to a single concentration of the RNA. 
@——@, 0.2 m NaCl-0.001 m sodium cacodylate buffer, pH 7.0; 
O——O, 0.2 m NaCl-0.01 n KOH; O——9, alkaline hydrolysate 
in 0.2 m NaCl at pH 7.0. The RNA was hydrolyzed in 0.5 mu 
NaOH for 18 hours at 37°, neutralized with HCl buffered with 
sodium cacodylate, pH 7.0, and then diluted to the salt concen- 
tration indicated. 
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NaCl, it has a peak at 259 my and a minimum at 230 mp. The 
ratio of the optical density at 260 to 280 my in various prepara- 
tions was 2.0 to 2.3 and the ratio at 260 to 230 my was 2.2 to 2.3. 
The optical density of the RNA is about 15% higher at pH 12 
(0.01 N KOH) than at pH 7.0, although the optical density is 
restored to the original value when the pH is returned to neu- 
trality. After hydrolysis of the RNA with 0.5 N NaOH for 18 
hours at 37°, there is an irreversible increase of 44% in the opti- 
cal density at 260 mu. 

Nucleotide Composition and End-Group Analysis—The results 
of chromatographic analysis of an alkaline hydrolysate of the 
amino acid-acceptor RNA are shown in Table II. With each of 
the two RNA preparations examined, more than 95% of the 
nucleoside recovered was adenosine. The adenosine to nucleo- 
tide residue ratio was 1:89 in one case and 1:93 in the other. 
If we accept that nucleosides arise only from the terminal nucleo- 


TaBLe II 
Nucleotide analysis of purified amino acid-acceptor RNA 

Digests were prepared by incubating the RNA with0.3 nN NaOH 
at 37° for 18 hours after which the mixture was adjusted to be- 
tween pH 6 to 7 with dry Dowex 50-H*. The hydrolysate was 
then adjusted to about pH 9 to 10 with NH,OH and adsorbed onto 
a Dowex 1-formate column (10 K 2 ¢m?). The nucleosides were 
eluted with 0.01 mM ammonium formate buffer, pH 3.7, and the 
nucleotides were eluted with a parabolic gradient established with 
500 ml of 0.035 M ammonium formate, pH 3.7, in each of two mix- 
ing chambers and 500 ml of 0.6 mM ammonium formate, pH 3.7, in 
the reservoir chamber. The elution was carried out at 4° witha 
flow rate of 0.2 ml per minute. Fractions of about 6 ml were col- 
lected and the optical density at 250, 260, and 280 my was deter- 
mined. The components listed in the table were eluted in the 
following order: adenosine, cytidylic, the unidentified com- 
pound(s),* uridylic, adenylic, and guanylie acids. Concentra- 
tions were determined with extinction coefficients published by 
Beaven et al. (29). Recoveries from the column ranged between 
93 and 98% of the optical density applied to the column. 


Amino acid- 
acceptor RNA 


“Ribosomal RNA’”’ 


Prepara- Prepara-- 
tionIl | 


Nucleoside or nucleotide 


moles/100 moles recovered nucleotide 


1.12 1.08 | not detected 
Unidentified component*....... 2.94 not detected 
| 31.5 | 30.4 | 31.2 
28.5 | 28.4 | 22.3 
1.04. 1.00 | 1.31 
Adenine + uracil + unidentified | | 
component*/guanine + e¢yto- | 


* This material was eluted from the column immediately pre- 
ceding the peak containing 2’- and 3’-UMP. The ratio of the 
optical density at 280 mu to 260 my was 0.64 and 0.73, respectively. 
It had an absorption maximum at 268 my in 0.1 N HCl and in 0.1 
N KOH. At the alkaline pH, there was a decrease in the absorp- 
tion at 268 my of about 15% and the appearance of a distinct 
shoulder in the region of 290 mz. Insufficient material was avail- 
able to identify this compound(s) or to determine whether it was 
a derivative of the pseudouridylic acid type of compound (30). 
To estimate its concentration, the extinction coefficient of uridylic 
acid was used. 
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Fiac. 4. Effect of heating on amino acid-acceptor activity of 
RNA. (a) Acceptor RNA, which had been dialyzed for 48 hours 
against 3 changes of distilled water, was diluted in water or 0.2 
M NaCl to a concentration of 6.8 wymoles of RNA nucleotide per 
ml. One milliliter was heated in a boiling water bath for the 
times indicated, cooled by immersion in an ice bath and stored 
at —10° for about 24 hours. The samples were then thawed and 
assayed with a dialyzed E. coli extract and a C!4-amino acid mix- 
ture as described in ‘‘Methods.’’ (6b) RNA nucleotide in water, 
1.8 umoles, was heated as above for the times indicated and then 
cooled in ice and assayed within 60 to 90 minutes for acceptor 
activity with leucine and valine, as described previously (3). 
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Fig. 5. Effect of temperature on the ultraviolet absorption of 
amino acid-acceptor RNA. RNA was dissolved in 0.1 m sodium 
cacodylate buffer, pH 7.0. Readings were made as described by 
Doty et al. (33). Approximately 10 minutes were allowed for the 
sample to come to thermal equilibrium at each temperature. 


tide with free 2’- and 3’-hydroxyl groups on the ribose and that 
there is only one such residue per polynucleotide chain, then it is 
possible to estimate the minimal molecular weight. This esti- 
mate, based on an average chain length of 91 nucleotides and 
on the nucleotide composition, yields a value of 31,000 + 1,500. 
In this calculation, it is assumed that all the RNA molecules 
contain a terminal adenylic acid residue unesterified at the 3'- 
position. Any chains with the 3’-hydroxyl group esterified 
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would appear as nucleotides after alkaline hydrolysis and there- 
fore make our estimate of the chain length and molecular weight 
too high. Nevertheless, the molecular weight is only about 20% 
higher than that estimated by Tissiéres (20) from sedimentation, 
viscosity, and diffusion parameters and also is somewhat higher, 
or of the same order as, the estimates for acceptor RNA from 
mammalian liver (15) and yeast acceptor RNA preparations (17, 
18). 

- regard to the over-all nucleotide composition of amino 
acid-acceptor RNA, two features are noteworthy. The first is 
that a compound representing approximately 3 to 4% of the total 
nucleotide was eluted from the column just preceding uridylic 
acid, whereas this material was not detected in the ribosomal 
RNA hydrolysate. Although authentic pseudouridylic acid 
was eluted in this region of the chromatogram, this material had 
somewhat different spectral properties than those reported for 
pseudouridylic acid (30) (Legend to Table II). Because of the 
limited amounts of this material, no further characterization 
was carried out. More recent analyses of the amino acid-ac- 
ceptor RNA of £. coli have shown that pseudouridylic acid and 
thymine ribonucleotide comprise about 3% of the total nucleo- 
tides (31). This unusually high content of pseudouridylic acid 
has also been reported for the acceptor RNA from mammalian 
tissue and from yeast (17, 19). The second feature of the 
amino acid-acceptor RNA is the relatively close correspondence 
between the purine and pyrimidine content. Moreover, the 
total adenylic acid is almost equal to the total uridylic acids 
(assuming the unknown component to be a derivative of uridylic 
acid) and the guanylic acid is roughly equal to the cytidylic acid. 
This type of nucleotide equivalence, which resembles that found 
in DNA, has also been reported by other investigators (14, 15, 
31, 32) but it has not been observed with the RNA isolated from 
ribosomes (26). 

Effect of Heating on Purified Amino Acid-Acceptor RNA— 


At 100°, the amino acid-acceptor RNA is slowly inactivated in— 
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Fic. 6. Chromatography of C'4-valyl and C-leucyl RNA on 
Ecteola-cellulose. (a) C4-valyl RNA containing 0.75 mumole of 
valine per umole of RNA nucleotide was prepared as already de- 
scribed (3). RNA nucleotide, 75 wmoles, was adsorbed to an 
Ecteola-cellulose column, (formate form, 10.3 * 1.1 em?). A 
linear buffer gradient was established with 200 ml of 1.47 m am- 
monium formate buffer, pH 4.7, in the reservoir and 200 ml of 
0.65 m buffer in the mixing chamber. Fractions of about 5 ml were 
collected at 0.3 ml per minute and both the optical density at 260 
my and the C'* content were determined. We recovered 88% of 
the C' and 70% of the optical density. The fractions shown by 
the dotted portion of the main peak, which represented about 20% 
of the total radioactivity and had a specific activity of 3.7 mumoles 
of valine per umole of RNA nucleotide, were pooled, concentrated, 
and treated as described in Table III. (6) C'*-leucyl RNA nucleo- 
tide, 85 uwmoles, containing 1.0 mumoles of leucine per umole of 
RNA nucleotide, was adsorbed to the same type of column men- 
tioned above (10.6 em X 1.1 cm?). The gradient, rate of elution, 
fraction size, and method of analysis were as described above. 
We recovered 87% of the C™ and 68% of the optical density. 
The material taken for further study (dotted portion of the main 
peak) contained 19% of the total radioactivity and 3.8 mumoles 
of leucine per umole of RNA nucleotide. 


360 


its ability to accept amino acids (Fig. 4a and 6). This occurs at 
about the same rate whether the heating is carried out in distilled 
water or in 0.2 mM NaCl at pH 7.0. Inactivation of the specific 


_ leucine- and valine-specific RNA chains was slower than the 


total population of amino acid-acceptor RNA chains. 

Because the amino acid acceptor activity of the RNA was 
only slowly inactivated by heating at 100°, another criterion for 
examining the effect of heating on the structure of the RNA was 
investigated. Prompted by the studies of Doty et al. (33), 
we examined the effect of heating on the optical density of 
the RNA (Fig. 5).2 Commencing at about 40°, there is a hy- 
perchromic shift at 260 mu which attains a maximum at about 


3 We express our gratitude to Dr. Charles Dekker, Department 
of Biochemistry, University of California, Berkeley, for allowing 
us to use his equipment. 
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TaBLe III 
Partial separation of leucine- and valine-specific 
acceptor RNA chains 

The C'4-valyl and C'4-leuev] RNA were recovered from the 
pooled fractions indicated in Fig. 6, a and 6, respectively, by alco- 
hol precipitation. The amino acids were removed in the presence 
of the appropriate amino acyl RNA synthetase, PP, and AMP 
(3). By this procedure, 98% of the valine and 94% of the leucine 
were removed. This method produced no inactivation of leucine 
or valine acceptor sites when the original RNA was similarly 
treated. The RNA preparations were then assaved for their abil- 
ity to accept the amino acids shown in the table with the stand- 
ard assay (3). 


| RNA purified as: 
Original RNA | 
Leucyl | 
RNA | 


Amino acid tested 
Valy| 
RNA 


mymoles amino acid incor porated/ 
umole RNA nucleotide 


0.95 | 3.43 | 1.33 
Methionine........ 0.26 1.58 | 1.50 
Ratio of incorporation of leucine — | | 


80°. The total increase in the optical density is about 23% and 
the midpoint of the transition is at 59°. On cooling, the original 
optical density is restored. According to Doty et al. (33), such 
temperature-induced hyperchromic shifts indicate the existence 
of a secondary structure resulting from hydrogen-bonded bases 
arranged in helical regions. The fact that the transition is 
reversible (in our experiments with respect to the ultraviolet 
absorption properties) makes it difficult to determine whether a 
specific structure is or is not required for biological activity. 
In an attempt to study this problem, we have determined the 
ability of the acceptor RNA to bind leucine and valine at ele- 
vated temperatures. With 20- to 50-fold excess of the leucyl- 
and valyl RNA synthetases (so that heat inactivation of the 
enzymes during the incubation does not effect the final yield of 
amino acyl RNA) and the conditions already described (3), the 
yteld of leucyl- and valyl-RNA formed at 25, 30, 37, 47, and 55° 
was determined. Essentially no difference in the yield of leucyl- 
and valyl RNA (less than 10%) was observed up to and includ- 
ing 55°. These experiments show that at a temperature at 
which one-half the maximal hyperchromic shift occurs there is 
little or no difference in the amount of leucyl- or valyl-RNA 
formation. Although these results suggest that a specific 
secondary structure of the RNA is unessential for the enzymatic 
formation of a specific amino acyl RNA derivative, we can not 
eliminate the possibility that the enzymes react with that por- 
tion of the molecules with the native configuration and that the 
amino acyl RNA has a somewhat higher temperature transition 
range. 

Sedimentation Coefficient of Amino Acid-Acceptor RN A—The 
sedimentation coefficient of the amino acid-acceptor RNA in 
0.1 m sodium cacodylate buffer, pH 7.0, at concentrations of 0.068 
and 10 wmoles of RNA nucleotide per ml (with ultraviolet and 
schlieren optics, respectively) was 3.9 and 3.8. Since at the time 
these experiments were performed the only published value 
available was 1.8 S for rat liver amino acid-acceptor RNA (1), 
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it seemed possible that our values reflected the properties of the 
bulk of the RNA rather than the specific amino acid-acceptor 
component. Sedimentation of C'-valyl] RNA was therefore 
carried out with a separation cell (34) and the procedure de- 
scribed by Schachman (35). C-valyl RNA at a concentration 
of 2.2 umoles of nucleotide per ml, in 0.01 M potassium acetate 
buffer at pH 4.4, containing 0.2 m NaCl, was centrifuged so that 
in one run approximately 50%¢ and in another run approximately 
68% of the RNA remained in the upper compartment of the 
separation cell. The average szo,,, of the radioactivity was 4.5 + 
0.2, whereas that of the ultraviolet and schlieren boundary was 
4.2 + 0.6 and 3.7 + 0.1, respectively. 
the component to which the valine is bound sediments with the 
bulk of the ultraviolet-absorbing component. The somewhat 
lower 820, Values obtained from the schlieren boundaries may be 
due to the difficulty in estimating the movement of the small 
boundary resulting from the low concentration of valyl RNA 
used. 

Attempt to Isolate Amino Acid-specific RN A Chains—Evidence 
presented in the previous paper (3) led to the conclusion that 
amino acid-acceptor RNA is composed of a population of poly- 
nucleotide chains each specific for a particular amino acid. This 
hypothesis was based on the finding that each amino acid was 


bound to a specific site and that these sites were the terminal 


nucleotides of each RNA chain. Further support for this idea 
was achieved by a partial physical separation of the RNA chains 
specific for leucine from those specific for valine. 

In separate experiments, C'-valyl and C'-leucyl RNA were 
chromatographed on Ecteola-cellulose columns as shown in 
Fig. 6a and b. The leading fractions of each peak (dotted 
portion of each peak) which possessed the highest specific ac- 
tivity and accounted for approximately 20% of the radioac- 
tivity applied to the column were pooled and the RNA was re- 
covered by alcohol precipitation. The leucine-C™ or valine-C¥ 
was removed and the RNA was tested for its capacity to accept 
a number of amino acids (Table II1). The data show that the 
RNA preparations selected for their acceptor activities for valine 
or leucine have about 7 and 3.5 times higher activity for accept- 
ing these amino acids than does the original RNA fraction. 
More significantly, however, the marked alteration in the ratio 
of leucine to valine acceptor activity in the isolated fractions 
suggests that the chromotography resulted in a separation ot 
the leucine- and valine-specific RNA chains. It should be 
pointed out that these same fractions are also enriched about 
3- to 4-fold for isoleucine and methionine acceptor activity. 
We interpret these results as indicating that although the RNA 
chains specific for leucine and valine normally chromatograph 
towards the center or trailing portion of the peak, the addition 
of the amino acid changes their chromatographic properties s0 
that they are eluted somewhat earlier and thus overlap the 
fractions specific for isoleucine and methionine. 

Although these experiments suggest that a partial physical 
separation of the leucine and valine acceptor RNA activity can 
be achieved, they also demonstrate the limited usefulness of this 
approach for isolating an RNA that is specific for a single amino 
acid. Separation of acceptor activities for different amino 
acids by chromatography have also been reported by Smith 
et al. (36). More recent studies by Holley et al. (37) with coun- 
tercurrent distributions have demonstrated the separation of 
certain specific amino acid acceptor activities. Our own and 
these latter studies (36, 37), however, suffer from the difficulty of 
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attempting to separate one specific type of RNA chain from 
perhaps as many as 20 others with very similar physical proper- 
ties. A more effective approach would appear to be that ex- 
ploited by Brown et al. (38) and by Zamecnik e¢ al. (39). In 
these two cases the separation depends on selective adsorption 
of a specific amino acyl RNA (38) or on the alteration of all but 
a single class of amino acid-specific RNA chains (39). 


SUMMARY 


Amino acid-acceptor ribonucleic acids have been isolated from 
Escherichia coli by extraction of dried cells with sodium lauryl] 
sulfate, fractionation with salt and ethanol precipitation, and 
chromatography on Ecteola-cellulose. 

Alkaline hydrolysis of the acceptor ribonucleic acid yields a 
single nucleoside, adenosine, and roughly equivalent amounts of 
adenylic and uridylic acids and of guanylic and cytidylic acids. 
The minimal molecular weight, based on the nucleotide compo- 
sition and on the assumption of a single terminal nucleotide 
unesterified in the 2’- and 3’-hydroxyl groups, is 31,000 + 5%. 

The optical density at 260 my of the ribonucleic acid in 0.2 M 
NaCl, pH 7.0, increases (about 23%) as the temperature is 
raised between 40 and 80° and returns to the original value on 
cooling. When the ribonucleic acid is tested for its ability to 
accept leucine and valine at temperatures up to 55°, no difference 
is found in the yield of leucyl- and valyl ribonucleic acid sug- 
gesting that a specific secondary structure may be necessary for 
the amino acy] ribonucleic acid synthetases. 

The sx,, for valvlribonucleic acids is 4.5 + 0.2 S which is 
essentially the same as the sedimentation coefficient of the major 
portion of the ultraviolet-absorbing material of the ribonucleic 
acid. 

Attempts to isolate ribonucleic acid chains specific for leucine 
or valine resulted in partial resolution of the two types of ribo- 
nucleic acid chains, although there was little or no separation 
of either of these from acceptor ribonucleic acid chains specific 
for isoleucine or methionine. 


REFERENCES 


1. HoaGLanpb, M. B., STEPHENSON, M. L., Scott, J. F., Hecut, 
L. I., anp ZAMECNIK, P. C., J. Biol. Chem., 231, 241 (1958). 
2. Berc, P., AND OFENGAND, E. J., Proc. Natl. Acad. Sct. U.S., 
44, 78 (1958). 
3. Bera, P., BERGMANN, F. H., OFENGAND, E. J., AND DIEcK- 
MANN, M., J. Biol. Chem., 236, 1726 (1961). 
4. Hottey, R. W., J. Am. Chem. Soc., 79, 658 (1957). 
5. Weiss, 8. B., Acs, G., AND Lippmann, F., Proc. Natl. Acad. 
Sct. U. S., 44, 189 (1958). 
6. SCHWEET, R. S., Bovarp, F. G., ALLEN, E. H., anno Guass- 
MAN, E., Proc. Natl. Acad. Sci. U.S., 44, 173 (1958). 
. Lipmann, R., Hi'tsmann, W. C., Hartmann, G., Boman, 
H.G., ano Acs, G., J. Cell. Comp. Physiol., 64, 75 (1959). 
8. Zacuavu, H. G., Acs, G., AND Lipmann, F., Proc. Natl. Acad. 
Sci. U. S., 44, 885 (1958). 


~] 


E. J. Ofengand, M. Dieckmann, and P. Berg 


9. 


10. 
11. 
12. 
13. 
14. 
15. 


16. 
17. 


39. 


1747 


Preiss, J.. BERG, P., OFENGAND, E. J., BERGMANN, F. H., 
AND DrecKMANN, M., Proc. Natl. Acad. Sci. U. S., 45, 319 
(1959). 

Hecut, L. I., StepHenson, M. L., AND ZAMECNIK, P. C., 
Proc. Natl. Acad. Sci. U. S., 45, 505 (1959). 

Preiss, J., DIECKMANN, M., ano Berea, P., J., Biol. Chem., 
236, 1748 (1961). 

CANALLAKIS E. S., AND HERBERT, E., Proc. Natl. Acad. Sci. 
U.S., 46, 170 (1960). 

SinGER, M. F., ano Cantoni, G. L., Biochim. et Biophys. 
Acta, 39, 182 (1960). 

ZILLIG, W., SCHACTSCHABEL, D., AND KRongE, W.,'Z. Physiol. 
Chem., 318, 100 (1960). 

ALLEN, E. H., GLAssMAN, E., CorprEs, E., AND SCHWEET, R. 
S., J. Biol. Chem., 235, 1068 (1960). 

Go.tptHwalt, D., J. Biol. Chem., 234, 3245 (1959). 

Monier, R., STEPHENSON, M. L., AND ZAMECNIK, P. C., Bio- 
chim. et Biophys. Acta, 43, 1 (1960). 


. OTaAKA, E., AND Osawa, 8., Nature (London), 185, 921 (1960). 
. Osawa, S., AND Oraka, E., Biochim. et Biophys. Acta, 36, 


549 (1959). 


. TissigreEs, A., J. Molecular Biol., 1, 365 (1959). 
. BERGMANN, F. H., Bere, P., AND DiecKkMaANN, M., J. Biol. 


Chem., 236, 1735 (1961). . 


. ALBauM, H. G., ano Umsreit, W. W., J. Biol. Chem., 167, 


369 (1947). 


. Discus, Z., in E. CHarGArr AND J. M. Davipson (Editors), 


The nucleic acids, Vol. 1, Academic Press, Inc., New York, 
1955, p. 285. 


. Fiske, C. H., anp SusppaRow, Y., J. Biol. Chem., 66, 375 


(1925). 


. Coen, P.S., TorrBara, T. Y., AND WARNER, H., Anal. Chem., 


28, 1756 (1956). 


. SpawrR, P. F., ann Tissibres, A., J. Molecular Biol., 1, 237 


(1959). 


. Lowry, O. H., RosesBrovGu, N.J., Farr, A. L., AND RANDALL, 


R. J., J. Biol. Chem., 193, 265 (1951). 


. LEHMAN, I. R., J. Biol. Chem., 235, 1479 (1960). 
. BEAvEN, G. H., Houipay, E. R., anp JoHNson, E. A., in E. 


CHARGAFF AND J. M. Davipson, (Editors), The nucleic 
acids, Vol. 1, Academic Press, Inc., New York, 1955, p. 493. 


. Coun, W., J. Biol. Chem., 235, 1488 (1960). 
. Dunn, D. B., Smitn, J. D., AND Spaunr, P. F., J. Molecular 


Biol., 2, 113 (1960). 


. Dunn, D. B., Biochim. et Biophys. Acta, 34, 286 (1959). 
. Doty, P., BoEpTKER, H., Fresco, J. R., HAsSELKorN, R., 


AND Litt, M., Proc. Natl. Acad. Sci. U. S., 45, 482 (1959). 


. TiseLtius, A., PEDERSON, K. O., AND SVEDBERG, T., Nature 


(London), 140, 848 (1937). 


. SCHACHMAN, H. K., in S. P. CoLowick AaNp N. O. Kaplan 


(Editors), Methods in enzymology, Vol. 4, Academic Press, 
Inc., New York, 1957, p. 32. 


. Smitu, K. C., Corpes, E., aNp ScHWEET, R. S., Biochim. et 


Biophys. Acta, 33, 286 (1959). 


. R. W., ApGar, J., AND Doctor, B. P., Ann. N. Y. 


Acad. Sci., 88, 745 (1960). 


. Brown, G. L., Brown, A. V. W., AND Gorpon, J., in Brook- 


haven symposium in biology, No. 12, U. S. Brookhaven Na- 
tional Laboratory, Upton, N. Y., 1959, p. 47. 

ZAMECNIK, P. C., STEPHENSON, M. L., AND Scort, J. F., Proce. 
Natl. Acad. Sci., U. S., 46, 811 (1960). 


5) 
the | 
| 
fore 
de- 
ion 
ate 
hat 
ely | 
the | 
I+ 
was 
hat 
the 
hat 
= 18 
al | 
| 
nce 21 
hat 
his 23 
1¢a : 
ins 
| 26 
ere 
in | 27 
ed 
“4 
29 
pt 31 
33 
m 
be | 
ut 
y. | 
ph 
m | 
= 
he 
al ) 
n | 
is | 
no | 
no | 
th 
of 
of | 
| 


Tue JocrNav or CHEMISTRY 
Vol. 236, No. 6, June 1961 
Printed in U.S.A. 


The Enzymic Synthesis of Amino Acyl Derivatives 
of Ribonucleic Acid * 


IV. THE FORMATION OF THE 3’/-HYDROXYL TERMINAL TRINUCLEOTIDE SEQUENCE OF 
AMINO ACID-ACCEPTOR RIBONUCLEIC ACID 


J. Pretss,t M. DrecKMANN, AND Paut BERG 


From the Department of Biochemistry, Stanford University School of Medicine, Stanford, California 


(Received for publication, November 8, 1960) 


The previous papers (1-3) and reports from numerous labora- 
tories (4-9) have demonstrated the enzymic synthesis of amino 
acyl ribonucleic acid derivatives. Studies by Zachau et al. (10), 
Hecht et al. (11), and ourselves (3) have established that each 
amino acid is linked to a specific polynucleotide chain through 
an ester linkage with either the 2’- or 3’-hydroxyl group of the 
terminal nucleotide residue. In each instance where it has 
been investigated, the terminal nucleotide has been identified 
as adenylic acid (3, 10-12). In the amino acid-acceptor ribo- 
nucleic acid from mammalian liver it was reported that the 
adenylic acid unit is linked to a dinucleotide sequence of two 
eytidylic acid residues (11). 

In an attempt to define the nucleotide sequence required for 
amino acid acceptor activity, we have investigated methods for 
partially degrading the RNA chains and the requirements for 
reconverting such degraded preparations to their native state. 
Removal of one or a few nucleotides from the 3’-hydroxyl end 
of the polynucleotide chains with purified venom phosphodies- 
terase destroys the amino acid acceptor activity (3). Such a 
partially degraded RNA preparation, but not the native ma- 
terial, is an excellent primer for the incorporation of C!-labeled 
adenosine phosphate and C!*labeled cytidine phosphate from 
their respective triphosphates by an enzyme obtained from 
Escherichia coli. Depending upon the extent of degradation of 
the RNA, the purified enzyme forms part or all of the terminal 
trinucleotide sequence ... pCpCpA! resulting in the restoration 
of amino acid acceptor activity. The incorporation of each 
nucleotide unit is accompanied by the liberation of one equiva- 
lent of inorganic pyrophosphate. As might be predicted from 
this finding, the enzyme catalyzes a net pyrophosphorolysis of 
the intact amino acid-acceptor RNA yielding adenosine triphos- 
phate and cytidine triphosphate from the terminal trinucleotide. 

The studies reported here are in agreement with the findings 
of Hecht et al. (14). These workers reported that after inacti- 
vation of mammalian amino acid-acceptor RNA by preincuba- 
tion with a “pH 5 fraction” from liver or ascites cell extracts, 
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and Smith (13) for adenylyl 5’ — 3’ eytidylyl 5’ — 3’ cytidylyl 
5’ — 3’ RNA. 


the incorporation of AMP and CMP by these same extracts 
increased the amino acid acceptor activity. The utilization of 
nucleoside tiiphosphates as precursors for the incorporation of 
mononucleotide units into RNA has also been reported from 
several other laboratories. Canallakis and Herbert (15) have 
partially purified the enzyme for CMP and AMP incorporation 
from liver, and Hurwitz, Bresler, and Kaye (16) have reported 
the incorporation of CMP into thymus RNA by an enzyme 
from thymus. Studies by Harbers and Heidelberger (17) with 
liver extracts suggest that not only CMP and AMP are incor- 
porated but also GMP and UMP can be linked to the ends of 
pre-existing RNA chains. The significance of RNA chains 
terminated by pUpUpG (17) to amino acid acceptor activity is, 
however, obscure. In contrast to the above mentioned cases 
which deal almost exclusively with terminal or subterminal 
nucleotide incorporation, Chung, Mahler, and Envione (18), 
Edmonds and Abrams (19), Weiss and Gladstone (20), and 
Stevens (21) have reported the incorporation of mononucleo- 
tide units into the internal portion of RNA. The incorporation 
of AMP reported by Edwards and Abrams (19) does not require 
the presence of other nucleoside triphosphates, whereas the 
other authors mentioned above demonstrated a striking stimu- 
lation of nucleotide incorporation by the other three naturally 
occurring nucleoside triphosphates. More recently, Hurwitz, 
Bresler, and Diringer (22) and Weiss (23) have reported what 
appears to be a deoxyribonucleic acid-dependent incorporation 
of ribonucleotides. 


EXPERIMENTAL PROCEDURE 


Materials 


Preparation of Substrates—ATP-8-C™ was purchased from 
Schwarz Laboratories and was judged to be 98% isotopically 
pure by paper electrophoresis. The ATP-C' had a specific 
activity of 6.5 < 10° ¢.p.m. per umole. 

Uniformly labeled CTP-C™ was prepared as follows. Uni- 
formly labeled RNA-C" was isolated from Chromatium, strain D, 
grown with C'4O, as sole source of carbon. The RNA-C" was 
quantitatively converted to 5’-mononucleotides with purified 
snake venom phosphodiesterase (24) and the CMP-C"4, after 
separation from the other mononucleotides by chromatography 
on a Dowex 1-formate column, was converted to CTP with 4 
specific CMP kinase (25) as follows: 1.25 wmoles of CMP-C" 
(1.02 X 108 ¢.p.m. per umole) were incubated for 3 hours at 37° 
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in 5.8 ml with 260 uwmoles of Tris buffer (pH 7.4), 30 uwmoles of 
MgCl, 30 wmoles of potassium phosphoenol pyruvate, 50 
umoles of KCI, 0.8 umole of ATP, 1.5 mg of pyruvate kinase 
(9 ymoles of ATP formed per minute), and 18 units of CMP 
kinase (1.8 wmoles of CTP formed per hour). After being 
heated at 100° for 3 minutes, the mixture was adsorbed to a 
column of Dowex 1-formate, 2% cross-linked (5 xX 0.8 em). 
The column was eluted sequentially with 0.1 mM formic acid, 0.4 
mu ammonium formate (pH 4.7), and 0.8 mM ammonium formate 
(pH 4.7). This eluted CMP, CDP, and CTP, respectively. 
The CTP fraction was adsorbed to a second Dowex-formate 
column, eluted with 6 m formic acid containing 0.3 M ammonium 
formate, and concentrated by lyophilization. Paper electro- 
phoresis showed that 98% of the radioactivity was associated 
with CTP, the remainder being CDP. The over-all yield based 
on the initial amount of CMP was approximately 65%. 

ATP®, equally labeled in the two terminal phosphates, was 
prepared by the leucine-dependent exchange of ATP and PP;* 
in the presence of leucyl RNA synthetase (1). The PP;” was 
made and isolated as previously described (26). 

CTP, labeled in the terminal pyrophosphoryl group, was 
obtained by phosphorylating CMP with P*®-acetyl phosphate 
in the presence of ADP, aceto kinase, and CMP kinase. The 
incubation and subsequent separation of the CTP® were per- 
formed as follows: 3.8 umoles of CMP, 3.8 umoles of ADP, 20 
umoles of P*-acetylphosphate (1.65 X ¢.p.m. per ymole), 
400 umoles of Tris buffer (pH 7.5), 5 wmoles of 2-mercapto- 
ethanol, 40 umoles of MgClo, 1 unit of acetokinase (1 umole of 
acetylphosphate formed per minute), and 42 units of CMP 
kinase were incubated in a volume of 7 ml for 2 hours at 37° 
and heated at 100° for 2 minutes. The mixture was passed 
through a column of Dowex 1-chloride, 2% cross-linked (4 X 0.8 
em). Elution with 0.01 n HCI-0.05 m KCl gave CMP, CDP®, 
and ADP in the first 8 bed resin volumes, and CTP® was eluted 
between the 16th and 32nd resin bed volume. ATP® was not 
eluted until the effluent was changed to 0.01 nN HCI]-0.2 m KCl. 
The yield of CT P* was 72% based on the input of CMP. 

The nucleoside mono-, di-, and triphosphates were purchased 
from the Sigma Chemical Company; pt-leucine-1-C™ (7.2 x 
10° ¢.p.m. per pwmole), pL-valine-1-C! (5.5 10° ¢.p.m. per 
umole) and the cyclohexylamine salt of phosphoenolpyruvate 
were obtained from the California Corporation for Biochemical 
Research. Uniformly labeled dATP-C" (2.4 * 10° c.p.m. per 
umole) and uniformly labeled dCTP-C" (1.2 c.p.m. per 
umole) were prepared as previously described (25, 27). 

Amino acid-acceptor RNA was isolated from EF. coli by the 
method of Ofengand et al. (28). The concentration of RNA 
is expressed throughout this paper in micromoles of RNA nu- 
cleotide, and an optical density of 10.0 at 260 my at pH 12 has 
been used as the equivalent of 1 umole of nucleotide. 

For the assay of the enzymatic rate of AMP-C"4 and CMP-C"4 
incorporation, two types of RNA were used as nucleotide accep- 
tor. These differed only with respect to the extent of the phos- 
phodiesterase digestion of the RNA. The procedure used for 
the preparation of these substrates was as follows: 35 umoles of 
RNA nucleotide was incubated with 80 to 160 units of purified 
venom phosphodiesterase (1 unit liberates 1 umole of 5’-mono- 
nucleotide per hour when measured on a DNase-limit digest 
(27)), 300 umoles of glycine buffer (pH 8.5), and 40 pmoles of 
MgCl, in a volume of 3.5 ml at 37°. The reaction was stopped 


after 15 minutes (for use as the AMP acceptor) or after 60 min- 
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utes (for the CMP acceptor) by heating at 100° for 90 seconds. 
A 15-ml solution containing 0.5 m NaCl and 67% ethanol was 
added, and after 1 hour at 0°, the mixture was centrifuged, the 
precipitate was dissolved in 10 ml of water, and the solution was 
dialyzed overnight against 0.02 m Tris buffer, pH 7.4, containing 
0.001 m Versenate, followed by dialysis for 2 hours against 
water. Any insoluble material was removed by centrifugation 
and discarded. For other preparations of diesterase-digested 
RNA, only the amount of venom diesterase or the time of in- 
cubation was varied. 

Purified snake venom phosphodiesterase was prepared from 
lyophilized venom of Crotalus adamanteus (Ross Allen Reptile 
Farms) by the procedure of Koerner and Sinsheimer (29). It 
was free of phosphomonoesterase activity when tested with P%- 
5’-mononucleotides. Acetokinase was made following the pro- 
cedure of Rose et al. (30), and pyruvate kinase was purchased 
from the Sigma Chemical Company. The leucyl- and valy] 
RNA synthetases were prepared as previously described (1). 

DEAF -cellulose (California Corporation for Biochemical Re- 
search) was washed with water to remove fine particles, and it 
was suspended in 0.5 Nn NaOH for 20 minutes and then washed 
E. coli cells were grown and harvested 
as already described (31). 


Methods 


Protein was determined by the method of Lowry e¢ al. (32) 
and P; according to Fiske and SubbaRow (33). PP; was meas- 
ured as P; after hydrolysis by 1 N acid for 10 minutes at 100°. 
The formation of leucyl- and valyl RNA was determined as 
previously described (1). : 

Measurement of Enzyme Activity for A\P and CMP Incorpo- 
ration—The enzyme assay measured the rate of conversion of 
the radioactivity from ATP-C'™ and CTP-C" to an acid-insolu- 
ble form. The reaction mixture contained, in a volume of 0.5 
ml, 20 umoles of potassium phosphate buffer (pH 7.5), 5 umoles 
of MgCl, 5 umoles of 2-mercaptoethanol, 0.8 to 1.0 umole of 
diesterase-treated RNA, 0.1 umole of ATP-C' (6.5 & 10° ¢.p.m. 
per umole) or 0.03 umole of CTP-C (7.3 to 10 x 10° e.p.m. 
per umole), 5 to 30 X 10-4 units of enzyme, and with fractions 
other than the most purified one, 1 umole of phosphoenol pyru- 
vate and 50 ug of pyruvate kinase. Where AMP-C" incorpora- 
tion was being measured, 0.1 umole of unlabeled CTP was also 
added. After 20 minutes at 37°, the reaction was terminated 
by the addition of 0.05 ml of cold 3.5 N perchloric acid and 0.8 
mg of bovine serum albumin as carrier. The precipitate was 
centrifuged, washed twice with 3 ml of 0.35 N perchloric acid, 
dissolved in 1 ml of 1.5 N NH,OH, and 0.5 ml aliquots were 
dried on planchets for counting in a windowless gas flow counter. 
Correction was made for self-absorption and the amount of 
nucleotide incorporated was calculated after subtraction of the 
control (the same mixture with no enzyme or no RNA) on the 
basis of the specific activity of the substrate. Under the above 
conditions, the rate of AMP-C'™ and CMP-C™ incorporation 
was linear for at least 40 minutes. One unit of activity was 
defined as the incorporation of 1 wmole of nucleotide in 60 
minutes. Fig. 1 shows that the rate of nucleotide incorporation 
was proportional to the amount of enzyme up to about 0.004 
unit of enzyme activity (1.8 mumoles per 20 minutes); above 
this, the rate was not proportional to enzyme concentration. 
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TaBLeE II 
= 100 H —+ re Requirements for incorporation of AMP and CMP into RNA 
| | The assay conditions were described in ‘Methods.’ ATP, 
2 | | Wa Fd GTP, or UTP, 100 mumoles, was used where indicated. 
80 
AMP Components 
3 60 AMP CMP 
5 | | umoles/hour/mg protein 
5 40 Oy? Experiment 1 | | 
5 Complete system (undigested RNA). 0.28 0.20 | 
9 | Complete system (digested RNA)... 3.6 
20 | Complete system minus MgCl........... | <0.1 <0.1 
9 = | | | a Complete system minus RNA........... | <0.1 <0.1 | 
2 | | Complete system minus enzyme........ <0.1 <0.1 
20 40 60 | 
Ay Of crude extract protein Experiment 2 
Fic. 1. The rate of AMP-C'™ and CMP-C" incorporation into 3.6 ( 
RNA as a function of enzyme concentration. Minus TP 0.6 
a Complete system plus UTP and GTP... 1.9 
Preparation of Enzyme—Extracts of coli in 0.05 Tris Complete system plus 
> 
buffer (pH 7.4), containing 0.01 m MgCle, were prepared with “UTP system plus ATP, GTP, and F ; 
glass beads in a Waring Blendor as previously described (31). 
The crude extract was spun in a Spinco model L centrifuge at = © 
30,000 r.p.m. for 90 minutes and the precipitate discarded. No TABLE III ( 
loss in activity occurs, but a latent RNase, present in the r ibo- Requirement for CTP and ATP as substrate for CMP and AMP 1 
somes (34), is eliminated. incorporation into amino acid-acceptor RNA I 
To each 250 ml of stirred supernatant fluid hasaies added 50 The conditions of the experiment are described under ‘Meth- 
ml of 5% streptomycin sulfate, and after 10 minutes the pre- oq.’ 1 
cipitate was centrifuged for 5 minutes at 13,000 X g and the 
precipitate discarded. To the supernatant fluid (292 ml) were Substrates and additions Pherensane od 
added 2.5 ml of 0.3 m reduced glutathione and 106 g of ammo- 
nium sulfate, and after 15 minutes the mixture was centrifuged sucventncinii é 
as described above. The precipitate was dissolved in 75 ml of ....., (.,, 
0.05 P 8 & CTP-C'4, 0.03 umole + CMP, 0.29 umole....... | 1.53 
0.001 m Versenate. The solution was dialyzed against 3 liters CTP-C", 0.03 umole + CDP, 0.30 1.38 
of the above buffer for 6 to 8 hours, and enough 0.3 M gluta- CTP-C!4, 0.03 umole + dCTP, 0.34 umole gre ee 1.30 ; 
Purification of enzyme incorporating AMP and CMP into amino | 
DEAE-fractions A through E represent different regions of the scaly 0.1 umole + pipserele 1.3 umole... | 1.50 
eluted peak of enzyme activity. This was done in this particular ATP-C™, 0.1 umole + ADP, 1.3 umole....... | 1.2 | 
experiment to examine the ratio of activity for CMP and AMP : | 
incorporation. In the usual preparative procedure, the tubes 0.1 umole. . | 
comprising the peak were pooled and processed as described in the ATP-C 1 umole + dATP, 1.1 wmole........ 
text to vield purified DEAFE-fractions. d ATP- C 0 05 umole | <0 
Total activity | Specific activity | Ratio of | : d tl 
Fraction Volume | ————__—_; | Cup? thione was then added to the dialyzed enzyme fraction to make — ti 
CMP AMP | CMP | AMP | AMP a final concentration of 0.01 m (ammonium sulfate fraction). ; p 
The ammonium sulfate fraction was adsorbed on a DEAE- 
* wmoles/hour |" protein cellulose (type 40) column (24 X 2.2 cm), and the enzyme was th 
Crude extract... 250 =| 154 | 238 = 0.030) 0.046 0.65 eluted with a linear gradient of increasing phosphate concentra- la 
Ammonium sulfate 80 156 | 222 0.11 | 0.16) 0.69 tion. The mixing chamber contained 500 ml of 0.005 m potas- rs 
DEAE-fractions | 2 sium phosphate buffer, pH 7.8, with 0.005 m glutathione, and p 
4.2 6.6 10.8 1.8 | 3.0 | 0.60 the reservoir contained 500 ml of 0.08 m potassium phosphate — fc 
| buffer, pH 7.8, and 0.005 m glutathione. Fractions of about 15 
pi eden $e : to 20 ml were collected into tubes containing 0.07 ml of 03M } = T 
8.2 14.7 25.5) 2.4 | 4.2 0.57 
| glutathione at a flow rate of about 90 ml per hour. After analy- A 
3.8 | 5.4 9. 1 2.9 0.59 
orm sis of the contents of each tube for enzyme activity and protein le 
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TABLE IV 


Equivalence between AMP and CMP incorporation into 
RNA and PP; formation 


The reaction mixtures were the same as those described for the 
standard assay except that 20 uwmoles of Tris buffer, pH 7.4, was 
substituted for the phosphate buffer and 5 umoles of KF was added 
to minimize the action of inorganic pyrophosphatase. Parallel 
mixtures containing 34 mumoles of ATP-C!* (6.5 K 105 c.p.m. per 
umole) or 34 mumoles of AMPPP* (7.9 XK 10° ¢.p.m. per umole) 
were incubated for 2 hours at 37° in the presence or absence of 
RNA digested with venom diesterase. Essentially identical 
mixtures were set up with 7.4 mumoles of either CTP-C" (1 & 108 
c.p.m. per ymole) or CMPP#P® (3.4 X 107 ¢.p.m. per umole) and 
incubated as above. AMP-C!* and CMP-C"4 incorporation were 
measured as already described. 

The P*-containing reaction mixtures were analyzed as fol- 
lows. The reaction was terminated by the addition of 2 ml of 
0.35 nN cold perchloric acid. Serum albumin, 1.2 mg, and P; and 
PP;, 10 umoles each, were added as carrier. The precipitate was 
washed twice with 1.5 ml of the perchloric acid and to the com- 
bined wash and supernatant fluids were added 30 mg of acid-washed 
Norit to adsorb the unreacted nucleoside triphosphates. The 
mixture was centrifuged, and the Norit was washed twice with 
0.01 n HCl. The combined supernatant and wash fluids were 
adjusted to about pH 8 with NaOH and adsorbed to a Dowex 
1-Cl- column. The P; and PP; were eluted with 0.01 n HCl- 
0.05 m KCl, and the radioactivity in each fraction was determined. 
The P; and PP; were identified by their position in the elution 
pattern and by analysis for P; and acid-labile P;. The amount of 
PP, found was calculated from the total radioactivity recovered 
in the PP; peak and the specific activity of the AMPP#P?. 

The residual CMPP®#P*? was determined by counting the Norit 
pellet. No attempt was made to analyze for the untreated 
AMPP#P32 inasmuch as the utilization represented only about 
10% of the initial ATP. 


Complete Minus RNA A 
mpumoles 
Experiment 1 
AMP incorporated.......... 5.5 0.0 +5.5 
Experiment 2 
CTP remaining............. 0.9 7.1 —6.2 
CMP incorporated.......... 6.4 0.0 +6.4 
0.8 1.1 —0.3 


concentration, the fractions most active for the incorporation of 
the two nucleotides were pooled and concentrated by lyophiliza- 
tion. The position of the peak varied somewhat from one 
preparation to another, but it was usually obtained after 350 
to 450 ml of eluate had been collected. On several occasions, 
the enzymatic activity was eluted from the column in two over- 
lapping peaks rather than the usual single peak. However, the 
ratio of the two incorporating activities throughout the twin 
peaks was within the same limits shown in Table I. The reasons 
for the activity occasionally appearing in two peaks is unknown. 

A summary of the results of a typical preparation are shown in 
Table I. The constant ratio of the rates of incorporation of 
AMP and CMP throughout the purification of the enzyme 
leads us to the tentative conclusion that both AMP and CMP 


are incorporated into the amino acid-acceptor RNA by a single 
enzyme. More definitive evidence must await further purifica- 
tion of the incorporating activity. 

Components Required for Incorporating AMP and CMP into 
Terminal Trinucleotide Portion of Amino Acid-Acceptor RN A— 
The formation of C'’-labeled RNA from ATP-C™ or CTP-C' 
required the presence of enzyme, Mg*+, and a preparation of 
venom diesterase-digested amino acid-acceptor RNA (Table II, 
Experiment 1). Substitution of the partially degraded RNA by 
untreated RNA (2.e. active as amino acid acceptor) resulted in 
a decrease ,in the rate of reaction to about 10% or less. E. coli 
ribosomal RNA (28) was less than 5% as active as the partially 
digested amino acid-acceptor RNA, and its activity was not 
changed by an equal amount of digestion with the venom di- 
esterase. In a later portion of this paper, it will be shown that 
the incorporated AMP and CMP formed a terminal trinucleo- 
tide sequence in the RNA. 

Although the addition of a nucleoside triphosphate-regenerat- 
ing system (pyruvate kinase and phosphocnol pyruvate) had no 
effect on the reaction rate with the purified enzyme fraction, 
there was a 2-fold increase in the activity with the original ex- 
tract and ammonium sulfate fractions. Presumably, this re- 
flects the presence of nucleoside triphosphate-degrading enzymes 
in the cruder fractions. . 

The incorporation of CMP from CTP was unaffected by the 
presence of GTP, UTP, or ATP or by a mixture of these com- 
pounds (Table II, Experiment 2). By contrast, the rate of 
AMP incorporation was increased by about 3-fold in the pres- 
ence of CTP but not by GTP or UTP. It should be pointed 
out here that the effect of added CTP is a function of the extent 
of digestion of the acceptor RNA by the diesterase, and in cer- 
tain preparations of RNA in which both CMP residues have 
been removed, the incorporation of AMP is essentially com- 
pletely dependent on the incorporation of CMP. 

Requirement of ATP and CTP as Nucleotide Donors and Iden- 
tification of PP; as Product of Reaction—The substrates for AMP 
and CMP incorporation into RNA are ATP and CTP, respec- 
tively (Table III). The addition of a 10-fold excess of unlabeled 
nucleoside mono- or diphosphate or the corresponding deoxy- 
nucleoside triphosphate does not appreciably dilute the incorpo- 
ration of AMP-C' from the ATP-C™. Moreover, neither 
dATP nor dCTP serve as nucleotide donors. 

The incorporation of AMP and CMP from their respective 
triphosphates leads to the formation of PP; (Table IV). More- 
over, PP; is formed only in the presence of RNA and in amounts 
equivalent to the amount of AMP or CMP linked to the RNA. 
It is also seen that the amount of CTP which disappears is 
equivalent to the CMP incorporation and to the amount of PP; 
formation. 

Demonstration that Venom Diesterase-digested RNA Functions 
Stoichiometrically as AMP and CMP Acceptor—Under the usual 
assay conditions, AMP and CMP incorporation ceased after 
about 60 minutes (Fig. 2a and 6). Further addition of ATP 
or CTP and enzyme had no effect on the amount of nucleotide 
incorporated. The addition of more RNA resulted in a re- 
newed incorporation of the two nucleotides. In experiments 
with an excess of enzyme, and in which only the amount of 
diesterase-treated RNA added to the reaction was varied, there 
was a proportional increase in the extent of incorporation of the 
two nucleotides (Fig. 3). | 

Relation Between Extent of Digestion of Amino Acid-Acceptor 


tion 
6 
l 
l 
(5 
i 
3 
MP 
eth- 
ake 
as 
ra- 
ind 
ate 
1 
ly- | 
ein 


1752 Enyzmic Synthesis of Amino Acyl RNA Derivatives. IV Vol. 236, No. 6 


2.9 
a | b. | | | 
| | | 
2Br— RNA 
| 
va | RNA | | 
| | | : Non 
2 | | | | Additions 
1.6 Enz.+ Substrotes Enz. + Substrates 
5 ®) 
| None | 
| | | / 
2 / | | / 
| 
Z 0.4 
30 60 90 120 30 60 90 (20 


Fic. 2. The extent of AMP and CMP incorporation as a functi 


on of the amount of diesterase-treated RNA. Curve a, AMP incor. 


poration; Curve b, CMP incorporation. The conditions were those described in ‘‘Methods.”’ 


| CMP 
| | AMP 


corporated, Avmoles 
N 


No 


© 
Co 


Nucleotide in 
© 
\S 
\ 


0.2 0.4 0.6 08 
RNA nucleotide, umoles 


Fic. 3. The effect of the amount of RNA nucleotide added on 
the extent of CMP and AMP incorporation. The initial reaction 
mixture was that described in the text. The reaction was allowed 
to proceed to a limit, and then an additional amount of enzyme 
(2 wg) and CTP-C* (80 mumoles) or ATP-C'* (100 mumoles) were 
added. Ina parallel experiment, an amount of RNA nucleotide 
equivalent to the initial input was added. The reaction was 
allowed to proceed for an additional 40 minutes and samples were 
analyzed for nucleotide incorporation as described in ‘‘Methods.’’ 


RNA and Rate and Extent of Nucleotide Incorporation—Amino 
acid-acceptor RNA, isolated on the basis of its amino acid accep- 
tor capacity (28), is a poor acceptor of AMP or CMP. Fig. 4a 
shows the effect of progressive digestion of the RNA by the di- 
esterase on the rate of AMP and CMP incorporation. Note 
that the rate of AMP incorporation into the RNA, recovered 
after a short period of diesterase digestion, was greatly increased 
over the untreated RNA and that this effect diminished with 
further digestion of the RNA. The rate at which CMP was 
incorporated into the RNA, on the other hand, increased as the 
acceptor RNA was degraded progressively by the diesterase. 
The rate of CMP incorporation began to decline only after 
more extensive degradation by the diesterase. Fig. 4b presents 
the effect of progressive diesterase digestion on the extent to 
which AMP and CMP can be linked to the RNA. If AMP 
incorporation was measured in the absence of CTP, there was 
first an increase and then a rapid decline in the capacity to 


accept AMP. In the presence of CTP, however, the extent of 
AMP incorporation increased to a considerably higher level. 
The extent of incorporation of CMP also increased as digestion 
of the RNA proceeded but there was no dependence on ATP. 
These data suggest that CMP incorporation must precede AMP 
incorporation. 

The reasons for the decline in the rate of AMP incorporation 
as the RNA was degraded to a greater extent by the diesterase 
are not clear. This occurred even though the total amount of 
AMP which can be incorporated continues to increase (Fig. 4). 

Table V summarizes the effect of varying degrees of venom 
diesterase-digestion of the amino acid-acceptor RNA on the 
extent of AMP and CMP incorporation. With each of the 
conditions so far studied, the ratio of the final amount of CMP 
to AMP incorporated increases and approaches a value of 2. 
Even when, after relatively extensive degradation, the amount 
of incorporation of both nucleotides begins to decrease, the ratio 
remains near 2. In no case has the incorporation of AMP and 
CMP been affected by the addition of UTP and GTP. The 
data indicate, therefore, that the purified enzyme can incorpo- 
rate both AMP and CMP into the degraded amino acid-accep- 
tor RNA at the AMP to CMP ratio of 1:2. 

Determination of Position and Sequence of Incorporated CMP 
and A\f P—Venom diesterase is known (35, 36) to attack prefer- 
entially the terminal nucleotide units of polynucleotide chains, 
liberating 5’-mononucleotides and exposing the 3’-hydroxyl 
group of the adjacent nucleotide (Fig. 5). Alkaline hydrolysis 
of a polynucleotide chain terminated by free 2’- and 3’-hydroxyl 
groups liberates the terminal nucleotide as a nucleoside and 
nonterminal nucleotides as a mixture of 2’- and 3’-mononucleo- 
tides (37). An analysis of the products formed after alkaline 
hydrolysis of RNA, to which had been added either CMP-C* 
or AMP-C#, is shown in Table VI. First, note that essentially 
all of the incorporated AMP-C" is found in a terminal position 
even though it was incorporated in the presence of CTP. The 
addition of CMP-C" to a preparation of RNA which could 
accept on the average 1 CMP residue for each AMP unit was 
at least 87% terminal. If, however, the incorporation of CMP- 
C" was followed by the addition of AMP, all of the CMP-C 
was converted to a nonterminal position. When CMP-C" was 
linked to an RNA preparation which could accept approximately 
2 CMP residues per AMP, 41% of the CMP-C" was nonterminal 
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Fic. 4a and b. The effect of venom diesterase digestion of amino acid-acceptor RNA on the rate and extent of AMP and CMP 
incorporation. The measurements of the rate and extent of nucleotide incorporation into the various RNA preparations were per- 


formed as described in ‘‘Methods.”’ 


TABLE V 
Effect of venom diesterase digestion of amino acid-acceptor RNA 
on extent of AMP and CMP incorporation 
The RNA preparations were treated with venom diesterase and 
isolated as described under ‘‘Methods.’’ The amount of AMP 
and CMP incorporation was measured under conditions where 
the reaction had reached a limit as described earlier. 


Nucleotide incorporation atio of 
diesterase ime Of aig 
min mumoles/umole RNA nucleotide 

0 0.16 0.13 1.23 
1.0 10 1.2 3.3 0.36 
1.0 20 2.3 3.7 0.62 
1.0 40 4.2 4.5 0.93 
1.0 90 5.4 5.6 0.97 
i 5 2.0 3.8 0.53 
2.7 30 6.4 4.8 1.33 
2.7 60 9.4 5.9 1.59 
2.7 120 8.8 4.7 1.87 
5.2 30 6.9 3.6 1.92 
9.2 60 1.92 


and the rest terminal. Again, if AMP was subsequently linked 
to the RNA, all of the CMP was converted to nonterminal 
residues. These findings establish that the incorporated AMP 
and CMP compose a terminal trinucleotide sequence, adenylyl 
5’ — 3’ cytidylyl 5’ > 3’ cytidylyl 5’ > 3’ RNA. 


Pyrophosphorolysis of Amino Acid-Acceptor RNA—When 
intact amino acid-acceptor RNA was incubated with PP;* and 
the nucleotide-incorporating enzyme, the PP; was converted 
to compounds which were adsorbed to Norit (Fig. 6a). This 
formation of Norit-adsorbable P* was entirely dependent on 
the presence of the RNA. Moreover, RNA labeled in the ter- 
minal trinucleotide with CMP-C™“ and AMP-C" lost the C4 
label in the presence of the enzyme and PP; (Fig. 6b). Experi- 
ments are still in progress to determine whether the incomplete 
pyrophosphorolysis represents a true equilibrium value or 
whether the reaction becomes limiting for other reasons. 

Under the conditions described above, pyrophosphorolysis of 
intact amino acid-acceptor RNA in the presence of PP;* re- 
sulted in the formation of ATP® and CTP® in approximately 
equal amounts, but formed no UTP or GTP (Table VII). 
Moreover, the RNA isolated from the reaction mixture can ac- 
cept CMP and AMP in the ratio of 1.2. By contrast, there 
was no PP; uptake into nucleoside triphosphates when RNA 
isolated from the ribosomal particles was used as substrate. 
When RNA, which has been pretreated with venom diesterase 
to the point where 1 CMP and 1 AMP have been removed is 
pyrophosphorolyzed, ATP” and CTP® are also formed but in 
lesser amounts, and there is about 4 to 5 times more CTP® than 
ATP®. The ATP® is presumably formed from those RNA 
chains which still have an intact pCpCpA end group (see later 
section) and the CTP® is derived from those chains which have 
either 1 or 2 CMP residues remaining. This finding shows 
that the enzyme pyrophosphorolyzes the same residues which 
are removed by the venom diesterase. The above findings 


establish that the nucleotide-incorporating enzyme catalyzes a 
net pyrophosphorolysis of amino acid-acceptor RNA and that 
the products are ATP and CTP. 
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Alkali 
CH2 Cy 
Diesrerase 
OH 
Alkali 0 
CH2 Cy 
Diesterase 
OH 
Alkali 
CH2 Ad 
OH OH 
5 
TABLE VI 
Distribution of CMP-C' and AMP-C"4 in terminal and 
nonterminal positions of RNA " 


The isolated C'4-labeled RNA was hydrolyzed with either 0.3 n 
NaOH or 1N NaOH at 37° for about 16 hours. The nucleoside 
fraction and the nucleotide fractions were separated on Dowex 
1-formate columns (17). The predicted values are based on a 
sequence of ...pCpCpA and are calculated from the ratio of 
CMP to AMP incorporation obtained with the particular RNA 
preparation. For example, in Line 4 the calculation is obtained 
by considering that 0.87 mumole of CMP is incorporated inter- 
nally whereas 1.0 is terminal; therefore the percentage of terminal 
CMP is (1.0/1.87) 100, or 54%. 


Position of | Amount of 
CMP to nucleotide | position 
C-labeled RNA degraded with alkali | AMP 
Term | | 
| 
mumoles % 
AMP-C4-RNA........ gees aay 0.85 | 5.6 | 0.34 | 94 | 100 
1.08 | 3.04 0.47 | 87 | 93 
AMP-C?®-CMP-C¥4%-RNA.......| 1.08 0 3.49 | O 0 
AMP-C!2-CMP-C'4%-RNA.......] 1.87 0 6.07 | O 0 


Regeneration of Amino Acid-Acceptor Activity after Incorpora- 
tion of AMP and CMP into Diesterase-digested or Pyrophosphoro- 
lyzed RN A—As previously reported (3), venom diesterase diges- 
tion of amino acid-acceptor RNA, under conditions in which 


Acid-precipitable RNA p 


20 20 00 30 100 
Time in minutes 
Fic. 6. The pyrophosphorolysis of amino acid-acceptor RNA 


a. The reaction mixtures contained in 0.5 ml, 20 uwmoles of Tris ' 
buffer (pH 7.5), 3 umoles of PPj*? (8.7 105 ¢.p.m. per umole), 
0.46 wymole of RNA nucleotide, and 0.02 unit of enzyme. Incuba- © 


tion was carried out at 37°, and the reaction was terminated by 
the addition of 0.05 ml of 3.5 N perchloric acid followed by 1.2 
mg of bovine serum albumin and 1.5 ml of 0.35 n perchloric acid. 
The precipitate was removed by centrifugation, and it was washed 
with 2 ml of 0.35 N perchloric acid. To the combined supernatant 
and wash fluid were added 10 umoles of unlabeled PP; as carrier, 
about 0.3 ymole each of CTP and ATP, and 30 mg of acid-washed 
Norit. The mixture was centrifuged, and the Norit was washed 
three times with 0.35 n perchloric acid containing 0.001 m PP, 
suspended in 50% ethanol containing 0.3 m NH,OH, and an ali- 
quot dried and counted. This procedure gave low and repro- 
ducible blanks. 

b. RNA pC*pC*pA* was prepared by incorporation of AMP-C# 


and CMP-C* into a preparation of venom diesterase-digested — 
RNA (CMP:AMP = 1.87). The reaction mixture (0.25 ml) for © 


the pyrophosphorolysis of the RNA pC*pC*pA* contained 10 


umoles of Tris buffer (pH 7.5), 2.5 umoles of 2-mercaptoethanol, | 
1.5 uymoles of MgCle, 2.5 umoles of KF, 1.75 wmoles of PPi, 0.16 © 


umole of RNA nucleotide containing 2230 c.p.m., and 0.014 unit 
of enzyme. After incubation, 0.8 mg of serum albumin and 2nl 
of 0.35 nN perchloric acid were added. The precipitate was cen- 
trifuged, washed once with 2 ml of perchloric acid, dissolved in! 
ml of 1.5 Mm NH,OH, and an aliquot counted. 


one or only a few nucleotides were cleaved from the 3’-hydroxyl 
end of the chains, resulted in inactivation of the amino acid 


acceptor activity. Pyrophosphorolysis of the RNA under the © 
conditions described above likewise led to a loss of about 80 to © 


85% of the ability to accept leucine and valine (Table VIII). 
Incorporation of AMP and CMP into such inactivated prepara- 
tion restored essentially all the amino acid acceptor activity 4s 
judged by the formation of leucyl- and valyl RNA. This reac- 
tivation was completely dependent in each case upon the in- 
corporation of AMP, but only partially upon the incorporation 
of CMP. This finding of only a partial requirement for CMP 
addition in the restoration of amino acid acceptor activity cal 
be attributed to the types of RNA chains remaining after venom 
diesterase digestion or pyrophosphorolysis. Because the dies 
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TaBLe VII 


Identification of CTP and ATP as products of pyrophosphorolysis 
of amino acid-acceptor RNA 


Pyrophosphorolysis was carried out with essentially the same 
reaction mixture described for Fig. 6a. Enzyme, 0.024 unit, 
PP;?, 5 wmoles, (2.8 X 10° c.p.m. per umole), and 0.92 umole of 
intact amino acid-acceptor RNA nucleotide or 1.8 zmoles of venom 
diesterase-digested RNA nucleotide were incubated for 2 hours 
at 37°. The mixtures were heated for 1 minute at 100° and 1 
pmole each of ATP, GTP, UTP, CTP, and ADP were added. The 
nucleotides were adsorbed to Norit, and then they were eluted 
with 50% ethanol-0.3 m NH,OH. Between 52 and 60% of the 
ultraviolet-absorbing material was eluted, and after removal of 
the alcohol the nucleotides were adsorbed to Dowex 1-Cl-.  Nu- 
cleoside diphosphates were eluted as one peak with 0.05 m LiCl- 
0.01 n HCl and these contained less than 1% of the radioactivity 
applied to the column. CTP was eluted with 0.08 m LiCl-0.01 N 
HCl; ATP, followed by a combined peak of GTP and UTP was 
eluted with 0.2 m LiCl-0.01 n HCl. In both experiments, the 
recovery of radioactivity from the column was 90 to 97%. In 
each analysis, the radioactivity eluted from the column coincided 
with the ultraviolet-absorbing peaks corresponding to ATP and 
CTP. These components were identified by their absorption 
spectra and by the order of their elution. For purposes of cal- 
culation of the vield of ATP*® and CTP® formed in the pyrophos- 
phorolysis reaction, correction was made for the approximately 
55% recovery from the Norit. 


PP;3? incorporated into 


RNA pyrophosphorolyzed 


CTP 


GTP + 
UTP 


myumoles/umole RNA nucleotide 


Intact amino acid-acceptor RNA..... > 72 
Diesterase-digested amino acid-accep- | | 


terase attacks RNA chains at random (27, 35, 36), one would 
expect, after a short period of digestion, to obtain a population 
of RNA chains in which one (AMP), two (AMP and one CMP), 
three (AMP and two CMP residues), or more than three nucleo- 
tides have been removed. Those RNA chains with only AMP 
removed would be reactivated by the incorporation of only 
AMP. The chains which require the addition of CMP, in addi- 
tion to AMP, are those which have sustained two or three hydro- 
lytic hits. A similar explanation, that is, random removal of 
nucleotide end units by pyrophosphorolysis, may explain the 
finding of residual intact chains, chains which have had only 
AMP removed and chains which have also had an AMP and 
one or two CMP residues pyrophosphorolyzed. Consistent 
with this interpretation is the finding that whereas the ratio of 
CMP to AMP which can be incorporated after the first pyro- 
phosphorolysis was 1.2, a second and third treatment of the 
isolated RNA and PP; and the enzyme yield preparations in 
which CMP and AMP were incorporated in the ratio of 1.81 
and 2.04. 


DISCUSSION 
Earlier studies (3, 10, 11) established that in the formation 
of amino acyl RNA derivatives each amino acid is linked to a 
different and specific RNA chain by an ester bond to the 2’- or 
3’-hydroxyl group of a terminal adenylic acid residue. The 
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TaBLe VIII 
Regeneration of amino acid acceptor activity of pyrophosphorolyzed 
and diesterase-digested RNA by addition of AMP and CMP 

The venom diesterase-treated RNA was prepared by incubating 
amino acid-acceptor RNA with purified venom diesterase in a 
ratio of 18.6 units of enzyme per umole of RNA nucleotide for 15 
minutes at 37° in 0.05 m glycine buffer, pH 9.2, containing 0.01 
M MgCl,. The reaction was terminated by adjusting the pH to 
7.0 and heating for 1.5 minutes at 100°. The RNA wasisolated by 
precipitation with alcohol and then dialyzed against several 
changes of 0.2 mM NaCl followed by dialysis against water. The 
pyrophosphorolyzed RNA was prepared as follows: 17.5 ml con- 
tained 70 umoles of Tris buffer (pH 7.5), 105 umoles of MgClo, 
17.5 umoles of 2-mercaptoethanol, 175 uwmoles of KF, 88 umoles of 
PP;, 31 umoles of RNA nucleotide, and 0.17 mg of enzyme (DEAE- 
fraction B). After 120 minutes at 37°, the RNA was precipitated 
with 2 volumes of alcohol, washed once with 67% ethanol-0.5 m 
NaCl, and dissolved in 0.2m NaCl. The RNA solution was dia- 
lyzed overnight against several changes of 0.2 m NaCl and then 
against water to remove the NaCl. 

Incorporation of AMP and CMP was earried out to a limit as 
described in ‘‘Methods,’’ and the RNA was then tested for its 
ability to accept leucine-C' and valine-C' with purified leucyl- 
and valyl RNA synthetases as previously described (1). 


| Formation of amino acyl RNA 
RNA tested for amino acid acceptor activity 


Leucine Valine 


mymoles/umole RNA nucleotide 


Above reacted with ATP, CTP, and 
Diesterase-digested 0.07 0.06 
Above reacted with ATP, CTP, and 
Above reacted with ATP and CTP..... : 0.06 0.05 
Above reacted with CTP and enzyme | | 0.07 0.05 
Above reacted with ATP and enzyme. . 0.26 0.24 
| 
Pyrophosphorolyzed RNA............. | 0.16 0.11 
Above reacted with ATP, CTP, and 
Above seonted with ATP and CTP..... 0.13 0.10 
Above reacted with CTP and enzyme... 0.13 0.10 
Above reacted with ATP and enzyme. . 0.33 | 0.25 


present experiments show that in the acceptor RNA of E. coli, 
as was reported for the analogous RNA from mammalian cells 
(14, 15), these terminal adenylic acid groups form part of a 
terminal trinucleotide sequence, adenylyl 5’ — 3’ cytidylyl 
5’ — 3’ cytidylyl 5’ — 3’-RNA. It seems certain, therefore, 
that the compositional or structural features which differentiate 
one amino acid-specific chain from another reside in another 
portion of the RNA molecule. Recent studies by Zillig et al. 
(38) and by Singer and Cantoni (39) have shown that amino 
acid-acceptor RNA chains are terminated at the nonacceptor 
end by guanylic acid bearing a free 5’-phosphomonoester group. 
Studies are now in progress to determine whether differences in 
nucleotide sequence exist amongst the nucleotides distal to the 
third cytidylic acid residue. 

Although our present studies indicate that a single enzyme 
catalyzes the incorporation of AMP and CMP, a definitive con- 
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clusion must await more extensive purification and detailed 
studies of the reaction mechanism. In this regard, Canallakis 
and Herbert (15) have isolated an enzyme which incorporates 
both AMP and CMP, although Hurwitz (16) has reported the 
purification of an enzyme from thymus which appears to be spe- 
cific for the incorporation of CMP. If the enzyme we have 
isolated does indeed incorporate both nucleotides, then the 
specificity of this enzyme is quite remarkable. Not only is it 
inactive with GTP and UTP, or with the deoxyanalogues of 
ATP and CTP, but it incorporates the AMP and CMP in the 
very precise order of 2 CMP residues and 1 AMP. One wonders 
what mechanisms could limit the incorporation to 2 CMP and 
1 AMP and in the order... pCpCpA! 

One of the limitations inherent in the use of snake venom 
phosphodiesterase for the degradation of the amino acid-accep- 
tor RNA is the difficulty in controlling the degree and type of 
cleavage which occurs. Because the enzyme attacks RNA 
chains at random, one would expect to obtain a mixture of 
chains which have had 1, 2, 3, and 4 or more hydrolytic hits. 
Moreover, it is difficult to eliminate entirely endonuclease ac- 
tivity which leads to cleavage of internal diester linkages (35). 
We have obtained preliminary, data which suggest that chains 
which have more than the terminal trinucleotide removed (2.e. 
those chains which have been degraded past the fourth nucleo- 
tide or those which have had internal bonds cleaved) are inert 
as CMP or AMP acceptors. Thus, the total amount of CMP 
which can be incorporated increases and then begins to decrease 
as the diesterase digestion proceeds. We interpret these findings 
as indicating that the enzyme can add CMP only to the pre- 
existing fourth nucleotide or to some sequence or configuration 
involving the fourth nucleotide. Some support for this inter- 
pretation is derived from studies which show that in the pyro- 
phosphorolytic reaction ATP and CTP but no GTP or UTP 
are formed. This was true even in the case with RNA, which 
had most of the AMP and CMP removed by prior degradation 
with diesterase. This suggests that pyrophosphorolysis pro- 
ceeds up to, but not past, the fourth nucleotide. It is possible 
however that one or more enzymes exist which, in conjunction 
with the AMP- and CMP-incorporating enzyme, could effect 
a more complete pyrophosphorolysis and resynthesis of the 
RNA. In this connection one should recall the finding by 
Harbers and Heidelberger (17) of GMP and UMP incorporation 
into RNA. It would be of considerable importance to learn 
whether the AMP- and CMP-incorporating enzyme is one of 
several similar enzymes involved in the complete synthesis of 
amino acid-acceptor RNA chains or whether it serves to re- 
generate terminal groupings of the RNA as it functions in pro- 
tein synthesis (39). 


SUMMARY 


Amino acid-acceptor ribonucleic acid from Escherichia coli, 
after partial digestion with snake venom phosphodiesterase, 
serves as acceptor for adenosine phosphate and cytosine phos- 
phate. These nucleotides are incorporated from their respective 
triphosphates by an enzyme purified from £. coli. Inorganic 
pyrophosphate is formed in amounts equivalent to the amount 
of nucleotide incorporated into the ribonucleic acid. The reac- 
tion is reversible; pyrophosphorolysis of intact amino acid-accep- 
tor ribonucleic acid leads to a net formation of only adenosine 
triphosphate and cytosine triphosphate. Depending upon the 


extent of prior digestion of the ribonucleic acid by the diesterase, 
either adenosine phosphate, or adenosine phosphate and 1 cyto- 
sine phosphate or adenosine phosphate and 2 cytosine phosphate 
residues are incorporated. Alkaline degradation studies show 
that the two cytosine phosphate residues are adjacent to each 
other and that adenosine phosphate is linked to the termina] 
cytosine phosphate. These studies establish that the termina] 
trinucleotide sequence of the amino acid-acceptor ribonucleic 
acid of EL. coli is adenylyl 5’ — 3’ cytidylyl 5’ — 3’ cytidylyl 5’ 5 
3’ ribonucleic acid. 
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Evidence for the participation of 4(5)-imidazolone-5(4)-pro- 
pionic acid as an intermediate in the enzymic decomposition of 
urocanic acid was first presented by Feinberg and Greenberg 
(1, 2) for mammalian and by Revel and Magasanik (3) for 
bacterial enzyme systems. Additional data on the formation 
and properties of IPA! have been published by Brown and Kies 
(4, 5) and by Rao and Greenberg (6). The present paper deals 
with studies on the distribution of IPA hydrolase in various 
mammalian and bacterial systems and the partial purification 
and properties of the enzyme from Pseudomonas fluorescens. 
Preliminary results on the properties of the partially purified 
rat liver [PA hydrolase were reported earlier by us (7). 


EXPERIMENTAL PROCEDURE 


Materials and Methods 


The sources of various materials used in the present study 
have been indicated in an earlier paper (6). Imidazoleacetic 
acid hydrochloride was purchased from K and K Laboratories, 
New York. Protamine sulfate was obtained from Nutritional 
Biochemicals Corporation. Urocanase and formiminoglutamic 
transferase were prepared as described earlier (6). Most of the 
work reported here was carried out with a preparation of uro- 
ecanase having a specific activity of 130. The preparation had 
no detectable IPA hydrolase activity. 

Since a considerable part of the present work was done with 
bacterial systems, the procedures for growth of the cells are 
described. Pseudomonas fluorescens (ATCC 11299) was grown 
on a medium containing 0.15% KH.PO,4, 0.05% KeoHPOs,, 
0.02°% MgsSO,-7H.O, 0.1°% Bacto-veast extract, and 0.2% 
t-histidine monohydrochloride hydrate or 0.1% imidazoleacetic 
acid hydrochloride in tap water (8, 9). The yield of cells with- 
out supplementation with mineral salts was approximately 1.0 
g wet weight per liter of medium; with mineral salt? supplemen- 
tation, at the level of 10 ml per liter, the yield was approximately 


* The first paper of this series is cited in reference (1). 

+ Aided by research grants from the National Institutes of 
Health (CY-3175 and H-3074) United States Public Health Serv- 
ice and the Cancer Research funds of the University of Cali- 
fornia. 

1The abbreviation used is: IPA, 4(5)-imidazolone-5(4)-pro- 
pionic acid. 

2 The stock salt solution contained 0.5 g of MgSO,-4H-.O and 
0.1 g of FeCl; (anhydrous) in 250 ml of water. Five drops of con- 
centrated HCI were added to this solution to prevent any precipi- 
tation. The yield of cells without supplementation with mineral 
salts is low, possibly because of the lack of Mn*+ and Fe** ions 
in the tap water used here. 
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1.5 g of cells, wet weight per liter of medium. Consequently, 
the cells were grown in a medium enriched with inorganic salts, 
Aerobacter aerogenes strain 1033 was kindly provided by Dr. B, 
Magasanik and was grown essentially as described by Ushiba 
and Magasanik (10). Clostridium tetanomorphum strain H] 
was kindly provided by Dr. H. A. Barker and grown as de. 
scribed by Wachsman and Barker (11). The inorganic salts 
used in the medium for the growth of this organism had the 
composition described by Barker et al. (12). Lyophilized cells 
of Clostridium cylindrosporum (13), grown on uric acid as sole 
source of carbon and nitrogen, were a gift of Dr. J. Rabinowitz. 
Cell-free extracts of the various strains of bacteria were prepared 
essentially as described by the above workers. 

Protein was determined by the phenol method (14), with 
bovine serum albumin as a standard. Formiminoglutamic 
acid was determined by the enzymic method of Tabor and 
Wyngarden (15). Paper chromatographic and paper electro- 
phoretic methods for the separation and identification of various 
metabolites of urocanic acid have been described previously (6). 


Enzyme Assays 


Urocanase—The assay described below is that of Tabor and 
Mehler (16) in essence. The assay system contained the fol- 
lowing components: 0.1 M potassium phosphate buffer, pH 7.2; 
0.33 mM urocanic acid; and 0.67 g of enzyme protein per liter; 
total volume, 3 ml. The blank contained all components except 
urocanic acid. The reaction was started by addition of urocanic 
acid and the decrease of absorption at 277 mu was recorded for 
several minutes at 30° in a Cary model 14 recording spectro- 
photometer with cells having a 1-cm light path. One unit of 
activity is defined as the optical density change of 0.001 per 
minute under these conditions, and the specific activity is ex- 
pressed as units of activity per mg of protein. 

Imidazolonepropionic Acid Hydrolase—<Activity of this enzyme 
was measured by the rate of disappearance of the 264 my ab- 
sorption maximum of IPA at pH 7.2. The substrate was gener- 
ated enzymically from urocanic acid with highly purified beef 
liver urocanase. The standard assay system contained the 
following components: 0.1 M potassium phosphate buffer, pH 
7.2, 1.32 mM urocanic acid, and 600 units of urocanase; total 
volume 3 ml. The reaction was started by addition of urocanic 
acid and the decrease of absorption at 264 my was recorded in 
the Cary recording spectrophotometer at 30° with cells having 
a l1-cm light path. The urocanase reaction was essentially 
complete in 8 minutes. At this time, the absorbancy at 264 
my is usually about 0.42. Crude extracts of various tissues 0 
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Fig. 1. Demonstration of proportionality between enzyme con- 
centration and activity of imidazolonepropionic acid hydrolase. 
Protein content in wg per 3 ml. 

Fia. 2. Logarithmic plot of the rate of spontaneous nonenzymic 
decomposition of imidazolonepropionic acid (measured in terms 
of the absorbancy at 264 my) at pH 7.2 and 30°. 


of bacteria were added at this stage (0.05 to 0.20 ml) and the 
rate of disappearance of the absorption at 264 my was continu- 
ously recorded for several minutes. The initial rate was cal- 
culated from the optical density change during the first minute 
of the reaction. The blank contained all components except 
urocanic acid. One unit of activity is defined as the optical 
density change of 0.001 per minute under the above conditions 
and the specific activity is expressed as units per mg of protein. 
The validity of the assay is illustrated in Fig. 1. Good pro- 
portionality over a 6-fold range between enzyme concentration 
and rate of disappearqnce of absorption at 264 my has been 
repeatedly obtained. The rate of nonenzymic decomposition of 
IPA under these conditions can be conveniently measured (by 
omission of IPA hydrolase) and follows first order kinetics (Fig. 
2). At 30° IPA has a half-life to 20 minutes at pH 7.2. 
N-Formimino-t-glutamic Acid Hydrolase—Activity of this 
hydrolase was determined by coupling the reactions shown in 
Equations 1, 2, and 3 which are catalyzed by urocanase, IPA 
hydrolase, and formiminoglutamic hydrolase, respectively. 


Uroecanic acid + H.O — IPA (1) 
IPA + HO — Formiminoglutamate (2) 


Formiminoglutamate + H.20 — Formylglutamate + NH; (3) 
Sum of 1, 2, and 3: 


Urocanic acid + 3H.O — Formylglutamate + NH; (4) 


With urocanic acid-2-C™ (side chain) as substrate, one would 
expect the formation of formylglutamate-2-C" in the presence of 
all three enzymes. With a large excess of the first two enzymes, 
the incorporation of radioactivity into formylglutamate was 
used as a measure of formiminoglutamic hydrolase activity. 
The nonenzymic decomposition of IPA to formylisoglutamine 
was eliminated by carrying out the reaction under anaerobic 
conditions. Formylglutamate was conveniently separated from 
urocanic acid, IPA, and formiminoglutamate by ion exchange 
chromatography on Dowex 50-H+ (X8, 200 to 400 mesh). 
Formylglutamate was not adsorbed on a Dowex 50 H+ column 


in analogy with formylaspartic acid (9) and was eluted with 
water. 
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In a typical experiment the reaction mixture contained the 
following components in a Thunberg tube: 0.06 m potassium 
phosphate buffer, pH 7.2, 1200 units of urocanase, 3200 units 
of IPA hydrolase, and a source of formiminoglutamic hydrolase; 
total volume 5 ml. After air evacuation the reaction was 
started by tipping in 0.6 umole of urocanic acid-2-C™ (80,000 
c.p.m.). After 30 minutes of incubation at 30°, 0.1 ml of 60% 
perchloric acid was added, the precipitated protein was collected 
by centrifugation and washed with H.O, and the washings were 
combined with the supernatant fluid (8 ml). The solution was 
adjusted to pH 7 with KOH and the KCIO, removed, after 
chilling in an ice bath (15 minutes), by centrifugation. The 
final supernatant liquid (10 ml) was placed on a Dowex 50-H* 
column 8 X 1 em and the column was washed with 40 ml of 
water. Samples of the eluate (50 ml) were counted for radio- 
activity in a gas flow counter on plastic planchets as well as in 
a scintillation counter. 

Imidazoleacetic Acid Oxidase—The assay system used was 
that of Hayaishi, Tabor, and Hayaishi (9). 


Distribution of IPA Hydrolase 


The distribution of IPA hydrolase in crude extracts of various 
bacteria and mammalian tissues was determined with the stand- 
ard assay method. The results are given in Table I. 


Purvfication of Hydrolase 


To 300 ml of crude extracts (from P. fluorescens ATCC 11299) 
at 0-5°, there were added 15 ml of protamine sulfate solution 
(750 mg of protamine sulfate dissolved in 15 ml of 0.1 m potas- 
sium phosphate buffer, pH 7.2, by warming to 40°) and the 
precipitate was removed by centrifugation (protamine super- 
natant fraction). 

Solid ammonium sulfate was added with stirring and three 
fractions, (a) 0 to 50% saturation, (6) 50 to 60% saturation, 
and (c) 60 to 70% saturation were collected. Invariably, most 
of the activity was found in the 50 to 60% saturation fraction. 
This fraction was dissolved in 10 to 15 ml of 0.1 m phosphate 
buffer, pH 7.2, and dialyzed overnight at 5° against 500 ml of 
the same buffer. The dialyzed enzyme solution (protein about 
70 to 80 mg) was stirred with an equal amount of packed cal- 
cium phosphate gel (17) and the supernatant fluid assayed. The 
gel adsorption procedure was repeated twice and the gel super- 
natant fractionated with ammonium sulfate. Three fractions, 
(a) 0 to 35% saturation, (6) 35 to 50% saturation, and (c) 50 to 
70% saturation were again collected. Each fraction was dis- 
solved in 2 to 4 ml of 0.1 m phosphate buffer, pH 7.2, and kept 
frozen. The 0 to 35% saturation fraction contained little ac- 
tivity and was rejected. The enzyme present in the 50 to 70% 
saturation fraction represented approximately 15% of the origi- 
nal activity with a 6-fold purification. No further attempts 
were made in the purification of this enzyme. This partially 
purified enzyme is free of formiminoglutamic hydrolase and 
imidazoleacetic acid oxidase activity, but occasionally contained 
traces of urocanase activity. Table II gives data on a typical 
preparation of IPA hydrolase. 


Properties of Enzyme 


Optical Properties—The purified enzyme (specific activity 
3274) had an ultraviolet absorption spectrum typical of protein 
with a peak at 280 my and a minimum at 254 mu. The 280 
my to 260 my absorbancy ratio was 1.7, indicating that the 
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TABLE I 


Activity of imidazolonepropionic acid hydrolase in various liver 
and bacterial extracts 


Enzyme preparation Activity 
| Preparation of extract* ee 
‘Source | Units/ml 
| Growth mediat Method 
| | units/mg 
protein 
Liver | 
Beef A 1100 42.9 
Hog A 1000 47.1 
Sheep A 1000 40.0 
Guinea pig A 600 21.8 
Rat A variable | 3-15t 
P. fluorescens Histidine B 1600 571 
ATCC 11299 Imidazole-acetic  B 0 0 
acid 
Pseudomonas sp. | Glutamic acid | B 0 0 
A. aerogenes 1033 Histidine | C 1600 172 
C. tetanomorphum | Histidine | D 400 44.0 
Hl Glutamic acid | D 0 0 
C. cylindrosporum | Urie acid | E 0 0 


* The methods used for the preparation of extracts were as fol- 
lows. (A) Fresh liver, 20 g, separately homogenized for 1 minute 
at full speed in a Waring Blendor with 3 volumes of 0.1 m potas- 
sium phosphate buffer, pH 7.2, at 0-5°. The homogenate was 
centrifuged for 30 minutes at 10,000 X g in a refrigerated Servall 
centrifuge. The supernatant fluid was again centrifuged at 
20,000 X g for 30 minutes at 0-5° in a Spinco preparative ultra- 
centrifuge. The final supernatant fluid was assaved at two levels, 
0.05 and 0.10 ml, by the standard assay method. Each value pre- 
sented represents the result obtained on a single specimen of the 
particular material. (B) Cell-free extracts of all Pseudomonas 
strains were prepared as described in Table IT, ‘‘crude extracts”’ 
(sonically disrupted) but with only 1 to 2 g (wet weight) of cells 
in 15 to 30 ml of 0.1 m phosphate buffer, pH 7.2. Protein concen- 
tration was about 2 to 4 mg perml. (C) Cell-free extracts of A. 
aerogenes 1033 were prepared as described for the Pseudomonas 
strains but the period of sonic disruption was only for 20 minutes. 
Protein concentration of extract was about 9 mg per ml. (D) 
Washed cells of C. tetanomorphum, 1 to 2 g (wet weight), were 
suspended in 10 to 20 ml of 0.1 m phosphate buffer, pH 7.2, con- 
taining 0.001 m glutathione, and sonically disrupted for a period 
of 15 minutes. The suspension was centrifuged at 10,000 X g for 
15 minutes, and the supernatant fluid was tested for activity. 
The protein concentration of the extract was about 9 mg per ml. 
(E) 300 mg of lyophilized cells of C. cylindrosporum were sus- 
pended in 15 ml of 0.1 mM potassium phosphate buffer, pH 7.2, con- 
taining 0.001 m glutathione, and the cells were sonically disrupted 
for a period of 15 minutes. The suspension was centrifuged at 
10,000 X g for 15 minutes and the supernatant fluid was tested 
for activity. The protein concentration of the extract was ap- 
proximately 7 mg per ml. 

+ The compound listed was the sole source of carbon and nitro- 
gen in the growth media. 

t Determined on livers from Long-Evans rats maintained on 
Purina chow diet. Considerable variation in the activity of the 
enzyme has been noticed in many instances with this strain of 
rat. Whether this variation is due to nutritional or genetic fac- 
tors has not been investigated. 
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enzyme was essentially free of nucleic acid. The absorption in 
the visible region was negligible. 

Stability—Crude extracts of bacteria lose IPA hydrolase ac- 
tivity on prolonged storage (2 weeks) at —10°. No loss of 
activity was noticed when the crude extracts were stored for 
just overnight at —10°. The purified enzyme is stable for 
months when stored in the presence of ammonium sulfate, 
When small amounts of enzyme (10 to 100 ug protein) were 
used in different experiments they were diluted in 0.05% bovine 
serum albumin to prevent surface denaturation of enzyme. 
Purified enzyme preparations containing 10 to 20 mg of protein 
could be dialyzed against 10 volumes of 0.1 M potassium phos- 
phate buffer, pH 7.2, without loss of activity. 

Adaptive Nature of Enzyme—P. fluorescens (ATCC 11299) 
and C. tetanomorphum strain H1 cells had IPA hydrolase activ- 
ity only when grown on histidine as sole source of carbon and 
nitrogen but had no detectable IPA hydrolase activity when 
glutamate was the sole source of carbon and nitrogen. When 
P. fluorescens (ATCC 11299) was grown on imidazoleacetic acid 
as sole source of carbon and nitrogen, the cells had no detectable 
IPA hydrolase activity (Table 1). 


Effect of Inhibitors 


When p-chloromercuribenzoate, p-chloromercuripheny] sulfo- 
nate, ethylenediaminetetraacetate, or KCN was included at a 
concentration of 1 mm™ in the standard assay system for IPA 
hydrolase after completion of the urocanase reaction, essentially 


TABLeE II 
Purification of imidazolonepropionic acid hydrolase* 
Vol- | Units/ | Total cific | Re- 
Fraction ume ml units Protein sashelne covery 
ml | 10°78 mg % 
Crude extractst........; 300 1.6) 480 | 840 571 | 100 


Protamine supernatant..| 310 1.0) 310 455 681 64.7 
50-60% (NH,) SO, frac- 


tion (dialyzed)....... 15 | 14.0) 210 76.5., 2074 | 48.7 
Calcium phosphate gel 

supernatant.......... 17 | 12.0 | 204 68 3000 | 42.5 
35-50% (NH4) frac- 

ae eee 2 16.0 32 15.2 | 2105 6.7 
50-70% (NH4) frac- 

| 2 | 36.0 72 22.0 , 3274 15.0 


* The same method of purification can be used for preparation 
of the enzyme from A. aerogenes strain 1033. Approximately a 
4-fold purification is obtained with 15% recovery in activity. 
However, the specific activity of the partially purified Aerobacter 
enzyme is only about 600. : 

+ 20 g (wet weight) of P. fluorescens (ATCC 11299) cells were 
suspended in 300 ml of 0.1 m potassium phosphate buffer, pH 7.2, 
and sonically disrupted in 30 ml portions for 30 minutes at 0-5° 
in a Raytheon 9-ke sonic oscillator. The suspension was centri- 
fuged at 10,000 X g for 30 minutes, and the supernatant fluid was 
used for fractionation as described in the text. Alternatively 
cell-free extracts were prepared by grinding the cells with alumina 
(Aleoa A-301) as described in (6) and extracting with 15 volumes 
of 0.1 Mm potassium phosphate buffer, pH 7.2. The specific activity 
of the starting material was somewhat lower by the later method. 
Crude extracts usually contained 2.5 to 3.0 mg of protein per ml 
and the specific activity of IPA hydrolase varied between 300 
and 600. 
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no inhibition was observed. Fractions of IPA hydrolase con- 
taining traces of urocanase activity were readily freed of the 
latter enzyme by dialysis against 0.1 M potassium phosphate 
buffer containing 0.05 m KCN. 


Determination of K for IPA 


Since it was known that the urocanase reaction goes virtually 
to completion (6), it was assumed that variation of the initial 
urocanate concentration would be equivalent to change of IPA 
concentration. Consequently, urocanate concentration was 
varied in the standard assay system from 0.2 to 1.0 umole per 
3 ml and the initial velocity of the IPA hydrolase reaction was 
determined (Fig. 3). Calculation from the Lineweaver-Burk 
double reciprocal plot gave a K,, value for IPA of 2.0 K 10-4 M. 
No attempts were made to determine the A,, value for IPA at 
different pH values, since IPA is extremley unstable at alkaline 
pH values (6). 


Isolation and Identification of x-F ormimino-t-glutamic acid 


From a large scale incubation, with partially purified IPA 
hydrolase, urocanase and urocanic acid, it was possible to isolate 
enough formiminoglutamic acid to establish its identity un- 
equivocally. 

The reaction mixture, in an anacrobic flask,’ contained the 
following components: 0.067 M potassium phosphate buffer, pH 
7.2, 5.74 mmoles of urocanic acid, and 7.3 uwmoles of urocanic 
acid-2-C (1,232,000 ¢.p.m.) in a volume of 150 ml. Urocanase 
(4 X 104 units, specific activity 107) and IPA hydrolase (8 xX 
104 units, specific activity 2750) were injected through the rubber 
vaccine cap into the evacuated flask. The flask was kept at 
30° for 10 hours and the reaction was terminated by injecting 
2.5 ml of 60% perchloric acid into the flask. The contents of 
the flask were chilled, transferred to centrifuge tubes, and cen- 
trifuged. The supernatant fluid was neutralized to approxi- 
mately pH 7.0 with 30% KOH and cooled in an ice bath to 
remove KCIO,y. The clear supernatant liquid’ (170 ml) was 
applied to a Dowex 50-H* column, 22 X 2.5 cm, and the column 
was washed with 250 ml of water. Less than 0.016% (about 
10,500 ¢.p.m.) of the total radioactivity applied on the column 
was found in the water wash. A gradient elution device con- 
taining 2 N HCl in the reservoir and 300 ml of water in the mix- 
ing chamber was attached to the column, and 200 fractions of 
approximately 5 ml. per fraction were collected at the rate of 
0.5 ml per minute. Approximately 52% of the total radioactiv- 
ity (634,500 c.p.m.) was found in fractions 68 to 98. No other 
radioactive fractions were found. The radioactive peak frac- 
tions contained exclusively formiminoglutamic acid by. paper 
electrophoresis and paper chromatographic criteria. These 
fractions were pooled and evaporated to dryness in a vacuum 
at 40 to 50° with repeated additions of water to remove HCl. 


3 Bacterial urocanase (from P. fluorescens ATCC 11299) and 
beef liver urocanase are completely inactivated under these con- 
ditions (D. R. Rao and D. M. Greenberg, unpublished data). 

* A 300-m1 flask with a round bottom and a 24/40 standard taper 
joint was fitted with a stopcock at the neck through which the flask 
could be evacuated, and a 0.5-inch glass tube was fused to the main 
body of the flask and closed with a rubber vaccine cap. Enzyme 
additions were made by a syringe through the vaccine cap. 

* Direct examination of this fraction by paper electrophoresis 
at pH 6.4 revealed that only formiminoglutamic acid was present. 
There was only one radioactive zone which coincided with the 
zone of formiminoglutamic acid. 
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Fig. 3. Effect of imidazolonepropionie acid concentration on 
the activity of imidazolonepropionic hydrolase. The conditions 
of the experiment are the same as described under the standard 
assay system for imidazolonepropionic hydrolase activity, but 
with varying substrate concentrations (see text). The inset rep- 
resents a double reciprocal plot of the same data. 


x 10%) 


The bulk of the solid was found to be KC] together with formi- 
minoglutamic acid. The formiminoglutamic acid was extracted 
with ice-cold 80% ethanol, thus freeing it from most of the KCl. 
The ethanolic extract (100 ml) was diluted to 500 ml with water 
and concentrated to 25 ml under reduced pressure at 40°. The 
solution was applied to a Dowex 1-acetate column, 25 2 em, 
and the column washed with 50 ml of water. A gradient elu- 
tion device containing acetic acid in the reservoir and 300 ml 
of water in the mixer was attached to the column and 5-ml 
fractions at a rate of 0.5 ml per minute were collected. Frac- 
tions 30 to 46 containing the formiminoglutamic acid were com- 
bined and lyophilized. An amorphous white powder (230 mg 
(1.4 mmoles), about 25% vield) was obtained.* The infrared 
spectrum of the enzymically prepared formiminoglutamic acid 
Was In essential agreement with that of synthetic formimino-t- 
glutamic acid (Fig. 4). The peaks at 3.15 uw, 5.85 w, 6.25 yp, 
7.2 uw, and 9.35 w are not sharp, as both the synthetic and en- 
zymically prepared formiminoglutamic acids were amorphous.’ 
The principal peaks of absorption are essentially identical with 
that reported by Miller and Waelsch for synthetic N-formimino- 
L-glutamie acid (19). 


DISCUSSION 


The enzymic cleavage of IPA to forminimoglutamate can be 
regarded as analogous to the enzymic cleavage of imidazolone 
and imidazoleacetic acid, which are known to be catalyzed by 


6 The low yield of formiminoglutamic acid is probably due to 
losses in the alcohol extraction procedure. 

7 No attempts were made to crystallize the formiminoglutamic 
acid, as considerable losses invariably oecur (cf. 18). 
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Fig. 4. Comparison of infrared spectra of enzymically-formed and synthetic formiminoglutamic acid. Top curve isolated; lower 


curve synthetic compound. 
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(I) R=H (Imidazolone); R= CH,COOH-(4(5) 

imidazolone - 5(4) -acetic acid); R= CH,CH,COOH (IPA). 

(II) R=H (Formiminoglycine); R,=CH,COOH (Formimino- 
aspartic acid); CH,CH,COOH (Formiminoglutamic 

acid). 

(II) (Formyiglycinamide); Ro=CH,COOH (Formy!| 

isoasparagine); CH,CH,COOH (Formylisoglutamine). 


Fic. 5. Enzymic and nonenzymic cleavage of imidazolone ring 


extracts of C. cylindrosporum (20) and P. fluorescens (21), re- 
spectively. 

Evidence for the participation of imidazolone (22) and imid- 
azoloneacetic acid (23) as intermediates in the degradation of 
4(5) ,5(4)-aminoimidazole and 4(5)-imidazole-5(4)-acetie acid 
has been presented by Witkop and collaborators by studies 
with synthetic compounds. Such a study was not feasible in 
the present instance as IPA could not be synthesized by us (6) 
or by Kny and Witkop (23). However, it has been possible 
to show in the present study that imidazoleacetic acid oxidase 
does not catalyze the decomposition of IPA since crude extracts 
of P. fluorescens grown on imidazoleacetic acid did not enhance 
the rate of disappearance of 264 my absorption and also, further, 
C. cylindrosporum extracts did not accelerate the decomposition 
of IPA. These findings suggest that imidazolone hydrolase, 


imidazoloneacetic acid hydrolase, and IPA hydrolase are all 
different enzymes. 3 

Bacterial IPA hydrolase from Pseudomonas differs from the 
rat liver IPA hydrolase by its insensitivity to organic mercurials, 
IPA hydrolase was present in all species of mammalian liver so 
far tested. 

The demonstration of IPA hydrolase activity in bacterial 
extracts completes a part of the enzymic sequence of reactions 
involved in the metabolism of histidine in Pseudomonas (24), 
Aerobacter (3), and Clostridium (11). 

- The diagram in Fig. 5 represents the cleavage of the imidazo- 
lone ring, enzymically and nonenzymically. 
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SUMMARY 


The enzyme 4(5)-imidazolone-5(4)-propionic acid hydrolase 
has been partially purified from sonically disintegrated Pseudo- 
monas fluorescens (ATCC 11299) and some of its properties 
studied. The hydrolase has been found to occur in mammalian 
liver and in a variety of bacteria. In the latter it is an inducible 
enzyme, that appears in the organisms cultured on histidine. 
Formimino-t-glutamie acid was identified to be the end product 
of the imidazolonepropionic hydrolase reaction. Indirect evi- 
dence has been obtained that imidazolonepropionic hydrolase, 
imidazoloneacetic hydrolase, and imidazolone hydrolase are all 
different enzymes with a specificity limited to their particular 
substrate. 
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Previous studies (1-4) have indicated that adrenocorticotropic 
hormone stimulates the biosynthesis of corticosteroids in the rat 
adrenal incubated in vitro by two or more mechanisms. One of 
these, based upon the Haynes-Berthet hypothesis (5), involves 
the ACTH-induced stimulation of the enzyme phosphorylase by 
first eliciting an accumulation of adenosine 3’ ,5’-phosphate. 
The net result of these events is to increase the level of intra- 
cellular glucose 6-phosphate which, when oxidized by glucose 
6-phosphate dehydrogenase, results in an increased concentration 
of reduced triphosphopyridine nucleotide. Consequently, be- 
cause of their requirement for TPNH, the reactions concerned 
with corticosteroid biosynthesis are increased in rate. However, 
even at a maximal TPNH concentration, this coenzyme was un- 
able to account entirely for the observed effects of ACTH (2). 
A substantially greater amount of corticosteroids was produced 


at maximal TPNH concentration in the presence of ACTH than - 


when TPNH was added alone to the test system. This effect 
does not appear to be caused by the control by ACTH of an 
increased entry of TPNH or other required substances into the 
cell (1, 6). Rather, there would appear to be a greater possibil- 
ity that ACTH, in addition to its effect on the level of TPNH, 
can make enzymatically available a steroid precursor which is 
present in adrenal tissue in a bound form (2). Further studies 
with fortified homogenates indicated that ACTH acts somewhere 
between cholesterol and pregnenolone (4). In these studies, it 
was concluded that some of the reaction(s) involved in steroid- 
ogenesis may be concerned with the proteolytic activation of 
certain enzymes (7). 

The results of the present study strengthen the above postu- 
lates and answer questions posed relating to the.role of TPNH 
and adenosine 3’ ,5’-phosphate in ACTH action (8, 9). 


EXPERIMENTAL PROCEDURE 


The analytical procedures used for the determination of blue 
tetrazolium-reducing material in lipid extracts of the final incu- 
bation medium and the conditions used for preincubation and 
final incubation of adrenal glands have been described previously 
(1). The method of Silber, Busch, and Oslapas (10) with the 
modifications proposed to correct for nonsteroidal residual flu- 
orescence (11), was used for the fluorometric determination of 
corticosterone in the incubation medium and adrenal tissue. 
Inasmuch as the rat adrenal gland does not elaborate cortisol 


* This work was supported in part by a grant No. A-2672 from 
the United States Public Health Service and grant AT (30)-1- 
918 from the United States Atomic Energy Commission. 
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(12-14) nor do other steroids produced by this tissue fluoresce 
under the conditions of the method, the latter is specific for the 
determination of corticosterone in this species of animal. Colori- 
metric determinations of authentic and the isolated 18-hydroxy- 
deoxycorticosterone,! a natural steroid elaborated by the rat 
adrenal gland (14, 15), were carried out with the phenylhydra- 
zine-sulfurie acid reagents of Silber and Porter (16). Both Hb’. 
and C'-containing samples were analyzed in a Packard Tri-Carb 
model 314-DC liquid scintillation counter. 


RESULTS 


The first question posed was whether the increased corticos- 
teroid output observed in maximally TPNH-stimulated adrenal 
glands in the presence of ACTH could be accounted for by an 
increased release of corticosteroids synthesized and stored in the 
adrenal tissue. This phenomenon, if it had occurred, would not 
have been detected in previous studies (1-4), as only the corti- 
costeroid content of the incubation medium was determined. 
The data in Table I demonstrate that the addition of either 
ACTH or TPNH evoked the usual substantial corticosteroido- 
genic response as measured by the output of corticosterone. As 
was shown previously (2), the addition of ACTH to glands that 
had been maximally stimulated with TPNH elicited a further 
response. Concomitantly, there occurred an increase in the con- 
centration of corticosterone within the tissue itself. Incubation 
of tissue in the presence of TPN or glucose-6-P, respectively, 
alone or in combination with ACTH, had little or no effect above 
that observed with or without ACTH. 

The data indicate that the increased output of corticosterone 
under the conditions discussed is not due to an effect of ACTH 
on mechanism(s) permitting a release of corticosterone from the 
tissue, thereby resulting in a lowered concentration of intracel- 
lular corticosterone. Frozen tissue, although insensitive to 
ACTH (2), responded to additions of TPNH also, resulting in a 
large accumulation of corticosterone within the tissue (Table I). 
The accumulation is almost twice that of normal tissue incubated 
in the presence of both maximal concentrations of ACTH and 
TPNH. It would appear, therefore, that freezing, a process 
which is well known to cause modifications in cell structure, does 
not affect the cellular membrane in such a way as to prevent the 
accumulation of corticosterone. 


1 Authentic 18-hydroxydeoxycorticosterone was obtained from 
Dr. R. Pappo of G. D. Searle and Company, Chicago, Illinois. 
The corresponding 118-hydroxylated compound was obtained 
from Dr. R. Neher of Ciba, Ltd., Basel, Switzerland. The radio- 
active steroids were obtained from Dr. M. Gut of this Institution. 
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A second question which presented itself was whether rat 
adrenal tissue maximally stimulated with 3’,5/-AMP would 
respond further to additions of ACTH. If the sole action of 
3',5’-AMP is to make available a limiting amount of endogenous 
TPNH by activating the enzyme phosphorylase (3, 5) and one 
of the functions of ACTH is to duplicate this action by first 
eliciting an accumulation of 3’,5’-AMP, it would be expected 
that little or no effect would be obtained by additions of ACTH 
when maximal amounts of 3’ ,5’-AMP were present. This would 
occur in spite of the possible additional effect of ACTH in mak- 
ing more endogenous precursor available (2). In this case, the 
rate of reaction of P? + TPNH — corticosteroids (2) would be 
independent of an excess of P produced and limited only by the 
amount of TPNH produced endogenously. The data of Table 
II shows that under the conditions discussed the addition of 
ACTH in amounts eliciting maximal corticosteroid production 
causes little effect in the production of steroid over that obtained 
with maximal amounts of 3’,5’-AMP alone. This is in agree- 
ment with the previous findings of Haynes et al. (3) and those 
recently reported by Birmingham et al. (9) and would indicate 


TABLE I 


Corticosterone* content of adrenal tissue and incubation medium of 
rat adrenal glands incubated in presence of maximal amounts 
of TPNH and ACTH 


Each of 36 flasks, containing 4.0 ml of Krebs-Ringer-bicar- 
bonate-glucose (1) and four quartered adrenal glands, was pre- 
incubated in a Dubnoff metabolic incubator for 1 hour at 37° in 
95% O2-5% COz. A final 1-hour incubation was carried out in 
3.20 ml of the same buffer plus the indicated additions to a final 
volume of 4.00 ml. ACTH, Lot ACTHAR-A, blend 2H (1), was 
used at a concentration of 200 milliunits, Na TPN at 1.6 mg, and 
glucose-6-P at 2.1 mg per ml, respectively. All steroid deter- 
minations were carried out on the pooled contents of two flasks 
obtained from an individual group. The results are expressed as 
the mean of the values obtained from the pooled flasks + the 
variation from the mean. 


Corticosterone 

_ Addition to Weight of 

groups of 4 flasks | tissue per 2 flasks 

Tissue Medium Total 
mg ug/100 mg wet tissue 

133.0 + 12.0, 2.00 + 0.08) 2.52 + 0.10; 4.52 
ACTH. 145.1 + 4.7) 7.08 + 1.60; 8.53 + 1.55 15.61 
146.5 + 8.114.72 + 0.30/381.41 + 1.42) 46.13 
ACTH + 

130.3 + 1.7|/16.35 + 1.05)42.54 4+ 1.51) 58.89 
134.1 + 0.1) 1.73 + 0.08 2.25 + 0.03) 3.98 
Glucose-6-P...; 127.4 + 8.4) 1.18 + 0.04; 1.96 + 0.23) 3.14 
ACTH+ TPN.| 149.1 + 8.1) 6.92 + 0.57; 9.77 4 1.24] 16.69 
ACTH + glu- 

cose-6-P..... 135.1 + 3.4, 7.98 4 1.65)13.11 + 3.00) 21.09 
TPNH 

(frozen)f....| 1836.7 + 7.3/24.16 + 1.14/'73.54 + 6.54) 97.70 


* Fluorometric determinations of corticosterone were carried 
out on aliquots of the tissue homogenized in 2.0 ml of 33% ethanol 
then diluted with water to a final concentration of 13% (11). 
The incubation medium was immediately made up to a final con- 
centration of 13% with respect to ethanol before analysis. 

t TPNH = Na TPN + glucose-6-P; TPNH (frozen) = adrenal 
glands frozen for 5 minutes before the final incubation (2) to 
which TPNH was added as cofactor. 
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TaBLe II 
Effect of ACTH and 3',5’-AMP on production of corticosteroids 


Preineubation and final incubation were the same as those in 
Table I. Each of 14 incubation flasks contained the sectioned 
tissue equivalent to 2 adrenal glands in a final volume of 2.0 ml 
of buffer. ACTH, Lot ACTHAR-A, blend 2H, was used. 3’,5’- 
AMP dissolved in 0.154 Mm aqueous NaCl was neutralized before 
addition. Corticosteroids in the methylene dichloride extract of 
the incubation medium were measured with the blue tetrazolium 
reagent (1). Incubations were in duplicate and the results are 
expressed as the mean + the variation from the mean. 


Weight of tissue 


Additions ' Corticoid output 


per flask 
| mg ‘pg /100 mg wet tissue 
32.5+ 0.3 4.80 + 0.13 
33.2 + 0.2 17.35 + 0.80 
3’,5’-AMP, 3.5 wmoles..........| 29.44 0.2 7.65 + 0.43 
3',5’-AMP, 6.9 umoles.......... 32.34 0.3 14.43 + 1.31 
3’,5’-AMP, 13.8 umoles......... 31.8 + 0.0 | 18.10 + 1.10 
ACTH, 0.40 unit + 3’,5’-AMP, | 
32.5 + 0.4 21.90 + 0.30 


that no separation of the stimulation of corticosteroid output by 
3’ ,5’-AMP occurs from that obtained with ACTH. 

To establish the role of TPNH and 3’,5’-AMP in the mech- 
anism of ACTH action, it became necessary to show that the 
pattern of corticosteroids produced by adrenal sections be quali- 
tatively the same as or at least similar to that produced with 
ACTH (8). Further, it was expected that the ratios of the 
amounts of individual steroids produced in one experiment should 
approximate those obtained in other experiments. This point 
of view was held on the basis that steroid production presumably 
involves biological mechanisms which function through a com- 
mon pathway. In previous experiments (2), the ratios of com- 
pounds reducing blue tetrazolium to corticosterone varied from 
0.45 for control adrenals to 0.32 to 0.70 for adrenals stimulated 
by TPNH (8). These results do not appear to support the 
possibilities presented above. However, the data in Table III 
show that the pattern of steroids elaborated in the conditions 
tested is the same although quantitative differences exist. At 
maximal TPNH concentration, there is a doubling of corticos- 
teroid production over that observed with maximal ACTH and 
3’,5’-AMP. The validity of the X,? values is questionable at 
present since they are those found by ultraviolet light measure- 
ment only. In this instance, the latter is subject to considerable 
error due to the presence of much contaminating material in the 
paper chromatogram eluates which interfered with the measure- 
ment of light at 240 mu. On the other hand, the values for 
corticosterone, 18-hydroxydeoxycorticosterone, and aldosterone 
obtained by this method were in close agreement with those 
shown in Table III and obtained by the blue tetrazolium and 
phenylhydrazine-sulfuric acid reagent reactions and by fluoro- 


2 X, denotes a nonreducing steroid more polar than aldosterone 
eluted from the cortisol zones of paper chromatograms. A com- 
parison of the mobility rates of the free, acetylated, and periodate 
oxidation products of X, with those obtained with authentic 18- 
hydroxycorticosterone indicated that X, is 18-hydroxycorti- 
costerone-118 20, 21-trihydroxy-18 ,20-epoxy-4-pregnen-3-one (15). 
P is the corticoid precursor in a freely available form (2). 
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TABLE III 


Quantitation of some steroids synthesized by rat adrenal glands 
incubated in presence of maximal amounts of ACTH, 
3’,5'-AMP, and TPNH 

Preincubation and final incubation were the same as those in 
Table I, except that the final incubation was 2 hours. Each of 
the 36 flasks prepared contained the sectioned tissue equivalent 
to 4 adrenal glands. In the final incubation, each beaker con- 
tained 3.6 ml of buffer plus the indicated additions to a final 
volume of 4.0 ml. Groups of 9 flasks served to test each of the 
4 conditions in the table. Additions of 200 milliunits of 
ACTHAR-A ACTH, 0.8 mg of Na TPN + 1.0 mg of glucose-6-P 
(TPNH), and 6.4 wmoles of 3’,5’-AMP per ml of buffer were used. 


| 
Corticosteroids produced 
Weight 18-Hydroxy- 
Additions _of tissue deoxycorticos- 
18, 20-epoxy-4- 
pregnen-3-one 
mg ug/100 mg wet tissue 
624.4 3.04 | 0.99 2.33 5.04*) 4.07 
tg 616.0 | 2.82 | 2.33 | 8.10 20.70 | 18.60 
3’,5’-AMP.. .| 579.4 | 6.56 | 1.64 | 8.25 22.00 | 20.70 
566.6 8.96 | 3.57 16.70 47.70 | 45.70 


* The pooled media of the final incubation from each of the 
groups was made up to a final volume of 50.0 ml with ethanol so 
that the final concentration of ethanol was 13%. Fluorometric 
determinations were carried out on aliquots of the ethanolic 
solutions (11). The toluene-propylene glycol system (40 hours) 
of Burton et al. (17), was used to paper chromatograph the meth- 
ylene dichloride extracts of the ethanolic solutions remaining 
after fluorometry. The four steroid zones (14) delineated on the 
paper chromatograms and detected with ultraviolet light were 
eluted with methanol. Eluates of X1 were measured by ultra- 
violet light absorption, of aldosterone and corticosterone with 
blue tetrazolium (1) and of 18-hydroxydeoxycorticosterone with 
the phenylhydrazine-sulfuric acid reagent of Silber and Porter 


(16). 


metric determination. Because of the great lability of the 
steroid (15), it was not possible to purify X,1 on successive paper 
chromatograms to obtain quantitative values. It is interesting 
to note that the fluorometric (See footnote, Table III) values 
obtained for corticosterone before paper chromatography of the 
lipid extract of the incubation medium are in close agreement 
with those obtained with blue tetrazolium of eluates of the corti- 
costerone zones. This points to the high degree of specificity 
and accuracy of the fluorometric method when used for the assay 
of corticosterone in ethanolic solutions of the incubation medium. 
Duplicate recoveries of 200 ug of corticosterone from paper 
chromatograms run in identically the same manner as the meth- 
ylene dichloride extracts of the incubation medium were 94.2 
and 94.4 and 102.7 and 92.1% by fluorometric and blue tetra- 
zolium analyses, respectively. 

Considerable variation of the aldosterone to corticosterone 
ratios were obtained ranging from 0.24 for the control to 0.08 
when the substances tested were added. Much closer agreement 
was obtained in the ratios of 18-hydroxydeoxycorticosterone to 
corticosterone. These were 0.57 for the control and 0.44, 0.40, 
and 0.37, when ACTH, 3’,5’-AMP, and TPNH, respectively, 
were added. 

The data in the final table serve to confirm the well established 


Studies on ACTH Action 


fact that cholesterol can be converted into corticosteroids by i 
adrenal tissue (18-21). The view expressed previously (4) that — 


it is because of enzyme saturation by endogenous cholesterol that 
exogenous nonradioactive cholesterol does not increase the out- 
put of corticosteroids in TPNH-stimulated fractions of adrenal] 
homogenates is substantiated. In the present experiment it was 
possible to show with C"-cholesterol that adequate mixing of 
exogenous and endogenous cholesterol does take place. 
quently, the exogenous C'-cholesterol becomes part of the en- 
dogenous pool and can serve as a precursor. Pregnenolone was 
converted most efficiently into all of the steroids isolated on the 


paper chromatogram. The presence of relatively large amounts | 


of exogenous C'-cholesterol had little effect on its conversion to 
corticosteroids and 53% of the H*-pregnenolone added was trans- 
formed (Table IV). 

The authenticity of corticosterone as being contained in the 
corticosterone zone of the chromatogram was evidenced by the 
consistency of the specific activities (disintegrations per minute 
per mg) of the eluted and rechromatographed material. This 
was found to be 6.22 * 10° and 3.15 x 10°, 5.93 x 10’ and 
3.15 10°, 6.4 10’ and 3.22 10° d.p.m. for the and C¥, 
respectively, of the corticosterone eluted from the first, second, 
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Conse- 


and third chromatograms. After acetylation at room tempera- 
ture in acetic anhydride and pyridine, the 21-monoacetate deriva- 
tive had essentially the same specific activities as the free com- — 
pound (5.93 10’ and 2.97 x 10° dp.m.). In each instance, 
the free corticosterone was determined by fluorometry while the 
monoacetate derivative was determined with the blue tetra- 
zolium reagent (1). This was necessary because equivalent 
amounts of corticosterone 21-monoacetate fluoresce about one- 
half as much as free corticosterone with the reagents used in the 
fluorometric assay method. 


wer, 


DISCUSSION 


The data obtained in the present investigation support pre- — 
vious reports (2-7). It was shown in Table I that the increased — 
quantity of corticosterone extracted from the incubation medium 
of maximally TPNH-stimulated glands incubated in the presence 
of ACTH was not due to the release of this steroid which is re- 
tained within the tissue. This finding reaffirms the belief that 
ACTH ean act by making additional corticoid precursor available 
(2) and accounts for the increased corticosteroid output when 
ACTH is added to adrenals incubated in the presence of excess | 
exogenous TPNH. It also confirms the finding of Haynes and 
Berthet (3) that ACTH acts primarily on corticosteroid synthesis 
rather than on corticosteroid release. Had ACTH acted on 
corticosteroid transport by increasing the cell-membrane perme- 
ability per se toward these substances, a fall in intracellular corti- | 
costerone should have been observed. This was not the case 
and corticosterone accumulated during a period of time when 
ACTH is also capable of influencing the transport of nonsteroidal | 
substances like glucose and amino acids (22). 

It is clear from the data in Table II that one function of 3’,3- 
AMP is to make endogenous TPNH available. In spite of the 
fact that ACTH may make available an excess of endogenous 
precursor(s) (2), the rate of its transformation to corticosteroids | 
is dependent upon and limited by the amount of TPNH present. | 
Therefore, the addition of ACTH to glands maximally stimu- | 
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TABLE IV 
Conversion of C'4-cholesterol and H*-pregnenolone into corticosteroids by rat adrenal homogenates maximally stimulated with TPNH 


Preincubation of adrenals from 39 male rats was the same as that in Table I. 
mg of wet tissue per ml. 
NaHCOs, 3.2 mg of glucose, 1.60 mg of Na TPN, 2.04 mg of glucose 


in 0.154 M KCI (7). The homogenate contained approximately 7 
flasks and each flask contained 0.4 ml of homogenate, 40 umolesiof 


After preincubation, the pooled tissue was homogenized 
The final incubation was carried out in 34 


6-P, 33 ymoles of CaCle, 117 ug of cholesterol-4-C™ and 8.36 ug of 7a-H*-pregnenolone! to a final volume of 2.0 ml. 
The methylene dichloride extract of the final pooled incubation medium was chromatographed for 40 hours in the toluene-propylene 


glycol system (17). 


Iluates of the \, and aldosterone zones were rechromatographed in the same system for 64 hours before counting. 


| 


| 


Counts eluted from steroid zones as percentage of counts added to homogenate 


Total radioactiv- 
ity eluted as 
percentage of 
counts added 
as substrate 


| 


Amount, Radioactivity 


As H3 | 


Additions As 
| | | 
| | | 18-Hydroxydeoxy- cu HB 
| Aldo. | | Corticos- | Cation 
| | sterone terone sterone terone 
| | pregnen-3-one pregnen-3-one 
ug | d.p.m. | 
| 
Cholesterol-4-C¥*....| 3978 | 2.32 K 10’ 0.14 | 0.15 0.45 } 1.14 1.75 1.65 14.30 39.18 | 1.88 | 52.88 
7a-H3-Pregnenolone.| 284 | 1.49 108) | | 
| 


lated with 3’,5’-AMP caused no further increase in endogenous 
TPNH or in corticosteroids. | 

Table III shows that the pattern of steroids obtained from 
glands maximally stimulated with ACTH, TPNH, or 3’ ,5’-AMP 
reflect ACTH stimulation. The agreement of the 18-hydroxy- 
deoxycorticosterone to corticosterone ratios in all cases lend 
support to the above conclusion, whereas the differences in the 
aldosterone to corticosterone ratios do not. At present, the 
reason for the latter variations is unknown. 

In addition to the fact that C'-cholesterol and 7a-H*-preg- 
nenolone are converted to corticosteroids to the extent of 1.88 
and 52.88%, it is interesting to note that the ratios of H* to C' 
counts of the eluted corticosterone and 18-hydroxydeoxycorti- 
costerone are nearly the same (195 and 202, respectively). The 
H? to C' ratios for X, (83) and aldosterone (73) were approxi- 
mately the same, but significantly different than the ratios for 
corticosterone and 18-hydroxydeoxycorticosterone. This differ- 
ence would not be expected if all of the isolated corticosteroids 
were produced by way of a common biosynthetic pathway. 
But because a difference in ratios was found, the possibility 
exists that aldosterone and X,, in addition to being synthesized 
by what is now considered the classical pathway, 72.e. via preg- 
nenolone, may also be biosynthesized in part from cholesterol by 
a route independent of pregnenolone. A similar pathway has 
been suggested for the production of dehydroepiandrosterone 
(23) from cholesterol. 


SUMMARY 


The increased output of corticosterone of rat adrenal glands 
incubated in vitro in the presence of maximal reduced triphos- 
phopyridine nucleotide and adrenocorticotropic hormone con- 
centrations, was not due to an effect of adrenocorticotropic hor- 
mone on mechanism(s) permitting a release of corticosterone 
from the tissue. Maximal concentrations of adenosine 3’,5’- 
phosphate appear to bring about the production of endogenous 
reduced triphosphopyridine nucleotide in an amount which is 
not further increased by additions of adrenocorticotropic hor- 
mone. Adrenocorticotropic hormone, reduced triphosphopyri- 


dine nucleotide and adenosine 3’ ,5’-phosphate at maximal con- 
centrations bring about a synthesis of the same corticosteroids 
in amounts which are consonant with the idea that reduced tri- 
phosphopyridine nucleotide and adenosine 3’ ,5’-phosphate re- 
flect adrenocorticotropic hormone stimulation. 

Both C'*-cholesterol and 7a-H*-pregnenolone were utilized as 
precursors for corticosteroid production after becoming part of 
the endogenous steroid precursor pool. Based on radioactivity 
measurements, 1.88% of the cholesterol and 52.88% of the preg- 
nenolone were converted into corticosteroids. 


Acknowledgment—I wish to thank Drs. R. I. Dorfman, M. 
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Escherichia coli, when grown on a minimal medium, produces 
all of its cellular constituents from glucose, water, phosphate, 
and other inorganic compounds. The use of the isotopes of C, 
H, and N have revealed many of the chemical pathways used in 
the biosynthesis and degradation of the constituents of this cell. 
Taking advantage of the availability of high concentrations of 
H.O"* which have resulted from the work of Dostrovsky (1), we 
have investigated the contributions of HO, H3;PO,8, glucose- 
1-08, and glucose-6-O"8 to the oxygen atoms of the proteins of 


E. coli. 


EXPERIMENTAL PROCEDURE 
Preparation of O'8-labeled Compounds 


Glucose-1-O'8 (2)—p-Glucose, 5.42 g, was dissolved in 5.49 g 
of H.O"8 (92.5 atom % excess 08) and 0.025 ml of concentrated 
HCl was added. After 5 days at room temperature, the solvent 
was removed in a vacuum, the residue was dissolved in 8 ml of 
normal water, and 60 ml of absolute alcohol was added. After 
18 hours in the icebox, the crystalline product was separated by 
filtration (yield, 2.4 g). The mother liquor was concentrated to 
a syrup and the oil was triturated with 25 ml of absolute alcohol. 
After 3 days at 0°, the oil crystallized (yield, 2.7 g). The two 
fractions contained 11.2 and 10.7 atom % excess O#8, respec- 
tively. Since the O¥ is all in the aldehydic oxygen atom, the 
O'8 concentrations in these positions are 67.2 and 64.2 atom % 
excess, respectively. Other samples of glucose were prepared 
from water containing lower O'8 concentrations. 


Glucose-6-O'8 


Glucuronolactone - carboxyl -O%—Glucuronolactone, 5 g, was 
suspended in 3 ml of H.O (about 30 atom % excess O'8) and 
kept at 65° for 4.5 days to exchange the carboxyl and aldehydic 
oxygen atoms with the water. The mixture was taken todryness 
in a vacuum to recover the H.O'8. The residue was dissolved 
ina minimal volume of hot water and the water was immediately 
removed in a flash evaporator. The removal of the last traces of 
water and conversion of glucuronic acid back to glucuronolactone 
was accomplished by repeated additions of xylene followed by 
removal in a vacuum at 65-70°. The residue contained 4.73 
atom % excess O'8. It was used directly for the preparation of 
the 1,2-monoacetone glucuronolactone. 


* This work was supported by contracts to D. Rittenberg from 
the Office of Naval Research, Department of the Navy (ONR 
26602); from the Atomic Energy Commission (AT (30-1) 1803), and 
from the National Institutes of Health (E-2839). E. Borek re- 
ceived grants from the National Institutes of Health, United 
States Public Health Service (E-1181) and from the Atomic Energy 
Commission (AT (30-1) 2358). 
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1 ,2-Monoacetone Glucuronolactone-carboxyl-O'8 (3)—The crude 
glucuronolactone-carboxyl-O was stirred with 230 ml of dry 
acetone containing 2 ml of concentrated H2SO, for 3 hours until 
all the solid dissolved. A column of Duolite A-4 was prepared 
by washing with 10% HCl, water, 5% NaOH, water, 5% NaCl, 
and then washed with water until the eluate was free of Cl-. It 
was then finally washed with acetone. The acetone solution of 
the glucuronolactone was passed through the column and the 
eluate was concentrated ina vacuum. The crystals formed were 
recrystallized from ether-petroleum ether (yield, 4.35 g). 

Reduction of 1 ,2-Monoacetone Glucuronolactone—Sodium boro- 
hydride, 1.35 g, was dissolved in 250 ml of H.O at room tempera- 
ture and 4.35 g of the 1,2-monoacetone glucuronolactone was 
added. After 45 minutes, an additional 1.1 g of sodium boro- 
hydride in 20 ml of water was added. After 4 hours at room 
temperature, 20 ml of 6 N H.SO, was added and the solution 
heated on a steam bath for 1 hour. The solution was passed 
through alternating layers of 100 ml of Duolite A-4-Na, 100 ml 
of Amberlite IR-120-H*, and 100 ml of Duolite A-4-Na. The 
eluate was concentrated in a flash evaporator to 10 ml, filtered, 
and the filtrate taken to dryness in a vacuum. The residue was 
dissolved in warm 95% alcohol and kept at 0°. The next day, 
crystallization of the oil was induced by scratching. The crys- 
talline material was dried over P.O; (yield, 1.67 g) and recrystal- 
lized by dissolving it in a few drops of H,O and adding 20 ml of 
absolute alcohol. The next day the crystalline product was 
removed by filtration and washed with alcohol and ether (yield, 
1.13 g; m.p. 146-148°). It contained 1.88 atom % excess O%, 
The concentration of O" in the hydroxyl group on C-6 was 6 x 
1.88 = 11.3 atom % excess O#. 

Preparation of KH.PO,-O%—KH.PO, was initially prepared 
by the exchange between KH2PO, and H,0¥ at 110° for 20 days 
(4). In this period, about two-thirds of the oxygen atoms of the 
phosphate ion, exchange. A more convenient method involves 
the oxidation of phosphorus in the presence of H.O®. Yellow 
phosphorus (0.96 g) was dissolved in 15 ml of dry CHCl;. H,0%, 
2.8 ml, was added and dry Cl. was bubbled through. The reac- 
tion was carried out under reflux to prevent loss of water. After 
1 hour, the CHCl]; and H.O were removed by vacuum distillation. 
H.0, 5 ml, was added to the residue and removed at 100° in a 
stream of No. This was repeated several times until all the HCl 
was removed. The residue was dissolved in water, brought to 
pH 5 with 2 n KOH, and treated with Norit. The KH2PO, was 
then precipitated by the addition of 5 volumes of ethanol. The 


product was obtained by filtration and dried over P.O; (yield, 
3.59 g; 85% of theory). 

Growth of Bacteria and Isolation of Protein—In all cases, 
The 


growth was started with a small inoculum of viable £. coli. 
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TABLE 
Incorporation of O'8 from water into protein 

The culture medium in which the E£. coli Ki: was grown was as 
follows: 0.5 g of NH,Cl, 0.1 g of NHiNOs, 0.2 g of Na.SO,, 0.3 g of 
KH.2PO,, 0.01 g of MgSO,-7H2O, 1.0 mg of CaCls, and 0.1 g of 
glucose were dissolved in 100 ml of H,O'8 containing variable con- 
centrations of 018; 0.4 ml of a solution in H.O of oligo elements 
(6) was added, the pH was adjusted to 6.8, and the solution was 
sterilized by filtration through ‘“‘millipore’”’ filters. 


O'8 in 
(O'%8 in protein / 
Experiment O'8% in X 100 
Water | Protein | 


atom excess 


16-59 56 


Average 54 


organisms were harvested by centrifugation when they reached 
a population of 5 to 8 X& 108 cells per ml. 

For the isolation of the microbial protein, the extraction proce- 
dure described by Roberts et al. (5) was followed. The bacterial 
pellet from 100 ml of culture was stirred with cold 4°% trichloro- 
acetic acid solution for 30 minutes. The centrifuged, extracted 
pellet was then stirred with 4 ml of 75% ethanol solution at 40- 
50° for 30 minutes. The pellet from this extraction was stirred 
with a mixture of 2 ml of ether and 2 ml of 75% ethanol. The 
residual pellet was then stirred with 4 ml of 5% trichloroacetic 
acid in a boiling water bath for 30 minutes. To insure complete 
removal of all the nucleic acids, this extraction was repeated with 
fresh 5°% trichloroacetic acid. The residual pellet was’ washed 
with 75°% ethanol, and ether and was dried in a vaccum at 100°. 
Evidence will be presented in the experiments with labeled phos- 
phate that under these conditions the residual phosphate in the 
protein preparation is 0.06%. 


RESULTS AND DISCUSSION 


Experiments with H-O'’—The results of experiments in which 
FE. coli was grown on the medium containing H.O are shown in 
Table I. These data show that at least 54° of the oxygen atoms 
of the bacterial proteins are derived from the oxygen of the water. 
This figure is a minimal one since O" could have been lost by 
exchange from the protein during the isolation process. We 
investigated this possibility by the following experiments. 

Protein was isolated from normal EF. coli by the procedure 
described above. After the final extraction with hot trichloro- 
acetic acid, the protein fraction was suspended in 1.4 atom % 
excess H,O"8 and the isolation continued. The final protein con- 
tained 0.000 atom % excess O'8. This demonstrates that there 
are no very rapidly exchangeable O atoms in the bacterial pro- 
tein. 

The above control does not exclude the possibility of exchange 
during the acidic treatment by trichloroacetic acid. It is known 
that carboxyl oxvgen atoms exchange with water in an acidic 
environment and there is evidence that amides and esters can 
exchange under similar conditions (7). 

To assess the extent of exchange during the exposure of the 
protein to trichloroacetic acid, the following control experiment 

vas performed. ‘The protein from £F. coli grown in normal H.O 
was isolated in the usual way but the trichloroacetic acid solu- 


tions were made up in H.O containing 1.4 atom % excess O¥8, 
The isolated protein from this experiment contained 0.243 atom 
% excess O88 which was 17° of the O'8 concentration of the 
water. Since O'8 was introduced into the bacterial proteins in 
this control experiment, it is reasonable to suppose that O'8 has 
been lost from the labeled proteins of the cells grown in the 
presence of H.O' during the isolation procedure. This, how. 
ever, is not certain since the positions in which O' was introduced 
into the bacterial proteins during the trichloroacetic acid treat- 


ment in H.O"8 may not have had 0" introduced in them during | 
growth in H,O'8. However, this seems very improbable. Thus, 

it appears that it is justifiable to correct the O% concentrations, | 
found in the proteins for the loss by exchange in the isolation — 
procedure, by multiplying by the factor (100/83) = 1.20. The 


three experiments indicate that about 54 * 1.20 = 65% of the 
oxygen atoms of the protein were derived from water. The rest 


of the oxygen must be derived from either the phosphate or the | 


glucose.! 
Regardless of the biosynthetic mechanism, half of the oxygen 


of the peptide bond should be derived from the water for the ; 


following reason. In the reactions that convert the carbon 


atoms of glucose to carboxyl groups, only 1 at most, of the 2 | 
oxygen atoms, is derived from the glucose. It is difficult to — 
postulate a series of reactions in which the oxygen atom of the — 


carbon atom 1 of glucose is used to oxidize another carbinol 
group of glucose to a carboxyl group and thereby produce a _ 


earboxyl group in which both oxygen atoms are derived from 
the hydroxy! oxygen of glucose. 

Expervments with KH2PO;8—To determine the extent to 
which the oxygen atoms of phosphate contribute to the oxygen 


atoms of the protein, E. coli was grown in a medium in which the | 
phosphate was labeled with O'8 and P*. The results are given | 


in Table IT. 


The radioactivity of the isolated protein was 435 ¢c.p.m. per mg; 
this is 0.06% of the activity of the phosphate of the medium. | 


The O88 incorporation in this experiment could not be due to 
contamination of the protein by O'’-labeled phosphate. 


These data show that approximately 2% of the oxygen atoms _ 


of the protein are derived from the phosphate ions. This con- 
version is thus insufficient to account for the 35% of the oxygen | 


atoms of the protein which are not derived from the water. 
Meaningful analysis of this finding requires further data on the 


position of the oxygen atoms in the protein that are derived from — 


the phosphate ions. 


Experiments with Glucose-1-O8 and Glucose-6-O%—The results 


of experiments in which £. coli was grown on a medium contain- | 


ing labeled glucose are given in Table ITI. 
The data indicate that about 1% of the total protein oxygen 
is derived from position 1 of glucose and slightly more from 


position 6. This taken together with the contribution of water _ 
and phosphate add up to 70%. Thirty per cent of the oxygen — 
atom of the protein must be derived from the other oxygen atoms — 


of glucose on C-2, 3, 4, and 5.? 


General considerations indicate that C-1 and C-6 of gluocs | 


should not be important sources of carboxyl atoms. Indeed, if 


1 It would be inconsistent with our knowledge of the metabolism | 
of E.coli to postulate that either SO," or atmospheric Oz was at | 


important source of oxygen atoms of the cellular proteins. 


2 In experiments in which EZ. coli was grown on glyceric acid © 
carboxyl-O"8 as the sole carbon source, one-third of the oxygen of | 


the protein was derived from the carboxyl oxygen atoms of t 
glyceric acid. 
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the initial step in the glucose utilization is its entry into the 
glycolytic pathway, in the conversion to pyruvic acid the oxygen 
atoms originally attached to C-1 and C-6 would then be lost to 
the water of the medium and could not contribute O to the 
protein. However, synthesis of serine from 3-phosphoglyceric 
acid could result in a labeled amino acid and so contribute O'8 to 
the protein. 

The determination of the position of the O'8 in the protein is 
complicated by exchange reactions. If the O' were all in 
hydroxy! groups of serine, threonine, tyrosine, etc., hydrolysis of 
the protein, either with acid or alkali, would not lead to the loss 
of O'8 from these positions. On the other hand, if the O8 were 
in the peptide bond, loss could occur by two routes. Hydrolysis 
of a protein containing O in the peptide group would yield free 
amino acids having O} in the carboxyl group; in acid solution 
the oxygen of free carboxyl group exchanges with water, leading 
to a loss of O88 The reverse reaction also takes place; amino 
acids undergo exchange in acid solutions of H.O® to yield O'8- 
labeled amino acids. Data illustrating this are shown in Table 
IV. 

The exchange rate in glycine is rather slow. In tyrosine the 
2 atoms exchanged are clearly the oxygen atoms of the carboxyl 
group. The phenolic oxygen does not exchange. This is in 
accord with studies of exchange reactions of phenol (8, 9). It is 


TaBLeE II 
Incorporation of O'8 from phosphate into protein 


The culture medium in which the organisms were grown was 
prepared as follows: 0.5 g of NH,Cl, 0.1 g of NH4NO3, 0.2 g of 
NaSO,, 1 mg of CaCloe, 0.01 g of MgSO,-7H.O, and 0.2 g of KHe- 
PO, containing O'8 were dissolved in 100 ml of water. Then 0.4 
ml of a solution of oligo elements was added and the pH was ad- 
justed to 6.8 with NaOH; 0.5 me of P*O,= was added ina negligible 
amount of PO, and the solution was sterilized by filtration. Glu- 
cose, 100 mg, was added in a small volume of sterile solution. 
The radioactivity of the phosphate of the medium was 7 X 105 
¢.p.m. per mg of PO,= above background. 


O'8 in 
Experiment 01s 100 
Phosphate Protein 
atom % excess % 

9-57 2.17 0.020 0.9 
47-57a 25 0.45 1.8 
47-57b 25 0.73 2.9 

Average 1.9 
TaBLeE III 


Incorporation of O'8 from glucose-1-O'8 and glucose-6-O'8 
into protein 
The medium was prepared in H,0 as described in Table I, with 
O'8-labeled glucose. 


Experiment in glucose position 0" in protein atom of shenaes} 
X 100 
atom % excess % 
13-57 1 26.6 0.274 1.03 
13-60 1 64.2 0.71 1.11 
8-58 6 11.3 0.198 1.75 
23-60 6 11.3 0.183 1.62 
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TABLE IV 
Exchange of amino acids in 6 n HCl at 108° 
Amino acid Time of reflux at 108° 
hrs 
48 | 2.0 
* At 125°. 
1.0 
0.8 
0.6 
0.5 
0.4 Glucose-!-0'8 
Glucose -6-0'8 
0.3 A,A'= Initial conc'n of protein 
B,B'= Calculated for hydrolysis 
“00.2 Sp: without exchange of amino acids 
in A (see text) 
2 
WJ 
So! 
B' 
a 
3 
.06 
0.04F 
0.03- 
0.02 


TIME (in hrs) 
Fig. 1. Hydrolysis of O'8 protein from E. coli K-12 


important for our experiment to note that only 2 out of 3 oxygen 
atoms of serine, exchange. These must be the 2 identical 
carboxyl oxygen atoms. On the basis of this experiment, we 
would not expect O to be lost from the hydroxyl group of serine 
during acid hydrolysis. The same would be expected for threo- 
nine and tyrosine. On the other hand, hydrolysis in acid should 
result in the loss of O'8 from the carboxyl groups of the liberated 
free amino acids. Further exchange reactions could occur with 
the amide group (7). 

We have hydrolyzed protein isolated from EF. coli grown on 
glucose-1-O'8 (Experiment 13-60, Table III) for various lengths 
of time in 6 N HCl and analyzed the resulting amino acids (and 
residual protein) for O'8. The results are shown in Fig. 1. 

We have previously estimated that two-thirds of the oxygen 
atoms of the mixed proteins of FE. coli are in the peptide bond 
(10). The other third are present in the various oxygen-con- 
taining side groups of the protein. On this basis hydrolysis 
without exchange of an O-labeled protein in normal water 
should introduce two-thirds of an atom of oxygen per atom of 
protein oxygen. The O concentration of the free amino acids 
should thus be [1/(I + 2)] x 100 = 60% of the original protein. 
(See Point B of Fig. 1.) 

There is, as expected, a sharp drop in the O"8 concentration of 
the amino acid mixture. We should expect the O concentra- 
tion to drop from 0.71 to 0.43 atom % excess if all the O'8 were 
in nonexchangeable positions. The curve in Fig. 1 suggests that 
there is a very rapid drop to about 0.4 atom % excess and then 


i 
| | 
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a continuing rapid drop for about 20 hours to 0.13 atom 7 excess 
O88. It is clear that the drop in concentration is more than 
could be accounted for by hydrolysis. We are clearly observing 
a loss of O'§ by exchange reactions. A semilogarithmic plot of 
the data does not form a straight line. This can scarcely be 
surprising since we are observing the exchange of a mixture of 
about 20 amino acids, each one of which must have its own 
individual rate. Over 70% of the O'8 in the original proteins 
must have been present in the peptide bond or free carboxy] or 
amide groups. 

A similar hydrolvsis was performed with the proteins of F. 
coli grown on glucose-6-O8 (Experiment 23-60, Table III). As 
above, we calculate that hydrolysis of the protein without 
exchange should result in an amino acid mixture containing 
0.183 x 0.60 = 0.110 atom ©% excess O88 The result of this 
hydrolysis is shown in Fig. 1. As with the protein from F. colt 
grown on glucose-1-O'S, there is a rapid decrease in the O"8 con- 
centration followed by a slower fall in concentration. Here 
also, over 70° of the O'8 in the original proteins must have been 
present in the peptide bond or free carboxyl or amide groups. 

Both experiments show that a large fraction of the O'8 of the 
protein is present in exchangeable groups (carboxyl) and not in 
alcohol groups (serine, tyrosine, etc.) 

The Embden-Meverhof pathway for glucose metabolism will 
not account for the transfer of O'§ from positions 1 or 6 of glucose 
to the peptide bond. The pentose shunt could yield a carboxyl- 
labeled pyruvic acid from glucose-1-0'8 by way of pentose-1-O'8, 
sedoheptulose-1 .3-O'§ to fructose-1,3-0'8. The glycolytic path- 
way could then yield a carboxyl-labeled pyruvate. Neither the 
Embden-Meyerhof nor the pentose pathways would yield a 
earboxyl-labeled pyruvate from 

Entner and Doudoroff (11) have shown that Pseudomonas 
saccharophilia can convert p-gluecose via p-glucose 6-phosphate 
to 2-keto-3-deoxy-p-erythro-hexulosonic acid-6-phosphate which 
ean be cleaved to pyruvie acid and p-glyceraldehyde-3-phos- 
phate. This pathway could vield a carboxyl-labeled pyruvic 
acid from glucose-1-O'§ although not from glucose-6-O%. 

If colt can oxidize glucose-6-O% to glucuronic acid-carboxy] 
O'8, then the pathway Ashwell et al. (12) have discovered for the 
oxidation of glucuronic acid could yield pyruvie acid-carboxyl 
O88. In this reaction sequence, glucose-6-O'8 would successively 
be converted to glucuronic acid-carboxy] O}8, fructuronic acid- 
earboxyl O'8, mannonie acid-carboxy! 2-keto-3-deoxy glu- 
eonie acid-carboxy! O'8, and 2-keto-3-deoxy gluconic acid-6- 
phosphate-carboxy! 0%. This last compound can be cleaved to 
vield glyceraldehyde-3-phosphate and pyruvie acid-carboxy] 

3’ However, the conversion of glucose to triose and recondensa- 
tion to glucose might vield glucose-6-O'8 from glucose-1-O}8 and 
the reverse. 


Sources of Oxygen of Proteins 


doroff (11), yields the same 2 keto-3-deoxy gluconic acid-6. | 
phosphate which can be cleaved to pyruvic acid and glyceralde- | 
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This pathway, as the once described by Entner and Dou. | 


hyde-3-phosphate. However, in the Entner and Doudoroff © 
pathway, glucose-1-O" yields a carboxyl O'8-labeled pyruvate 


whereas in the pathway described by Ashwell et al. glucose-6-08 — 


is the source of a carboxyl O8-labeled pyruvate. 


Ashwell pathway. 


McRorie and Novelli (14) have described a modification of the — 


Further studies are in progress to determine the O" distribution | 


in the protein. Such studies may, it is hoped, contribute not 
only to an understanding of the synthesis of amino acids in the | 
intact organism, but may illuminate certain aspects of carbo- — 
hydrate metabolism as well. 


SUMMARY 


The origin of the oxygen atoms in the proteins of a hetero. : 


trophic microorganism, Escherichia coli Ky, has been studied, — 
Of the oxygen atoms, 65% were found to be derived from water, — 
About 2% of the oxygen atoms are derived from the oxygen of 


phosphate. 
tribute about 1% to the total oxygen of the proteins. 


The oxygen atoms | and 6 of glucose each con- | 
The re- | 


maining 30% of the oxygen atoms of the protein must be derived — 
from the other 4 oxygen atoms of glucose. 


13. 


14. 
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Studies in our laboratory have indicated that L-tyrosine is 
taken up by rat brain in vivo in an active manner (1). The up- 
take is concentrative, structurally and sterically specific, and is 
inhibited by certain other amino acids. These findings have now 
been expanded to show that tyrosine entrance into organs other 
than brain involves much less stereospecificity and is not subject 
to as much inhibition by other amino acids.!. The mechanism of 
the uptake is unknown and its anatomical location has not been 
defined. 

To localize and dissect the uptake mechanism, it seemed 
advisable to investigate the entry of tyrosine into brain slices. 
The uptake of amino acids by brain in vitro has not been ex- 
tensively studied. Stern et al. (2) have described L-glutamic acid 
uptake by brain slices, and Terner et al. (3) have investigated its 
relation to potassium ion distribution. The uptake of p-glu- 
tamate has also been studied (4). However, the rapid metabo- 
lism of this amino acid by nervous tissue complicates the inter- 
pretation of these investigations. More recently, brain slices 
have been shown to accumulate y-aminobutyric acid (5), and 
this accumulation seems to bear a relationship to phospholipid 
metabolism (6). Another study has indicated that 5-hydroxy- 
tryptophan is concentrated by slices (7). In general, these 
studies have revealed that amino acids can be concentrated by 
brain slices and that the concentration is linked to metabolic 
processes, but detailed experiments relating to the mechanism 
have not appeared. 

This report describes the general characteristics of tyrosine 
uptake by brain slices. The experiments show that several 
characteristics of the uptake in vivo can also be observed in vitro. 
Certain interesting differences can be seen which make it possible 
to conclude that the slice contains only one part of the tyrosine 
transport or accumulation system found in the living animal. 
It seems that the uptake by the slice represents the cellular 
mechanism and that the missing factors may be associated with 
tyrosine transport from the blood vessels into the brain substance. 


EXPERIMENTAL PROCEDURE 


Tissues were obtained from male Sprague-Dawley rats. The 
animals, weighing between 140 and 160 g, were fasted for several 
hours before being killed by exsanguination. The brain and 
other organs were quickly removed and chilled on ice. 

Slices of cerebral hemispheres 0.42 mm thick were made with 
the MclIlwain tissue chopper (Baltimore Instrument Company, 
Baltimore, Maryland). Approximately 250 mg of slices were 


* A preliminary report of this work was presented at the 138th 
National Meeting of the American Chemical Society in New 
York, September 16, 1960. 

‘G. Guroff and S. Udenfriend, to be published. 


weighed on a torsion balance and placed in 10 ml of Krebs-Ringer 
bicarbonate buffer (pH 7.2 to 7.4) with the appropriate additions. 
Incubations were carried out at 37°, under 95°7 O» and 5°% COQ, 
unless otherwise indicated. At the end of the incubation, the 
buffer was decanted, and the slices were drained for 30 seconds 
on filter paper and reweighed. 

Tissue extracts were prepared by grinding the slices in 15 ml of 
0.2 n HCl per g of tissue in a Potter-Elvehjem glass homogenizer. 
The homogenate was then deproteinized with 4 ml of 30% tri- 
chloroacetic acid per g of tissue. Buffers were deproteinized 
with 1 part of trichloroacetic acid to 4 parts of buffer. Clear 
supernatants were obtained by centrifugation. ! 

‘Tyrosine, tyramine, and a-methyltyrosine were determined by 
the method of Waalkes and Udenfriend (8). p-Hydroxypheny]- 
acetic acid was extracted from the supernatant into ether and 
then re-extracted into borate (pH 10) and its fluorescence de- 
termined directly (excitation 265, fluorescence 315; uncorrected). 
Inulin was assayed by the Roe method (9). Total water meas- 
urements were carried out by drying the tissue overnight at 100°. 
The monoamine oxidase inhibitor used was phenylisopropylhy- 
drazide (JB 516, Lakeside Laboratories, Milwaukee, Wisconsin). 
a-Methyl-L-tyrosine was provided by Merck Sharp and Dohme 
Research Laboratories and p-tyrosine by Geigy Pharmaceuticals. 
Other samples of p-tyrosine were prepared by the procedure of 
Gilbert, Price, and Greenstein (10) and their purity evaluated by 
optical rotation and by reaction with L-amino acid oxidase 
preparations from snake venom. 

Data are expressed as micrograms of tyrosine per g of wet tis- 
sue (final weight) or, where possible, as micrograms per ml of 
intracellular water. In most of the experiments, 60-minute 
incubations were used. For these experiments intracellular 
concentrations were calculated with the use of values for inulin 
space and total water observed in separate studies (Fig. 1). It 
can be seen that the slices increased in weight during the in- 
cubation period, so that 100 mg of original slices weighed about 
145 mg after 120 minutes (11). The total water content of the 
slices accordingly increased from a little over 80% to a little less 
than 90%. It can also be seen that the volume of inulin distri- 
bution of the tissue reached 32.8% of the total weight of the tissue 
(135 mg) after 60 minutes. Since the volume of inulin distribu- 
tion remained constant during the last hour of incubation even 
though the total tissue weight increased from 135 to 145% of the 
original weight, it is reasonable to assume that this volume 
represents the true extracellular space of the tissue during this 
period. 

For short term experiments, e.g. temperature coefficient, the 
observed volume of inulin distribution probably did not represent 
the extracellular space of the tissue, since diffusion of inulin could 


1773 


, 631 | 
i, E. 
chia 
rton, | 
S., 
em. 
38). 
Nat. 
| 
el 
hem. 
182, 


1774 
80) 
O——O TOTAL WATER 
INULIN SPACE 
INCREASE IN TISSUE WATER 
1S 
= 
40- 
30 F 
20+? 
10 
0 | | | 
0 20 40 80 100 120 
MINUTES 
Fig. 1. Characteristics of brain slices incubated in Krebs- 


Ringer bicarbonate buffer. 


Uptake of Tyrosine by Rat Brain in Vitro 


Vol. 236, No. 6 


that slice to medium ratios of approximately 2 were achieved 
after 40 to 60 minutes of incubation. As has been pointed out, 
this represents an intracellular concentration nearly 3 times as 
high as the concentration in the medium (Table I). Very 
little, if any, stereospecificity was observed, D-tyrosine being 
concentrated nearly as well as the L isomer. a-Methyl-1- 
tyrosine was also concentrated, but to a slightly lesser extent, 
Tyramine, measured in slices from animals treated with a mono- 
amine oxidase inhibitor (5 mg per kg), was also concentrated by 
the slices, but p-hydroxyphenylacetic acid was not. The 
external concentration of all the compounds was 10-% Mo, and no 
change was observed during the incubation. 

The ability of the slice to concentrate tyrosine seemed directly 
linked with metabolic processes. Boiled slices did not concen- 


TABLE I 
Effect of various carbohydrates on L-tyrosine uptake by brain slices 
Slices incubated for 60 minutes in 10 ml of Krebs-Ringer bi- 
carbonate buffer containing L-tyrosine (1 X 10-4 mM) and the 
indicated carbohydrate (1 XK 10°? m). Figures in parentheses 
indicate number of incubations. 


Intracellular concentration (pg/ml) 
Medium concentration (ug/ml) — 
2.73 + 0.28* (36) 
4.63 + 0.39 (12) 
3.59 + 0.34 (8) 


3.99 + 0.44 (8) 
2-Deoxyglucose......... 3.02 (4) 
p-Glucose 6-phosphate........... 3.13 (2) 


= £ 
a 4 + 
a 
D-TYROSINE 
215 O——O TYRAMINE 
> 0.80 P-HYDROXYPHENYLACETIC ACID 
3/8 
= 060 
020 
0 20 40 60 80 100 120 140 


MINUTES 
Fic. 2. Uptake of tyrosine and related compounds by brain 
slices. All compounds present at 1 X 1075 m in the external me- 
dium. 


not have been complete. It is not valid to assume that the 
extracellular volume measured by inulin space after 60 minutes is 
the same as that existing at the beginning of the incubation, since 
swelling of the cells could easily affect this quantity. In view of 
these limitations, data in all experiments involving short time 
incubations are expressed as micrograms of tyrosine per g of wet 
tissue. Since no measurement of tissue spaces was made for 
tissues other than brain, the uptake of tyrosine by kidney, liver, 
and spleen is also given in terms of the final wet weight. The 
difficulties encountered in calculating the intracellular uptake of 
compounds by brain slices have been discussed by other workers 


(2). 
RESULTS 


Brain slices concentrated tyrosine from the external medium. 
It can be seen (Fig. 2) that the uptake of L-tyrosine was rapid and 


* Mean + standard deviation. 
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Fig. 3. Uptake of t-tyrosine (1 X 10-3 m) by brain slices under ; 


anaerobic conditions. Boiled controls were prepared by 10- 


minute exposure of the slices to buffer at 100°. 
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trate tyrosine, nor did slices incubated under 95% Nz and 5% 
CO. (Fig. 3). Tyrosine did enter these slices, however, and be- 
came distributed in the total tissue water probably by diffusion. 
The presence of glucose increased the ability of the slice to take 
up tyrosine (Table I). Mannose, fructose, and galactose also 
stimulated the uptake, but related compounds such as polyhydric 
alcohols, disaccharides, and pentoses had no effect. Pyruvate 
consistently stimulated tyrosine uptake (Table II), but none of 
the components of the aerobic cycle had any effect except citrate, 
which inhibited tyrosine uptake probably by chelating calcium 
(see below). Many metabolic inhibitors depressed or eliminated 
the concentrative component of tyrosine uptake by the slice 
(Table III). Since no other metabolic parameters were meas- 
ured, it is difficult to assign a definite site of action to these agents. 
In view of the high concentrations used, it is not possible to com- 
pare these findings to the actions of these inhibitors in cell-free 
systems. It is of interest to note that addition of glucose stim- 
ulated uptake even in the presence of 2,4-dinitrophenol. <A 
similar relationship has recently been reported with respect to 
serotonin uptake by platelets (12). 

The presence of large amounts of certain amino acids pre- 
vented concentration of tyrosine by the slice (Table IV), but 


TABLE II 
Effect of aerobic substrates on L-tyrosine uptake by brain slices 
Slices incubated for 60 minutes in 10 ml of Krebs-Ringer bi- 
carbonate buffer containing L-tvrosine (1 X 10°73 mM) and the 
indicated substrate (1 X 10-2). Figures in parentheses indicate 
number of incubations. 


Intracellular concentration (ug/ml) 
Medium concentration (ug/ml) 

a-Ketoglutarate.................. 3.05 (6) 
3.51 + 0.40 (14) 
2.51 (2) 


* Mean + standard deviation. 


TaBLeE III 
Effect of metabolic inhibitors on uptake of L-tyrosine by brain slices 
Slices incubated for 60 minutes in 10 ml of Krebs-Ringer bi- 
carbonate buffer containing L-tyrosine (1 K 10-3 M). 


Intracellular 
concentration 
(ug/ml) 
Medium 
concentration 
(ug/ml) 
+ 2,4-Dinitrophenol (10-3 m).................. 1.23 
+ 2,4-Dinitrophenol m) + _ glucose 
+ Iodoacetate (10-2 m)........................ 1.69 
+ Iodoacetate (10-2 m) + glucose (10-2 M)...... 2.57 
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TaBLe IV 
Effect of other amino acids on uptake of t-tyrosine by brain slices 


Slices incubated for 60 minutes in buffer containing L-tyrosine 
(1 X 10-* m) and the indicated amino acids (1 & 10-2 m). 


Intracellular 
concentration 
(ug/ml) 
Medium 
concentration 
(ug/ml) 
0.90 


TABLE V 
Effect of tonic composition of medium on uptake of u-tyrosine 
by brain slices 


Slices incubated for 60 minutes. All buffers made isosmotic 
with control by appropriate changes in NaCl component. 


Intracellular 
concentration 
Concentration 
concentration 
(ug/ml) 
M 
Control 
1.18 10-3 2.69 
11.8 xX 10-3 3.77 


similar amounts of other amino acids did not. The same classes 
of amino acids, 7.e. the aromatic and the long chain aliphatics, 
which were previously found to be inhibitors in vivo (1), were also 
inhibitors in vitro. 

Changes in the ionic composition of the incubation mixture had 
a marked effect on the uptake of tyrosine (Table V). The ab- 
sence of either Ca++ or Mg*+ decreased the uptake significantly, 
whereas increases in the concentration of either of these ions 
stimulated the uptake. On the other hand, the presence of 
excess K+ reduced tyrosine uptake by the slice. In all cases, 
the total ion concentration remained constant, since all changes 
were accompanied by corresponding changes in the Na* content. 

The various agents which affected tyrosine uptake did not 
change the amount of p-hydroxyphenylacetic acid which entered 
the brain slice (Table VI). The uptake of tyrosine by slices of 


tissues other than brain was not appreciably affected by the pres- 
ence of glucose or dinitrophenol in the medium (Table VII). 
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TABLE VI 
Effect of various agents on uptake of p-hydroxyphenylacetic 
acid by brain slices 
Slices incubated for 60 minutes in 10 ml of Krebs-Ringer bi- 
earbonate buffer containing p-hydroxyphenylacetic acid (1 X 
10-2 mo). 


Intracellular 
| 
Concentration of addition | 
concentration 
(ug/ml) 

| 10-2 0.88 
+ Jodoacetate.......... 10-2 0.84 


TABLE VII 
Uptake of t-tyrosine by slices of various tissues 
Tissues incubated for 60 minutes in 10 ml of Krebs-Ringer 
bicarbonate buffer containing L-tyrosine (1 K 107-3 


_ Tissue concentration (ug/g) 
Medium concentration (ug/ml) 


| + 2 &-Dinitro- 


Control Poy | phenol (1073 m) 
1.13 1.15 1.01 
Spleen. .... 1.47 1.56 1.14 
0.74 0.81 


* Data from previous study (15). 


When slices were incubated for 2-minute intervals at various 
temperatures, the temperature optimum of initial uptake by the 
total slice was found to be between 40 and 50° (Fig. 4). The 
temperature coefficient (Qi) calculated from these data (solid 
line) is 1.3 between 30 and 40°. The difficulties involved in 
calculations of this sort have been discussed. If, however, the 
slice is assigned an extracellular space of 32.9 m1/100 g and a total 
water content of 86.5 m1/100 g (spaces found after a 60-minute 
incubation), then the intracellular uptake data (dashed line) 
yield a Qio of 1.9. This is surely a maximal value, since the brain 
extracellular space initially is probably not this high (13). In 
either case, the activation energy of the process being measured 
is quite low. 

Kinetic studies indicated that the relative tyrosine concentra- 
tion in the cell water of slices exposed for 60 minutes to various 
external concentrations of tyrosine increased as the external 
concentration decreased (Fig. 5). 


DISCUSSION 


The brain slice concentrates both p- and L-tyrosine. ‘This is in 
direct contrast to data from studies in vivo (1) which indicate a 
marked specificity and very little uptake of the pb isomer. 
Another contrast is the seemingly passive penetration of p-hy- 
droxyphenylacetic acid into slices and a failure to find any 
penetration in vivo (1). The finding that the slice concentrates 
the amino acid and the corresponding amine but not the acid 


Uptake of Tyrosine by Rat Brain in Vitro 
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analogue indicates roughly the structural requirement for such 
concentration. It is interesting that the same relationship of 
structures is found in vivo, but there it is not a requirement for 
concentration but for entry. The slice concentrates tyrosine to 
a considerably greater extent than does the brain in vivo. It ig 
significant that the slice to medium ratio is found to decrease 
after 60 minutes. This would indicate that the concentrating 
mechanism is deteriorating, and, in fact, it can be shown that 
prior incubations of moderate length reduce the intensity of 
amino acid concentration. 

Although it is obvious that only metabolically active slices 
concentrate tyrosine, the metabolic component responsible for 
the transport or accumulation is not immediately a pparent, 
Incubation under nitrogen eliminates concentrative uptake, in- 
dicating that the system relies on aerobic metabolism. The 
stimulation by glucose and the absence of stimulation by aerobie 
substrates do not fit this concept. It is possible, however, that 
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Fic. 5. Uptake of various concentrations of L-tyrosine by 
brain slices. Slices incubated for 60 minutes. 
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glucose is providing carbon for aerobic metabolism and that 
endogenous sources are more efficient than exogenous for the 
concentrating mechanism. Both dinitrophenol and iodoacetate 
depress uptake and both effects can be reversed by glucose. How- 
ever, the uptake of tyrosine under nitrogen cannot be reversed by 
glucose nor further depressed by dinitrophenol. An indication 
that glycolysis plays an important part in the uptake is furnished 
by the observation that excess Ca~* enhances and excess K* 
depresses concentration. These ions also enhance and depress, 
respectively, glycolysis of the slice under anaerobic conditions 
(14). Elucidation of the contributions of the various energy- 
vielding mechanisms of the cell to the uptake process will require 
more detailed metabolic analysis. All that can be said at present 
is that the aerobic metabolism of hexose most adequately sup- 
ports the concentrating mechanism. 

The competition of certain amino acids with tyrosine for 
entry into brain in vivo has been described. In general, the same 
amino acids, ¢.g. valine, tryptophan, and p-fluorophenylalanine, 
depress tyrosine entry into the slice. The obvious difference 
observed is that 7 vivo an amino acid such as tryptophan can 
eliminate tyrosine uptake altogether (1), whereas in the slice it 
cuts out only the concentrative component of the uptake. 

It appears that the effects of glucose, dinitrophenol, etc., are 
directly involved in the concentrating system, since they have no 
effect on the general permeability of the slice to p-hydroxy- 
phenylacetic acid, a molecule which enters passively. The 
unique properties of brain in this regard are observed when brain 
slices are compared with slices from other tissues. The apparent 
concentration of tyrosine by slices of spleen may be due to the 
presence of non-tyrosine, nitrosonaphthol-reacting substances 
detected in this tissue.2. In any case, the uptake of tyrosine by 
these tissues is not affected by agents which change tyrosine up- 
take by brain. 

As indicated earlier, the interpretation of short time studies is 
difficult because of a lack of exact information about the condi- 
tion of the slice during this period. However, on the basis of 
preliminary kinetic data! and temperature measurements re- 
ported here, the transport or accumulation mechanism can 
tentatively be assigned a high capacity and a very low activation 
energy. The fact that lower external concentrations give rise to 
higher shee to medium ratios cannot be explained at present. 
It can be said, however, that the situation seems more complex 
than that observed previously in diaphragm in this regard (15). 

In order to make these studies meaningful they must be related 
to studies carried out in vivo. ‘Three properties, the stereo- 
specificity, the uptake of congeners, and the competition by other 
amino acids, can be directly compared. The brain slice seems to 
possess two distinct uptake components, an active component, 
inhibited by anaerobiosis and eliminated by high concentrations 
of certain other amino acids, and a passive component not af- 
fected by these agents. In vivo, however, no diffusion component 
can be demonstrated, since competitive inhibition by other 


? P. Greengard, personal communication. 
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amino acids can eliminate all tyrosine uptake by the brain (1). 
In addition, molecules such as p-hydroxyphenylacetic acid which 
diffuse into the brain slice but which the slice does not concen- 
trate do not enter brain at all in vivo. There would appear to be 
two mechanisms in vivo, one at the site of the capillaries (‘‘blood- 
brain barrier’’) and the other at the cellular level. The former 
would prevent the entrance of certain compounds into the brain, 
among them p-hydroxyphenylacetic acid and p-tyrosine, and 
allow or even facilitate the uptake of L-tyrosine. This site ap- 
pears to possess great structural and steric specificity. The 
cellular mechanism is energy-requiring and subject to competi- 
tive inhibition but lacks steric specificity. Further studies on 
the nature of these two mechanisms are in progress. 


SUMMARY 


Rat brain slices actively concentrate tyrosine from the sus- 
pending medium and can attain intracellular concentrations 
more than 4 times that of the medium. p- and L-tyrosine are 
concentrated equally well. Tyramine and a-methyltyrosine are 
also concentrated, but p-hydroxyphenylacetie acid appears to 
be taken up passively. Active tyrosine uptake is inhibited by 
dinitrophenol, iodoacetate, and other metabolic inhibitors and is 
eliminated by incubation under nitrogen. Glucose and other 
hexoses enhance uptake. Aerobic substrates do not. Certain 
amino acids depress tyrosine uptake. Excess Ca++ and Mg++ 
increase uptake, whereas K* decreases it. The other tissues 
which have been studied do not possess a concentrating system 
of this type. The uptake in vitro is compared with the previ- 
ously reported findings in vivo. 
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The purine metabolism of whole human blood in vitro has been 
studied by incubating various C-precursors with fresh, hepari- 
nized human blood for 2 hours at 37° and fractionating the blood 
uric acid and nucleotides on anion exchange columns (1). The 
present experiments in vivo were performed by injecting C™- 
labeled adenine into two normal humans and fractionating the 
blood uric acid, nucleotides, and ribonucleic acid at intervals up 
to 14 days. The results are similar to those seen in the earlier 
experiments in vitro but reveal temporal relationships which can- 
not as yet be studied in isolated blood because of the deterioration 
of that system on standing. Under the experimental conditions 
used, there seemed to be little metabolic interaction between 
blood and other body tissues. 


EXPERIMENTAL PROCEDURE 


The two subjects were male, aged 60 and 72, respectively, and 
in apparent good health. 

The 8-C™-adenine (New England Nuclear Corporation) was 
dissolved in 0.1 N HCI so that the dose of 25 we (1.0 mg) was 
contained in 1 ml. This dose was poured onto a Morton fritted 
glass bacteriological filter and rinsed through under vacuum with 
the aid of sterile physiological saline. The filtrate was injected 
intravenously. Blood was withdrawn at the time intervals 
indicated and expressed into heparinized containers. The tri- 
chloroacetic acid extracts were made immediately and the 
nucleotides and uric acid were separated, determined, and 
counted by the methods previously described (2). The tissue 
residues were extracted with the usual lipid solvents, dried, and 
digested with alkali overnight (3). The solubilized nucleotides 
from RNA were hydrolyzed by boiling in 1 n HCl for 1 hour and 
the purines chromatographed, determined, and counted (2). 
Since there is little RNA in blood, we used augmented quantities 
of tissue powder and reagents. Because of this and the extensive 
purification required for the final purine determination and 
counting, the quantitative yield is so poor that the original 
amount of blood RNA cannot be accurately determined from 


these results. 


* This work was supported in part by Grant A-210 from the 
National Institutes of Health, Bethesda, Maryland, and by funds 
from the Western New York Chapter of the Arthritis and Rheuma- 
tism Foundation. 

+ The C'*-adenine was procured and used under the direct 
supervision of William P. Martin, M.D., under Atomic Energy 
Commission license No. 31-826-2 (160), Amendment No. 1. We 
are grateful to Dr. Martin for his cooperation in this work. 


RESULTS AND DISCUSSION 


Fig. 1 shows the per cent incorporation of the injected Cu 
adenine into the blood nucleotides, uric acid, and nucleic acid of 
the two human subjects. It is apparent that adenine js 
promptly incorporated into ADP, ATP, and RNA adenine, 


The labeling declines slowly over the period of the study, the ap- | 


parent biological half-life being 1 to 2 weeks. In the experiments 
un vitro (1), adenine was also readily incorporated into the 
adenine nucleotides. These results together indicate that the 
adenine nucleotides of blood are in a state of flux with respect to 


their purine moiety. Since both experiments in vivo and in vitro — 
lead to the same conclusion, it would seem that this activity is © 
characteristic of red cell metabolism and not merely a consequence _ 


of the production in the body of new red cells with high ATP levels, 
Lowy et al. (4) injected C'*-glycine into rabbits and followed the 
adenine activity in the erythrocyte ATP. It declined just as in 
the present human experiments, but the authors felt obliged to 


consider the possibility that these changes were caused by dilu- | 
tion of the blood by new red cells containing nonradioactive ATP. © 


In their experiments in vitro, however, C'-adenine was readily 
incorporated into erythrocyte ATP just as in the present experi- 
ments. 


Lowy et al. noted that with C™-glycine as a precursor in vivo, © 
the renewal rates of the purine of erythrocyte ATP and of mixed | 


organ RNA were similar. In our experiments in vivo with C™ 
adenine, blood ATP and RNA adenine were labeled at roughly 
the same level. 


DPN adenine. 
is slower than ATP synthesis, a finding in contrast to the results 


in vitro in which labeling in DPN was slightly better than in ATP 
Synthesis of TPN is roughly the same as DPX — 
except that under conditions in vivo, DPN was beginning to ~ 


at 2 hours. 


break down at 14 days whereas TPN seemed still to be rising. 


Very little injected adenine was converted to either GTP or > 
In the experiments in vitro there was also littl © 
conversion of the adenine moiety to the guanine moiety. Be — 
cause of these similarities one would assume that extrahematic | 


RNA guanine. 


tissue was exerting little influence on purine metabolism in blood, 
either because the extrahematic tissue had only limited capacity 


to convert the adenine moiety to the guanine moiety or because 
any C'-adenine converted to C'-guanine in the extrahematit | 
tissues would come back into the blood at a high dilution. The 
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This suggests that a function of certain tissue § 
RNA might be as a storage depot for nucleotides or purines. | 

The pattern of labeling of DPN adenine suggests that ATP is — 
probably the intermediate by which adenine is incorporated into © 
At least under these conditions DPN synthesis | 
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Fig. 1. The incorporation in vivo of 8-C!4-adenine into the 
nucleotides, uric acid, and nucleic acid purines of two human 
subjects over a 14-day period. Results are expressed as per cent 
incorporation which is taken as: 


100 X Specific activity of product 


Specifie activity of percursor. 


Duplicate bars indicate the results from Subjects 1 and 2, respec- 
tively. Values for RNA adenine (RNA-A) and RNA guanine 
(RNA-G) were obtained on Subject 1 only. 


practical implication in either case, however, is that with tracer 
doses of purine, the blood in vivo can be studied without gross 
metabolic complications from the other body tissues. 

The conversion of adenine to uric acid appears to be poor, but, 
this conversion cannot occur in the blood itself (1). As noted 
above, escape of the C'-adenine to other tissues and the final 
dilution of the C™-uric acid formed there by large amounts of 
nonisotopic uric acid would give the appearance of poor conver- 
sion of adenine to uric acid even under these conditions in vivo. 
Several studies have been reported in which C'*-glycine has been 
given orally in tracer doses and the radioactivity of urinary uric 
acid followed serially (5, 6). There the analytical problems are 
quite different since there is no shortage of uric acid in urine. In 
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this regard it might be pertinent to report that in earlier studies 
in this laboratory, two human subjects were injected with 25 
uc of 2-C'-glycine. The same fractionations were made as in 
the present adenine experiments but no appreciable radioactivity 
could be found in any of the constituents. Successful experi- 
ments of this type with glycine may require larger doses of 
isotope, larger blood samples for fractionation, or possibly much 
more sensitive counting methods. 


SUMMARY 


Two healthy, elderly male subjects were treated by intravenous 
injection with tracer doses of 8-C'-adenine. Blood uric acid, 
nucleotides, and ribonucleic acid were fractionated and counted 
at intervals up to 14 days. The radioactive adenine was readily 
incorporated into the adenine nucleotides and ribonucleic acid 
adenine and then slowly lost, indicating metabolic turnover of 
these compounds. By the time relationships of the activity 
curves, it was inferred that the adenine of diphosphopyridine 
nucleotide and triphosphopyridine nucleotide was derived from 
adenosine triphosphate. There was very little incorporation of 
adenine into guanosine triphosphate and ribonucleic acid guanine 
or into blood uric acid. All results in the experiments in vivo 
are consistent with the results obtained in the earlier incubation 
experiments in vitro but in addition give temporal relationships 
that cannot as yet be derived from incubation experiments be- 
cause of the lability of the system in vitro. 


Acknowledgments—The author gratefully acknowledges the 
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Studies from several laboratories have shown that labeled 
glucose is converted ‘to 6-deoxy hexoses without randomization 
of the label when microorganisms are grown on p-glucose-1-C' 
or p-glucose-6-C™ as the sole source of carbohydrate (1-3). Evi- 
dence of this type has been interpreted to indicate a conversion 
of the intact hexose moiety to the deoxy compound without 
scission of the hexose carbon skeleton. Results of isotope experi- 
ments in our laboratory substantiate this pathway for the biosyn- 
thesis of L-rhamnose! (6-deoxy-L-mannose) in Streptococcus fae- 
calis. In order that a synthesis of the deoxy compounds be 
effected by this route, epimerizations of several carbon atoms 
and reduction of a primary alcoholic group of the hexose unit 
must occur. In general, epimerization reactions which have 
been studied in biological materials have been found to proceed 
via nucleotide diphosphate hexoses as, for example, the epimeri- 
zation of the glucosyl unit of uridine diphosphate glucose to a 
galactosy! unit (4) and the epimerization and reduction of the 
mannosy! unit of guanosine diphosphate mannose to a fucosy] 
unit (5). On the basis of the occurrence of thymidine diphos- 
phate rhamnose in several bacteria (6-9), it seemed logical to 
expect that a thymidine nucleotide, rather than a uridine or 
guanosine nucleotide, might serve as the carrier of the hexose 
moiety in the synthesis of L-rhamnose. Experimental verification 
of this suggestion has now been achieved in our laboratory. 
Thymidine diphosphate glucose has been synthesized from thy- 
midine triphosphate and a-p-glucose 1-phosphate with a cell-free 
enzyme preparation from S. faecalis. The dTDP-glucose has 
been converted enzymatically to thymidine diphosphate rham- 
nose with the cell-free extracts. A preliminary note on these 
experiments has been published (10). A simultaneous report on 
the occurrence of this series of reactions in another organism, 
Pseudomonas aeruginosa, has also appeared (11). 

On the basis of these findings, and the known reactions of 
carbohydrate metabolism, the sequence of reactions suggested 
for the conversion of p-glucose to t-rhamnose in S. faecalis is 
shown in the accompanying equations: 


G + ATP — G-6-P — G-1-P (1) 


* Published with the approval of the Director as Paper No. 1089, 
Journal Series, Nebraska Agricultural Experiment Station. Sup- 
ported in part by a grant from the National Science Foundation. 

+t Predoctoral National Science Foundation Fellow, 1960-61. 

1 The isomer with the L-configuration is the predominate isomer 
of rhamnose (6-deoxy-mannose) in biological materials. The 
assignment of the L-configuration for rhamnose synthesized by 
extracts from Streptococcus faecalis is justified on this basis al- 
though definitive evidence for the L-configuration has not yet 
been obtained. 


dTTP + G-1-P — dTDP-glucose + PP, Q) § 
dTDP-glucose + TPNH + H* — dTDP-rhamnose + TPN* (3) 


Reactions of Equation 1 are catalyzed by a glucokinase and 
phosphoglucomutase of S. faecalis. Reaction 2 is catalyzed by © 
a thymidine diphosphate glucose pyrophosphorylase. Evidence © 
has been obtained indicating that this enzyme is distinct from | 
uridine diphosphate glucose pyrophosphorylase. Equation 3 § 
undoubtedly represents a series of reactions catalyzed by a num- 
ber of enzymes, one of which requires reduced triphosphopyridine 4 
nucleotide. The system of enzymes has been found in several | 
other microorganisms and in germinated seeds, all of which con- — 
tain L-rhamnose. This paper presents results of our study on 3 
the synthesis of thymidine diphosphate glucose and on the en- | 
zymatic conversion of thymidine diphosphate glucose to thymi- 
dine diphosphate rhamnose. 


EXPERIMENTAL PROCEDURE 


Isolation of t-Rhamnose and p-Glucose from Streptococcus fae- 
calis Grown on Glucose-1-C'4—The organism used for most of the 
experiments reported in this paper was Streptococcus faecalis 
which was maintained on nutrient agar slants containing 0.1% 
p-glucose. Fifty milliliters of nutrient broth containing 0.1% 
p-glucose was inoculated from a slant and incubated at 37° for 
12 hours. This material was used as inoculum for 500 ml of 
nutrient broth containing 22 mg of p-glucose-1-C™ (total radio- 
activity, 0.2 me) and 500 mg of nonlabeled glucose. After 18 
hours growth at 37°, the cells were collected by centrifugation 
and washed three times with distilled water. The washed cells 
were suspended in 3.0 ml of water and hydrolyzed by heating 
under reflux with an equal volume of 5.0 N sulfuric acid for 6 
hours. After removal of insoluble material and neutralization 
of the acid with barium hydroxide, the solution was reduced toa 
total volume of 2.0 mlin a vacuum. Chromatographic examina- 
tion of the concentrate showed the presence of L-rhamnose, 
p-glucose, p-ribose, and several other carbohydrate components, 
all of which were radioactive. The t-rhamnose and _ p-glucose 
were separated from the mixture by a paper chromatographic 
procedure (12) and the positions of the compounds located on 
the paper by spraying reference strips from the chromatogram 
with aniline-oxalate reagent (13). The p-glucose and L-rham- 
nose were extracted from the chromatograms with water and 
concentrated to a volume of 1.5 ml. Examination of the solu- 
tions by paper chromatography and radioautography revealed 
the presence of one radioactive carbohydrate component in each 
solution. The yield of Lt-rhamnose was 15.2 umoles as deter- 
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mined by a colorimetric method for deoxy hexoses (14). The 
specific activity of the L-rhamnose was 2.74 X 10° ¢.p.m. per 
umole and was very similar to that for the p-glucose (2.81 x 105 
¢.p.m. per wmole) used in the media for growing the cells. 

Degradation of t-Rhamnose and p-Glucose—The .-rhamnose 
and p-glucose were degraded to diethylsulfonylmethane (carbon 
1) and a pentose (carbons 2, 3, 4, 5, and 6) by the general method 
of MacDonald and Fischer (15). Crystalline diethy] dithioace- 
tals of the labeled hexoses were obtained from reaction mixtures 
of the carbohydrate syrup (radioactive fraction and 100 mg of 
earrier hexose), 0.17 ml of concentrated hydrochloric acid, and 
0.13 ml of ethyl mercaptan. The compounds were recrystallized 
from hot water to constant specific activity and possessed melt- 
ing points and x-ray diffraction patterns identical to authentic 
L-rhamnose or p-glucose dithioacetals. 

The dithioacetals were oxidized to the disulfones with perpro- 
pionic acid and the disulfones were cleaved with dilute ammo- 
nium hydroxide following the detailed procedure of Hough and 
Taylor (16). The course of the final reaction was followed by 
paper chromatography of the reaction mixture in solvent systems 
of n-butyl alcohol-acetic acid-water (5:1:4 by volume) and 
n-butyl alcohol-pyridine-water (6:4:3 by volume). The chro- 
matograms and the radioautographs showed that two products 
(Ry values, 0.84 and 0.62) were produced from the sulfone by the 
action of the dilute base. The sulfone and the product with Rr 
value 0.84 (diethylsulfonylmethane) were the major radioactive 
compounds in the reaction mixtures. The diethylsulfonylmeth- 
ane was separated by extraction of the neutralized solution of 
the reaction mixture for 24 hours with chloroform. The radio- 
activity in the chloroform extract which contained the diethyl- 
sulfonylmethane was measured on aliquots of the solution by an 
end window counting procedure. The aqueous phase from the 
extraction contained the pentose produced in the degradation. 
The pentoses, p-arabinose from pb-glucose and 5-deoxy-L-arabi- 
nose from uL-rhamnose, were identified by paper chromatog- 
raphy in several solvent systems and by the preparation of 
crystalline dithioacetals. The x-ray diffraction patterns of the 
dithioacetals were identical to the patterns for authentic deriva- 
tives of the pentoses. The amount of carbon-14 activity in the 
pentose fragment was determined in aliquots of the solutions. 
Of the 19,200 c.p.m. in the L-rhamnose dithioacetal, 16,000 c.p.m. 
appeared in diethylsulfonylmethane representing carbon 1, and 
2,200 ¢.p.m. were in the 5-deoxy-L-arabinose representing car- 
bons 2, 3, 4, 5, and 6 of the t-rhamnose. Thus, 87% of the 
radioactivity of the L-rhamnose was in position 1 of the com- 
pound. The data for p-glucose which was isolated from the 
cells were as follows: 17,100 ¢.p.m. in the p-glucose dithioacetal, 
14,500 c.p.m. in diethylsulfonylmethane of the glucose, and 
1,700 c.p.m. in p-arabinose. Thus, 89% of the label of the 
p-glucose was in position 1. The labeling pattern of the L-rham- 
nose was identical to that for the p-glucose. 

Preparation of Enzyme Extracts from S. faecalis—Five hundred 
milliliters of nutrient broth containing 0.1% of p-glucose was 
inoculated with 75 ml of an 18-hour nutrient broth culture of 
S. faecalis and incubated at 37° for 3 hours. The cells were 
collected by centrifugation, washed with buffer, and suspended 
in 1 ml of 0.1 mM phosphate buffer of pH 7.2 containing 0.05 m 
magnesium chloride. The cells were broken in a Mickle disin- 
tegrator. Cell debris, unbroken cells, and the glass beads were 


removed by centrifugation at a moderate speed in a Servall cen- 
trifuge. 


The resulting supernatant fluid was the cell-free extract 
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used in our experiments and it was assayed for dTDP-glucose- 
pyrophosphorylase by the following procedure. Two umoles of 
dTTP and 3 umoles of G-1-P were dissolved in 0.05 ml of enzyme 
extract and incubated at 25° for 2 hours. The thymidine di- 
phosphate hexose fraction was separated from the reaction mix- 
ture on paper chromatograms as described in a subsequent sec- 
tion and extracted with 5 ml of water. An ultraviolet-absorption 
measurement was made on this solution at 260 my and the 
amount of thymidine diphosphate hexose produced in the reae- 
tion mixture was calculated. Protein analysis on an aliquot of 
the extracts was performed by the method of Lowry et al. (17). 
A unit of dTDP-glucose-pyrophosphorylase activity is defined 
as that amount of enzyme which results in the production of 1 
umole of thymidine diphosphate hexose per minute per mg of 
protein under the above conditions. A similar method was used 
for measuring the UDP-glucose-pyrophosphorylase in the ex- 
tracts. The substrates for the latter enzyme were UTP and 
G-1-P. The unit of UDP-glucose-pyrophosphorylase activity is 
defined as that amount of enzyme which yields 1 umole of 
UDP-glucose per minute per mg of protein. Since the enzymatic 
activities were slowly inactivated on storage even at 4°, new 
preparations of enzyme solutions were made for all experiments. 

Synthesis of Thymidine Diphosphate Hexoses from dTTP and 
G-1-P—A sample of 2 umoles of dTTP and 3 umoles of G-1-P 
was dissolved in 0.05 ml of enzyme extract from S. faecalis. 
Samples of 0.005 ml were placed on a paper chromatogram at 
0, 0.5, 1, 2, and 18 hours and the enzyme activity was stopped 
by air-drying of the spots on the chromatogram. The chromato- 
gram was developed in a solvent system of 70 parts ethyl alcohol 
and 30 parts 1.0 M ammonium acetate at pH 7.5 for 20 hours. 
Examination of the dried chromatogram under ultraviolet light 
showed the position of nucleotide compounds on the paper. A 
photograph of an ultraviolet contact print of this chromatogram 
is reproduced in Fig. 1. 

It is noted in the figure that new ultraviolet-absorbing com- 
pounds appear in the incubation mixture. The concentration 
of the fast-moving component (labeled dTDPH) increased 
rapidly with time and, in the aliquots of longer incubation times, 
this component tends to separate indicating that a mixture of 
compounds may be present in this fraction. Evidence is pre- 
sented later showing that this material contains at least two 
components, namely thymidine diphosphate glucose and thymi- 
dine diphosphate rhamnose. 

When thymidine triphosphate was incubated alone with the 
enzyme extract, the fast-moving component was not produced, 
although some hydrolysis of the dTTP occurred to yield small 
amounts of dTMP and larger amounts of dTDP. When G-1-P 
was incubated alone with the enzyme extract, no ultraviolet- 
absorbing compounds were present in the reaction mixture, even 
on prolonged incubation (24 hours). Likewise, no synthesis of 
thymidine diphosphate compounds was noted when the enzyme 
extract was heated before incubation. 

Thymidine Diphosphate Hexose Fraction from 1-Hour Reaction 
Mizxture—Preliminary information indicated that one thymidine 
diphosphate compound was produced from dTTP and G-1-P on 
short incubation periods. Accordingly, this fraction was isolated 
by paper chromatography from 0.5 ml of reaction mixture which 
was prepared by incubating 20 uwmoles of dTTP and 30 umoles 
of G-1-P for a 1-hour period. The material with the high Rp 
value was cut from the chromatogram, extracted with water, and 
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Fic. 1. A photograph of the paper chromatogram of the products in enzymatic digest of dTTP and G-1-P. dTDPH, thymidine 


diphosphate hexose; dTMP, thymidine monophosphate; UDPG, uridine diphosphate glucose; dTDP, thymidine diphosphate; dTTP, 
thymidine triphosphate; ENZ., enzyme blank. 


Fic. 2. A photograph of a chromatogram of ultraviolet-absorbing compounds and reducing compounds in hydrolysates of thymidine 
diphosphate hexose fractions. A, for the fraction from the 1-hour reaction mixture and B, for the fraction from the 5-hour reaction 
mixture; Rha, L-rhamnose; G, p-glucose; dTDPG, thymidine diphosphate glucose; UMP, uridine monophosphate; GMP, guanosine 
monophosphate; HYDR, hydrolysates. Other abbreviations as in Fig. 1. 
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concentrated to 0.5 ml. Approximately 8 umoles of compound 
were obtained from the reaction mixture. 

A 0.05-ml aliquot of this solution was heated with 0.05 ml of 
0.02 x hydrochloric acid at 100° for 2 hours in a tightly stoppered 
tube. Chromatographic examination of this hydrolysate with 
the use of the ethanol-ammonium acetate solvent showed that 
it contained an ultraviolet-absorbing compound with an Rp value 
identical to that of dTMP and a reducing product with an Rp 
value identical to that of p-glucose (see Fig. 2A). The Rp value 
of this reducing material was also identical to that for p-glucose 
in two other solvent systems (6:4:3, n-butyl alcohol-pyridine- 
water and 4:1:1, n-butyl aleohol-ethyl alcohol-water). Further, 
the reducing product, like glucose, gave a positive reaction with 
glucose-oxidase (18) whereas all other reducing sugars tested 
were negative. On the basis of the intensities of the spots on 
the chromatograms sprayed with glucose-oxidase and _ aniline- 
oxalate, it was estimated that p-glucose comprised over 95% of 
the reducing material in the hydrolysate. The total hexose in 
the mixture was determined quantitatively by the cysteine-sul- 
furic acid method (14); the inorganic phosphorus was determined 
by the method of Fiske and SubbaRow (19); dT MP was deter- 
mined by an ultraviolet-absorption method. L-Rhamnose as 
measured by the Dische method (14) was less than 2°% of total 
hexose present in the hydrolysate. The molar ratios of the 
products in the hydrolysate were dTMP, 1.00; inorganic phos- 
phate, 0.96; and hexose, 1.05. These ratios are within experi- 
mental error of those expected for thymidine diphosphate glucose. 

Thymidine Diphosphate Hexose Fraction from 5-Hour Reaction 
Mizxture—Samples of 20 umoles of dTTP and 30 umoles of G-1-P 
were incubated with 0.5 ml of enzyme extract for a 5-hour period. 
The thymidine diphosphate hexose fraction was isolated and 
examined by the methods of the previous section. The hydro- 
lvtie products from the nucleotide hexose fraction as detected 
chromatographically were dTMP, b-glucose, and t-rhamnose 
(Fig. 2B). Additional evidence for the presence of L-rhamnose 
consisted of Rr values in two other solvents used in the previous 
section and the characteristic absorption spectra of the product 
formed in the eysteine-sulfurie acid reaction (20). Molar ratios 
for the hydrolytic products from this fraction were dTMP, 1.00; 
inorganic phosphate, 0.95; and total hexose, 0.97 (rhamnose- 
0.28). This fraction consists of a mixture of thymidine nucleo- 
tides of which thymidine diphosphate rhamnose comprises 
approximately 30%. The remainder consists of thymidine di- 
phosphate glucose and possibly of small amounts of thymidine 
compounds which are intermediates in the dTDP-glucose to 
dTDP-rhamnose conversion. 

Conversion of Glucosyl Unit of dTDP-Glucose to Rhamnosyl 
Unit of dTDP-Rhamnose—A sample of 0.8 umole of dTDP-glu- 
cose was dissolved with increasing amounts of TPNH in 0.05 ml 
of enzyme extract. The mixture was incubated for 4 hours and 
the thymidine diphosphate hexose fractions were reisolated from 
the solutions. The amounts of L-rhamnose and p-glucose in the 
thymidine diphosphate hexose fractions were determined and 
are recorded in Table I. At the lower concentrations of TPNH, 
the conversion of the dTDP-glucose to dTDP-rhamnose approxi- 
mated the concentration of TPNH used. Some deviation from 
this relationship was noted at the highest concentration of 
TPNH, perhaps indicating a reversibility of the reaction se- 
quence. At all levels of TPNH, a stoichiometric conversion of 
dTDP-glucose to dTDP-rhamnose occurred as indicated by the 
b-glucose and L-rhamnose concentrations in the solutions. The 
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TABLE I 


Conversion of dT DP-glucose to dT DP-rhamnose at 
increasing concentrations of TPNH 


| | 


TPNH added | p-Glucose Lt-Rhamnose 
pmoles 
0.00 | 0.79 | 0.03* 
0.15 0.64 
0.30 0.58 Q.24 
0.60 | 0.32 | 0.46 


* This small amount of L-rhamnose was present in the prepara- 
tion of thymidine diphosphate glucose used in this experiment. 


conversion of the glucosyl unit of dT DP-glucose to a rhamnosy] 
unit was also observed with extracts from Escherichia coli, Bacil- 
lus subtilis, and germinated alfalfa seeds. Incubation of uridine 
diphosphate glucose or guanosine diphosphate mannose with the 
enzyme extract under similar conditions to those used above did 
not result in the formation of 6-deoxy hexoses. 

The Distribution of dT DP-Glucose-Pyrophosphorylase— Several 
other bacterial species were tested for dTDP-glucose-pyrophos- 
phorylase activity by the same general procedure as described in 
an earlier section. For comparison purposes, the UDP-glucose- 
pyrophosphorylase activities were also determined. The organ- 
isms which were used included Bacillus subtilis ATCC 6633, 
Sarcina lutea, Lactobacillus arabinosus ATCC 17-5, Staphylococ- 
cus aureus, Leuconostoc mesenteroides P-60, Streptococcus zymo- 
genes ATCC 10100, Escherichia coli ATCC 13027, and Strepto- 
coccus faecalis. All were maintained and grown as described 
earlier except L. arabinosus and L. mesenteroides which were 
maintained on Difco Micro Assay Culture Agar and grown in 
Difco Micro Inoculum Broth. These organisms can be divided 
into rhamnose- and nonrhamnose-containing groups (21). 

Extracts of germinated alfalfa (A/edicago sativa) and soybeans 
(Soja max) were prepared and assayed for the two types of activi- 
ties. Recently it has been shown that the alfalfa plant contains 
a heteropolysaccharide of which t-rhamnose is a constituent unit 
(22); the soybean material was not examined for L-rhamnose but 
most probably contains the deoxy compound. The extracts of 
the plant seeds were prepared by grinding the sprouts from seeds 
germinated for 36 hours in 0.1 mM phosphate buffer at pH 7.2 
containing 0.05 mM magnesium chloride. This material was 
pressed through several layers of cheesecloth and centrifuged to 
give a light yellow supernatant. This solution was used in 
the assays. In order to test for dTDP-glucose-pyrophosphoryl- 
ase activity in animal tissues, a rat liver homogenate was pre- 
pared in the phosphate buffer-magnesium chloride solution and 
assayed for pyrophosphorylase activity. Total protein in the 
enzyme preparation was determined by the method of Lowry 
et al. (17). The units of dTDP-glucose-pyrophosphorylase ac- 
tivity per mg of protein were calculated and are recorded in 
Table II. Also included in the table are the results of UDP- 
glucose-pyrophosphorylase assays. 


DISCUSSION 


p-Glucose and t-rhamnose isolated from cells of S. faecalis 
grown on p-glucose-1-C' were found to have identical labeling 
patterns, indicating a conversion of the intact glucose unit to 
rhamnose. In such a conversion, epimerizations at carbons 3, 
4, and 5 and reduction of carbon 6 of the glucose molecule must 
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TaB_Le II 
Units of dT DP-glucose- and UDP-glucose-pyrophosphorylases in 
extracts from microorganisms and germinated plant seeds 


| Occurrence | dTDP-glucose | UDP-glucose 

Material re) pyrophos- pyrophos- 

| L-rhamnose* phorylase phorylase 

| pmoles of pumoles of 

dTDPH/mg UDPH/mg 
protein/ protein/ 

| min X 102 min X 102 
Streptococcus faecalis ....... | 2.41 1.65 
Bechertonta cols. ........... | 1.64 2.04 
Leuconostoc mesenteroides. . . 0.32 1.02 
Lactobacillus arabinosus .... 0.21 0.05 
Streptococcus zymogenes..... + 2.90 1.92 
Bactilus ewblelie............ 0.07 0.53 
Staphylococcus aureus...... a 0.00 0.26 
Germinated alfalfa seed.... a 1.15 1.08 
Germinated soybean. ...... 0.50 0.95 


* L-Rhamnose was identified in our laboratory in the follow- 
ing: Streptococcus faecalis, Escherichia coli, and hemicellulose 
from alfalfa. Information on occurrence of L-rhamnose in micro- 
organisms was obtained from the paper by Salton and Pavlik (21). 


occur. Results of our experiments (Fig. 2 and Table I) show 
that the glucose unit of thymidine diphosphate glucose undergoes 
the epimerization and reduction reactions to yield thymidine 
diphosphate rhamnose. The incorporation of glucose into thy- 
midine diphosphate glucose proceeds by phosphorylation of the 
glucose to glucose 6-phosphate, transformation to glucose 1-phos- 
phate, and reaction with thymidine triphosphate to yield thymi- 
dine diphosphate glucose. The former reactions are probably 
catalyzed by hexokinase and mutase whereas the latter is cata- 
lyzed by a pyrophosphorylase. Only the latter reaction was 
studied with cell-free extracts. The rate of synthesis of the 
thymidine diphosphate glucose from thymidine triphosphate and 
glucose 1-phosphate by the pyrophosphorylase is shown in Fig. 1. 
It is likely that the pyrophosphorylase acts by transferring the 
dTMP moiety from the thymidine triphosphate to glucose 
1-phosphate and its mechanism of action is similar to that for 
UDP-glucose-pyrophosphorylase (23). The thymidine diphos- 
phate glucose has been isolated from the reaction mixture and 
has been characterized by qualitative identification and quantita- 
tive determination of the hydrolytic products from the nucleo- 
tide as described in the experimental section. 

When other microorganisms and plants were examined for 
dTDP-glucose-pyrophosphorylase activity, the enzyme was 
found only in those organisms and plants which contain L-rham- 
nose. Data on the levels of dTDP-glucose-pyrophosphorylase 
and of UDP-glucose-pyrophosphorylase in these materials are 
contained in Table II. In view of the fact that there is no corre- 
lation between the two types of activities in the various organisms 
and plants, it would seem that two different pyrophosphor- 
vlases are present in these materials, one of which is responsi- 
ble for the synthesis of thymidine diphosphate glucose and the 
other for the synthesis of uridine diphosphate glucose. dTDP- 
glucose-pyrophosphorylase activity was not detected in animal 
tissues. In the experiments with animal tissues, the activity of 
the pyrophosphorylase would be masked because thymidine 
diphosphate glucose which may be produced would be rapidly 
hydrolyzed by a pyrophosphatase present in tissue homogenates. 


Thymidine Diphosphate He.oses 


A conversion of thymidine diphosphate glucose to thymidine 
diphosphate rhamnose was observed during the action of non- 
dialyzed enzyme extract on thymidine triphosphate and glucose 
1-phosphate (Fig. 2B). However, when thymidine diphosphate 
glucose was tested as a substrate with the enzyme extracts, the 
data in Table I show that reduced triphosphopyridine nucleotide 
was required in the reaction sequence. 


bolic reactions of glucose 1-phosphate. 


process have not been elucidated. Two principal mechanisms 
by which epimerization reactions may occur are: (a) an oxidation- 
reduction mechanism and (6) a dehydration-rehydration mecha- 
nism. The epimerization at carbons 3 and 4 may well proceed 
by either of these mechanisms. However, on the basis of some 
preliminary findings (24), it may be that the epimerization at 
position 5 occurs via the dehydration route to yield first a glyco- 


seen which, on reduction with TPNH, yields the 6-deoxy-1. ~ 
Studies on the mechanism of conversion of the glucosyl , 
unit of dTDP-glucose to the rhamnosy] unit of dTDP-rhamnose — 


hexose. 


are in progress in our laboratory. 


SUMMARY 


Evidence from isotope experiments indicates that the intact 
p-glucose molecule is converted to L-rhamnose in the biosynthe- 
sis of the deoxy compound in Streptococcus faecalis. The con- 


version is a multi-step process involving phosphorylation of the | 
p-glucose, synthesis of thymidine diphosphate glucose, and | 


epimerization and reduction of thymidine diphosphate glucose to 
thymidine diphosphate rhamnose. Reduced triphosphopyridine 
nucleotide is required for the reduction step of the process. The 


enzymatic synthesis and characterization of thymidine diphos- © 


phate glucose is described. 
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The enzyme ribonuclease has been studied extensively from 
the structural point of view. The amino acid sequence has been 
completely worked out (1, 2) and information about the active 
center has recently become available (3, 4). However, very 
few studies of the kinetics of this enzyme have been made, and 
most of the previous kinetic work is dificult to interpret because 
ribonucleic acid was used as the substrate. The use of such a 
complicated substrate is not cqgnducive to the interpretation of 
kinetic studies because many different reactions may be occur- 
ring simultaneously. In view of the current interest in ribo- 
nuclease, it seemed desirable to investigate the kinetics with a 
small, well defined substrate molecule such as cytidine-2’ ,3’- 
eyclic phosphate (5). 

Several workers have used pyrimidine cyclic phosphates as 
substrates for kinetic studies. Davis and Allen, using both 
evtidine and uridine-2’.3’-cyclic phosphates, found that ribo- 
nuclease was inhibited by mononucleotides, by Cu** and, by 
Zn** (6). Hummel, Flores, and Nelson, with the use of cyti- 
dine-2’ .3’-cevelic phosphate, measured the Michaelis constant 
and maximal velocity at a single pH, 6.7 (7). Vithayathil and 
Richards used cytidine-2’ ,3’-evelic phosphate to make measure- 
ments of Michaelis constants and maximal velocities of ribo- 
nuclease and subtilisin-modified ribonuclease (8). 

The present paper describes a study of the kinetics of ribo- 
nuclease hydrolysis of cytidine-2’,3’-cyclic phosphate at four 
different pH values. The response of the Michaelis constant 
and maximal velocity to changes in pH is observed and inter- 
preted in terms of ionization of the histidine residue in the active 
center. 


EXPERIMENTAL PROCEDURE 


Pancreatic RNAse (Worthington Biochemical Corporation) 
was fractionated on a carboxymethy! cellulose column, accord- 
ing to the method of Taborsky (9). The major component, pre- 
sumably identical to Taborsky’s Fraction D, was used. Frac- 
tions containing this component were pooled, deionized by 
passage through a mixed bed ion exchange column, and lyophil- 
ized. Stock solutions of RNAse were prepared as necessary. 
KCI, 0.5 M, was used for preparation of stock solutions to pre- 
vent undue absorption of the enzyme on glass surfaces (10). 
The concentrations of the stock solutions of RNAse were deter- 
mined spectrophotometrically. The molar extinction coefficient 
at 278 my, pH 6.5, was taken as 9800 (11). 

Cytidine-2’ .3’-eyvclic phosphate was prepared by the method 
of Shugar and Wierzchowski (12). It was chromatographically 


* This investigation was carried out with the support of Re- 
search Grant G-8826 of the National Science Foundation. 


pure in the solvent system, isopropanol-water-concentrated | 


aqueous ammonia, 7:2:1 (volume for volume for volume) (13), 
Solutions of the cyclic phosphate thus prepared were passed 
through a column of Dowex 50 in the K+ form to remove un- 
wanted cations. The resulting solutions of the potassium salt 
were lyophilized and refrigerated. Stock solutions were made 
up in doubly distilled water as required. The concentration of 
the stock solutions were determined spectrophotometrically, 
The molar extinction coefficient at the absorption maximum of 
268 my was determined as 8170 by allowing a solution of the 
cyclic nucleotide with known absorbancy to undergo complete 
enzymatic hydrolysis to 3’-CMP. The molar extinction coefh- 
cient of 3’-CMP at pH 7.0 and 272 my was taken as 8970 (14), 

Reagents used in the preparation of buffers were analytical 
grade. Water was redistilled from alkaline permanganate. All 
buffers were tested for traces of Zn**, Cu*+, and other heavy 
metal ions by extraction with a 0.001 ° solution of dithizone in 
CHC]; (15). Buffers which gave positive tests for trace metals 
were extracted with dithizone in CHCl; until they no longer 
gave positive tests. 

Rate measurements were made by observing the change in 
absorbancy at 286 mu, as suggested by Crook, Mathias, and 
Rabin (16). Beer’s law plots at 286 my were made for both 
cytidine-2’ ,3’-cyclic phosphate and for 3’-CMP in 0.10 m, pH 
7.0 Tris buffer. In agreement with Crook et al., it was found 
that the concentration range over which Beer’s law was valid 
depended on the slit width. A slit width of 0.9 mm was found 
to give linear plots up to absorbancies of about 1.0. This was 
the maximal slit width used in the kinetic runs. When cells of 
a 10-mm path length are used, an absorbancy of 1.0 at 286 mp 
corresponds to a substrate concentration of 3.5 * 10-4 M or toa 
product concentration of 2.3 « 10°-4mM. The latter figure is the 
upper limit for the substrate concentration that can be used if 
the rate is to be followed over the entire course of the reaction. 
By use of cells with 5-mm and 1-mm path lengths, this upper 
limit of concentration was increased by factors of 5 and 10, 
respectively. 

A typical run was made as follows. Equal volumes (3.0 ml, 
in the case of 10-mm cells) of identical substrate solutions were 
placed in each of two clean, dry absorption cells. After the cells 
had reached thermal equilibrium with the thermostatic cell 
compartment, a small volume (usually 10 ul) of a concentrated 
stock solution of RNAse was added to one of the cells. After 
rapid mixing, the difference in absorbancy between the two 
cells was measured as a function of time. The final value of the 
absorbancy was taken as the value reached after the solutions 
had stood overnight. 
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The temperature of the Beckman model DU spectrophotom- 
eter cell compartment was controlled at 25 + 0.1° by circulating 
water from a constant temperature bath through thermospacers. 

Measurements were made at pH 5.0, 6.0, 7.0, and 8.0. At 
the two lower pH values, sodium acetate-acetic acid buffers 
were used. At the two higher pH values, Tris-HCl buffers were 
used. In all cases, the ionic strength was 0.10 m. 

In many of the runs, the total concentration of RNAse in the 
reaction mixture was 1.26 x 10-7 m. This was arbitrarily 
taken as the standard enzyme concentration. In cases in which 
the RNAse concentration differed from this value, the measured 
initial rates were corrected to take account of this. When the 
correction was made, it was assumed that the initial rate was 
directly proportional to the enzyme concentration. 


RESULTS 


For the runs at pH 7.0 and 8.0, the reactions followed a first 
order law, usually up to 30% to 50% completion. At higher 
degrees of reaction, the rates fell off more rapidly than predicted 
by a first order law. ‘This was presumably due to product in- 
hibition. A typical rate curve is shown in Fig. 1. The initial 
slopes of these first order plots were used to evaluate the initial 
rates according to the method of Crook et al. (16). Michaelis 
constants and maximal velocities were evaluated from plots of 
(S)o/vo versus (S)o (17). (S)o is the initial molar concentration 
of substrate and vo is the initial reaction velocity. The plots 
for pH 7.0 and 8.0 are shown in Fig. 2. 

At pH 5.0 and 6.0, product inhibition was so extreme that 
plots such as those of Fig. 1 showed a large curvature in the 
neighborhood of zero time; this made accurate evaluation of the 
initial rates impossible. In order to interpret the data at pH 
5.0 and 6.0, an integrated rate equation was required. It was 
found that the data could be fitted to the integrated rate equa- 
tion derived by Alberty (18) for a reversible, one-intermediate 
Michaelis-Menten reaction scheme: 


E+ S— = FS =E+P 
ko ky 


This reaction scheme is symmetrical; it may be assigned Mi- 
chaelis constants A, and A, referring to the forward and reverse 
reactions, respectively. Maximal velocities V, and V, may 
also be assigned to the forward and reverse reactions. In terms 
of the velocity constants of the reaction scheme, the A and V 
values are expressed as follows: 


1 4 
(E)o is the total concentration of enzyme. 

In the hydrolysis of cytidine-2’,3’-cyclic phosphate, the 
equilibrium constant is undoubtedly quite large; no unreacted 
cyclic phosphate can be detected chromatographically after 
equilibrium has been established. For this case, (K.q >> 1), the 


integrated rate equation may be written (18): 


! _ (P)] _ — 17 (P) _ 
[1 | Ky + (S)o t + (S)o] ’ (1) 


According to this equation, a plot of 
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Fig. 1. Typical first order plot for a reaction at pH 8.0. Ordi- 
nate, logio (AA,, — AA), where AA, is the final increase in absorb- 
ancy (measured after the reaction mixture has stood overnight), 
and AA is the increase in absorbancy at time t. Abcissa, time in 
seconds. For the particular run plotted, (F)) = 6.05 K 10°77 M; 
(S)o = 5.45 & 10-4 M, vp = 1.22 KX 10-7 moles — 1~! — see!. This 
reaction reached 50% completion at approximately 3000 seconds. 


should be linear with slope m and intercept 6, in which 


(K,/K.) — 1 


Furthermore, the ratio b:m should be independent of substrate 
concentration. We have called a plot according to Equation 1 
an Alberty plot. Typical Alberty plots for runs at pH 5.0 and 
6.0 axe shown in Fig. 3. It is seen that Equation 1 fits the data 
quite well over nearly the entire course of the reaction. The 
b:m ratio for runs at a given pH turns out to be independent 
of concentration, as required. 

According to Equation 1, the reciprocal slopes (1/m) and re- 
ciprocal intercepts (1/6) should both be linear functions of the 
initial substrate concentration: 


m (K,/K.)—1 (K,/K)-—1’ 


= 


K 8 (S )o 
V.K> 


Thus, plots of 1/m and 1/6 versus (S)o should be straight lines. 
From the slopes and intercepts of these secondary plots, all the 
kinetic constants may, in theory, be evaluated. 

In Figs. 4 and 5, secondary plots for two series of runs, one at 
pH 5.0, the other at pH 6.0, are shown. At both pH values 
the slopes of the secondary plots may be evaluated quite accu- 
rately; however, the intercepts of the plots are so close to the 
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Fic. 2. Effect of substrate concentration on reaction velocity 
at two different pH values. Enzyme concentration: 1.26 107 
mM. (a) pH 8.0; (6) pH 7.0. 


origin that only their upper limits can be evaluated. The ratio 
K,/K, and the value of V, can be evaluated from the slopes of 
the secondary plots. Because of the uncertainty in the value 
of the intercepts, only upper limits to the values of K, and A, 
can be assigned. ; 

At pH 5.0 there is a further limitation. At this pH, the slope 
of the 1/m versus (S)o plot is —1.03. As this is within experi- 
mental error of —1.00, it implies an extremely large relative 
error in the derived ratio A,/A,. This in turn makes the value 
of V,, evaluated from the ratio A,/A, and from the slope of the 
1/b versus (S)o plot, extremely uncertain. For these reasons, 
only lower limits to A,/A, and V, can be assigned at pH 5.0. 

All the data that have been obtained in these studies are sum- 
marized in Table I. 


DISCUSSION 


It is interesting to note that the values of A, and V,/(E)o 
obtained at pH 7.0 agree quite well with those measured by 
Hummel et al. at pH 6.7 (7). Hummel reported A, = 9.9 x 
10-4 wm. Although no value for V./(4)o is stated by Hummel 
et al. (7), it was evaluated from data given in the article. Hum- 
mel’s value of V max/(F)o is 1.6 sec". 

Two notable features of Table I are the pH independence of 
V./(E)o over the pH range from 5.0 to 8.0 and the decrease of 
K, as the pH decreases within this same range. 

These results can be interpreted in terms of the simple re- 
versible, one-intermediate scheme above. The pH independence 
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of V,/(£)o within the pH range of imidazole ionization suggests 
that the ionizable group of the histidine residue in the active 
center of the enzyme (3, 4) is bound by the substrate in the 
enzyme-substrate complex. Although the data are rather 
meager, the variation of A, within this same pH range is con- 
sistent with the idea that the active histidine residue in the 
free enzyme participates in the initial binding of the substrate 
and must be protonated in order to do this. 

It is well known that many enzyme-substrate reaction mecha- 
nisms are not adequately represented by the one-intermediate 
scheme, but require two or more intermediate complexes (18), 
It is important to consider what modifications would be re- 
quired in the above interpretation of the pH dependence of the 
kinetic constants if this were true for the RNAse-cytidine-2’ ,3’- 
evclic phosphate system. Krupka and Laidler (19) have shown 
that measurements of initial rates in the limit of low substrate 
concentrations can yield unambiguous information about the 
pK, values of groups in the active site of the free enzyme, re- 
gardless of the number of intermediate complexes that may be 
formed. In the limit of low substrate concentration, the initial 
rate is given by: 


vo = Vz (S)o/Ks 


As this study shows V, to be independent of pH in the range 
investigated, the pH dependence shown by vo at low substrate 
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(P)/t 
Fic. 3. Alberty plots at pH 5.0 and 6.0. X, pH 5.0; (S)o = 
5.46 X 10-4 = 2.44 X 10-7 @, pH 6.0; (S). = 1.46 X 
10-4 m, (E)o = 1.27 X 10-7 mM. The percentages shown are the 
per cents completion of the reactions corresponding to the indi- 
cated points. 
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concentrations will be identical to that shown by 1/K,. There- 0 
fore, the conclusion that the free enzyme has an ionizable group 
in the active site with a pK, in the neutral region is unaffected (a) 
by the possibility of multiple intermediates. 
The situation with regard to V, is more complicated. In | 
terms of the one-intermediate mechanism, V, = k3(E)o. If a eget 
series of intermediates exists, V; = Kkapp(E)o, in which kapp isa 
rather complex constant which may incorporate rate constants 
for all of the steps in the reaction except the initial binding of =" 
enzvme and substrate (17). However, if one of the steps is & 
slow enough to control the entire reaction sequence, kapp may adi 
be identified with the rate constant for the rate-controlling step. “2r 
The above analysis severely limits the interpretation that 
ean be given to the lack of pH dependence of V,. The most 
that can be said is that if the histidine residue in the active 
center of one of the intermediates is free, then breakdown of 
that particular intermediate does not constitute the rate-deter- _3L ‘ 
mining step. 0 
SUMMARY (b) 
The kinetics of the ribonuclease catalyzed hydrolysis of cyti- ~ °F 
dine-2’,3’-cyclic phosphate has been studied at four different — & 
pH values in the pH range 5.0 to 8.0. At pH values of 7.0 and 9 _ Ba 
above, the initial rates can be evaluated from the data, and Bet > 
Michaelis constants and maximal velocities determined from 
initial rates. At pH 6.0 and below, product inhibition becomes -6L 
so extensive that initial rates cannot be evaluated. An inte- 
grated rate equation is used to treat the low pH data. 
5 10 15 20 25 
0 (S) (10°*M) 
(a) Fig. 5. Secondary plots at pH 6.0. (a) 1/m versus (S)o; (0) 
1/b versus (S)o. See text for explanation of symbols. 
> TABLE I 
: Turnover numbers and Michaelis constants for ribonuclease 
8 hydrolysis of cytidine-2',3'-cyclic phosphate 
pH V./(E)o Ks | | Range of (S)o used 
“le sec! 10-3 M | 10-4* 
8.0 2.4 6.0 | 5.4-20 
7.0 2.4 0.75 0.84-16 
5.0 > 4 <0.2 | <0.05 | 0.5-10 
- 2 = 
0 ' , The variation of A, with pH suggests that the active histidine 
(b) residue, (shown to exist by Barnard and Stein), must be pro- 
tonated in order to bind the substrate. 
E: Acknowledgments—Grateful acknowledgement is hereby made 
iS to Miss Joyce Ichiyasu, Mr. David Dressler, and Mr. Donald 
Graham for technical assistance. 
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Thymidine diphosphate rhamnose has been isolated from 
Lactobacillus acidophilus and Escherichia coli by Okazaki (1, 2) 
and from Streptomyces griseus by Baddiley and Blumson (3). 
We have reported in a preliminary communication (4), the en- 
zymatic synthesis of thymidine diphosphate glucose and its con- 
version to thymidine diphosphate rhamnose by cell free extracts 
of Pseudomonas aeruginosa. This organism is known to produce 
large quantities of a rhamnose containing glycolipid (5). A 
similar enzyme system was isolated independently and simultane- 
ously from Streptococcus faecalis by Pazur and Shuey (6). We 
wish to report in this paper the partial purification of the enzyme 
which catalyzes the synthesis of thymidine diphosphate glucose 
from thymidine triphosphate and a@-glucose 1-phosphate. 


EXPERIMENTAL PROCEDURE 


Materials and Methods—a-Glucose-1-P was obtained from the 
Schwarz Laboratories, Inc. a-Glucose-1-P*? was prepared from 
starch and P;*? with erystalline muscle phosphorylase? and 
purified by chromatography on a Dowex 1-formate column. 
TTP was obtained from the Sigma Chemical Company. Crys- 
talline veast hexokinase was a gift from Drs. P. Ozand and H. 
Narahara. Phosphoglucomutase (1 unit = 1 umole of glucose- 
6-P formed per minute) was a gift from Dr. J. Silbert. Glucose- 
6-P dehydrogenase (1 unit = 1 wmole of TPNH formed per 
minute) was obtained from Boehringer and Soehne. 

Calcium phosphate gel was prepared by the method of Keilin 
and Hartree (7) and aged at 4° for at least 6 months before use. 
Protein was determined by the method of Warburg and Christian 
(8) and phosphate by the method of Fiske and SubbaRow (9). 

Nucleotides were chromatographed in the neutral ethanol-am- 
monium acetate solvent (10). 

P. aeruginosa, ATCC 7700, was grown on a rotary shaker at 
32° in a 3° glycerol-inorganic salts medium (11). Of this 
medium 100 ml were inoculated from a slant, and allowed to 
grow for 24 hours; 3 ml of this culture were used to inoculate 
500 ml of medium and allowed to grow for 100 to 110 hours. 
Cells grown under these conditions show maximal rhamnose 
production (11). 

The cells from 6 liters of medium were harvested by centrifuga- 
tion and washed with 0.05 m Tris-0.001 am EDTA,’ pH 8.0, and 


*Supported by a grant (G-8849) from the National Science 
Foundation. 

’ Isotopes obtained on allocation from the Atomic Energy Com- 
mission. 

? Kindly made available by Dr. B. Illingworth. 

Na abbreviation used is: EDTA, ethylenediaminetetraacetic 
acid. 


suspended in 110 ml of 0.05 m Tris-0.01 a MgCl,-0.001 m EDTA, 
pH 8.0. The cells were disrupted by treatment in a Raytheon 
10 ke. magnetostriction oscillator for 20 minutes. Intact cells 
and large particles were removed by centrifugation at 15,000 x 
g for 20 minutes. The supernatant fluid was then centrifuged 
at 100,000 x g for 1 hour to remove small particles. The super- 
natant fluid from the high speed fractionation was used as the 
crude extract for further fractionation. 

Assay of TDP-glucose Pyrophosphorylase—The TDP-glucose 
pyrophosphorylase reaction is coupled with excess phosphogluco- 
mutase and glucose-6-P dehydrogenase. One unit of enzyme is 
defined as the amount of enzyme required to catalyze the forma- 
tion of | umole of glucose-1-P in 15 minutes. 

The reaction mixture contained 100 uwmoles of Tris-Cl, 10 
umoles of MgCle, 0.5 umole of TPN, 0.1 umole of TDP-glucose, 
0.5 umole of PP;, 0.002 umole of a-glucose 1,6-diphosphate, 
0.2 unit of phosphoglucomutase, and 0.2 unit of glucose-6-P 
dehydrogenase, and TDP-glucose pyrophosphorylase in a volume 
of 1 ml, pH 8.0, at 25°. The reaction is started by the addition 
of PP;, and absorbancy readings at 340 my are taken every 30 
seconds. The time curve always shows a slight lag period and 
the activity is estimated from the linear portion of the curve. 

The time dependence and the effect of concentration on the 
assay are illustrated in Fig. 1. The low TDP-glucose concentra- 
tion was used to conserve material, but higher concentrations 
improve the linearity of the assay. ,High inorganic pyrophos- 
phatase activity will interfere with the assay, but the activity 
of this enzyme even in the crude extract is low enough so that 
it only interferes slightly. P; will not substitute for PP; in the 
assay. 

An alternate assay was used occasionally in which the TTP-de- 
pendent disappearance of glucose-1-P was measured. 

Purification of TDP-glucose Pyrophosphorylase*—To the crude 
extract of P. aeruginosa (ratio of absorbancies 280 my/260 
mu = 0.6) is added enough 2°7 protamine sulfate to bring the 
ratio of absorbancies at 280 mu /260 my to 1. Protamine sul- 
fate, 0.1 ml per ml of enzyme solution generally suffices. After 
15 minutes the precipitate is removed by centrifugation, and to 
the supernatant fluid is added an equal volume of saturated 
ammonium sulfate. After 15 minutes the precipitate is collected 


4 All steps in the fractionation were carried out at 3°. All 
precipitates were collected by centrifugation at 12,000 X g for 15 
minutes, except in the gel step in which gel was centrifuged at 
2,000 X g for 15 minutes. Ammonium sulfate was saturated at 
3° and neutralized with NH,OH so that a 1 to 5 dilution had a pH 
of 7.5 when measured with a Beckman model G pH meter set at 
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Fic. 1. Dependence of the TDP-glucose pyrophosphorylase assay on time and enzyme concentration. Enzyme had a specific ac- 
tivity of 7 units per mg of protein; 0.05 ml of enzyme was used in the experiment, A (above). 


TaBLe 
Purification of TDP-glucose pyrophosphorylase 
For details, see text. 


UDP- 
phorylase 
| ml | me/ml | goon tiny total units 
Crude extract....... 135 9.2 0.63 780 815 
Ammonium sulfate, | 
15 1.16 261 246 
Gel eluate 1.........| 6 | 1.84 8.9 98.4 87 
Gel eluate 2.........| 6 | 6.56 | 11.2 37.6 23 
TABLE II 


Analysis of TDP-glucose 


For details see text. A molar extinction coefficient of 9.65 X 
10° at 267 my was used for the determination of thymidine (12). 


umoles/pmole thymidine 

Acid-labile phosphate.................. 0.98 
pH 7 | 267 mp 

| pH 13 | 267 mu 
Amin | pH 7 | 236 my 

| pH 13 | 244 my 
Ratio of absorbancies | 

280 my: 260 my | pH 7 | 0.78 


by centrifugation and dissolved in a minimal volume of 0.05 m 
Tris-0.01 m MgCl,-0.001 m EDTA, pH 8.0. The supernatant 
fluid is brought to 70% saturation with ammonium sulfate, and 
the precipitate formed is treated as above. 

The two ammonium sulfate fractions are dialyzed for 4 hours 
against three 1-liter changes of the same buffer. 


TaBLeE III 
Paper chromatography of TDP-glucose 
Nucleotide RTMP 


TDP-glucose, hydrolyzed at pH 1.5 for 


TDP-glucose, hydrolyzed at pH 1.5 for 


The 50 to 70% ammonium sulfate fraction is used for the 
further purification of TDP-glucose pyrophosphorylase. The 
0 to 50°% ammonium sulfate fraction contains significant pyro- 
phosphorylase activity and all of the enzymes that convert TDP- 
glucose to TDP-rhamnose; it is used for the study of rhamnose 
biosynthesis. 

The dialyzed 50 to 70% ammonium sulfate fraction is adjusted 
to pH 6.0 and treated successively with 90, 90, 120, and 120 mg 
of calcium phosphate gel. The enzyme is treated with the gel 
for 10 minutes; the gel is then removed by centrifugation, the 
supernatant fluid added to the next gel fraction, and the process 
repeated. The final supernatant fluid is discarded. The last 


two gel fractions are washed with 6 ml of 0.001 mM pyrophosphate } 


buffer, pH 8.0, and then eluted twice with 6 ml of 0.02 m phos- 
phate buffer, pH 7.5. The eluate from the last gel fraction con- 
tains most of the TDP-glucose pyrophosphorylase activity and 
is free of inorganic pyrophosphatase activity, phosphoglucomu- 
tase activity, the enzymes that convert TDP-glucose to TDP: 


rhamnose, and of enzymes which catalyze the breakdown of TTP. | 


The results of a typical fractionation are shown in Table |. 
The table also shows the content of UDP-glucose pyrophos- 
phorylase of all the fractions. 


The enzyme can be kept frozen for several weeks at any stage | 


in the purification procedure without loss of activity. 
Preparation of TDP-glucose—A typical reaction mixture ¢con- 


tained 50 uwmoles of Tris, 10 umoles of MgCl, 1 wmole of EDTA, | 
18 umoles of glucose-1-P, 9 umoles of TTP, and 10 units of the | 


| 
0.8 
stc 
Cos 
trat 
| indi 
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gel eluate in a volume of 6 ml, pH 8.0. After incubation at 37° NH,OH, and chromatographed in the neutral ethanol-ammo- 
for 1 hour the reaction was stopped by the addition of perchloric nium acetate solvent; 2.1 wmoles of TDP-glucose were obtained. 
acid to a final concentration of 0.15 mM and the denatured protein The 50 to 70% ammonium sulfate fraction can also be used 
was removed by centrifugation. The nucleotides were absorbed _ for the preparation of TDP-glucose; in this case the TDP-glucose 
on 200 mg of Darco G-60, the charcoal washed with 0.001 Nn 
HCl and the nucleotide eluted with 50% ethanol, 0.001 N 

0.08 
0.07 
= 
005+ 
” 
Woo2 | 
O 
3 003. O 2 4 6 8 10 
TTP Mx104 
3S Fic. 4. Enzyme activity as a function of TTP concentration. 
a ” 002- The reaction mixture contained 5 wmoles of Tris, 1 umole of MgCl., 
wi 0.1 umole of EDTA, 0.5 umole of glucose-1-P, TTP as indicated, 
re) and 0.015 mg of enzyme in a final volume of 0.5 ml, pH 8.0. Incu- 
wares > 001. bation was for 4 minutes at 37° and the reaction was stopped by 
Q heating at 100° for 1 minute. @——@, no PP; addition; A——A, 
with 0.1 umole of PPi, and O——O, with 0.2 umole of PP;. 
CONC. MgCl,,M x 10 Equilibrium of the TDP-glucose pyrophosphorylase reaction 
Fic. 2. Effect on MgCl on TDP-glucose pyrophosphorylase ac- In Experiment A, the reaction mixture contained 40 umoles of 
tivity. The reaction mixture contained, 5 wmoles of Tris, 0.1 Tris, 8 umoles of MgCl:, 0.8 umole of EDTA, 0.81 umole of TDP- 

eae umole of EDTA, 0.4 umole of PPi, 0.15 umole of TDP-glucose, and glucose, 1.0 umole of PP;, and 0.25 mg of enzyme in a volume of 4 
0.015 mg of TDP-glucose pyrophosphorylase, in a final volume of mm], pH 8.0, 25°. Samples were removed at the times indicated 
0.5 ml, pH 8, 37°. After 3 minutes of incubation, the reaction was 

* : and the reaction stopped by heating at 100° for 1 minute. The 
the stopped by heating at 100° for 1 minute, and analyzed for glu- : 

Th nt? a-glucose-1-P content was analyzed with phosphoglucomutase and 

— glucose-6-P dehydrogenase. After astable end point was reached 
yro- excess PP; and TDP-glucose pyrophosphorylases were added to 

DP- 90 | determine the TDP-glucose. In Experiment B, the reaction 

nose va mixture contained 40 umoles of Tris, 8 umoles of MgCl., 0.8 

< 80 | umole of EDTA, 0.66 umole of TTP, 0.70 umole of glucose-1-P, 
sted pa and 0.25 mg of enzyme in a volume of 4 ml, pH 8.0, 25°. The 

) mg = 70 analytical procedure was the same as for Experiment A. 

Experiment Time Glucose-1-P TDP-glucose 

= 

CESS 2 60 | ° min umole pmole 

last o A 0 0 ‘0.81 

hate 8 SO 0.5 0.222 0.575 

yhos- a 1.0 0.298 0.495 

40+ 2.0 0.365 0.417 

3.0 0.403 0.410 

30 5.0 0.458 0.320 

DP. 10.0 0.510 0.274 

“TP g 15.0 0.510 0.258 

20.0 0.490 0.266 

Ne I. > 

yhos- > 10; B 0 0.70 0 

S 1.0 0.612 0.050 

stage O 1 i i 5.0 0.512 0.164 

O 5 0 ae 10.0 0.464 0.232 
con. I/S (S=TDP GLUCOSE CONCENTRATION, Mx103 ) 15.0 0.448 0.244 
ITA, Fic. 3. Enzyme activity as a function of TDP-glucose concen- 20.0 0.386 0.300 
the cee : Standard assay system, with TDP concentrations, as 30.0 0.368 0.312 


? 
.t¢ 
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isolated from the paper chromatogram may be contaminated 
with traces of TMP, but the presence of inorganic pyrophospha- 
tase in this enzyme fraction favors TDP-glucose formation, and 
40 to 50% of the TTP can be recovered as TDP-glucose after 
chromatography. 

The analysis of a preparation of TDP-glucose is shown in 
Table II. Glucose was determined after acid hydrolysis at pH 
2.0 for 20 minutes at 100° with hexokinase and glucose 6-phos- 
phate dehydrogenase; these enzymes were free of phosphogluco- 
isomerase. a@-Glucose 1l-phosphate was determined after treat- 
ment of the TDP-glucose with snake venom nucleotide 
pyrophosphatase (13) with the use of phosphoglucomutase and 
glucose 6-phosphate dehydrogenase. 

Table IIT illustrates the chromatographic mobilities of TDP- 
glucose, and its acid degradation products in the neutral ethanol- 
ammonium acetate solvent. 

TDP-Glucose was also prepared with glucose-1-P labeled with 
P*, the TDP-glucose containing 1 mole of P® per mole. After 
hydrolysis at pH 1.5 for 10 minutes at 100°, the nucleotide was 
converted to a compound with the mobility of TDP, which was 
radioactive. After hydrolysis at pH 1.5 for 3 hours, the only 
nucleotide present had the mobility of TMP, and contained no 
radioactivity. 

Properties of TDP-glucose Pyrophosphorylase—The enzyme 
has a wide pH optimum between pH 7.5 and 9.0, the maximal 
activity being at pH 8. As shown in Fig. 2, the enzyme has an 
absolute requirement for Mg** with an optimal MgCl. concen- 
tration of approximately 2 107-3 Mo, 

The effect of varying the TDP-glucose concentration is shown 
in Fig. 3. The A,, calculated from these data is 5 & 10>5 M. 

The effect of varving the TTP concentration is illustrated in 
Fig. 4. When the enzyme is assayed in the direction of TDP- 
glucose formation, it shows a strong inhibition by pyrophosphate; 
the A,, for the TTP can be estimated to be 1 & 10-4 Mo. 

Table IV illustrates data obtained when the reaction was al- 
lowed to proceed to equilibrium from both directions. The 
approximate equilibrium constant 

iglucose-1-P} |TTP] 
~ [TDP-glucose] [PP] 


from Experiment A is 1.77 and from Experiment B is 1.32. 


K 


DISCUSSION 


The observations presented in this paper indicate that the 
synthesis of TIDP-glucose proceeds by the reaction 
TTP + a-glucose-1-P -- TDP-glucose + PP; 


and is therefore similar to previously described nucleotide di- 
phosphate sugar pyrophosphorylase (14). 

The approximate data on the equilibrium constant indicate 
that the free energy change in this reaction is not large, but an 
accurate estimate of the free energy change would require a 
knowledge of the dissociation constants, and the Mg~*-binding 
constants of the four reactants. 
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The occurrence of glucose linked to several different nucleotide 
diphosphates seems to reflect different metabolic pathways, and 
not species differences. The extracts of P. aeruginosa can 
synthesize UDP-glucose as well as TDP-glucose, and UDP-glu- 
cose can be isolated from perchloric acid extracts of this organism. 
However, only TDP-glucose is utilized for rhamnose biosynthe- 
sis (15). : 

The separation of TDP-glucose pyrophosphorylase and UDP. 
glucose pyrophosphorylase is not sufficient to state that the two 
are separate enzymes in this organism. The UDP-glucose 
pyrophosphorylase from rat liver, and from mast cell tumors? wil] 
not act on TDP-glucose, and it is probable that two different 
pyrophosphorylases are present in P. aeruginosa extracts. 


SUMMARY 


An enzyme has been partially purified from sonic extracts of 
Pseudomonas aeruginosa, ATCC 7700 which catalyzes the syn- 
thesis of thymidine diphosphate glucose from thymidine 5’- 
triphosphate and a-glucose 1-phosphate. Some of the properties 
of this enzyme and the enzymatic preparation of thymidine 
diphosphate glucose with this enzyme have been described. 
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In the preceding paper the synthesis of thymidine diphosphate- 
glucose by a partially purified enzyme from Pseudomonas aeru- 
ginosa was reported (1). It is the purpose of this communication 
to describe the enzymatic conversion of thymidine diphos- 
phate-glucose to thymidine diphosphate-rhamnose, by enzymes 
from the same organism, and to describe some of the character- 
istics of the over-all reaction. 


EXPERIMENTAL PROCEDURE 


Materials and Methods—Sonic extracts of P. aeruginosa, ATCC 
7700 were prepared as previously described and fractionated 
with protamine and ammonium sulfate (1). 

TDP-glucose was prepared enzymatically (1), and a-glucose-1- 
P-C4 was prepared from starch with crystalline muscle phos- 
phorylase and crystallized as the potassium salt.'_ Radioactivity 
was determined with a windowless proportional gas flow counter. 

Nucleotides were chromatographed in the neutral ethanol- 
ammonium acetate solvent (2). The following solvents were 
used for sugar chromatography: A, butanol-pyridine-water 
(6:4:3) (3); B, butanol-pyridine-water (6:4:3) with the use of 
borate impregnated paper (4); C, butanol-acetic acid-water 
(52:13:35) (5); D, pyridine-ethy] acetate-water (2:7:1) (6); E, 
the organic phase of pyridine-ethyl acetate-water (1:3.6:1.15) 
(7); F, pyridine-ethyl acetate-acetic acid-water (5:5:1:3) (8). 

Reducing sugars were detected with the benzidine-trichloro- 
acetic acid spray (9). Nonreducing sugars were detected with 
the periodate benzidine spray (10). Reducing values were de- 
termined by the method of Park and Johnson (11) and 6-Deoxy- 
hexoses by the method of Dische and Shettles (12) with L-rham- 
nose as a standard. Lactic acid was determined by the method 
of Barker and Summerson (13). When carried out after perio- 
date oxidation, periodate was destroyed by the addition of excess 
arsenite; control experiments showed that this did not interfere 
with the determination of lactic acid. Acetaldehyde formed by 
periodate oxidation was determined after the acetaldehyde 
was collected by microdiffusion into NaHSO; and determined 
colorimetrically (14) with rhamnose as a standard. Formalde- 
hyde was determined by the chromotropic acid reaction (15), 
and rhamnulose by the cysteine-carbazole reaction (16). 
6-Deoxyglucitol, 6-deoxygalactitol, and 6-deoxymannitol were 
prepared by NaBH, reduction of 6-deoxyglucose, fucose, and 
rhamnose (17). The 6-deoxyglucose used was a gift from Dr. 
R. K. Crane. 


*Supported by a grant (G-8849) from the National Science 
Foundation. 

1Tsotopes obtained on allocation from the Atomic Energy 
Commission. 


Synthesis of Rhamnose—When crude sonic extracts of P. aeru- 
ginosa were incubated with C™-glucose-labeled TDP-glucose in 
the presence of either a DPNH- or a TPNH-generating system, 
a radioactive sugar could be isolated from the reaction mixture 
showing the chromatographic properties of rhamnose (Table I). 

In a typical experiment the reaction mixture contained 25 
umoles of Tris, 5 umoles of MgCl., 0.5 umole of EDTA,? 1 umole 
of C4-TDP-glucose (13,500 ¢.p.m. per umole), 1 umole of DPN, 
0.02 ml of ethanol, and 1 mg of crystalline yeast aleohol dehydro- 
genase, and 1 ml of crude extract in a volume of 3 ml pH 8.0. 
After 1 hour of incubation at 37°, the reaction mixture was de- 
proteinized with perchloric acid, and the sugars hydrolyzed from 
the nucleotide by heating at 100° at pH 2.0 for 20 minutes. 
The neutralized hydrolysate was deionized by passage through 
an Amberlite MB-3 column; 9,000 c.p.m. were recovered in the 
rhamnose area after chromatography in solvent A, and no other . 
sugar with the mobility of 6-deoxyhexose was detected. The 
eluted material was rechromatographed in solvents B and C, and 
the radioactivity in each case was localized exclusively in the 
rhamnose area. 

After addition of rhamnose carrier, rhamnose phenylosazone 
(18) was prepared (m.p. 181—183°) (19) and recrystallized from 
pyridine-water, giving the specific activities shown in Table II. 

When the enzyme was fractionated with ammonium sulfate 
and attempts were made to follow the reaction by direct spectro- 
photometric determination of TDP-glucose-dependent DPNH 
or TPNH oxidation, all the activity was found in the 0 to 50% 
ammonium sulfate fraction (1). The activity was very low un- 
less TPNH was used as the reductant, with DPN also present 
in the reaction mixture. These observations are illustrated in 
Fig. 1. It could also be shown (Table III) that TDP-glucose 
disappearance in the absence of reduced pyridine nucleotide was 
greatly stimulated by the addition of DPN, but TPN was ineffec- 
tive. Maximal DPN stimulation was obtained at a concentra- 
tion of 1 to2 K 10-4 m (Fig. 2). 

Synthesis of TDP-Rhamnose—TDP-rhamnose was prepared 
with the use of the ammonium sulfate-fractionated enzyme. In 
a typical experiment the reaction mixture contained 500 umoles 
of Tris, 100 umoles of MgCle, 10 umoles of EDTA, 10 umoles of 
TDP-glucose, 8 umoles of TPNH, 10 umoles of DPN, 20 umoles 
of glucose-6-P, 2 units of glucose-6-P dehydrogenase, and 120 
mg of enzyme in a volume of 14 ml, pH 8.0. After 2 hours of 
incubation at 37°, the reaction mixture was cooled in an ice 
bath and perchloric acid was added to a final concentration of 
0.15 Mm. Denatured protein was removed by centrifugation. 


2 The abbreviation used is: EDTA, ethylenediaminetetraacetic 
acid. 


1795 


tide 

and 

can 

glu- 
ism, 

the- 
DP- 

two 
will 
rent 
s of 

ties 

line 

dge 
. et 
cla, 

42, 

71, 

, B, 

1). 

375 

426 

645 

E. 
ids, 

ICK 

“ol. 

DY, 

nic 

799 

| 


TABLE I 
Chromatography of enzymatically prepared rhamnose 


For details see text. The mobility of rhamnose is taken as 1.0. 


Solvent 
Sugar 
A B C 
| 0.81 0.2 0.95 
6-Deoxyglucose.......... | 0.97 0.73 1 
6-Deoxytalose............ | 1.06 
Enzymatically prepared | 
| 1.0 | 1.0 1.0 
i j 
TaB_e Il 
Crystallization of C'4 rhamnose phenylosazone 
| Rhamnose 
Crystallization No. | phenylosazone Radioactivity Specific activity 
| counted 
a me c.p.m c.p.m./me 
1 1.13 | 165 | 146 
2 | ae 130 | 116 
3 | 0.70 | 91 | 130 
4 | 0.70 | 86 | 123 
0.3 


A O0.D. 340 


2 4 6 8 l2 
TIME IN MINUTES 

Fic. 1. Effect of DPN addition on TPNH oxidation. The reac- 
tion mixtures contained 10 uwmoles of Tris, 2 umoles of MgCl, 0.2 
umole of EDTA, 0.1 umole of TDP-glucose, and 1.2 mg of enzyme 
in a final volume of 1 ml, pH 8., 25°. A, 0.1 umole of TPNH; oO, 
0.1 umole of TPNH + 0.1 umole of DPN; @, 0.1 umole of DPNH + 
0.1 umole of DPN. All values have been corrected for the oxida- 
tion rate of DPNH or TPNH in an identical reaction mixture 
without TDP-glucose. The TPNH oxidation rate in the control 
reaction mixture was 0.01 O.D. unit per minute. 


The nucleotides were adsorbed on Darco, as described for the 
preparation of TDP-glucose (1), and after elution were chromato- 
graphed in the neutral ethanol-ammonium acetate solvent; 5.5 
umoles of TDP-rhamnose were eluted from the chromatogram. 

TDP-Rhamnose has a typical thymidine spectrum in neutral 
and alkaline solution and has the same mobility in the ethanol- 
ammonium acetate solvent as TDP-glucose. The analysis for a 
typical preparation is shown in Table IV. After hydrolysis at 
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pH 2 for 20 minutes at 100° it gives rise to a nucleotide with the 
chromatographic properties of TDP. Hydrolysis at pH 1.5 for 
3 hours produces a nucleotide with the chromatographic prop- 
erties of TMP. The enzymatically synthesized TDP-rhamnose 
appears to be identical to the TDP-rhamnose first isolated from 
Lactobacillus acidophilus by Okazaki (20). 

Configuration of Enzymatically Synthesized Rhamnose—The 
rhamnolipid produced by P. aeruginosa has been shown to con- 
tain only L-rhamnose (21). Inasmuch as only limited quantities 
of enzymatically synthesized rhamnose were available, evidence 
for its configuration was obtained enzymatically. 

Wilson and Ajl (22) have shown that extracts of Escherichia 
colt strain B grown on L-rhamnose as a sole carbon source contain 
a rhamnose isomerase, which will act on L-rhamnose but not on 
the p isomer. Fig. 3 shows that the rhamnose isomerase from 
EF. coli will also act on the enzymatically synthesized rhamnose 
to form rhamnulose. The enzymatically synthesized rhamnose 
therefore has the L configuration. 

Stoichiometry of TDP-rhamnose Formation—Fig. 4 shows that 
for each mole of TDP-glucose added, 1 mole of TPNH is oxidized. 
The data in Table V show that essentially 1 mole of 6-deoxyhexose 
is formed per mole of TDP-glucose, and the stoichiometry of the 
over-all reaction can be written: 


TDP-glucose + TPNH + H* DPN | 
TDP-rhamnose + TPN + H,0 


Intermediates in TDP-Rhamnose Synthesis—Preincubation of 
the enzyme preparation with TDP-glucose and DPN indicated 


TaB_eE III 
DPN dependence of TDP-glucose disappearance 


The reaction mixtures contained: 10 wmoles of Tris, 2 umoles of 
MgCl, 0.2 umole of EDTA, 0.1 umole of TDP-glucose, and 1.2 


- mg of enzyme in a volume of 0.9 ml, pH 8. After 30 minutes, the 


reaction was stopped by the addition of perchloric acid and the 
remaining TDP-glucose was determined after acid hydrolysis with 
hexokinase and glucose-6-P dehydrogenase. 


Additions | TDP-glucose disappearance 
umole 
DPN, 0.4 wmole.................. | 0.090 


004 ° 
Z 
003 
0.02 + 
a) 
+ 

LO 2.0 30 


DPN Mx104 
Fig. 2. Rhamnose synthesis as a function of DPN concentra- 
tion. The reaction mixture was identical to that in Fig. 1, with 
DPN additions as indicated. 
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the formation of a stable intermediate (Fig. 5). From such an 
incubation mixture a sugar could be isolated from the nucleotide 
which has been tentatively identified as a 4-keto-6-deoxyhexose. 

In a typical experiment the reaction mixture contained 500 
ymoles of Tris, 100 wmoles of MgCl, 10 umoles of EDTA, 14 
ymoles of TDP-glucose, 10 umoles of DPN, and 60 mg of enzyme 
in a volume of 22 ml, pH 8.0. After incubation at 37° for 45 
minutes, the reaction mixture was deproteinized with perchloric 
acid and the nucleotide was isolated by adsorption and elution 
from charcoal, as described for the preparation of TDP-rham- 
nose. 


TABLE IV 
Analysis of TDP-rhamnose 
For details see text. 


umoles/ml 
Acid-labile phosphate.................. 1.71 
Ratio of absorbancies 
250 myu:260 my pH7 0.62 
pH 13 0.73 
280 myu:260 my pH 7 0.75 
pH 13 0.69 
\max pH 7 267 mye 
pH 13 267 my 
Amin pH 7 235 my 
pH 13 242 mu 
0.6 + 
0.5 + 


Oo 


OPTICAL DENSITY 
oO 


650 


450 490 530 570 610 
WAVELENGTH, mf 
Fig. 3. Reaction of enzymatically synthesized rhamnose with 
trhamnose isomerase. The reaction mixture contained 50 pmoles 
of borate, 0.15 ml of rhamnose isomerase, and sugar as indicated 
in a final volume of 1 ml, pH 8. After incubation at 37° for 1 hour 
the reaction was stopped by the addition of perchloric acid and 
analyzed for rhamnulose with the cysteine-carbazole reaction. 
@, 0.28 umole of enzymatically prepared TDP-rhamnose, hy- 
drolyzed at pH 2, 100°, for 20 minutes before incubation; O, 0.2 
mole of t-rhamnose. TDP gives no color in the cysteine-carbazole 
reattion. 
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O.5+ ae ‘ 
04} 
= 
€ 
oO ° 
t+ 03 
O2+ / 
O.1F 
O 8 16 24 32 40 48 


TIME IN MINUTES 
Fig. 4. Stoichiometry of TPNH oxidation. The reaction mix- 
ture was the same as in Fig. 1, but 0.2 umole of TPNH and 0.1 
umole of DPN per ml were used. ©, 0.084 umole of TDP-glucose; 
@, 0.042 umole of TDP-glucose. The dash lines indicate the theo- 
retical end point for 1 mole of TPNH oxidized per mole of TDP- 
glucose added. 


TABLE V 
Stoichiometry of rhamnose formation 

The reaction mixtures contained 10 umoles of Tris, 2 umoles of 
MgCl, 0.2 umole of EDTA, 0.1 umole of DPN, 0.25 umole of 
TPNH, 0.1 umole of TDP-glucose, and 1.2 mg of enzyme in a 
volume of 1 ml, pH 8. After 1 hour at 25°, the reaction was 
stopped by the addition of perchloric acid and the quantity of 
6-deoxyhexose was determined. 


6-Deoxyhexose formed 
umole 
Complete system..................... 0.096 
System minus TPNH.............. 0 
System minus TDP-glucose........ 0 


Oo 


O 
N 


A 0.0. 340 mu 
O 
W 


TIME IN MINUTES 


Fic. 5. Effect of preincubation on rhamnose synthesis. The 
reaction mixture was identical to that in Fig. 4 and contained 
0.062 umole of TDP-glucose. O, TPNH added at 0 time; @, 
TPNH added after 30 minutes of incubation at 25°. 
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TABLE VI 


Chromatographic mobility of reduced intermediate 


Enzymatic Synthesis of Thymidine-linked Sugars. II 


Sugar | Solvent D | Solvent F 
Rrhamnose 

Fucose. . 0.85 0.83 
6-Deoxygalactitol ........... | 0.91 0.94 
6-Deoxyglucitol............. | 0.90 0.91 
6-Deoxymannitol ayes 0.95 | 0.97 
Reduced intermediate. ....... 0.90 0.93 
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Fig. 6. Reaction of intermediate with o-phenylenediamine. 
Sugar solution (1 ml) was heated at 100° for 30 minutes with 0.5 
ml of 2.5% o-phenyvlenediamine dihydrochloride. O, 0.1 umole of 
intermediate; @, 0.1 umole of glucose or rhamnose. 


The charcoal eluate contained no glucose, determined en- 
zymatically with hexokinase and glucose-6-P dehydrogenase. 
When the nucleotides eluted from charcoal were substituted for 
TDP-glucose in a reaction mixture similar to that in Fig. 4, they 
contained 3 wmoles of substrate. The large loss of material 
during charcoal adsorption and elution indicates that the inter- 
mediate is fairly labile. 

The solution was hydrolyzed at pH 2 at 100° for 10 minutes 
and deionized with Amberlite MB-3. After chromatography in 
solvent A, only one reducing spot was seen with a mobility 
identical to that of rhamnose. The eluted sugar could be dis- 
tinguished from rhamnose because it did not react in the Dische 
and Shettles test for 6-deoxyhexoses and because of its mobility 
in solvent B in which it had an Rrismnose of 0.08. 

Based on ferricvanide reduction, with L-rhamnose as a stand- 
ard, 2.5 umoles of sugar were recovered after paper chromatog- 
raphy. 

After correction for a paper blank, the isolated sugar consumed 
between 3 and 4 moles of periodate per mole (23). It produced 
no formaldehyde on periodate oxidation. After periodate oxida- 
tion no acetate could be detected with the sulfanilamide-acetylat- 
ing system (24). Periodate liberated between 0.1 to 0.15 mole 
of acetaldehyde per mole. Between 0.9 to 1.0 mole of lactic acid 
plus acetaldehyde were found with the Barker-Summerson 
method. No t-lactic acid was detected with crystalline muscle 
L-lactic dehydrogenase; this suggested that the lactic acid formed 
has the p configuration. 

When the sugar was reduced with excess NaBH, it produced 
a nonreducing sugar which on periodate oxidation produced 


| 


Vol. 236, No. 6 


TaBie VII 
Chromatographic mobility of 6-deory sugars 
produced by NaBH, reduction 


Sugar : Solvent E | Solvent A Solvent B 
| Rrhamnose Rrhamnose 
| 0.80 | 0.85 0.21 
6-Deoxyglucose............. 0.61 
6-Deoxytalose............... 
Reduction products of | 
cleotide-bound intermedi- | | 
| 0.82-0.96 0.85-0.98 | 0.19-0.61 
CH,0H CHy 
OH OH H 
ONE O-R O-R O-R 
OH H OH OH OH 
R=TOP 


Fic. 7. Conversion of TDP-glucose to TDP-rhamnose 


formaldehyde and acetaldehyde and consumed 3.8 yumoles of 
periodate per umole of acetaldehyde. 

On paper chromatography the reduced compound moved in 
the region of 6-deoxyhexitols, but no rhamnitol was detected 
(Table VI). Other evidence suggesting the presence of a keto 
group in the molecule was the ability of the compound to react 
with o-phenylenediamine* (25, 26), (Fig. 6), and its ability to 
reduce ferricyanide in alkaline solution at room temperature, 
Incubation of the compound for 3 hours with alkaline ferricyanide 
at 25°, under the conditions of the Park and Johnson test, gave 
30% of the ferricyanide reduction that was obtained when the 
compound was heated at 100° for 15 minutes, in the usual condi- 
tions of the test. No ferricyanide reduction was obtained when 
rhamnose was incubated at 25° under the same conditions. 

The intermediate could also be reduced with NaBH, when 
still linked to TDP, to yield a mixture of 6-deoxyhexoses. Ina 
typical experiment the reaction mixture contained 250 umoles of 
Tris, 50 umoles of MgCl, 1 umole of EDTA, 0.6 umole of DPN, 
3.4 umoles of TDP-glucose, and 50 mg of enzyme in a final vol- 
ume of 6 ml, pH 8.0. After incubation at 25° for 2 hours, the 
reaction was stopped by heating at 100° for 90 seconds; denatured 
protein was removed by centrifugation at 15,000 x g for 10 
minutes. Analysis of the supernatant fluid with fresh enzyme 
and TPNH indicated that 3.5 umoles of intermediate were pres- 
ent. 

NaBH, (10 mg) was added to the supernatant fluid and left 
for 12 hours at 25°. The solution was then acidified to pH 2.0 
and heated at 100° for 20 minutes. After deionization of the 
solution with Amberlite MB-3, 2.5 umoles of 6-deoxyhexose were 
recovered. 

Table VII shows the chromatographic behavior of this mixture 
of 6-deoxyhexoses in several solvent systems. The mixture 
appears to consist of 6-deoxygalactose (fucose) and 6-deoxyglu- 
cose. Neither rhamnose nor 6-deoxytalose were detected. 


DISCUSSION 


The observations presented in this paper are in accord with 
studies in vivo of L-rhamnose biosynthesis (27) which indicate 


3 The use of this test was suggested by Dr. V. Ginsburg. 
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that the carbon chain of glucose is converted to rhamnose without 
randomization, and that carbon atom 1 of glucose is converted 
to carbon atom 1 of rhamnose. The observed pattern of label- 
ing of rhamnose produced by P. aeruginosa grown on glycerol 
1,3 C (28, 29) can also be explained on the assumption that 
two 3-carbon compounds initially condense to form glucose. 

The conversion of p-glucose to L-rhamnose requires an inver- 
sion of the configuration of carbon atoms 3, 4, and 5 and the 
reduction of carbon atom 6. The over-all conversion is shown 
in Fig. 7. It is assumed that the pyranose ring remains intact 
during these interconversions and that the final product is there- 
fore L-rhamnopyranoside linked by @ linkage to TDP. 

The structure of the intermediate 4-keto-6-deoxyhexose is 
consistent with the finding that it produces p-lactic acid on 
periodate oxidation, and that NaBH, reduction of the nucleotide- 
linked sugar yields 6-deoxyglucose and 6-deoxygalactose. 

The formation of this intermediate is analogous to the observa- 
tion of Ginsburg, that a 4-keto-6-deoxyhexose is formed as an 
intermediate in fucose biosynthesis (30, 31). The possibility 
that these compounds are rearrangement products of the true 
intermediate cannot be absolutely excluded. 

If it is assumed that the 4-keto compound is the true inter- 
mediate in the biosynthesis of rhamnose, one can postulate that 
inversion of the configuration at C-3 and C-5 takes place by an 
isomerase type reaction via a keto-enol transformation, but this 
does not explain why rhamnose is not one of the products of 
NaBH, reduction, unless it is postulated that the inversion at 
C-3 and C-5 and the reduction are catalyzed by the same enzyme, 
without the appearance of free intermediates. 

The DPN requirement of the reaction also can not be explained 
by the present observations. In the conversion of TDP-glucose 
to TDP-4-keto-6-deoxyglucose there is no net oxidation of the 
substrate, which has only lost the elements of water. No evi- 
dence has been obtained that free DPNH is formed during an in- 
termediate oxidation step in the reaction, but the possibility 
of formation of enzyme-bound DPNH is not excluded. 

DPN is shown in Fig. 7 to act in the first step of the reaction 
as it is required for the synthesis of rhamnose and also for the 
formation of 4-keto-6-deoxyglucose. 

Work now in progress in attempting to separate the enzymes 
involved in the conversion of TDP-glucose to TTDP-rhamnose 
should help to clarify the mechanism of these reactions. 


SUMMARY 


An enzyme system has been isolated from sonic extracts of 
Pseudomonas aeruginosa, ATCC 7700 which will catalyze the 
reaction: 

Thymidine diphosphate p-glucose + reduced triphosphopyridine 


nucleotide + H*+ — thymidine diphosphate L-rhamnose 
+ triphosphopyridine nucleotide + H.O. 


The addition of diphosphopyridine nucleotide is required for 


L. Glaser and S. Kornfeld 


the reaction. 
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In the absence of reduced triphosphopyridine 


nucleotide, incubation of the enzyme with thymidine diphosphate 
glucose and diphosphopyridine nucleotide gives rise to a com- 
pound that has been tentatively identified as thymidine diphos- 
phate 4-keto-6-deoxyglucose. 


The enzymatic preparation of thymidine diphosphate L-rham- 


nose with this enzyme preparation has been described. 


1. 


2. 
3, 


4. 


5. 


25. 


26. 


REFERENCES 

KORNFELD, 3., AND Guaser, L., J. Biol. Chem., 236, 1791 
(1961). 

PaLapDINI, A. C., AND Letorr, L. F., Biochem. J., 61, 426 (1952). 

JEANES, A., WISE, C.S., AND Dimer, R. J., Anal. Chem., 23, 
415 (1957). 

Carpini, C. E., anp Letotr, L. F., J. Biol. Chem., 225, 317 
(1957). 

Putman, E. W., in 8. P. Cotowick anp N. O. Kapvan (Ed- 
itors), Methods in enzymology, Vol. IIIT, Academic Press, Inc., 
New York, 1957, p. 62. 


. BappiLey, J., BucHaNnan, J. G., Carss, B., Marutas, 


A. P., J. Chem. Soc., 4583 (1956). 


. GinsBuRG, V., Biochem. Biophys. Res. Comm., 3, 187 (1960). 
. Fiscuer, F. G., anp Dorre., H., Z. physiol. Chem., 301, 224 


(1955). 


. Bacon, J. B. D., AND EpELMAN, J., Biochem. J., 48, 114 (1951). 
. Mowery, D. F., Jr., Anal. Chem., 29, 1560 (1957). 
. Park, J. T., AND Jounson, M. J., J. Biol. Chem., 181, 149 


(1949). 


. DiscHe, Z., AND SHETTLES, L. B., J. Biol. Chem., 175, 595 


(1948). 


. BARKER, 8. B., AND SumMERSON, W. H., J. Biol. Chem., 138, 


535 (1941). 


. AMINoFF, D., AND Morean, W. T. J., Biochem. J., 48, 74 


(1951). 


. MacFaypen, D. A., J. Biol. Chem., 158, 107 (1945). 
. DiscHe, Z., AND BORENFREUND, E., J. Biol. Chem., 192, 583 


(1951). 


. ABDEL-AKHER, M., Hamitton, J. K., aNp Situ, F., J. Am. 


Chem. Soc., 73, 4691 (1951). 


. GERARD, I. D., AND SHerMaAN, H. C., J. Am. Chem. Soc., 40, 


955 (1918). 


. Fiscuer, E., ano Zack, K., Ber., 45, 3761 (1912). 
. OKAZAKI, R., Biochim. et Biophys. Acta, 44, 475 (1960). 
. JARVIS, F. G., ano Jonnson, M. J., J. Am. Chem. Soc., 71, 


4124 (1949). 


. Wiutson, D. H., anv Ast, J. Bacteriol., 73, 410 (1956). 
. Dixon, J. S., anp Lipkin, D., Anal. Chem., 26, 1092 (1954). 
. Soopak, M., in 8S. P. CoLowick ano N. O. Kapian (Editors), 


Methods in enzymology, Vol. III, Academic Press, Inc., New 
York, 1957, p. 266. 

LANNING, M. C., and 8S. J. Biol. Chem., 189, 109 
(1951). 

BERNAERTs, M. J., AND DELEY, J., J. Gen. Microbiol., 22, 129 
(1960). 


. SouTHARD, W. F., Hayasur, J. A., AND BARKULIs, 8. 8., 


J. Bacteriol., 78, 79 (1959). 


. Hauser, G., AND Karnovsky, M. L., J. Biol. Chem., 224, 91 


(1957). 


. HausER, G., AND Karnovsky, M. L., J. Biol. Chem., 233, 287 


(1958). 


. GinsBuRG, V., J. Biol. Chem., 235, 2196 (1960). 
. GinsBuRG, V., Federation Proc., 19, 85 (1960). 


61 
7 
S 
9 
10 
11 
of 
ted 
eto 
act 
15 
re, 
ide 
ave 
the 
di- 
hen 19 _ 
| 21 
en 
na | 22 fF 
s of 93 
PN. 24 
the 
red 
10 | = 
‘me 
res- 
28 
left 
20 2 
the | 
ure 
ure 
slu- 
jth | 
ate 


Tue JourRNAL or CHEMISTRY 
Vol. 236, No. 6, June 1961 
Printed in U.S.A. 


Nucleotide Transphosphorylases from Liver* 


II. PURIFICATION AND PROPERTIES OF A 6-OXYPURINE NUCLEOSIDE TRIPHOSPHATE- 
ADENOSINE MONOPHOSPHATE TRANSPHOSPHORYLASE FROM SWINE LIVER 
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Nucleoside triphosphate-adenosine 5’-phosphate transphos- 
phorylase of calf liver was reported by Heppel et al. (1) to cata- 
lyze the reaction! 

XTP + AMPs XDP + ADP (1) 


It had a specific requirement for adenosine monophosphate as 
the phosphate acceptor, but was unspecific for the nucleoside 
triphosphate as phosphate donor, since adenosine triphosphate, 
cytidine triphosphate, guanosine triphosphate, inosine triphos- 
phate, or uridine triphosphate could fulfil this role. 

Studies of the adenylate kinase activity of swine liver revealed 
that a specific ATP-AMP transphosphorylase could be separated 
from nucleoside triphosphate-AMP transphosphorylase (2, 3). 
This suggested the possibility that the nucleoside triphosphate- 
AMP transphosphorylase activity of liver (1) may not be cata- 
lvzed by a single protein, but rather by a number of separate 
enzymes differing in specificity toward the nucleoside triphos- 
phate partner of the transphosphorylation reaction. Additional 
evidence indicating the enzymic multiplicity of the nucleoside 
triphosphate-AMP transphosphorylase reaction has been ob- 
tained in the present studies. Thus, further purification of 
this activity has resulted in a preparation, essentially free of 
ATP-AMP transphosphorylase activity, which catalyzes the 
reaction, 


GTP or ITP + AMP + GDP or IDP + ADP (2) 


The purification of this enzyme, which may be termed a 6-oxy- 
purine nucleoside triphosphate-AMP transphosphorylase, and 
some of its properties are reported in this communication. 


EXPERIMENTAL PROCEDURE 


Chemicals—2’-AMP, 3’-AMP, and N-ethylmaleimide were 
obtained from Schwarz Laboratories, Inc. Deoxynucleosides, 
deoxynucleotides, and the ion exchange resin Dowex 1-X10 
(analytical grade) were purchased from California Corporation 
for Biochemical Research. Other nucleosides, nucleotides, 
deoxynucleoside polyphosphates, p-hydroxymercuribenzoate, 
phosphopyruvate, pyruvate kinase (Type I), and yeast hexo- 

* Supported in part by grants from the National Institutes of 
Health, United States Public Health Service, and an institutional 
grant from the American Cancer Society. 


+ Fellow of the National Foundation. 

t Senior Research Fellow (SF 261), United States Public Health 
Service. 

1 The symbol X is used in this paper to denote a nitrogenous 
base in nucleotides. 


kinase (Type III) were procured from Sigma Chemical Com- 
pany. Glucose 6-phosphate dehydrogenase was prepared ag 
described by Kornberg and Horecker (4). Carboxymethyl-S- 
cellulose, Type 20, sodium form, was purchased from Brown 
Company and used after conversion to the ammonium form vig 
the hydrogen form. Aluminum hydroxide gel was _ prepared 
essentially as described by Peanasky and Lardy (5). Carrier- 
free H3P”Q, was obtained from Oak Ridge Nationa] Laboratory 
on allocation by the United States Atomic Energy Commission, 
Other organic and inorganic chemicals were of reagent grade. 
The preparation of ATP® labeled equally in the B- and y-phos- 
phate groups and ADP® labeled in the terminal phosphate group 
was performed as described previously (6). ITP®? and IDP® 
were prepared from ATP® and ADP® by deamination with ni- 
trous acid. 


Assay Methods 


Transfer of P® Method—This method, previously used for 
the study of the exchange enzyme and nucleoside diphospho- 
kinase (6), was used for most of the studies of the properties of 
the enzyme and the determination of the specific activities of 
various enzyme fractions. The rate of transphosphorylation 
was estimated by measuring the appearance of P*? in the nucleo- 
tides formed upon incubation of enzyme preparations in the 
presence of a labeled nucleotide with another unlabeled nucleo- 
tide. 

The reaction mixture contained 0.1 umole of labeled nucleo- 
tide (0.2 umole when it was used alone), 0.1 umole of another 
unlabeled nucleotide, 0.1 umole of MgSO,, and 4 umoles of 
imidazole buffer at pH 7.4. Enzyme solution, water, and other 
additions made up a final volume of 0.1 ml. When the specific 
activities of various fractions at different stages of enzyme pur'- 
fication were determined, 0.2 umole of ADP® and 0.1 ymole of 
IDP were used in the assay. This was designed to obtain 
comparable results, because the presence of ATP-AMP trans- 
phosphorylase (2) in crude fractions led to a more rapid disap- 
pearance of ADP® from the assay medium than with more 
highly purified fractions free from this enzyme. The reaction 
mixture was incubated at 25° for 5 minutes and was stopped by 
the addition of 0.1 ml of 10% trichloroacetic acid. When de- 
oxynucleotides were used, the reaction was stopped by immers- 
ing the tubes in a boiling water bath for 3 minutes. The de- 
proteinized reaction mixture was chromatographed on paper 
with the isobutyric acid-NH,OH-ethylenediaminetetraacetic 
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acid solvent system (7). The areas on the paper of nucleotides 
suspected to be produced in a particular reaction studied, as well 
as nucleotides detectable by quenching of ultraviolet light and 
by autoradiography, were cut out and their radioactivity was 
determined with a thin window gas flow Geiger counter. The 
amount of each product formed was estimated by dividing the 
total radioactivity of the particular area by the expected spe- 
cific radioactivity. 

Because of its great sensitivity, this method was particularly 
useful when applied to the studies of the nucleotide specificity 
of the enzyme. Since the optimal conditions of the reaction 
and details of the kinetics were not investigated for each com- 
bination of nucleotides, the values obtained were not necessarily 
strictly comparable. However, the results did make it possible 
to distinguish between reactions which occurred and those which 
did not. With the former, one could obtain an estimate of the 
order of magnitude of the reaction with a degree of accuracy 
adequate for the present purpose. 

This method, and some others, did not determine the enzyme 
activity accurately in crude fractions since many other enzymes, 
particularly nucleoside diphosphokinase and ATP-AMP trans- 
phosphorylase, contributed to substrate disappearance and 
product formation not readily distinguishable from the action 
of the 6-oxypurine nucleoside triphosphate-AMP transphos- 
phorylase. Nevertheless, each fraction was assayed with the P 
transfer method to have at least some measure of yield and 
degree of enzyme purification even at the initial stages of the 
fractionation. The enzyme activity was expressed as micro- 
moles of ITP formed per minute per unit volume of enzyme, 
and specific activity as micromoles of ITP per minute per mg of 
protein. Protein was determined by the method of Lowry 
et al. (8). 

Enzymic Method—This method was used to determine the 
activity of fractions obtained in the course of purification of the 
enzyme at and beyond the step where most of the ATP-AMP 
transphosphorylase had been removed. The rate of formation 
of ITP from ADP and IDP was estimated with a system con- 
taining nucleoside diphosphokinase, hexokinase, glucose-6-P 
dehydrogenase, and TPN+. The sequence of reaction is shown 
in Equations 3 to 6. 


IDP + ADP s ITP + AMP (3) 
ITP + ADP s ATP + IDP (4) 
ATP + glucose — glucose-6-P + ADP (5) 


Glucose-6-P -+- TPN* — 6-P-gluconate + TPNH + H* (6) 


The appearance of TPNH was determined by measurement of 
the absorption at 340 my and the equimolar formation of ITP 
was calculated from the molar absorbancy index of TPNH 
(6.2 x 10%) (9). The reaction mixture (final volume, 3 ml) in 
a cuvette of 1l-cm light path, had the following composition: 
0.3 umole of TPN*, 0.5 umole of ADP, 0.5 umole of IDP, 1 
umole of MgSO, 40 uwmoles of imidazole buffer at pH 7.4, 140 
umoles of glucose, Sigma Type III yeast hexokinase, and a yeast 
glucose-6-P dehydrogenase preparation (4) which contained nu- 
cleoside diphosphokinase activity. The crude hexokinase prepa- 
ration was treated with N-ethylmaleimide to destroy yeast ade- 
nylate kinase activity (10). Both enzyme preparations were 
practically free of various nucleoside monophosphate kinases. 
The amounts of hexokinase and glucose-6-P dehydrogenase prep- 
arations used per assay were such that the appearance of 0.08 
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“ADP + ENZYME 


ABSORBANCY AT 340mp 


0.00 


MINUTES 
Fig. 1. Enzymic assay method. Enzyme preparation (3 ug of 
protein, Fraction IV) was added to the reaction mixture which 
contained all components except IDP at zero time. IDP was 
added after 5 minutes of incubation. 


umole of ITP in a 5-minute period would lead to the formation of 
an equivalent amount of TPNH in that time. The enzyme solu- 
tion to be assayed was added to the reaction mixture above with- 
out IDP and incubated for 5 minutes at room temperature (20- 
25°). An increase of absorbancy measured during this interval 
served as a blank which was subtracted from the subsequent read- 
ing. IDP was added and the change of absorbancy was recorded 
over a second 5-minute period. The formation of nucleoside 
triphosphate(s) by the purified transphosphorylase could be 
demonstrated with the assay method only when both ADP and 
IDP (or GDP) were present in the medium, Fig. 1. The results 
with the enzymic assay were in good agreement with those ob- 
tained with the P® transfer method when purified enzyme was 
tested. The discrepancy between the two usually did not ex- 
ceed 10%. 


RESULTS 
Purification of Enzyme 


All procedures were carried out at room temperature unless 
specified otherwise. The swine livers were delivered to the 
laboratory from the slaughter house apyeeemnniny 1 to 4 hours 
after the death of the animals. 

Selection of Livers—The suitability of each swine liver for the 
subsequent process was checked in the following manner. Tis- 
sue from each liver, 100 g, was homogenized in a Waring Blendor 
with 300 ml of water. To each 5-ml aliquot of the homogenates, 
0.5 ml of 0.1 m AgNO; was added. This mixture was heated 
for 10 minutes in a 40° water bath and then centrifuged. The 
supernatant fluid from such a preparation should be transparent 
and yellow to orange in color. Livers are encountered occa- 
sionally which yield a turbid supernatant fluid in this process. 
Such extracts usually lead to lower yields of enzyme activity in 
subsequent steps and, therefore, should not be used. 

1. Extraction: The livers selected as above were cut into small 
pieces after removal of large connective tissue and homogenized 
under the conditions described above (Fraction I). 
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2. Silver treatment: To Fraction I, one-tenth the volume of 
0.1 ma AgNO; was added and the mixture was heated to 40° 
within 15 minutes. This temperature was maintained for 5 
minutes. The mixture was then cooled rapidly to about 25° 
in a cold water bath. It was centrifuged at 650 xX g for 20 
minutes at 15° and the resulting supernatant fluid was passed 
through a cheese cloth to remove fat (Fraction IT). 

3. First ammonium sulfate step: Fraction I] was adjusted to 
pH 5.0 with 0.5 mM acetic acid and then brought to 0.3 saturation 
of ammonium sulfate? by the addition of the solid salt. After 
20 minutes, this mixture was centrifuged at 4000 x g for 20 
minutes at 15° and the precipitate was discarded. The ammo- 
nium sulfate concentration of the supernatant fluid was brought 
to 0.55 saturation, and the mixture was centrifuged as above. 
The precipitate was taken up in 0.55 M ammonium acetate? in a 
volume one-twentieth of that of Fraction II; insoluble particles 
were removed by centrifugation at 4000 x g for 10 minutes at 
15°. The clear supernatant fluid was saved (Fraction II1). 

4, First aluminum hydroxide gel step: Fraction III was chilled 
in an ice bath and ice-cold aluminum hydroxide gel, sufficient 
to remove 99% or more of ATP-AMP transphosphorylase, was 
added (approximately 75 mg.of solid per 1 ml of Fraction III). 
The suspension was quickly centrifuged at 650 xX g for 5 minutes 
at 3° and the light yellow supernatant fluid was retained (Frac- 
tion 

5. Second ammonium sulfate step: Fraction IV was brought 
to 0.4 saturation of ammonium sulfate. After 20 minutes it was 
centrifuged at 4000 x g for 20 minutes at 15° and the precipi- 
tate was discarded. The ammonium sulfate concentration of 
the supernatant fluid was brought to 0.65 saturation and the 
mixture was centrifuged as above. This precipitate was taken 
up in 0.55 M ammonium acetate, one-tenth the volume of Frac- 
tion (Fraction V). 

6. Second aluminum hydroxide gel step: To the ice-cold Frac- 
tion V sufficient aluminum hydroxide gel was added for the 
complete removal of residual ATP-AMP transphosphorylase 
(about 15 mg of solid per ml of Fraction V). The suspension 
was centrifuged without delay at 700 x g for 5 minutes at 3°, 
The supernatant fluid was placed in a cellophane sac and dia- 
lyzed with stirring against approximately 50 volumes of ice-cold 
water for 3 hours. The water was changed every hour. The 
volume of the enzyme solution in the sae increased about 28% 
(Fraction VI). 

7. Ion exchange step: Fraction VI was mixed with an amount 
of wet carboxymethy] cellulose (ammonium form) sufficient to 
adsorb nearly all of the enzyme activity (about one-third the 
volume of Fraction VI, or approximately 13 mg of dried cellu- 
lose per mg of protein). The suspension was filtered on a sin- 
tered glass funnel with gentle suction. The cellulose on the 
funnel was washed with a volume of 0.01 M ammonium acetate 
equal to that of Fraction VI. This filtrate was discarded. The 
enzyme was then eluted from the ion exchanger by passing 
through it a quantity of 0.55 mM ammonium acetate twice the 
volume of Fraction VI (Fraction VII). 

8. Third ammonium sulfate step: One volume of Fraction VII 
was placed in a cellophane sac and dialyzed for 2 hours at 0° 


2 Addition of solid ammonium sulfate was done with the aid of 
the formula used by Noda and Kuby (11). In this case a saturated 
solution is a mixture of 707.4 g of ammonium sulfate and 1 liter of 


water. 
3 The concentration of ammonium acetate was determined by 


the Nessler reaction. 
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against 11 volumes of a solution, which contained 0.6-saturated 
ammonium sulfate and 0.01 M cysteine (pH 7), and which pro. 
duced about a 35% reduction in volume of the enzyme solution, 
The solution thus obtained was assumed to be 0.6-saturated jn 
ammonium sulfate. It was brought to 0.8 saturation by the 
addition of solid ammonium sulfate. The mixture was kept 
in an ice bath for 20 minutes and then centrifuged at 5000 x g 
for 10 minutes. The precipitate was taken up in water in 4 
volume one-ninetieth of that of Fraction VII. Insoluble brown 
particles were sedimented by centrifugation and the supernatant 
fluid was stored at —20° (Fraction VIII). 

The final product, Fraction VIII, was a colorless or a very 
faintly yellow solution. The protein solution gave a ratio of 
light absorption, Faso m, to of 1.6. Fraction VIII cata. 
lyzed the formation of about 1700 moles of ITP from ADP and 
IDP per minute per 100,000 g of protein at 25° and pH 7.4 
The activity yield from liver homogenate was around 4%. An 
example of a 460-fold purification of the enzyme from liver 
homogenate is given in Table I. 


Properties of Enzyme 


Substrate Specificity—Various combinations of nucleotides 
have been tested as substrates of the purified enzyme. The 
transfer of P® method was used most frequently for this purpose 
because of its great sensitivity in the detection of characteristic 
reaction products and its convenience. Other procedures were 
utilized in some instances to confirm and to extend the results 
obtained with the radioactive substrates. 

As can be seen in Table II, ITP® and GTP® were formed at 
about equal rates when IDP and GDP, respectively, were al- 
lowed to react with ADP. These results are in accord with 
Equation 7. 


GDP or IDP + = GTP® or ITP? + AMP (7) | 


As expected, the reaction proceeded at a similar rate in the in- 7 


teraction of IDP® and unlabeled ADP which produced ITP® { 


(Equation 8). 
IDP# + ADP == ITP? + AMP (8) 


The reversal of the reaction was studied with the nucleotide 


pairs ITP®-AMP and GTP-AMP. With ITP® (labeled in the | 
B- and y-phosphate groups) as phosphate donor the rate of | 
formation of equal amounts of radioactive IDP and ADP was | 
commensurate with that of the forward reaction (Table Il). | 


The reaction rate between GTP and AMP was comparable to 
that of ITP? and AMP (Table IIJ1). It was measured by esti- 
mating the nucleoside diphosphates produced with phosphopy- 
ruvate and pyruvate kinase as described by Leloir and Goldem- 
berg (12).4 AMP could not be replaced by other nucleoside 
monophosphates in reactions catalyzed by 6-oxypurine nucleo- 
side triphosphate-AMP transphosphorylase. 
none of the following substances acted as a phosphate acceptor: 
adenosine, 2’-AMP, 3’-AMP, CMP, GMP, IMP, and UMP. 
The purified enzyme was also free of ATP-AMP transphos- 
phorylase, a separate activity known to be present in liver (2). 


2ADP# = ATP? + AMP (9) 


This was shown by several different experimental procedures. 
As can be seen in Table II no significant amounts of ATP® were 


4The pyruvate kinase preparation used was suitable for this 
purpose since it was essentially free of various nucleoside mono- 
phosphate kinases, but contained nucleoside diphosphokinase. 


Thus, with ITP® | 


5 


8 
as 


The 
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formed from ADP*, and the reverse of Equation 9, 7.e. the reac- 
tion between ATP” and AMP, did not produce appreciable 
quantities of ADP® even when the enzyme protein in the assay 
was raised 20-fold. An illustration of the marked differences in 
substrate specificity of 6-oxypurine nucleoside triphosphate- 
AMP. transphosphoryvlase and ATP-AMP transphosphorylase 
has been given in the autoradiograph represented in Fig. 2. 


TABLE I 
Purification of 6-orypurine nucleoside triphosphate-AMP 
trans phosphorylase 
Swine liver, 800g, was used. The homogenate was assaved after 
removal of coarse particles by centrifugation at 1000 & g for 5 


minutes. 
, Activity Specific 
Fraction Volume yield Total protein | activity 
| 
LT 
ml | me protein/ 
min 
I. Homogenate....... 3,200 0.088 
j i 
II. Silver supernatant... 2,130 


58.5 15,950 0.24 

Ammonium sulfate | 

precipitate (0.3- | 

0.55 saturation)... 47 
IV. Aluminum hydrox- | 

ide gel superna-_ | | 

V. Ammonium sulfate | | 

precipitate (0.4- | | | 

0.65 saturation).. 3617.2 | 4.3 
VI. Aluminum hydrox- | | | 

ide gel superna- | 


5,180 | 0.6 


2.7 


tant, dialyzed... 57 7.5 | 148 33 
VII. lon exchange, elu- | | 


VIII. Ammonium sulfate | 
precipitate (0.0- 


0.8 saturation). . ta) | 14.5 17.5 
TaB_e II 
Substrate specificity of 6-orypurine nucleoside triphosphate-A MP 
trans phosphorylase 


Enzyme protein (Fraction VIII, specific activity, 17) was 0.25 
ug per assay unless specified otherwise. The incubation time was 
5 minutes. 


P32-labeled products 


Substrates 


P32-labeled | Unlabeled Substance | Amount | Substance Amount 

| | mpmoles | mumoles 
ADP | IDP | FTP | 21.1 ATP 0.0 
ADP | GDP | GTP | 22.0 | ATP 0.0 
IDP | ADP | &FFP ; 134.5 ATP 0.0 
ITP | AMP IDP =16.6 ADP 18.1 
ADP | | ATP __—sO..5* 
ATP | AMP || | ADP 0.4* 
ADP | CDP CTP | 0.8* |. ATP 0.2* 
ADP | UDP | UTP | 5.2% | ATP 0.4* 
IDP ITP | ITP | 0.07 | 


* Amount of product formed with 5 wg of enzyme protein per 
assay. 

+ Enzyme protein (Fraction VIII, specifie activity, 10) was 5 
ug in this assay. | 
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TaBLeE III 
Reaction with deorynucleotides 

Enzyme protein (Fraction VIII, specific activity, 13) was 0.3 
ug perassay. The incubation time was 5 minutes. When labeled 
substrates were used, activity was measured by the transfer of 
P*® method; with unlabeled substrates, the nucleoside diphos- 
phates produced were assayed with phosphopyruvate and pyru- 
vate kinase (12). 


Substrates | Transphosphorylation 

| mumoles 
ITP? + dCMP, dGMP, TMP, or deoxy- | 


Purified liver ATP-AMP transphosphorylase resulted only in 
the formation of ATP” and AMP from ADP* regardless of the 
absence of IDP from the reaction mixture (Sample 1) or its 
presence (Sample 2). In contrast, 6-oxypurine nucleoside tri- 
phosphate-A MP transphosphorylase did not lead to substrate 
disappearance when ADP*® was used alone (Sample 3). In 
agreement with Equation 7 the combination of ADP® and IDP 
(Sample 4) led to the formation of ITP? and AMP; ATP was 
absent, and IDP was not labeled during the course of the in- 
cubation. Inosinediphosphatase (13) was absent from the 
6-oxypurine nucleoside triphosphate-AMP transphosphorylase 
preparation since IMP could not be detected on the chromato- 
gram in Sample 4. The absence of ATP-AMP transphosphoryl- 
ase from purified 6-oxypurine nucleoside triphosphate-AMP 
transphosphorylase was also demonstrated by the enzymic 
method. As shown in Fig. 1, no reaction occurred during a 
5-minute interval when only ADP was present in the reaction 
mixture; the further addition of IDP at the end of this period 
immediately caused the formation of TPNH at a linear rate 
during the next 5 minutes of incubation. 

The high degree of specificity of 6-oxypurine nucleoside tri- 
phosphate-A MP transphosphorylase with regard to the nature 
of the nucleoside diphosphate and the nucleoside triphosphate 
capable of reacting with ADP and AMP (Equation 7), respec- 
tively, was supported by the observation that CDP and UDP 
could not be substituted effectively for IDP or GDP in the 
reaction with (Table [1). 

Transphosphorylation activities not involving ADP or AMP 
as a partner in the reaction scheme 


X*DP + XDP# = X*TP#® + XMP (10) 


have been excluded by a number of observations: (a) no reac- 
tion occurred with IDP®*, either alone or in combination with 
CDP, GDP, or UDP; (6) ITP® did not lead to the formation of 
radioactive nucleoside diphosphates in the presence of CMP, 
GMP, IMP, or UMP; and (c) no new components arose when 
CDP, GDP, or UDP singly was incubated with the enzyme. 


0.6 | 
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Origin 


Fic. 2. Autoradiograph of the products formed from different 
substrates by ATP-AMP transphosphorylase and 6-oxypurine 
nucleoside triphosphate-AMP transphosphorylase. The’ circles 
represent the position of nucleotides located by their quenching 
of ultraviolet light. The dark zones indicate radioactivity. The 
location of standard markers on the chromatogram is identical 
with the position of the lettering of the compounds on the right 
hand margin. ATP-AMP transphosphorylase: 7. ADP*®; 2. 
ADP® + IDP. 6-Oxypurine nucleoside triphosphate-AMP trans- 
phosphorylase: 3. ADP®; 4. ADP® + IDP; 6. ATP® + IDP. 
The concentrations of nucleotides in samples 1 through 5 and the 
conditions of incubation have been described in the transfer of 
P® method in the text. 


ATP-nucleoside monophosphate transphosphorylase activity 
(14) 
ATP® + XMP = ADP® + XDP (11) 


was absent, since the combination of ADP® with CDP, GDP, 
IDP, or UDP did not lead to the formation of ATP” (Table 
Il). The reverse of this reaction (Equation 11) did not occur 
when ATP® was incubated with CMP,5 GMP, IMP, or UMP. 

Nucleoside diphosphokinase (15) was not present in the puri- 
fied enzyme. 


ATP® + XDP = ADP® + XTP# (12) 


Thus, the addition to the incubation mixture of ATP® and IDP 
did not lead to the appearance of ADP® and ITP® (see Sample 
5, Fig. 2), and the substitution of GDP, CDP, or UDP for IDP 
did not result in the appearance of products expected from Equa- 

* The solvent system phosphate-ammonium sulfate-n-propanol 


(9) was also used for paper chromatography of the reaction prod- 
ucts, and the area corresponding to CDP was examined. — 
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tion 12. The purified enzyme did not catalyze exchange rvac- 
tions between ATP and ADP*®, nor between ITP and I])P2 
(6). The latter did not occur even with an amount of enzyme 
which under identical conditions could catalyze the formation 
of 250 mumoles of ITP from IDP and ADP. 

Reaction with Deoxynucleotides—The results of experiments 
with various combinations of nucleotides have been listed in 
Table III. Activity was observed in all cases where one of the 
reactive nucleotides was replaced by the corresponding deoxy- 
nucleotide. This was tested with the following combinations 
of substrates: dADP + IDP, ADP + dGDP, dAMP + ITP, 


dAMP + GTP, and AMP + dGTP. However, the reaction — 


rate when a deoxyribonucleotide was used as one of the partners 
of the nucleotide pairs was only 10 to 30°; of that in which the 
corresponding ribonucleotide was used. The activity was 
practically undetectable when both substrates were deoxyribo- 
nucleotides. This can be seen when one compares the reaction 
rate between dAMP and dGTP with that between AMP and 
GTP. ITP was not a phosphate donor with deoxyadenosine, 
dCMP, dGMP, and TMP. 

Apparent pH Optimum—Under the conditions of assay used 
with IDP and ADP as substrates, optimal activity was found 
near pH 7.4. The activities at pH 9.2 and 6.0 were about 80 
and 50°, respectively, of that measured at pH 7.4. At pH 
4.5 the activity was only about 2% of that at pH 7.4. 

Stability—No significant loss of activity occurred when the 
enzyme preparation (Fraction VIII) was kept at 4° or at —20° 
for a few weeks. After 5 minutes in 0.1 N HCl, at a protein 
concentration of 2 mg per ml, no significant activity was lost 
at 0° and about 70°% was lost at 40°. Approximately 95% of 
the activity was lost after 5 minutes at 95° in 0.15 M imidazole 
buffer at pH 7.4. 

Activation and Inhibition—The enzyme preparation exhibited 
a requirement for a metal ion for optimal activity which could 
be fulfilled by the addition of Mg*+*+ or Mn++ to the medium. 
The optimal concentration of MgSO, was about 10-7 m. MnsS0, 
at this concentration was about 75% as effective as MgSO, 
Only about 20% inhibition of activity was obtained when the 
enzyme and a sulfhydryl group-binding agent (AgNO;, HgCh, 
and p-hydroxymercuribenzoate at mM, or 10-3 mM N-ethyl- 
maleimide) were incubated for 10 minutes at room temperature 
before the addition of other constituents of the medium. 


DISCUSSION 


Heppel et al. (1) demonstrated the existence of nucleoside 
triphosphate-AMP transphosphorylase activity in calf liver 
extract. Their enzyme fraction was free of nucleoside diphos- 
phokinase and ATP-nucleoside monophosphate transphospho- 
rylase (14). It catalyzed the phosphorylation of AMP to ADP 
by ATP, UTP, CTP, GTP, or ITP (Equation 1). <A prepara- 
tion with similar substrate specificity was obtained later from 
swine liver extract (3), and a discrete enzyme entity, a specific 
ATP-AMP transphosphorylase (Equation 9), was separated 
from it (2). In the present studies another distinct component, 
6-oxypurine nucleoside triphosphate-AMP transphosphorylase, 
has been shown to be present in the swine liver fraction. These 
results indicate that the nucleoside triphosphate-A MP transphos- 
phorylase activity of liver is attributable to a mixture of enzymes 
rather than to a single protein. UTP or CTP does not appear 
to serve as a phosphate donor with either ATP-AMP transphos- 
phorylase (2) or 6-oxypurine nucleoside triphosphate-A MP trans- 
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phosphorylase (Table IT). Since these compounds were utilized 
as substrates by fractions from calf liver (1) it appears likely 
that at least one other enzyme, capable of catalyzing the interac- 
tion with pyrimidine nucleoside polyphosphates, is present in 
the nucleoside triphosphate-AMP transphosphorylase complex. 
§-Oxypurine nucleoside triphosphate-AMP  transphospho- 
rylase, although retaining the same specificity for the nitrogenous 
base portion of the nucleotides, catalyzes reactions at significant 
rates in Which one component of the substrate pair is a deoxynu- 
cleotide. Activity is obtained when either the adenine ribonu- 
cleotides or the guanosine (inosine) polyphosphates, but not 
both, are replaced by the corresponding deoxynucleotides (Table 
[II). These reactions are summarized in Equations 13 and 14 

(cf. Equation 2). 
GTP or ITP + dAMP == GDP or IDP + dADP (13) 
dGTP + AMP = dGDP + ADP (14) 


The reaction of this preparation with deoxynucleotides could 
be due to contamination by a separate enzyme entity. However, 
it seems more than coincidental that the reaction is specific for 
the same purine moiety in both the ribonucleotide and the 
deoxyribonucleotide compounds. It is noteworthy that a related 
enzyme from liver, ATP-AMP transphosphorylase, which has a 
specific requirement for adenine nucleotides, also exhibits activ- 
ity with the corresponding adenine deoxyribonucleotides (2). 
With both transphosphorylases, substitution of one nucleotide 
by deoxynucleotide reduces the rate of reaction; when both 
nucleotides are replaced by the corresponding deoxyribonu- 
eleotides, the reaction is almost undetectable. 

It appears that deoxyribonucleotides, in order to react with 
6-oxypurine nucleoside triphosphate-AMP transphosphorylase, 
must contain the same purine bases and be at the same level of 
phosphorylation as the ribonucleotides for which they substitute 
(ee Table III and Equations 13 and 14). In the reaction with 


— nucleoside diphosphates, for example, this suggests that the en- 
 gyme interacts with dGDP or GDP at one site and with dADP 


or ADP at another locus. 

A detailed examination of reaction kinetics as affected by 
changes in substrate concentrations and medium components 
will be necessary to elucidate the mechanism of action of nucleo- 
side triphosphate-A MP transphosphorylases, particularly with 
the deoxyribonucleotide compounds. An evaluation of these 
factors may be more difficult with the ATP-AMP transphospho- 
rylase than with 6-oxypurine nucleoside triphosphate-AMP 


 transphosphorylase, since in the former only a single nitrogenous 


base, adenine, is involved in the substrates and products of the 
reaction. Indications of such complications have already been 
obtained in preliminary experiments with ATP-AMP transphos- 
phorylase, when a single level of substrates and a limited range 
of enzyme action were tested. For instance, only dATP®, 
ATP® and AMP (but, not dAMP and dADP®) could be detected 


as products of the interaction of ATP-AMP transphosphorylase — 


with an equimolar mixture of (ADP and ADP®, although trans- 
phosphorylation also occurred when ATP and dAMP were used 
as substrates under these conditions (2). A similar problem 
does not arise with 6-oxypurine nucleoside triphosphate-AMP 
transphosphorylase because each of the reactants contains a dif- 
ferent purine which governs the direction of product formation. 
It is of interest that an exchange reaction does not occur be- 
tween IDP® and ITP with 6-oxypurine nucleoside triphosphate- 
AMP transphosphorylase, even when large amounts of enzyme 
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protein are used. This may indicate that an enzyme-phosphate 
complex is not an intermediate in the action of this transphos- 
phorylase. 


SUMMARY 


1. An enzyme which catalyzes a reversible transphosphoryla- 
tion reaction between guanosine triphosphate (or inosine tri- 
phosphate) and adenosine 5’-monophosphate has been purified 
from swine liver. It has been named 6-oxypurine riucleoside 
triphosphate-adenosine monophosphate —transphosphorylase. 
Preparations have been obtained which catalyze the formation 
of about 1700 moles of inosine triphosphate from inosine diphos- 
phate and adenosine diphosphate per 100,000 g of protein per 
minute at 25° and pH 7.4. Thisrepresents a purification of some 
460-fold over the initial activity of the liver homogenate and an 
activity vield of about 4%. 

2. The enzyme is rather labile at elevated temperatures and 
at low pH; but, it is practically unaffected by a number of sulf- 
hydryl group-binding agents (p-hydroxymercuribenzoate, silver 
ion, and N-ethylmaleimide). 

3. Only adenosine 5’-monophosphate will serve as a phosphate 
acceptor with 6-oxypurine nucleoside triphosphate-adenosine 
monophosphate  transphosphorylase. Uridine triphosphate, 
cytidine triphosphate, or adenosine triphosphate will not effec- 
tively replace guanosine triphosphate or inosine triphosphate as 
a phosphate donor. The enzyme is free from nucleoside diphos- 
phokinase and does not catalyze exchange reactions between 
either inosine triphosphate and inosine diphosphate-P® or 
adenosine triphosphate and adenosine diphosphate-P®. 

4. Replacement of either the adenine ribonucleotides or the 
guanosine polyphosphates by the corresponding deoxyribonucleo- 
tides results in a marked reduction in the rate of transphospho- 
rylation. The substrate specificity of the enzyme toward the 
nitrogenous base portion of the deoxyribonucleotides is the same 
as that required of the ribonucleotides. When deoxyribonu- 
cleotides are substituted for both ribonucleotides, practically no 
reaction occurs. 


REFERENCES 


1. Hepret, L. A., StrominGcerR, J. L., MAxwe tu, E. 
Biochim. et Biophys. Acta, 32, 422 (1959). 
2. Cuica, M., AND Puaut, G. W. E., J. Biol. Chem., 235, 3260 
(1960). 
3. Cuica, M., Federation Proc., 19, 40 (1960). 
4. KorNBERG, A., AND Horecker, B. L., in S. P. CoLowtck anp 
N. O. Kapitan (Editors), Methods in enzymology, Vol. I., 
Academic Press, Inc., New York, 1955, p. 323. 
5. PEANASKY, R. J., AND Larpy, H. A., J. Biol. Chem., 233, 365 
(1958). 
6. Cuiga, M., ano Puaut, G. W. E., J. Biol. Chem., 234, 3059 
(1959). 
7. Kress, H. A., anD Hens, R., Biochim. et Biophys. Acta, 12, 
172 (1953). 
8. Lowry, O. H., Rosesprovuau, N.J., Farr, A. L., AND RANDALL, 
R. J., J. Biol. Chem., 193, 265 (1951). 
9. Pabst Laboratories, Circular OR-10 (1956). 
0. Racker, E., in D. FE. Green (Editor), Currents in biochemical 
research, Interscience Publishers, Inc., New York, 1956, p. 
215. 
11. Nopa, L., aNp Kusy, S. A., J. Biol. Chem., 226, 541 (1957). 
12. Letorr, L. F., AND GOLDEMBERG, 8. H., J. Biol. Chem., 235, 
919 (1960). 

13. Praut, G. W. E., J. Biol. Chem., 217, 235 (1955). 

14. STROMINGER, J. L., Heppet, L. A., anp MAxwe tt, E. §., 
Biochim. et Biophys. Acta, 32, 412 (1959). 

15. Bera, P., AND JoKuik, W. K., J. Biol. Chem., 210, 657 (1954). 


ps 

me 

ion 
nts 

in 

he 
Xy- 

ns 
ion 

ers 

he 

as 

0- 
ion 

nd 
ne, 

ed 

nd 

80 

he 

in 

st 

of 
ole 

ed 

ld 
m. 
4. 

he 

le, 

re 
de 

O- 
m 
ne 
od 
t, 

se 
)S- 

es 
ar 


Tue JourNnat or BioLoaicaL CHEMISTRY 
Vol. 236, No. 6, June 1961 
Printed in U.S.A. 
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Since the original observations describing the conversion of 
cytidine (1) and deoxycytidine (2) to thymidine, numerous re- 
actions have been proposed. However, none could provide an 
adequate explanation until the discovery of the enzyme deoxy- 
eytidylate deaminase (3, 4), which, when coupled with thymi- 
dylate synthetase, produced a very effective synthesis of deoxy- 
thymidine 5’-phosphate from.deoxycytidine 5’-phosphate (5, 6). 
Still, the existence of an enzyme does not necessarily assure it 
an important role in a particular metabolic pathway, unless it 
can be demonstrated that the product it provides is effectively 
utilized in that pathway and is derived from a naturally occurring 
substrate. Evidence in support of such a role for deoxycytidy- 
late deaminase is presented in this report, as well as a description 
of factors that might influence the effectiveness of deoxycytidine 
5’-phosphate as a precursor of deoxyribonucleic acid thymidine. 


EXPERIMENTAL PROCEDURE 


Most of the deoxynucleotide triphosphates used were pur- 
chased from the Sigma Chemical Company, St. Louis, Missouri. 
The DNA in most cases was a highly polymerized calf thymus 
preparation obtained from the Worthington Biochemical Cor- 
poration. However, in initial studies chick embryo DNA pre- 
pared by the method of Kay and Dounce (7) was used. The 
P-labeled deoxynucleotides were prepared from Escherichia colt 
DNA as described by Bessman et al. (8) except that the DNA 
was isolated by a modified Schmidt-Thannhauser procedure (9). 
Nitrous acid deamination of dCMP* was used to prepare 
dUMP®. Creatine phosphate was purchased from the Nu- 
tritional Biochemicals Corporation, and mercaptoethanol from 
Distillation Products Industries. 

Enzyme System and Assay—The experimental procedures were 
similar to those described by Bessman e¢ al. (8) and Bollum (10), 
except that an extract of 4-day-old chick embryos was the en- 
zyme source. The extract was prepared from a 50% homogenate 
of the embryos in 1.15% KCl, by centrifugation at 35,000 x g 
for 30 minutes. The reaction mixtures and conditions are de- 
scribed in the tables. The assay was a modification of that 
described by Bollum (10) in that the paper disks were washed on 
a coarse sintered glass filter. 

Chromatographic Procedures—After degradation of the purified 
DNA with DNase and phosphodiesterase (8), the deoxynucleo- 


* This investigation was supported in part by a research grant 
(C-5119) from the National Cancer Institute, United States Public 
Health Service. 

+ This work was done during the tenure of an Established In- 
vestigatorship of the American Heart Association. 


side 5’-phosphates were separated initially by ascending paper 
chromatography in isopropanol-HCl (11). However, contanj- 
nation of the dT MP region with P;* was revealed by the prep. 
aration of autoradiograms with Kodak Blue-Brand x-ray film, 
result probably due to incomplete removal of 5/-nucleotidase 
from the phosphodiesterase. Electrophoresis of the eluted 
dTMP area in 0.05 mM ammonium formate, pH 3.8 for 14 hous 
at 17.5 volts per em at 18° completely separated the dTMP and 
P;. As no label has ever been found in the dAMP and dGMp 
areas, the procedure for isolation of dT MP and dCMP 
modified as follows: The enzyme-hydrolyzed DNA is passed 
through a column of Dowex 50-H+ (5 cm xX 0.78 cm?). Almost 
all of the dT MP and P; are in the first 10 ml of water eluate. 
The dCMP is then eluted in the next 30 to 40 ml of water. Both 
fractions are concentrated separately, lyophilized in conical 
centrifuge tubes, and an aliquot of each applied to Whatman 
No. 83MM paper in a 1-cm band for electrophoresis as described 
above. The ultraviolet light-quenching areas were eluted with 
0.01 N HCl and the concentrations of (CMP and dTMP deter. 
mined by use of the respective € values of 13.2 < 10* at 280 mg 
and 8.4 X 10% at 260 mu. Radioactivity was determined on 
appropriate aliquots with a thin window gas flow Geiger counter. 


RESULTS AND DISCUSSION 


Incorporation of dCMP*® into DNA—Chick embryo extracts 
were found previously to be an active source of deoxycytidylate 
deaminase (4) and DNA polymerase.!_ Under conditions similar 
to those of Bessman et al. (8) and Bollum (10), it was possible 
to observe the incorporation of up to 10% of the dCMP® into 
DNA in 1 hour (Table I). 

As previously reported for F. coli and calf thymus, heat-de- 
natured DNA (10, 12) and the deoxynucleoside triphosphates 
were required for maximal incorporation. Since the compound 
investigated in this report was at the nucleoside monophosphate 
level, the addition of a phosphorylating system was essential 
for maximal incorporation of dCMP® into DNA. The presence 
of a limited endogenous phosphorylating system was indicated 
by the fact that the extent of incorporation in the absence of 
creatine kinase was about 50% that in its presence. It was also 
observed that the creatine kinase system usually gave better 
results than the pyruvate kinase system. However, it would 
appear that it is not the systems generating high energy phos 
phate that are limiting in the chick extract, since 3-phosphe 
glyceric acid when added to the extract, gave results comparable 


1G. F. Maley and F. Maley, unpublished observation. 
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TABLE I 
Incorporation in vitro of ACM P® into DNA 


The complete reaction mixture contained 20 mumoles each of 
dATP, dGTP, and dTTP; 8 to 10 mumoles of dCMP® with a spe- 
cific activity of 7,000 ¢.p.m. per mumole (Experiment 1), 12,900 
e.p.m. per mumole (Experiment 2); 8 wmoles of creatine phos- 
phate; 0.5 mg of creatine kinase ;? 0.3 umole of ATP; 15 umoles of 
sodium phosphate buffer, pH 7.5; 2 umoles of MgCl.; 0.1 mg of calf 
thymus DNA heated 10 minutes at 100°; and supernatant fluid 
from a 50% homogenate of 4-day chick embryo in isotonic KCl 
(approximately 1 mg of protein) in a final volume of 0.36 ml. 
Mercaptoethanol was present at a level of 0.001 mM when tested. 
Incubation was at 37° for 30 minutes and the assay was a modifi- 
eation of the method of Bollum (10). 


dCMP# 


_Experi- Experi- 


ment ment 
1 | 2 
mpmoles 
Complete reaction 0.66 
— Phosphorvlating svstem (creatine kinase)... 0.23 | 
+ Mercaptoethanol........................... | 0.70 
+ Mereaptoethanol — dTTP. ................ | | 0.38 
0.21 


— Heated DNA + unheated DNA............ 


to those obtained with creatine kinase. In contrast to the 
limited incorporation of dCMP* in the absence of a phosphate- 
generating system or one of the deoxynucleoside triphosphates, 
there was practically no incorporation in the absence of added 
DNA (Experiment 2). As can be noted, there was some incor- 
poration in the presence of unheated DNA, which suggested 
that this material may have been partially denatured. 

The fact that dCMP® was utilized more efficiently (iéxperi- 
ment 1) in the absence of dTTP than of dATP or dGTP. in- 
dicated that dCMP might be a source of dTTP. This was con- 
firmed by the isolation of the DNA nucleotides as described 
beow. Because the incorporation of dCMP* into DNA in the 
absence of dTTP was not as efficient as in the complete system 
(Experiment 1), it is probable that dTTP production from 
dCMP was limited somewhere in the pathway, 


duMp _2., dTMP _?., dTDP dTTP. 


This effect could come about as a result of a number of factors, 
the most likely being: (a) feedback control of Reaction 1 by 
dUMP and dT MP (4);3 (6) limitation of the amount of dC MP 
available for conversion to dU MP because of its phosphorylation 


*We should like to thank Dr. Robert Peanasky and Dr. 
Lafayette Noda for a generous supply of this enzyme. 

>The corresponding ribose-containing nucleotides inhibit to a 
lesser extent (4), but because of their greater concentration in 
vive could even more effectively inhibit the deaminase than the 
deoxyribose 5’-nucleotides. These observations have recently 


been confirmed by Scarano et al. (13) with a purified deaminase 
from sea urchin eggs and have been extended with the finding that 
dGMP is also inhibitory. The latter observation has also been 
made in this laboratory with a partially purified preparation of 
deoxyeytidylate deaminase from rabbit liver. 
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TAaBLe II 
Incorporation in vitro of dAMP® into DNA 
The conditions and components for the complete reaction mix- 
ture were similar to those deseribed in Table I, except that 9.31 


myumoles of dAMP* (4800 ¢.p.m. per mumole) were added in place 
of dATP, and dCTP was substituted for dCMP®. 


dAMP®2 incorporated 


mumoles 


Complete reaction 0.61 
— dCTP, dGTP, dTTP + dCMP ........... 0.23 

+ 
ler 


‘Origin 


Fig. 1. Autoradiogram of enzymatic hydrolysis products of 
P*2_labeled DNA; electrophoresis in 0.05 mM formate buffer, pH 3.8. 
For details see Table IIL, Experiments 1, 2, and 3. 


to dCTP. The importance of the above reaction sequence is 
that any one of the four reactions can control the rate of DNA 
synthesis, either by a natural regulatory mechanism as discussed 
above for Reaction 1, or as a consequence of the application of 
an inhibitory analogue. The effect of fluoro-dUMP on Re- 
action 2 (14) is an excellent example of the latter case. 

Incorporation of into DN .A—The results obtained 
with dAMP (Table II) also revealed a requirement for the de- 
oxynucleoside triphosphates. Although dCMP could partially 
replace dCTP, it did not do the same for dTTP. It would 
appear, for the reasons discussed above, that the availability of 
dCMP as a precursor of dTTP, was insufficient to raise the 
endogenous concentration of dTTP to a level that could stimu- 
late the incorporation of dAMP. These results do not, how- 
ever, rule out the importance of dCMP as a precursor of dTTP. 
They merely reflect the difference in requirements of the sys- 
tems which utilize dAMP® and dCMP*®, 
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TaBLe III 


Incorporation of ACM P® into deoxycytidine and thymidine of DNA 


The complete reaction mixtures contained 10 times the com- 
ponents described in Table I, except for the following modifica- 
tions. Experiment 1 contained creatine kinase and was deficient 
in dTTP. In Experiments 2 and 3, 10 wgmoles of 3-phosphoglye- 
eric acid were added to each reaction flask in place of creatine 
kinase, ATP, and creatine phosphate; no dTTP was added in 
Experiment 2. The reactions were stopped after 1-hour incuba- 
tion at 37° by the addition of 0.2 ml of 60% perchloric acid. The 
DNA was isolated (9) and degraded by the addition of 100 umoles 
of Tris buffer, pH 8.0, 10 wmoles of MgCl., 40 wg of crystalline 
DNase, and 0.02 ml of a preparation of snake venom phospho- 
diesterase (15) in a final volume of 0.5 ml. After incubation for 
8 hours at 37°, the reaction was stopped by heating at 100° for 2 
minutes and the denatured protein was centrifuged. The super- 
natant was chromatographed on Dowex 50-H* and the isolated 
nucleotides subjected to electrophoresis as described in ‘*Experi- 
mental Procedure.”’ 


dCMP# dTM P22 dC MP2 
Experiment No. incorporated in in 
into DNA DNA DNA 
c.p.m./0.1 pmole 
l 7.7 3,820 | 16,100 
2 8.1 5,280 | 10,650 
3 9.5 660 | 26 , 200 


dC MP® as a Precursor of DN A Deoxycytidine and Thymidine 
—By a 10-fold increase of the components in the complete re- 
action mixture described in Table I it was possible to isolate 
sufficient DNA to demonstrate conclusively that dCMP is a 
precursor of DNA thymidine. The DNA was degraded and 
the individual nucleotides were isolated as described in ‘‘Experi- 
mental Procedure.’ The contamination of dTMP by P;* was 
completely eliminated by electrophoresis of the isolated nucleo- 
tides (see “Experimental Procedure’) in ammonium formate 
(Fig. 1). Table ILI presents the specific activity determinations 
made on the eluted nucleotides. 

From the results in Table III, it would appear that although 
the creatine-kinase and 3-phosphoglyceric acid systems give 
comparable incorporations of dCMP*® into DNA in small scale 
experiments, the extent of incorporation into the individual 
pyrimidine nucleotides, as determined in the large scale experi- 
ment, differs considerably. Although these results are of a pre- 
liminary nature and are under further study, they indicate that 
the chick embryo extracts in the presence of 3-phosphoglyceric 
acid might be more effective in converting (CMP to the dTMP 
of DNA, than in the presence of the creatine-kinase system. 
The diluting effect of added dTTP on the conversion of dCMP# 
to DNA dTMP is revealed in Experiment 3 as well as in Fig. 1. 

The above observations do not exclude the possibility that 
the radioactivity in the isolated nucleotide is due to dUMP and 


not to dT MP, since the chromatographic procedures used would. 


not distinguish between the two compounds. However, since 
dUMP is not found in DNA and enzymes that can phosphorylate 
dUMP to dUTP have never been detected, it is doubtful that 
the isolated dT MP contains dUMP as a contaminant. 

These studies have also not excluded the possibility that the 
major pathway for the synthesis of dTMP might be via the 
conversion of dCMP to 5-methyl dCMP followed by deamina- 
tion to dTMP (16). However, preliminary studies in this lab- 
oratory on the methylation of dCMP by embryonic tissue ex- 
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tracts support the conclusion that the above pathway is at best 
a minor one in comparison to the dCMP — dUMP — dIlMp 
conversion. Still, it is of interest that 5-methyl dCMP appears 
to be the preferred substrate of the deaminase (13). This may 
indicate that 5-methyl dCMP could be the major precursor of 
dTMP in some tissues, if not in chick embryo. However, since 
dCMP probably precedes 5-methyl dCMP in the order of their 
formation, it would appear unlikely that the latter is an im- 
portant precursor of dT MP. 

In view of the above discussion on the substrate specificity of 
the deaminase, the possibility was considered that the labeled 
dTMP of the DNA might have arisen by contamination of the 
dCMP® with 5-methyl dCMP®. However, this was ruled out 
by formic acid gradient elution separation of carrier 5-methyl 
dCMP and the dCMP*, which revealed no significant amounts 
of radioactivity in the 5-methyl dCMP peak. 

dU MP® as a Precursor of DNA Thymidine—In the experi- 
ments described in Table III no direct evidence was obtained 
for the existence of dUMP as an intermediate in the formation 
of dT MP. In preliminary experiments with dUMP*®, in which 
dCMP and dTTP were omitted from the reaction mixture, only 
the dT MP of the DNA was found to be labeled. Thus the 
dUMP, if generated from dCMP by the deoxycytidylate de- 
aminase present in the extract, could be converted to dTMP in 
this system. 


SUMMARY 


With the use of a deoxyribonucleic acid-synthesizing system 
prepared from chick embryo extracts, it was demonstrated that 
P® deoxycytidine 5’-phosphate and deoxyadenosine 5’-phos- 
phate were incorporated into deoxyribonucleic acid. Maximal 
incorporation was obtained in the presence of the other three 
major deoxynucleoside triphosphates, heated deoxyribonucleic 
acid, and a system that promoted the synthesis of adenosine 
triphosphate. 

In addition, it was demonstrated that P* deoxyeytidine 5- 
phosphate is incorporated into the deoxycytidine and thymidine 
of deoxyribonucleic acid, the latter presumably as a result of 
the deoxyeytidylate deaminase reaction. The relative propor- 
tion of P® deoxycytidine 5’-phosphate converted to deoxycy- 
tidylate and thymidylate, respectively, appears to be determined 
by the system used to generate adenosine triphosphate. 


Addendum—The_ possibility that the radioactivity in_ the 
dTMP isolated from the DNA is in actuality due to dUMP, has 
been ruled out by the chromatographic separation of these two 
compounds in isobutyric acid-ammonium hydroxide - water 
(66:1:33). Almost all of the radioactivity on the autoradio- 
grams was found to be associated with the dTMP. 
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Whether or not the concomitant synthesis of ribonucleic acid 
is esseutial for the formation of enzymes has been the subject of 
a great deal of speculation. It is well known that purine or 
pyrimidine starvation of a mutant requiring these metabolites 
results in a profound depression of protein synthesis. However, 
enzymes essential for purine or pyrimidine nucleotide synthesis, 
whose formation is repressed by their ultimate products, are 
rapidly produced under these conditions (3, 4). This finding 
would indicate that at least these constitutive enzymes do not 
require the net synthesis of RNA for their formation. On the 
other hand, the inhibition of RNA synthesis, either by pyrimidine 
starvation of the appropriate mutant, or by the addition of 
purine or pyrimidine analogues to the culture medium, was shown 
to cause a profound depression of the synthesis of inducible 
enzymes (5-10). These findings suggested the hypothesis that 
concomitant RNA synthesis was required only for the formation 
of inducible enzymes (6-10). However, other findings throw 
doubt on the validity of this hypothesis. Thus, the analogues 
interfere not only with the formation of 8-galactosidase by or- 
ganisms which must be induced, but also by those which produce 
the enzyme without induction (11). Similarly, the inducible 
and the constitutive penicillinases of Bacillus cereus are equally 
affected by these inhibitors (12). Moreover, other inducible 
enzymes have been reported to be formed readily by purine- or 
pyrimidine-starved cells (13, 14), and even 8-galactosidase was 
formed by pyrimidine-starved cells of Escherichia coli when the 
medium contained no energy source except the inducer, lactose 
(15). 

The present investigation attempts the critical examination of 
the conditions required for the formation of the inducible en- 
zymes inositol dehydrogenase and glycerol dehydrogenase and of 
the repressible enzymes inosinicase and IMP dehydrogenase by 
guanine-starved bacteria. The two inducible enzymes have as 
their physiological function the catabolism of glycerol and myo- 
inositol, respectively (16-19): these catabolic reactions enable 
the cell to utilize glycerol and inositol as sources of energy and 


* This work was supported in part by research grants from the 
National Science Foundation (NSF-G4734) and from the United 
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carbon. Jnosinicase has as its physiological function the 
synthesis of purine nucleotides, and IMP dehydrogenase that of 
GMP (20, 21, 3). It could be shown that the net synthesis of 
RNA is not required for the formation of any of these enzymes, 
The effects of guanine starvation are those predicted from the 
hypothesis that repressors, which are ultimate products of the 
action of biosynthetic as well as of degradative enzymes, regulate 
the formation of these enzymes. 


EXPERIMENTAL PROCEDURE 


Chemicals—Guanine was purchased from Mann Research 
Laboratories, Inc.; adenine, xanthine, hypoxanthine, and 8-aza- 
guanine from the Nutritional Biochemicals Corporation; IMP 
and tris(hydroxymethyl)aminomethane from the Sigma Chem- 
ical Company; glutathione from Schwarz Laboratories, Inc.; 
L-arginine HC] from the California Corporation for Biochemical 
Research; DPN from Pabst Laboratories; 71-inositol (correctly 
called myo-inositol) from the Corn Products Refining Company; 
chloramphenicol from Parke, Davis and Company. 5-For- 
was prepared 
from by the 
modification of the method of Shaw (22) described by Flaks et al. 
(20). 

Bacteria—The strains used here have been described pre- 
viously. The Aerobacter mutant strain P-14 requires guanine 
(23) and lacks xanthosine 5’-phosphate aminase (24); strain 
5-P-14 is derived from strain P-14 and requires arginine in addi- 
tion to guanine (25). The Salmonella mutant strain Gu-l is a 
guanine auxotroph similar to strain P-14 (24). 

The procedure and the media used for maintaining the strains 
and for growing cultures have been described (21). The minimal 
medium was supplemented with 40 mg of guanine per liter and 
contained either glycerol or myo-inositol at a final concentration 
of 0.2% as the carbon and energy source. 

The experiments were conducted with suspensions of cells 
taken from the maximal stationary phase of growth; they were 
collected by centrifugation, washed with 0.015 m potassium phos- 
phate buffer, pH 7.4, and resuspended in minimal medium free of 
guanine to give a cell density approximately as high as that of 
the original culture. In most experiments 70- to 90-ml portions 
of the suspension were distributed in 250-ml Erlenmeyer flasks, 
the appropriate supplements were added, and the flasks incu- 
bated with shaking at 37°. Individual flasks were removed after 
different intervals of time and the bacteria they contained were 
harvested and disrupted. In a few experiments, 600-m] portions 
of the cell suspension were incubated with shaking at 37° in 
2-liter Erlenmeyer flasks, and 90-ml portions were withdrawn for 
harvest at different time intervals. 

Analytical Methods—Cell extracts were prepared from bacteria 
disrupted by sonic oscillation (3). 
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The glycerol dehydrogenase activity of extracts was measured 
by the procedure of Lin and Magasanik (16). One unit of 
activity represents a change in the absorbancy at 340 muy of 0.1 
optical density units per minute. The specific activity of an 
extract is the number of units of activity per mg of protein. 
Inositol dehydrogenase activity was determined by following the 
rate of reduction of DPN at 340 mu; the assay system contained 


in a volume of 3.0 ml: NaHCO;-Na,CO; buffer, pH 10.05, 240. 


umoles; (NH4)2SO4, 200 umoles; DPN, 2.0 umoles; myo-inositol, 
388 umoles; extract and water to volume. The amount of ex- 
tract used was sufficient to cause a change in the absorbancy of 
0.02 to 0.14 per minute. This activity was obtained with 0.1 
to 2 mg of protein, depending on the extract used. The unit of 
activity is defined as that causing an increase in absorbancy of 
0.10 per minute. The specific activity of an extract is the num- 
ber of units of activity per mg of protein. IMP dehydrogenase 
activity was determined as described previously (3). The 
amount of extract used and the limits of the rate of change in 
absorbancy have also been described (21). Inosinicase activity 
was determined as described by Levin and Magasanik (21). The 
protein content of the extracts was determined by the method 
of Lowry et al. (26) except for the extracts used for the study 
presented in Table III, for which the method of Warburg and 
Christian (27) was used. 


RESULTS 


Inositol Dehydrogenase of Aerobacter aerogenes—The enzyme 
resembles the glycerol dehydrogenase of this organism in its 
requirements for DPN* and an ammonium salt. It was maxi- 
mally active over a pH range of 8.5 to 10.0; its substrate con- 
stants are summarized in Table I. 

Formation of Inositol Dehydrogenase—In these experiments 
the guanine-requiring strain P-14 and the guanine- and arginine- 
requiring strain 5-P-14 were used. The cells were grown in a 
medium containing glycerol as the major source of carbon and 
energy, and the required supplements. The washed cells were 
incubated in a medium free of guanine and glycerol and tested 
for their ability to produce inositol dehydrogenase in the presence 
of the inducer myo-inositol. Under these conditions of guanine 
starvation, growth does not occur, and the protein content of the 
cell suspensions did not increase by more than 15% during 4 
hours of incubation. The results illustrated in Fig. 1 show that 
rapid enzyme formation occurs readily under these conditions, 
that it requires the presence of the amino acid, arginine, essential 
for the growth of this mutant, and that it is inhibited by chlor- 
amphenicol. These results support the concept that the forma- 
tion of inositol dehydrogenase in the absence of guanine repre- 
sents the synthesis de novo of protein. 

It can be seen (Fig. 1) that a lag of approximately 1 hour 
precedes the rapid synthesis of inositol dehydrogenase. This 
lag is not due to the lack of guanine, as the kinetics of enzyme 
formation are much the same for the first 3 hours whether guanine 
is present or not (Table IT). 

The formation of inositol dehydrogenase is not greatly in- 
fluenced by the guanine analogue, 8-azaguanine; the presence of 
this compound in a concentration of 50 ug/ml extended the lag 
by approximately 30 minutes, but did not reduce the rate of 
enzyme synthesis. 

On the other hand, addition of a utilizable energy source 
strongly inhibited the formation of inositol dehydrogenase by 
guanine-starved cells (Fig. 2). It should be kept in mind that 


TaBLe I 
Components of inositol dehydrogenase system 
The substrate constants were calculated by Lineweaver-Burk 
equations. The components other than the one investigated 
were present in the reaction mixtures as the concentrations given 
in the assay procedure. The pH was 10.05. 


Component Substrate constant 
M 
Myo-inositol................... 0.06 


* The required component is NH,* or NH;; the same enzyme 
activity is obtained with 0.067 m NH,Cl as with 0.033 m (NH,)2SO,; 
whereas with 0.067 m KCI the activity is only 5%. 
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Fic. 1. The formation of inositol dehydrogenase by strain 
5-P-14. The cells, pregiown on glycerol, were incubated in 
guanine-free medium containing 0.2% myo-inositol and 0.2% 
(NH,)2SO, in all cases; 100 ug/ml of L-arginine HCl, Curve A; 
100 wg/ml of L-arginine HCl, and 50 ug/ml of chloramphenicol 
added at the time indicated by the arrow, Curve B; no arginine, 
Curve C. 


cells growing on a mixture of inositol and glycerol produce both 
inositol dehydrogenase and glycerol dehydrogenase. The glyc- 
erol-grown, guanine-starved cells, however, failed to produce 
inositol dehydrogenase when incubated with a mixture of glyc- 
erol and inositol; furthermore, addition of glycerol to cells al- 
ready producing inositol dehydrogenase at a rapid rate halted 
abruptly further synthesis of the enzyme. The addition of 
guanine permitted the cells to synthesize inositol dehydrogenase 
in the presence of glycerol and inositol, although at a slow rate. 
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TaB_e II 


Formation of inositol dehydrogenase by suspensions of strain P-14 
in the presence and absence of guanine 

Glycerol-grown cells were incubated at 37° in a medium con- 
taining 0.2% myo-inositol, 0.2% (NH,)2SOx,, and, where indicated, 
20 ug/ml of guanine. The suspension of cells in guanine-free 
medium contained 1.9 mg of bacterial protein per ml; no increase 
was detected during the 3 hours of incubation. The suspension 
of cells in the guanine-supplemented medium contained initially 
1.5 mg, and after 3 hours of incubation, 2.5 mg, of bacterial pro- 
tein per ml. 


Guanine-free Guanine-supp! ted 
Time 
Total Rate of | Total of 
enzyme formation — enzyme formation 
— | | | 
units/mg 
hr units/ml protein/hr units/ml | protein/hr 
0 | 0.2 | 0.3 | 
1.6 0.8 | 
3 11.2 | 3.1 
6 
A 


WwW 


ENZYME UNITS / MG PROTEIN 


0 | 2 3 4 
TIME, HOURS 


Fic. 2. The effect of glycerol on the formation of inositol de- 
hydrogenase in strain P-14. The cells, pregrown on glycerol, were 
incubated in a medium containing in all cases 0.2% myo-inositol 
and 0.2% (NH4)2SO,; no other additions, Curve A; 0.2% glycerol, 
Curve B; 0.2% glycerol added at the time indicated by the arrow, 
Curve C; 0.2% glycerol and 5 ug/ml of guanine, Curve D. 


Formation of Glycerol Dehydrogenase—The study of this en- 
zyme is hampered by its instabilitv under conditions of aerobic 
metabolism (17). It could, however, be shown that the condi- 
tions of its formation by guanine-starved cell suspensions corre- 
spond almost exactly to those of the formation of inositol de- 
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hydrogenase. In these experiments cells grown on myo-inositol 
and guanine were used. It can be seen (Fig. 3) that the forma- 
tion of glycerol dehydrogenase occurs readily, is sensitive to 
chloramphenicol, and is greatly reduced by the omission of a 
source of nitrogen from the medium. Myo-inositol, which can 
be immediately utilized for the production of energy and meta- 
bolic intermediates by these myo-inositol-grown cells, inhibits 
completely the formation of glycerol dehydrogenase. The syn- 
thesis of this enzyme was only slightly inhibited by 8-azaguanine 
when the guanine analogue was added at a concentration of 50 
pug /mil. 

Formation of IMP Dehydrogenase—It has previously been re- 
ported that cells of the guanine-requiring strain of A. aerogenes 
contain a low level of IMP dehydrogenase when grown on excess 
guanine, and that the level of this enzyme increases greatly 
during guanine starvation. The conditions required for IMP 
dehydrogenase formation are shown in Figs. 4 and 5. Enzyme 
formation is rapid in the presence of a utilizable source of energy, 
requires the presence of arginine when arginine is essential for 
growth, and is inhibited by chloramphenicol. In the absence of 
a utilizable energy source, as when glycerol-grown cells are in- 
cubated in a medium containing myo-inositol but no glycerol, 
IMP dehydrogenase formation is delayed for approximately 2 
hours; it begins only when the cells have formed an appreciable 
amount of inositol dehydrogenase (compare Figs. 1 and 5) and 
can presumably utilize the inositol as a source of energy. Delay- 
ing the addition of inositol by 45 minutes lengthens the lag pre- 
ceding the formation of IMP dehydrogenase by a similar interval. 
Addition of the immediately utilizable source glycerol permits 
the immediate synthesis of IMP dehydrogenase. 

As is seen in Table III, the synthesis of IMP dehydrogenase 
is strongly inhibited by guanine but not by adenine, hypoxan- 
thine, or xanthine. The guanine analogue 8-azaguanine mimics 
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Fic. 3. The formation of glycerol dehydrogenase by strain 
P-14. The cells, pregrown on myo-inositol, were incubated in a 
guanine-free medium containing in all cases 0.2% glycerol; 0.2% 
(NH,)2SO,, Curve A; no (NH,)2SO., Curve B; 0.2% 2SO, and 
50 ug/ml of chloramphenicol, Curve C; 0.2% (NH,)2SO; and 0.2% 
myo-inositol, Curve D. 
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ENZYME UNITS /MG PROTEIN 


TIME , HOURS 


Fig. 4. The formation of IMP dehydrogenase by strain 5-P-14. 
The cells, pregrown on excess guanine (40 ywg/ml) and glucose, 
were incubated in guanine-free medium containing in all cases 
0.2% glucose and 0.2% (NH4,)2SO,; 100 ug/ml of L-arginine HCl, 
Curve A; 100 ug/ml of L-arginine HCl and 50 ug/ml of chloram- 
phenicol, Curve B; no arginine, Curve C. 
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Fig. 5. The formation of IMP dehydrogenase by cells of strain 
P-14 adapting to myo-inositol. The cells were pregrown on excess 
guanine and glycerol and incubated in guanine-free medium 
containing in all cases 0.2% (NH4)2SO,.; 0.2% myo-inositol and 
0.2% glycerol, Curve A; 0.2% myo-inositol, Curve B; 0.2% myo- 
inositol added after 45 minutes, Curve C. 


TaBLe III 


The eflect of purine bases and of 8-azaguanine on the formation 
of IMP dehydrogenase by strain P-14 


Suspensions of cells of strain P-14, grown in a medium contain- 
ing 0.2% glycerol and 40 ug/ml of guanine, were incubated at 37° 
for 2.5 hours in a medium containing 0.2% glycerol, 0.2% (NH,4)2- 
SO,, and the substances indicated in this table at a final concen- 
tration of 20 ug/ml. The original enzyme content of the cells 
was 0.02 units/mg of protein. 


Compound added Enzyme content 
units/mg protein 
Hypoxanthine.................. 0.20. 
8-Azaguanine................. 0.03 
0) | | b) | | 
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Fiac. 6. The formation of IMP dehydrogenase (a) and inosini- 
case (b) by strain Gu-l. The cells were pregrown on excess gua- 
nine and glucose and incubated in guanine-free medium containing 
in all cases 0.2% glucose and 0.2% (NH,)2SO,; no other additions, 
Curves A; 50 ug/ml of chloramphenicol, Curves B; 20 ug/ml of 
8-azaguanine, Curve C. 


guanine in its powerful inhibitory action on the formation of this 
enzyme, but is not able to substitute as a growth factor for 
guanine in the guanine-requiring strain. The addition of gua- 
nine or of 8-azaguanine to cells engaged in the rapid synthesis 
of IMP dehydrogenase causes an immediate repression of this 
process. 

Formation of Inosinicase and of IMP Dehydrogenase by Sal- 
monella typhimurium Strain Gu-1—It has been reported that in 
this organism both of these enzymes are repressed by guanine 
(21). The formation of these enzymes requires a source of nitro- 
gen and is inhibited by chloramphenicol and by 8-azaguanine 
(Fig. 6). 
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DISCUSSION 


The results presented in this paper demonstrate that guanine- 
starved cells can synthesize repressible and inducible enzymes. 

The repressible enzymes are those whose synthesis is repressed 
by a guanine derivative (21): inosinicase and IMP dehydro- 
genase. The rapid formation of these enzymes requires a source 
of amino acids (ammonia, or, in a mutant also auxotrophic for 
an amino acid, this amino acid as well as the ammonia) and a 
source of energy and carbon, and is inhibited by guanine. These 
results are in good accord with the observations of Yates and 
Pardee (4) that pyrimidine-starved cells rapidly formed several 
of the enzymes responsible for pyrimidine biosynthesis. 

The effect of 8-azaguanine on the formation of IMP dehydro- 
genase and of inosinicase by guanine-starved cells is of interest: 
the analogue mimics the action of guanine in repressing the syn- 
thesis of the enzyme, without, however, replacing guanine in the 
synthesis of nucleic acid. Moreover, in contrast to guanine, 
8-azaguanine fails to inhibit the excretion of xanthosine by 
guanine-starved cells of strain P-14 which already contain a 
level of IMP dehydrogenase sufficient for the formation of the 
xanthine derivative.!. The analogue therefore does not appear 
to mimic the action of guanine as feedback inhibitor of an early 
step in purine synthesis. 

Although their capacity for protein synthesis is small, the 
guanine-starved cells are capable of forming inducible enzymes, 
such as inositol dehydrogenase and glycerol dehydrogenase, 
which play no role in the metabolism of purines, in the presence 
or absence of 8-azaguanine. However, an unexpected restriction 
of the formation of these enzymes manifests itself: the enzymes 
are formed only if no immediately utilizable source of energy is 
supplied. Addition of such an energy source, even after the 
synthesis of the inducible enzyme is proceeding at a rapid rate, 
immediately arrests this process. The formation of these en- 
zymes shows otherwise the characteristics of protein synthesis: 
a partial dependence on a source of amino acids and susceptibility 
to the inhibitory effect of chloramphenicol. 

The paradoxical situation that availability of an energy source 
diminishes rather than enhances the ability of starved cells to 
form certain inducible enzymes has been previously encountered. 
Pardee (15) reported that pyrimidine-starved cells could be 
induced by lactose to form 6-galactosidase only when no imme- 
diately utilizable source of energy was provided, and Mandelstam 
(28) has made similar observations on nitrogen-starved cells. 

It is thus clear that the cell must possess a sufficient endog- 
enous store of metabolites to produce enzymes even when no 
exogenous source of carbon and energy is provided. The ques- 
tion that demands an answer is why in guanine-starved cells the 
formation of the inducible inositol dehydrogenase and glycerol 
dehydrogenase is inhibited by an exogenous source of energy, 
whereas that of the repressible IMP dehydrogenase requires an 
exogenous source of energy. 

It is evident that IMP dehydrogenase and inositol dehydro- 
genase play very different roles in the metabolism of the cell. 
The former is responsible for the synthesis of a particular com- 
pound, GMP, which serves as a building block for nucleic acids 
and coenzymes (3); the latter is responsible for the degradation 
of a carbon compound to a mixture of catabolites which supply 
energy and precursors for the construction of cell components 
(18). We shall refer to enzymes such as IMP dehydrogenase as 
biosynthetic enzymes, and to enzymes such as inositol dehydro- 


1 Levin, A. P., and Magasanik, B., unpublished experiments. 
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genase as catabolic enzymes. It would appear that this distinc. 
tion is far from arbitrary: it has been found that in cases wherein 
the same chemical reaction occurs in a biosynthetic and in a 
catabolic pathway, it is catalyzed by different enzymes. Thus, 
the enzyme catalyzing the conversion of threonine to ketobu- 
tyrate as part of the biosynthetic sequence leading to isoleucine 
is not identical with the enzyme which carries out this conversion 
when threonine serves as a general source of carbon, nitrogen, 
and energy (29). 

The formation of biosynthetic enzymes is controlled through 
repression (30-34). The repressor is thought to consist of the 
combination of an “R (nonmetabolite)-moiety,”’ perhaps a 
specific RNA, with a “metabolite moiety” which is the ultimate 
product of the biosynthetic sequence (35, 21). The amount of 
active repressor will be determined by the intracellular level of 
this product, which in turn will depend on the rate of its forma- 
tion and the rate of its incorporation into the protein or nucleic 
acid polymer. In this manner the rate of synthesis of the en. 
zyme is adjusted to the metabolic needs of the cell. 

The synthesis of catabolic enzymes also appears to be con- 
trolled through repression: the inducers which stimulate the 
formation of inducible catabolic enzymes are thought to act by 
overcoming the effects of repressors (34, 36, 37), perhaps by in- 
hibiting competitively the attachment of the ‘metabolite 
moiety,” a product of the catabolic sequence, to the ““R-moiety” 
of the repressor. 

However, an important difference between the “metabolite 
moieties” of the repressors of biosynthetic and of catabolic en- 
zymes must be recognized. In general, each biosynthetic se- 
quence converts the same starting materials (catabolites such as 
pyruvate, ribose 5-P, and adenosine triphosphate) to a different 
product (valine or histidine or GMP), whereas each catabolic 
sequence converts a different starting material (glucose or inositol 
or histidine) to the same final products (catabolites). The “me- 
tabolite moiety” of the repressor of a biosynthetic enzyme can 
therefore be produced only through the action of that enzyme, 
whereas the ‘‘metabolite moiety” of the repressor of a catabolic 
enzyme can be produced through the action of many different 
catabolic enzymes. 

It was in particular the study of the “glucose, effect,” the in- 
hibition by glucose of the formation of many catabolic enzymes, 
that led to this formulation of ‘catabolite repression.” It could 
be shown that glucose is catabolized more rapidly than most 
other carbon compounds (38-42). This rapid degradation of 
glucose leads to an increase in the intracellular level of catabo- 
lites, the “metabolite moieties” of the repressors of catabolic 
enzymes (43, 44). Consequently, the exogenous inducers of 
catabolic enzymes are unable to prevent the formation of active 
repressors, and fail therefore to stimulate the formation of these 
enzymes (44, 45). Carbon compounds other than glucose which 
are degraded slowly—for example glycerol, inositol, or histi- 
dine—produce levels of catabolites sufficiently high to repress 
the formation of an inducible catabolic enzyme in the absence 
of inducer, but not in its presence (37, 44, 45). 

The intracellular level of catabolites depends not only on the 
rate of their formation but also on the rate of their utilization by 
the biosynthetic enzymes. A block in the utilization of catabo- 
lites will lead to their intracellular accumulation even if they are 
formed at a relatively slow rate, and consequently to an enhance- 
ment of the repression of the ‘“catabolite-repressible”’ enzymes 
(39). This situation occurs in the guanine-starved cell. The 
primary effect of the starvation is a decline in the rate of protein 
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synthesis; consequently the intracellular level of the amino acids 
will rise, but this rise will lead to an inhibition by negative feed- 
back of the synthesis of amino acids from the catabolic products 
of the major carbon source; in turn these catabolites will accumu- 
late in the cell and repress the formation of a catabolic enzyme 
even in the presence of its inducer. 

The dependence of the formation of IMP dehydrogenase on an 
exogenous source of carbon and energy may reflect the difficulty 
of maintaining a sufficient degree of guanine starvation in such 
a condition. It seems likely that in the complete absence of an 
exogenous source of energy the guanine nucleotides released by 
the slow breakdown of nucleic acid cannot be reincorporated and 
accumulate to a level sufficient to repress the formation of IMP 
dehydrogenase. Examination of Figs. 1 and 5 reveals that 
after a certain amount of inositol dehydrogenase has been pro- 
duced and the cell has presumably become capable of deriving 
some energy and building blocks from the metabolism of the 
inducer, inositol, both inositol dehydrogenase and IMP dehydro- 
genase are formed simultaneously. Similarly, recent experi- 
ments have revealed that addition of a mixture of amino acids 
permits the guanine-starved cell to produce simultaneously IMP 
dehydrogenase and the “catabolite-repressible’” enzyme 6-ga- 
lactosidase, as long as no carbon and energy source such as 
glycerol or succinate is added.? Apparently under these condi- 
tions the cell maintains a level of catabolites high enough to 
prevent repression of the IMP dehydrogenase, and yet low 
enough not to repress the catabolic enzyme. 

Neither the formation of inducible catabolic enzymes nor that 
of constitutive biosynthetic enzymes appears to require the net 
synthesis of RNA. The results reported here, and also those of 
other investigators (15, 28), are in good accord with the concept 
that the formation of catabolic as well as of biosynthetic enzymes 
is regulated through repression by the final products of the en- 
zymes (33-42). 


SUMMARY 


Guanine-starved cells of Aerobacter aerogenes were found to be 
capable of forming the constitutive biosynthetic enzyme inosine 
5'-phosphate dehydrogenase, and the inducible catabolic en- 
zymes inositol dehydrogenase and glycerol dehydrogenase. 
The formation of the biosynthetic enzyme is inhibited by 
guanine and by its analogue 8-azaguanine; the formation of 
the catabolic enzymes is inhibited by an immediately utilizable 
source of energy. These observations militate against the hy- 
pothesis that the formation of inducible enzymes in contrast to 
that of constitutive enzymes requires the net synthesis of ribo- 
nucleic acid. They are in good accord with the concept that 
the synthesis of both biosynthetic and catabolic enzymes is con- 
trolled through repression by the ultimate products of their 
action. 
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The Formation of 3,4-Dihydroxyphenylethanol and 
3-Methoxy-4-hydroxyphenylethanol from 3,4- 
Dihydroxyphenylethylamine in the Rat* 
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The conversion of 3 ,4-dihydroxyphenylethylamine (dopamine) 
to 3-methoxy-4-hydroxyphenylethanol has been described in a 
preliminary report (1). The present work is concerned with 
further studies on the identification of 3-methoxy-4-hydroxy- 
phenylethanol isolated from rats’ urine. Since the two major 
acidic metabolites of dopamine are 3-methoxy-4-hydroxyphenyl- 
acetic acid and 3,4-dihydroxyphenylacetic acid, it seemed likely 
that in addition to the O-methylated alcohol, 3-methoxy-4- 
hydroxyphenylethanol, the dihydroxy alcohol, 3,4-dihydroxy- 
phenylethanol, would also be a metabolite of dopamine. 
Therefore, the formation of 3 ,4-dihydroxyphenylethanol was in- 
vestigated in the whole animal, and the formation of both 3-meth- 
oxy-4-hydroxyphenylethanol and 3,4-dihydroxyphenylethanol 
from dopamine was investigated in brain and liver homogenates. 


EXPERIMENTAL PROCEDURE 


Dopamine-1-C was obtained from the New England Nuclear 
Corporation. Calcium carbimide was provided by Lederle 
Laboratories. 3-Methoxy-4-hydroxyphenylacetic acid and 3,4- 
dihydroxyphenylacetic acid were obtained from the California 
Corporation for Biochemical Research. All other compounds 
were obtained from commercial sources. 

Synthesis of 3,4-Dihydroxyphenylethanol and 3-Methoxy-4- 
was 
synthesized by the reduction of 3-methoxy-4-hydroxyphenyl- 
acetic acid with lithium aluminum hydride in ether (2). The 
unchanged 3-methoxy-4-hydroxyphenylacetic acid was extracted 
from the ether with aqueous bicarbonate whereas the 3-methoxy- 
4-hydroxyphenylethanol formed remained in the organic phase. 
3,4-Dihydroxyphenylethanol was also synthesized by reduction 
of 3,4-dihydroxyphenylacetic acid with lithium aluminum 
hydride (2). However, because of the instability of 3,4-di- 
hydroxy compounds in alkali, the procedure for the separation 
of 3,4-dihydroxyphenylethanol from 3 ,4-dihydroxyphenylacetic 
acid was modified. Inorganic salts were removed from the ether 
phase by extraction with three equal volumes of water. The 
ether was then evaporated to dryness and the mixture of both 
unchanged 3,4-dihydroxyphenylacetic acid and the 3,4-dihy- 
droxyphenylethanol formed was acetylated. The acetylation 
was carried out by dissolving the mixture in 50 ml of water and 
adding 5 g of sodium bicarbonate and 2.5 ml of acetic anhydride 


* This work was supported by grants from the National Insti- 
tutes of Health and the Parkinson’s Disease Foundation. 


while stirring (3). The acetylated 3,4-dihydroxyphenylethanol 
was extracted into methylene chloride whereas the acetylated 
3,4-dihydroxyphenylacetic acid remained in the aqueous bicar- 
bonate phase. The methylene chloride phase was evaporated, 
and acetylated 3,4-dihydroxyphenylethanol was isolated as an 
oily residue. 

The purity of 3-methoxy-4-hydroxyphenylethanol and of the 
acetylated 3,4-dihydroxyphenylethanol was established by de- 
scending paper chromatography in two different solvent systems; 
their mobilities are presented in Table I. 

Chromatographic Separation of 3-Methoxry-4-hydroxyphenyl- 
ethanol on Silica Gel Column—In the isolation of 3-methoxy-4- 
hydroxyphenylethanol from biological fluids, it is necessary to 
separate this alcohol from other metabolites of catechol amines 
and other possible interfering substances. The chromatographic 
resolution of 3-methoxy-4-hydroxyphenylethanol, and _ other 
metabolites of catechol amines was investigated by means of a 
45 X 1.2 em silica gel column. Silica gel (10 g Davison, grade 
923, 100 to 200 mesh) was washed successively with 75-ml por- 
tions of methanol, acetone, and benzene. The dried silica gel 
was stirred with three volumes of benzene and then poured into 
the columns. Known amounts of 3-methoxy-4-hydroxyphenyl- 
acetic acid, 3,4-dihydroxyphenylacetic acid, 3-methoxy-4-hy- 
droxyphenylethanol, 3,4-dihydroxymandelic acid, and 3-meth- 
oxy-4-hydroxymandelie acid were dissolved in 5 ml of 0.5% 
methanol in benzene, introduced and eluted by passing through 
the column in succession, 100-ml portions of 2% methanol in 
benzene, 4% methanol in benzene, 10% methanol in benzene, 
50% methanol in benzene, and 100% methanol. By application 
of a slight positive pressure, the flow rate was adjusted to 2 ml 
per minute at 22°. Descending paper partition chromatography 
with chloroform-acetic acid-water (2:1:1) and isopropy] alcohol- 
aqueous ammonia-water (8:1:1) was used to screen the silica 
gel fractions. This technique made possible the identification 
of each compound in each fraction by its color reaction and 
mobility on the paper. The mobilities of the compounds in 
these solvent systems are presented in Table I. After paper 
chromatographic separation, each compound was eluted with 
methyl alcohol. The quantity of each compound in each frac- 
tion was determined spectrophotometrically after the color was 
developed with diazotized sulfanilic acid (4). The percentage 
of each compound recovered in each fraction is presented in 
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Isolation and Identification of 3-Methory-4-hydroryphenyl- 
ethanol in Rats’ Urine—A group of eight rats was treated by 
intraperitoneal injection of 40 mg per kg of dopamine and 50 
mg per kg of a suspension of calcium carbimide in water, twice 
daily for 3 days. Calcium carbimide, which is reported to be an 
aldehyde dehydrogenase inhibitor (5), was administered in order 
to enhance the formation of alcohol. Urine was collected during 
the period of treatment. The urine was hydrolyzed by refluxing 
it at pH 2 at 100° for 30 minutes and was then extracted four 
times with ether at pH 7. The combined ether extracts were 
concentrated under a vacuum and a dried sample was dissolved 


TABLE I 


Mobilities of phenolic acids and alcohols in different solvent systems 
by descending chromatographic technique 


Mobility 
| 
Solvent system - 3 RS += +2 
| Res eee | Be | Be 
222 | £2 22. 
AZ | S32 | | Gs | 
cm/hr cm/hr cm/hr cm/hr cm/hr cm/hr 
Chloroform-acetic 
acid-water (2:- 
1:1) at 20°.....; 1.9 5.00 1.9 4.5 0.25 2.8 
Isopropy! alcohol- 
aqueous am- 
monia-water 
(8:1:1) at 20°... 1.9 1.4 1.25 
Toluene-ethy] 
acetate-metha- 


nol-water (9:1: - 
5:5) at 37° (Bush 


6 .50t 


* 3,4-Dihydroxyphenylethanol was obtained from the acetyl- 
ated compound after incubation of the latter with hog’s kidney 
acylase which removed the O-acetyl groups (3). ~ = 

+t These values represent the mobilitities of acetylated 3,4-di- 
hydroxyphenylethanol and 3-methoxy-4-hydroxyphenylethanol. 


TABLE II 
Separation of phenolic acids and alcohols on silica gel column 
Recovery of added material ¥ 
. 3-Methoxy- 3,4-Di- 
Fraction* 3-Methoxy- 3,4-Di- |3-Methoxy- 
4-hydroxy- | “hydroxy- | hydroxy- | hydroxy. | 4 hydroxy. 
ethanol pee pore acid acid 
% % % % % 
Methanol in ben- 
gene, 2%....... 85 40 0 0 0 
Methanol in ben- 
zene, 4%....... 15 60 0 0 0 
Methanol in ben- 
zene, 10%...... 0 0 0 0 0 
Methanol in ben- 
zene, 50%...... 0 0 35 30 40 
Methanol, 100%.. 0 0 65 70 60 


* The column was successively eluted with 100 ml of increasing 
concentrations of methanol in benzene, in the order shown. 
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Fic. 1. Ascending paper chromatographic separation of extract 
from rats’ urine after silica gel chromatography. The solvent 
system is isopropyl alcohol-aqueous ammonia-water (8:1:1). 
Column 1, synthetic 3-methoxy-4-hydroxyphenylethanol and 3- 
methoxy-4-hydroxyphenylacetic acid; Column 2, Fraction II-C; 
Column 3, Fraction III; Column 4, synthetic 3-methoxy-4-hydroxy- 
phenolethanol. The Ry values obtained were: 3-methoxy-4-hy- 
droxyphenylacetic acid, 0.51 (0.65); 3-methoxy-4-hydroxyphenyl- 
ethanol, 0.85 (0.75). Numbers in parentheses represent Rp values 
obtained from urine extract which was not purified on a silica gel 
column. 


in 5 ml of 0.5% methanol in benzene and chromatographed on a 
silica gel column as described above. The material was eluted 
from the column by passing through it in succession 50 ml of 
benzene (Fraction I), 150 ml of 2% methanol in benzene (Frac- 
tion II), and 50 ml of 4% methanol in benzene (Fraction ITI). 

Fraction I was found to contain no 3-methoxy-4-hydroxy- 
phenylethanol. Fraction II was collected successively in three 
equal portions, A, B, and C. The first two portions, A and B, 
contained negligible amounts of 3-methoxy-4-hydroxyphenyl- 
ethanol, but most of this compound was found in portion C. 
The remaining 3-methoxy-4-hydroxyphenylethanol was eluted 
with Fraction HI. Aliquots of Fractions II-C and III were sub- 


jected separately to paper chromatography in a solvent system 
of isopropyl alcohol-aqueous ammonia-water (8:1:1) for 36 
hours. The dried chromatogram was sprayed with diazotized 
sulfanilic acid and reddish spots were developed. As Fig. 1 
shows, the chromatogram of Fraction II-C contains one spot 
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Specific activities of 3,4-dthydroxryphenylacetic acid, 3,4-dthydroxry- 
phenylethanol, 3-methory-4-hydroryphenylacetic acid, and 3- 

isolated from 24-hour rats’ 


methory-4-hydroryphenylethanol 


urine* 
Radioactivity 
Treatment 3,4-Dihy- $,4-Di- 3-Methoxy- 3-Methoxy- 
droxypheny!]- hydroxy-  4-hydroxy- 4-hydroxy- 
acetic phenyl- phenylacetic pheny|- 
acid ethanolt aci ethanolt 
c.p.m. XK 108/100 pe 
Controls : 6.5 35.5 2.2 
Pyrogallol +e 13.0 1.4 19.1 
Calcium carbimidet 3.1 1.8 21.0 6.2 


* Dopamine, 400 wg (40 &K 10! ¢.p.m.) per kg of rat weight was 
administered. The recovery of the total radioactivity in 24-hour 
urine ranged from 60 to 80%. 

+ The activities of 3,4-dihydroxyphenylethanol and 3-methoxy- 
4-hydroxyphenylethanol were determined after acetylation. 

t Calcium carbimide, 50 mg per kg was administered 1 hour be- 
fore dopamine-C™ injection. 


with the same Ry value as synthetic 3-methoxy-4-hydroxy- 
phenylethanol. Fraction II] contains two spots, the Ry value 
of the first being identical with that of synthetic 3-methoxy-4- 
hydroxyphenylacetic acid, and the Re value of the second being 
identical with that of synthetic 3-methoxy-4-hydroxyphenyl- 
ethanol. 

The areas corresponding to the Ry value of 3-methoxy-4- 
hydroxyphenylethanol were eluted with methanol and acetylated 
as previously described (3). The acetylated alcohol isolated 
from urine extract was chromatographed in the “C”? solvent 
Bush (6): toluene-ethyl acetate-methanol-water 
(9:1:5:5). The mobility was found to be identical with that 
of synthetic acetylated 3-methoxy-4-hydroxyphenylethanol. 
The ultraviolet absorption of synthetic 3-methoxy-4-hydroxy- 
phenylethanol and 3-methoxy-4-hydroxyphenylethanol isolated 
from rats’ urine Was compared in a recording spectrophotometer. 
Comparison of the ultraviolet absorption spectra of the acety- 
lated derivatives obtained from synthetic and natural 3-methoxy- 
4-hydroxyphenylethanol was also carried out. The fluorescence 
spectra of the synthetic and natural 3-methoxy-4-hydroxy- 
phenylethanol were determined in a Farrand spectrofluorometer. 
Synthetic and natural 3-methoxy-4-hydroxyphenylethanol were 
treated with iodine at pH 7.2, by the method of Bertler et al. (7), 
and the fluorescence spectra of the reaction products were ex- 
amined. For all of the above comparisons, the concentration of 
the synthetic aleohol was adjusted so that at its optical density 
maximum and at its fluorescence intensity maximum, both 
natural and synthetic compounds gave the same value. 

Isolation of 3,4-Dihydroxyphenylethanol-C™, 3-Methoxy-4-hy- 
droxyphenylethanol-C™, 3 ,4-Dihydroxyphenylacetic acid-C™, and 
3-Methoxry-4-hydroxyphenylacetic acid-C™ from Rats’ Urine—A 
group of rats was treated by intraperitoneal injections of dopa- 
mine-1-C™ (400 we per kg). A second group received injections 
of dopamine-1-C" and in addition pyrogallol (20 mg per kg every 
30 minutes for 12 hours). Pvyrogallol, and O-methy] transferase 
inhibitor, was administered in order to favor the formation of the 
dihydroxy alcohols. A third group of rats received dopamine- 
1-C™ and 50 mg per kg of calcium carbimide. Urine was col- 
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lected over a period of 24 hours and was hydrolyzed at pH 2 at 
100° for 30 minutes. Hydrolyzed urine was extracted at »H 2 
four times with ethyl acetate. The combined ethyl acetate ex- 
tracts were concentrated to a small volume under vacuum, and 
a sample was chromatographed overnight in a chloroform-acetie 
acid-water (2:1:1) system with the descending technique. The 
run-off collected from the chloroform-acetic acid-water solvent 
system was subsequently chromatographed in isopropyl alcohol- 
aqueous ammonia-water (S:1:1). A radioactive peak obtained 
from the chloroform-acetic acid-water chromatogram was shown 
to be nonhomogeneous. This peak contained both 3 ,4-dihy- 
droxyphenylacetic acid and 3,4-dihvdroxyphenylethanol, since 
the mobilities of both were found to be the same in this solvent 
system (Table I). In order to separate these two compounds, 
the material was eluted with methanol and then acetylated (3). 
The acetylated alcohol is extractable into methylene chloride 
whereas the acid remains in the aqueous bicarbonate layer. 

Another sample of the ethyl acetate fractions was subjected to ad- 
sorption onaluminum oxide whichseparates dihydroxy compounds 
from 3-methoxy compounds. The effluent which contained 
3-methoxy-4-hydroxyphenylacetic acid and 3-methoxy-4-hy- 
droxyphenylethanol, and the eluate which contained 3,4-di- 
hydroxyphenylacetic acid and 3 ,4-dihvdroxyphenylethanol were 
acetylated separately. The acetylated alcohols were separated 
from the acids by extraction into methylene chloride and then 
chromatographed in the Bush “‘C”’ solvent system (6). 

Aliquots of the acetylated 3-methoxy-4-hydroxyphenyl- 
ethanol-C™ and 3,4-dihydroxyphenylethanol-C™ were diluted 
with the corresponding nonradioactive carriers and rechromato- 
graphed in the Bush “C” solvent system (6). After elution of 
the 3-methoxy-4-hydroxyphenylethanol 3,4-dihydroxy- 
phenylethanol zones with methanol, specific activities were 
determined (Table III). The quantities of 3-methoxy-4-hy- 
droxyphenylethanol and 3 ,4-dihydroxyphenylethanol were meas- 
ured at 520 my in a Beckman spectrophotometer after develop- 
ing the color with diazotized sulfanilic acid (4). By a similar 
procedure the specific activities of 3-methoxy-4-hydroxyphenyl- 
acetic acid and 3,4-dihydroxyphenylacetic acid were determined 
(Table III). 

Isolation of 3-Methoxy-4-hydroxyphenylethanol and 3 ,4-Dihy- 
droxyphenylethanol from Incubations of Tissuwes—Fresh_ brains 
and livers obtained from rats were homogenized in a Waring 
Blendor with ice-cold phosphate buffer of the composition: 
Krebs-Ringer-phosphate solution (pH 7.4), ATP, and DPNH 
(all at a concentration of 4 xX 10-4 mM). To each homogenate 
were added 100 ug of dopamine-1-C'%. These preparations were 
incubated for 3 hours at 37°. At the end of the incubation the 


TaBLe IV 
Specific activities of 3,4-dithydroxyphenylethanol and 3-methory-4- 
hydroryphenylethanol isolated after incubation of 10 g of brain 
and liver tissue homogenates 


| | 


3,4-Dihydroxypheny]- | 3-Methoxy-4- 
Tissue hydroxyphenylethanol* 
c.p.m./100 pe 
| 1800 | 


| 


* The activities of 3,4-dihydroxyphenylethanol and 3-methoxy- 
4-hydroxyphenylethanol were determined after acetylation. 
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homogenates were deproteinized with 0.4 N perchloric acid (8) 
and centrifuged. The supernatant solution was extracted four 
times with ethyl acetate at pH 2. The isolation and determina- 
tion of specific activities of the alcohols and acids were carried 
out as described above (Table IV). 


RESULTS 


Isolation of 3-methoxy-4-hydroxyphenylethanol from rats’ 
urine was carried out by using silica gel column chromatography 
followed by paper chromatography. The identity of synthetic 
3-methoxy-4-hydroxyphenylethanol with 3-methoxy-4-hydroxy- 
phenylethanol isolated from urine is based on findings of identical 
elution patterns on silica gel column, identical Rr values on paper 
chromatography (Fig. 1), identical chromatographic mobilities 
of the acetylated derivatives (Table I), and identical ultraviolet 
and fluorescent spectra (Figs. 2 and 4). The ultraviolet absorp- 
tion maxima of both synthetic and natural 3-methoxy-4-hydroxy- 
phenylethanol shifted from 2800 A to 2730 A after acetylation 
(Fig. 3). After treatment of the synthetic and natural 3-meth- 
oxy-4-hydroxyphenylethanol with iodine, a shift in the wave 
length of maximal excitation from 2870 A to 3410A was ob- 
served, with a corresponding shift in the wave lengths of maximal 
fluorescence emission from 3100 A to 4230 A (Fig. 5). 

By applying the same technique used in the isolation of 
3-methoxy-4-hydroxyphenvlethanol from rats’ urine, a com- 
pound identified as 3-methoxy-4-hydroxyphenylethanol was 
found in normal human urine. This compound, in both free 
and acetylated form, had the same Ry values on paper chro- 
matography as synthetic 3-methoxy-4-hydroxyphenylethanol. 
From the intensity of the developed color, the amount of 3-meth- 
oxy-4-hydroxyphenylethanol excreted in 1000 ml of normal 
human urine was estimated to be in the range of 50 ug. 

In urine of rats treated with dopamine-C"“, 3-methoxy-4- 
hydroxyphenylethanol-C™ was found, whereas no 3 ,4-dihydroxy- 
phenylethanol-C could be detected. However, when rats were 
treated with pyrogallol, 3,4-dihydroxyphenylethanol-C" was 
found in the urine. An increase in the excretion of 3,4-dihy- 
droxyphenylacetic acid-C" and a decrease in both 3-methoxy-4- 
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Fig. 2. Synthetic and natural 3-methoxy-4-hydroxypheny]- 


—— (MHPE) showed almost identical ultraviolet absorption 
spectra. 
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Fic. 3. The acetylated synthetic and natural 3-methoxy-4-hy- 


droxyphenylethanol (MHPE) gave identical ultraviolet absorp- 
tion curves. 
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Fig. 4. The fluorescence spectra of natural and synthetic 3- 
methoxy-4-hydroxyphenylethanol (MHPE) were ¢ompared in an 
ethyl alcohol solution. Both substances gave the same values: 
excitation at 2870 A, emission at 3100 A. 


hydroxyphenylacetic acid-C™ and 3-methoxy-4-hydroxypheny]l- 
ethanol-C™“ was also found in the urine of rats treated with 
pyrogallol. When rats were treated with calcium carbimide 
they excreted 3,4-dihydroxyphenylethanol-C“ and _ higher 
amounts of 3-methoxy-4-hydroxyphenylethanol-C“ than un- 
treated rats. However, the formation of 3,4-dihydroxyphenyl- 
actic acid-C™ and 3-methoxy-4-hydroxyphenylacetic acid-C™ 
was decreased as compared with untreated rats. These data are 
summarized in Table ITI. 

In liver homogenates, the formation of 3-methoxy-4-hydroxy- 
phenylethanol-C“’ and 3,4-dihydroxyphenylethanol-C" from 
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é 
dopamine-C™ was observed, whereas from brain homogenates  phenylacetic acid and 3-methoxy-4-hydroxyphenylacetic acid, 


only 3,4-dihydroxyphenylethanol-C™ was isolated (Table IV). 


DISCUSSION 


3 - Methoxy - 4 - hydroxyphenylethanol and 3,4 - dihydroxy- 
phenylethanol were quantitatively extracted from urine at pH 
7 with ether, whereas only 10 to 15% of 3-methoxy-4-hydroxy- 
phenylacetic acid was found in the ether phase after this extrac- 
tion. When urine was extracted at pH 2 with ethyl acetate, 
both the alcohols, 3-methoxy-4-hydroxyphenylethanol and 
3,4-dihydroxyphenylethanol, and the acids, 3,4-dihydroxy- 
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Fig. 5. The fluorescence spectra of natural and synthetic 3- 
methoxy-4-hydroxyphenylethanol (MHPE) after reaction with 
iodine. Both show the same values: excitation at 3420 A, emis- 
sion at 4230 A. The peak at 3420 A is presumably due to light 
scattering at the wave length of excitation. 
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were extracted quantitatively into the organic phase. By sub. 
jecting an ether or ethyl acetate extract of urine to silica ge] 
column chromatography, 3-methoxy-4-hydroxyphenylethano] 
was quantitatively separated from 3,4-dihydroxyphenylacetic 
acid, 3-methoxy-4-hydroxymandelic acid, and 3,4-dihydroxy- 
mandelic acid and other interfering phenolic acids and pigments, 
However, it was not possible to separate 3-methoxy-4-hydroxy- 
phenylethanol from 3-methoxy-4-hydroxyphenylacetic acid on 
the silica gel column. Separation of these two compounds was 
achieved by paper chromatography (Fig. 1). In urines not 
subjected to the silica gel column procedure, the separation of 
3-methoxy-4-hydroxyphenylethanol from 3-methoxy-4-hydroxy- 
phenylacetic acid on paper chromatography was inefficient be- 
cause of interfering substances. Therefore, in experiments in 
which silica gel was not used, further separation was accom- 
plished by use of the acetylation procedure before paper chro- 
matography. 

The isolation and identification of 3-methoxy-4-hydroxy- 
phenylethanol in rats’ urine after treatment with nonradioactive 
dopamine and calcium carbimide was successfully carried out. 
It was found necessary, in order to enhance the formation of 
3-methoxy-4-hydroxyphenylethanol, to treat the rats with cal- 
cium carbimide. In fact, when rats were not treated with cal- 
cium carbimide, the major metabolite of dopamine was found 
to be 3-methoxy-4-hydroxyphenylacetic acid whereas in rats 
treated with this compound the formation of 3-methoxy-4 
hydroxyphenylethanol predominated. 

The enhancement of the formation of tryptophol from trypta- 
mine by disulfiram, a known aldehyde dehydrogenase inhibitor, 
was previously reported (9). However, it was found in the 
present study that calcium carbimide is a more potent inhibitor 
of aldehyde dehydrogenase and its action is faster than that of 
disulfiram. 

The formation of 3,4-dihydroxyphenylethanol was demon- 
strated only in rats treated with pyrogallol or calcium carbimide. 


PHENYLACETIC ACID 


CH2 COOH 
3,4 DIHYDROXY 3,4 DIHYDROXY 3 -METHOXY - 4-HYDROXY 
PHENYL ACE TAL DEHYDE PHENYLE THANOL PHENYLE THANOL CH: 0 
CHe COOH 
OH 
3 -METHOXY - 4- HYDROXY 
PHENYLACETIC ACID 

HO 
OH 
3,4 DIHYDROXY 


Fic. 6. Possible pathways for the formation of 3,4-dihydroxyphenylethanol and 3-methoxy-4-hydroxyphenylethanol from dopamine 
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The excretion of 3,4-dihydroxyphenylacetic acid and 3,4-dihy- 
droxyphenylethanol was increased in rats treated with pyrogallol 
and the increase of both 3,4-dihydroxyphenylethanol and 3,4- 
dihydroxyphenylacetic acid occurred at the expense of the 
corresponding methoxy compounds. The increased excretion of 
3,4-dihydroxyphenylethanol and 3-methoxy-4-hydroxyphenyl- 


ethanol in calcium carbimide-treated rats was accompanied by a 


decrease in the excretion of 3,4-dihydroxyphenylacetic acid and 
3.methoxy-4-hydroxyphenylacetic acid. 

The formation of 3,4-dihydroxyphenylethanol in brain tissue 
homogenates and the synthesis of 3-methoxy-4-hydroxypheny]- 
ethanol and 3,4-dihydroxyphenylethanol in liver homogenate 
confirms our previous findings (10) that O-methylation does not 
occur to a great extent in brain homogenates. 

The formation of 3-methoxy-4-hydroxyphenylethanol and 
3,4-dihydroxyphenylethanol from dopamine is analogous to the 
formation of 3-methoxy-4-hydroxyphenylglycol from epinephrine 
(11). Like epinephrine, dopamine is deaminated by monoamine 
oxidase to the corresponding aldehyde and then is converted to 
both the corresponding acid and alcohol. Fig. 6 illustrates the 
possible metabolic pathways for the formation of 3-methoxy-4- 
hydroxyphenylethanol and 3,4-dihydroxyphenylethanol from 


dopamine. 


The formation of 3-methoxy-4-hydroxyphenylethanol and 
3,4-dihydroxyphenylethanol from the corresponding aldehyde 
may parallel the dismutation of formaldehyde to formic acid and 
methanol (12). It is uncertain whether this type of dismutation 
reaction requires two enzymes, aldehyde dehydrogenase and 
alcohol dehydrogenase, or whether one enzyme catalyzes both 
reactions (13). It has been established that aldehyde dehydro- 
genase is required for the formation of acid from aldehyde derived 
from catechol amines (14). However, it is not known if the 
same enzyme can catalyze the formation of alcohols from alde- 
hydes derived from catechol amines or if a separate alcohol 
dehydrogenase is required. The fact that calcium carbimide 
inhibited the formation of acids, whereas the formation of alco- 
hols was increased, may indicate that two different enzymes are 
responsible for these reactions. In order to determine whether 
acid-aleohol formation is a dismutation or a result of two inde- 
pendent reactions, a kinetic study in vitro is necessary. 


SUMMARY 


1. Conversion of dopamine to 3,4-dihydroxyphenylethanol 
and 3-methoxy-4-hvdroxyphenylethanol was shown to occur in 
vivo and in vitro. 
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2. 3-Methoxy-4-hydroxyphenylethanol was isolated and identi- 
fied from urine of rats treated with dopamine and calcium carbi- 
mide. The identification is based on identical elution patterns 
from silica gel column, identical Ry values on paper chromatog- 
raphy, identical chromatographic mobilities of the acetylated 
derivatives, and identical ultraviolet and fluorescent spectra. 

3. 3-Methoxy-4-hydroxyphenylethanol was also detected in 
normal human urine. 

4. 3-Methoxy-4-hydroxyphenylethanol-C™ was isolated from 
urine of rats treated with dopamine-C“ whereas no 3,4-dihy- 
droxyphenylethanol-C" was detected. 3,4-Dihydroxyphenyl- 
ethanol-C™ was found in urine of rats previously treated with 
calcium carbimide or pyrogallol. 

5. 3- Methoxy-4-hydroxyphenylethanol-C™ and 3,4-dihy- 
droxyphenylethanol-C™ were isolated from liver homogenates, 
but only 3 ,4-dihydroxyphenylethanol-C™ was isolated from brain 
homogenates. 
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Yeast Sulfate-reducing System 
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Systems catalyzing the reduction of sulfate in vitro have been 
described for Aspergillus (1), yeast (2-4), and Desulfovibrio 
(5, 6). Sulfate reduction and the associated pathways leading 
to cysteine have recently been reviewed (7). In the present 
study, and in previous brief reports (4, 8, 9), it is shown that 
sulfate activation (10, 11), reactions 1 and 2, precedes sulfate re- 
duction. 


ATP + SO,- = APS! + PP, (1) 
APS + ATP = PAPS + ADP (2) 


The reduction of 3’-phosphoadenosine-5’-phosphosulfate or 
‘“‘active sulfate’”’ is shown to involve two heat-labile protein frac- 
tions, designated Enzymes A and B, and a nondialyzable, heat- 
stable protein, Fraction C.2. The over-all sulfate-reducing sys- 
tem is considered in this paper, whereas a more detailed study 
of Enzyme A and Fraction C is the subject of a separate report 
(12). 


EXPERIMENTAL PROCEDURE 


Materials 


S**-4 PS—This substrate was synthesized from S**-sulfur tri- 
oxide-pyridine complex and AMP by a method similar to that of 
Baddiley et al. (13) except for simplifications and modifications 
necessary for introduction of label. An alternative method has 
been described by Reichard and Ringertz (14). Approximately 
3.7 me of 8*°-H.SO, was dried at 80° in a reaction tube fitted with 
a ball joint and side arm for gassing. Unlabeled HSO, (3.7 
mmoles, sp. gr. 1.84) was added followed by approximately 0.5 
g of P.O;. Without delay, a ball joint bridge connection was 
made to a vented receiving flask chilled with solid CO+-ethanol. 
Dry nitrogen gas was passed through the apparatus and the re- 
action tube slowly heated to 300°. The bulk of the S*O; was 


* The support of the National Science Foundation is gratefully 
acknowledged. This work constitutes departmental contribution 
No. 60-25. 

+ Permanent address, Laboratory of Biochemistry, Faculty of 
Agriculture, Nagoya University, Anjo, Aichi, Japan. 

1 The abbreviations used are: APS, adenosine-5’-phosphosul- 
fate; DTNB, 5,5’-dithiobis(2-nitrobenzoic acid); EDTA, ethyl- 
enediaminetetraacetic acid; Fraction C-SS, Fraction C disulfide; 
Fraction C(SH)e, reduced Fraction C disulfide; PAPS, 3’-phos- 
phoadenosine-5’-phosphosulfate. 

2 The designation protein disulfide (PrSS) has been used in a 
previous publication. Owing to the lack of chemical characteriza- 
tion of the disulfide grouping, to the prior use of this term for an 
apparently unrelated protein (27), and to the possibility of analo- 
gous reactions in different reductive sequences (28), the less specific 
designation, Fraction C, will be used here. 


evolved at a reaction tube temperature of 150° and collected in 
the chilled receiving flask. After about 1 hour, 4 ml of cold, dry 
CCl, containing 4.4 mmoles of pyridine (dried over BaO) was 
added to the frozen SO3. The slurry of pyridine-SO3 was warmed 
to room temperature and reacted with 200 mg of 5’-AMP and 
6 to 8.5 mmoles of NaHCO; in 2.5 ml of water by the procedure 
of Baddiley et al. After reaction, the CCl, was pipetted off and 
pyridine removed by extraction into benzene. Bicarbonate, 
which interferes with column chromatography, was removed by 
aeration after acidification of the APS solution to pH 5 at 0° 
The mixture of AMP, APS*, and NaS*O, was diluted to 1 liter 
and applied at room temperature to a 2.3- by 20-em Dowex 1-X10 
(200 to 400 mesh) chloride column. With gradient elution (1 
liter of water in mixing flask and 1 liter of 0.8 m NaCl in reser. 
voir) and a flow rate of 2 ml per minute, the AMP peak appeared 
when the effluent NaCl concentration was 0.27 mM and Na,S**, 
at 0.30 m. Both were completely eluted by 800 ml of eluant. 
Gradient elution was halted and pure APS* eluted with 200 ml 
of 2.0m NaCl. The APS was adsorbed from the NaCl solution 
with acid-washed charcoal (Norit-A) and subsequently eluted 
with ethanol-NH,OH as described by Baddiley. It was 90 to 
100% pure based on its adenine :S* ratio and the yield, based on 
AMP, was 5to 10%. 

S%5°-Labeled PAPS—This substrate was prepared from ATP 
and $*-labeled sulfate by means of the Fraction III sulfate-ac- 
tivating enzyme complex of Robbins and Lipmann (10) anda 
simplification of the isolation procedure described by Brunngra- 
ber (15). An incubation mixture containing 10 mmoles of Tns, 
pH 8.5; 1 mmole of ATP, pH 8.5; 1 mmole of MgCl.; 2 mmoles 
of NasS**O, (usually 0.5 we per umole; 4 * 10° ¢.p.m. per umole 
under our counting conditions); and 5 ml of undialyzed sulfate- 
activating enzymes in a total volume of 100 ml, formed about 
140 umoles of PAPS* after 4 hours and 160 umoles after 9 hours 


at 37°. After incubation, the reaction mixture was chilled to } 


0°, 15 ml of 2 m HCIO, added, and protein removed by filtration. 
The filtrate was adjusted to pH 7.5 with KOH, and, after 1 hour, 
KCIO,; removed by filtration. The filtrate was diluted to 1 
liter and placed on a 2.3- by 20-cem column of 200 to 400 mesh 
Dowex 1-X10 chloride. After washing the column with water, 
gradient elution was begun with 1 liter of water in the mixing 


flask and 1.0 m NaCl in the reservoir. Elution was at a rate of , 
2 to 3 ml per minute at room temperature. The peak of the un- | 


reacted ATP appeared when the effluent NaCl concentration was 
0.52 m and the peak of the PAPS appeared at 0.7 m. Interest- 
ingly, there was a distinct shoulder or even a second PAPS peak 
at 0.78 m. The PAPS in the second peak seemed identical 


to the main body of the product in electrophoretic and chromato- 
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graphic behavior, in ultraviolet spectra, and in reactivity in the 
sulfate-reducing system. The ribose phosphate was in the 3’ 
position as evidenced by hydrolysis with 3’-nucleotidase (16). 
The PAPS-containing fractions (1120 to 1600 ml) were located 
by ultraviolet absorbancy and S* activity, combined, adsorbed 
to charcoal (13), eluted, and lyophylized to dryness. About 70 
ymoles of nucleotide containing 50 uwmoles of PAPS were ob- 
tained. Contaminating 3’-phosphoadenosine-5’-phosphate was 
removed by paper electrophoresis in 0.1 M citrate, pH 5.25, on 
HCl- and EDTA-washed Whatman 3MM paper when necessary. 

Yeast Extracts—Initial studies of sulfate reduction (4) and 
some of the experiments reported here were carried out with a 
dialyzed extract of air-dried, starch-free bakers’ yeast (An- 
heuser-Busch Inc., St. Louis, Missouri). Extracts were pre- 
pared by the procedure described for sulfurylase Stage II (11). 

Acetone powders of fresh, starch-free bakers’ yeast were pre- 
pared by homogenizing cells with 7 times their weight of acetone 
at —20° (direct a fan at the Blendor base to dissipate fumes). 
After several portions were collected on a Buchner filter, they 
were rehomogenized with 2.5 times their initial weight of acetone 
at —20°, drained of acetone, and dried in a vacuum desiccator. 
Extraction was carried out by suspending 80 g of acetone powder 
in 400 ml of 0.05 m K,HPO,-0.001 m EDTA and stirring at 1° 
for 4 hours. The extract was clarified by centrifugation for 10 
minutes at 16,000 x g and finally dialyzed for 16 hours at 1° 
against 1 liter of 0.005 m Tris-0.001 m EDTA buffer at pH 7.5. 
Such preparations contained about 9.5 mg of protein per ml. 
Protein was determined turbidimetrically (17). 

Other Materials—ATP, TPNH, Tris, glucose-6-P, and lipoic 
acid were obtained from the Sigma Chemical Company, TPN 
and DPN were obtained from Pabst Laboratories, and H.S*O, 
was obtained from the Oak Ridge National Laboratory. Basic 
fuchsin, catalog No. 434, was obtained from the National Aniline 
Division of Allied Chemical and Dye Corporation. Dihydro- 
lipoiec acid was prepared by the method of Gunsalus and Razzell 
(18). Glucose-6-P dehydrogenase was obtained from the Sigma 
Chemical Company but was found to be contaminated with 
Enzyme A. Later preparations were by the method of Korn- 
berg and Horecker, Stage 5 (19). Sulfate-activating enzyme 
complex, Fraction III, was prepared by the method of Robbins 
and Lipmann (10). 


METHODS AND RESULTS 


Identification of Sulfite as Reaction Product 


Preliminary indications that sulfite was produced by crude 
yeast extracts were the volatility of the product from acid solu- 
tion and formation of an acid-insoluble barium salt after oxida- 
tion with H.O2. Proof that the product was sulfite was ob- 
tained by preparation and crystallization to constant specific 
activity of sodium benzoylmethanesulfonate (20). A 3-ml re- 
action mixture (4), containing 0.8 ml of dialyzed yeast extract, 
10 umoles of NasSO3, and 2 umoles of Na.S*5O, (1 we per umole), 
was incubated for 1 hour at 37° with hydrogen as the gas phase. 
After incubation 1 mmole of Na.SO; was added, the mixture 
acidified, and volatile substances collected by ebullition with 
nitrogen gas for 1 hour. The nitrogen gas was passed over a 
cold finger condenser, then through a gas wash bottle containing 
0.1 a CdCl. in 1% lactic acid (to remove possible H.S), and 
finally the SO, collected in 5 ml of water containing 2 mmoles of 
NaOH. Approximately 1.5 mmoles of NaoS were added to the 
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CdCl: trap, the resultant CdS collected and found to have no 
detectable radioactivity. Putative Na2S**O3 in the NaOH solu- 
tion was converted to benzoylmethanesulfonate by the addition 
of 0.9 mmoles of phenacyl bromide in 5 ml of 95% ethanol 
after the procedure of Parkes and Tinsley (20). The spe- 
cific activity of an infinitely thick layer of the sulfonate, after 
one crystallization from 95% ethanol, was 173 ¢.p.m. Recrystal- 
lization of 81 mg of the sulfonate from 6 ml of boiling ethanol 


_ yielded 58 mg with a specifie activity of 168 ¢.p.m. 


Assay Methods 


The principal method of assay involved incubation of 5**- 
labeled sulfate or PAPS with yeast enzyme preparations in the 
presence of unlabeled carrier sulfite. Reactants were incubated 
in the main compartment of Warburg vessels, which had been 
repeatedly evacuated and flushed with hydrogen, and finally 
evacuated to about 25 em Hg. ‘The reaction was terminated, 
without opening the vessel, by tipping in 0.40 ml of 5% H3;PO, 
containing 2.4% mannitol as antioxidant. The resultant SO, 
was collected in the center well in 0.10 ml of 0.15 m NaOQH-0.001 
mM EDTA during 3 hours of gentle mechanical shaking at 30°. 
An aliquot of 0.08 ml was removed from the center well; 0.04 ml 
was used for determination of radioactivity and 0.04 ml for colori- 
metric assay by the Grant technique (21). Recoveries of carrier 
sulfite ranged from 30 to 90% but were usually 50 to 60%. Car- 
rier sulfite may be present during incubation or added immedi- 
ately before termination of the reaction; in the latter case with 
about a 30% reduction in radiosulfite yield. The data of Table 
I show that S*-sulfite is formed whether carrier sulfite is present 
during incubation or added just before acidification. The re- 
covery of carrier sulfite varies between replicate flasks owing to 
moisture condensation in the vessel, but the specific activity of 
recovered sulfite is a valid measure of the reaction unless there 
is a large excess of —SH relative to sulfite. 

A colorimetric assay was developed and, although more con- 
venient than the radiosulfate procedure, was found to be com- 
plicated by the reactivity of both —SH and sulfite with the 
chromogen. A mixture of mercuric and zinc ions at neutral pH 
served to precipitate protein and soluble —SH without loss of 
sulfite. The supernatant solutions could then be assayed for 
sulfite with the fuchsin reagent. 


TABLE I 

Effects of carrier sulfite and cysteine upon radiosulfite synthesis 

Radiosulfate assay mixture contained in uwmoles: ATP, 5; 
Na2S**O, (426,500 c.p.m. per umole), 5; glucose-6-P, 5; TPN, 0.06; 
MgCl., 5; KzeHPO, (pH 7), 20; EDTA, 1.5; Na2SO; (except as 
omitted below), 5; and extract of acetone powder (2.4 mg of pro- 
tein) in 1.5 ml; incubation, 1 hour at 37°. Sampling and assay as 
under “Assay Methods”. 


Carrier sulfite added Carrier sulfite added 
before incubation after incubation 
Cysteine added 
s3 re- S502 

c.p.m. pmole ic.p.m./pmole c.p.m. pmole c.p.m./pmole 
None........ 4770 1.51 3160 6040 3.04 1986 
None........ 3420 1.10 3110 3660 1.82 2010 
1.7 umoles...| 3650 | 1.29 2830 2570 2.92 880 
1.7 pmoles... 1980 2.28 869 
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30 , comes completely Fraction C-dependent (Fig. 46), and in the 
presence of an excess of Fraction C the rate is linearly related 
g 25+ to enzyme concentration (Fig. 4a). 
5 Involvement of Sulfate Activation 
SS Participation of Sulfurylase and Kinase—We have previously | 
shown an absolute requirement for ATP in the reduction of sy}. 
tu fate to sulfite (4). Since ATP-sulfurylase and APS-kinase were : 
x shown to be present in extracts of air-dried yeast (11) it seemed } 
> lOr q likely that sulfate activation was a necessary step in sulfate re. 
| duction. The participation of sulfurylase and the probable ) 
80 
20 40 60 80 100 120 s 70+ é 
o I 
TIME (minutes) 3 } 
Fig. 1. Time course of sulfite formation in the radiosulfate as- © 60 P 
say. Assay mixture and conditions as for Table I except with ex- > 
tract of dried yeast (5.5 mg of protein). S 50; ; 
= sl 
1S) 
th 
2 el 
E 20+ a 
= th 
2 4 6 8 10 12 
40 mg Protein 
ic Fic. 3. Colorimetric assay showing the formation of fuchsin- 
3 reactive substance as a function of concentration of extract of | P 
dried yeast. Each tube contained in umoles: Tris, pH 7.5, 0; 
MgCl., 5; TPN, 0.06; glucose-6-P, 5; EDTA, 1; 5; and 
@ 20 ATP, 5 (as indicated); in 1.5 ml; incubation for 1 hour at 37° under | 
Ne. Reaction terminated and proteins precipitated by the addi- ye: 
tion of 0.5 ml of a solution containing 5% HgCl. and 5% zinc ace- tio 
tate. After centrifuging 10 minutes at 15,000 X g, aliquots were } og 
assayed for sulfite by the fuchsin assay with a reagent blank and/[ su 
0o | i sulfite standards containing the protein precipitant reagent. : pee 
2 4 6 8 ds 
ENZYME PROTEIN (mg) ine 
Fic. 2. Radiosulfate assay showing sulfite formation as a func- big 
tion of enzyme (extract of dried yeast) concentration. Assay des 
mixture and conditions as in Table I. 3 ae 
2 2 E 
Sulfate Reduction by Unfractionated Yeast Extracts 23 es 
Although sulfate reduction is a multi-step process, activity es SS 
may be observed in crude yeast extracts without further enzyme ; : 
supplementation. Active extracts are obtained from air-dried 
yeast or from yeast acetone powders, the latter being about 4.5 ; 
times as active on a protein basis. Supernatant solutions ob- Oo | 2 3 4 5 0 01 02 0304 05 : . 
tained by centrifugation at 110,000 x g for 2 hours retain full mg Protein ml Fraction C-I es 
activity. Reaction rate is a linear function of time over the 
. 1G. 4. Colorimetric assays showing the formation of fuchsia: 
interval of 15 to 120 minutes (Fig. 1) so that provably ancillary reactive substance with partially purified yeast fractions. (a) | 


Fuchsin-reactive material as a function of concentration of aul : 


enzymes are not limiting. The dependency of sulfite formation 
fate-reducing system (acid ammonium sulfate fraction). 


upon enzyme protein concentration is shown in Figs. 2 and 3. 


An exponential increase in rate as a function of protein was 
observed with all unfractionated enzymes tested, even after ex- 
haustive dialysis. The rate at low concentrations of crude en- 
zyme could be increased by the addition of boiled enzyme (Frac- 
tion C). After partial enzyme fractionation, the reaction be- 


and conditions as in Fig. 3 with sulfate-activating enzyme com | 
plex (3.4 mg of protein) and Fraction C-I (11 mg) added. of 
Fuchsin-reactive material as a function of Fraction C-I concen 
tration. Assay and conditions as in Fig. 4 (a) with sulfate-reduc _ 


ing system (1.58 mg of protein) and varying Fraction C-I | 


per ml) as indicated. 
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participation of APS-kinase were demonstrated after protamine 
and ethanol fractionation of the sulfate-reducing system. The 
data of Table II show a stimulation of sulfate-reducing activity 
by added sulfurylase. Further fractionation of the reduction 
system with ethanol leads to partial dependency upon both sul- 
furylase and APS-kinase (Table IIB). Since highly purified 
APS-kinase is not available, sulfate-reducing fractions obtained 
in subsequent fractionations were assayed in the presence of sul- 
fate-activating enzyme complex which had almost no sulfate- 
reducing activity by itself. A partial dependency upon this ac- 
tivating system is shown in Experiment C of Table IT. 

Participation cf APS and PAPS—PAPS (4) and APS (8) 
serve as substrates for reduction in lieu of sulfate and ATP, but 
are inferior to sulfate plus ATP in the presence of crude sulfate- 
reducing fractions (Table III), owing probably to enzymatic 
hydrolysis. After acid-ammonium sulfate fractionation of the 
sulfate-reducing system, PAPS was superior to ATP plus sulfate 
at the 1 wmole per 0.75-ml level of substrate. At the 2-umole 
level, sulfite formation was markedly inhibited by PAPS and 
APS, but not by sulfate. A comparison of APS and PAPS as 
substrates at different concentrations demonstrated that, al- 
though both can serve as substrate, PAPS is at least twice as 
effective as APS (Fig. 5). Both compounds exhibited maximal 
activity at a concentration of 0.6 umoles per ml with marked in- 
hibitory action at higher concentrations. The addition of 5 
umoles of unlabeled inorganic sulfate to a system containing 1 
umole of PAPS** did not decrease the formation of S**-sulfite; 
thus, inorganic sulfate cannot be an intermediate between PAPS 
and sulfite. 


TABLE II 
Participation of sulfurylase, APS-kinase, and sulfate-activating 
enzymes in sulfate reduction 

Reaction mixture and assay as in Table I except for addition of 
yeast fractions as indicated below. Protamine supernatant frac- 
tion derived from extract of acetone powder treated with 0.7 mg 
of protamine per ml. Ethanol fraction derived from protamine 
supernatant fraction by precipitation at —2° with ethanol at a 
concentration of 15%. Partially purified APS-kinase was pre- 
cipitated at —5° from the protamine supernatant fraction by 
increasing the ethanol concentration from 15 to 80%; this fraction 
was shown to have APS-kinase activity by methods previously 
described (11). 


Experiment Yeast fractions added a 
mg protein (mpmoles) 
Protamine supernatant fraction (3.6) 2.2 
Sulfurylase + protamine supernatant 9.3 
fraction 
Bi cicvcues Sulfurylase + ethanol fraction (1.0) 0.2 
Sulfurylase + APS-kinase fraction (1.3) 1.0 
Sulfurylase + ethanol fraction + APS- 4.7 
kinase Fraction 
Sulfate-activating enzymes (1.7) 0.15 
Acid-ammonium sulfate Fraction (1.6) +| 12.8 
Fraction C-I (12.7) 
Acid-ammonium sulfate Fraction + 27.8 
Fraction C-I  sulfate-activating 
enzymes 
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TaBLeE III 

Comparative reactivity of three sulfur substrates in sulfite formation 

Extract of dried yeast: 2.7 mg of protein. Partially purified 
fractions: Enzyme A, 0.15 mg; Enzyme B (ammonium sulfate 
stage), 0.35 mg; sulfate activating enzymes, 0.85 mg; Fraction C-I, 
9 mg. When S*-sulfate served as substrate, ATP was added at 
twice the indicated sulfate concentration. TPN was increased 
from 0.03 umole with dried yeast extract to 0.3 umole with par- 
tially purified fractions. 


S*O2 /2 ml 
assay Irom 

= | APS*® | PAPS# 

pmoles mmoles 
Extract of dried yeast........... 0.25 9.5! 0.6 | 2.5 
Partially purified fractions....... 1.0 19.7 | 4.7 | 24.3 
Partially purified fractions....... 2.0 25.8 3.8 | 6.9 


SO, formed (mumoles) 


2 3 
moles of Substrote/mi 


Fig. 5. Relative reactivity of PAPS and APS in sulfite forma- 
tion. Reaction mixture contained in uwmoles: Tris, pH 7.5, 25; 
EDTA, 0.7; MgCl2, 2.5; glucose-6-P, 2.5; TPN, 0.3; Na2SOsz, 2.5; 
Enzyme A, 0.15 mg; Enzyme B (ammonium sulfate stage), 0.35 
mg; Fraction C-I, 11.3 mg; and S*5-APS as indicated in a volume 
of 0.75 ml. Incubated for 2 hours at 37°. 


Fractionation of Sulfate-Reducing Enzyme System 


Requirement for Three Fractions—Enzymatic reduction of sul- 
fate to sulfite is stimulated by the addition of boiled dialyzed 
yeast extract (Fraction C). As shown in Table IV, this stimu- 
lation was observed with APS and PAPS or ATP plus sulfate 
as substrates; this showed that the unknown compound func- 
tioned in the reduction rather than the activation steps. When 
ammonium sulfate fractions of acetone powder extracts were 
assayed with PAPS and constant amounts of the boiled factor, 
it soon became evident that two heat-labile fractions (Enzymes A 
and B) were also involved in the reduction of PAPS. The re- 
sults of assays with PAPS as substrate and different preparations 
of the heat-stable and heat-labile fractions are summarized in 
Table V. At this stage of enzyme fractionation, the addition of 
glucose-6-P dehydrogenase is necessary. 

Preparation and Assay of Enzyme A—Undialyzed crude extract 
from 80 g of acetone powder (described above) is used as the 
starting material for the preparation of Enzymes A and B. Un- 
less otherwise indicated, all subsequent steps in the preparation 
of both enzymes are carried out at 1°, all buffers are 0.001 m 
with respect to EDTA, pH 7.5, and all centrifugations are for 
10 minutes at 12,000 x g. To 300 ml of crude extract are added 
1.2 liters of saturated ammonium sulfate solution containing 3.6 
ml of concentrated H.SO,. The resultant precipitate is collected 
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IV 

Requirement for heat-stable, nondialyzable factor, Fraction C 

Reaction mixture and assay as in Table I except as follows: 
acid-ammonium sulfate fraction (1.6 mg of protein) and sulfate- 
activating enzyme (1.7 mg of protein) were used with sulfate as 
substrate. Enzyme A (0.30 mg of protein) and Enzyme B (am- 
monium sulfate stage, 0.70 mg of protein) were used with APS and 
PAPS as substrate and ATP and sulfate omitted. The boiled 
factor, Fraction I wi mg), was used as indicated. 


$*5O2 formed per vessel 


+Boiled factor 


Substrate added 
— Boiled factor 


mpmoles 


Sulfate (5 wmoles) 9.1 26.9 
1.3 5.3 
PAPS (0.5 wmole).............| 2.5 11.4 
TABLE V 


Yeast fractions required for sulfite formation from PAPS 

All reaction mixtures and assay conditions as in Fig. 6a except: 
Experiment 1, Enzyme A, 0.30-mg of protein; Enzyme B (ammo- 
nium sulfate stage), 0.35 mg of protein; Fraction C-I, 11 mg; and 
TPN, 0.03 umole. Experiment 2, Enzyme A, 0.38 mg of protein; 
Enzyme B, 0.10 mg of protein; Fraction C-I, 14 mg. Experiment 
3, Enzyme A, 0.31 mg of protein; Enzyme B, 0.10 mg of protein; 
Fraction C-I, 14 mg. Experiment 4, Enzyme A, 0.31 mg of 
protein; Enzyme B, 0.07 mg of protein; Fraction C-III, 1.7 mg. 


S*-sulfite formed 


Protein fraction added 


Experi- Experi- Experi- | Experi- 
| ment ment ment 

| mpmoles/ vessel 


Enzyme A + Boiled B Ae | | | 


Fraction C. BO. 1 0.3 
Enzyme B Boiled ] | | 

Fraction C. 1.0 3.2.) 2.2 0.2 
Enzyme A + Easyme B re ! 

Fraction C. | 14.2 | 9.4 18.9 7.6 
Enzyme A + Enzyme B - | 

Fraction C. 1.1 | 3.3 0.9 


by centrifugation, suspended in 120 ml of 0.02 m Tris (free-base), 
and the pH adjusted to 7.5 with 1 m NH,OH. After 10 minutes 
denatured protein is removed by centrifugation, the solution 
brought to 0.35 saturation with saturated ammonium sulfate 
solution, centrifuged, and the precipitate discarded. The frac- 
tion precipitated by the addition of ammonium sulfate to 0.57 
saturation is collected and used for the preparation of Enzyme B. 
The ammonium sulfate supernatant solution is then adjusted to 
pH 6 with 2 m H,SO, and solid ammonium sulfate is added to 
0.85 saturation. After 20 minutes, the precipitate is collected 
by centrifugation, dissolved in 20 ml of 0.02 m Tris, pH 8, and 
dialyzed against the same buffer for 4 hours. This preparation 
is designated as Enzyme A. 

The activity of Enzyme A at different stages of purification 
and for different preparations was determined in regular PAPS 
assays by adding standard preparations of Enzyme B and Frac- 
tion C to the reaction mixture. The activity curve for Enzyme 
A (Fig. 6a) shows that sulfite formation is a linear function of 
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Enzyme A concentration up to 0.3 mg of protein, where the con- 
centration of Enzyme B or Fraction C becomes limiting. 

Preparation and Assay of Enzyme B—The ammonium sulfate 
fraction precipitated between 0.35 and 0.57 saturation (described 
above) was dissolved in 20 ml of 0.02 m sodium acetate buffer, 
pH 7.5, and dialyzed against this buffer for 5 hours. The pH 
was adjusted to 6.3 with 0.1 mM acetic acid and ethanol added to 
15% as the temperature was lowered from —1 to —8°. This 
precipitate was discarded, and the protein precipitating upon the 
addition of ethanol to 22°; collected, dissolved in 10 ml of 0.01 
M Tris, pH 7.5, and dialyzed against the same buffer for 4 hours, 
This preparation is designated as Enzyme b. 

The activity of Enzyme B at different stages of purification 
and for different preparations was determined in regular PAPS 
assays by adding standard preparations of Enzyme A and Frace- 
tion C to the reaction mixture. The activity curve for Enzyme 
B (Fig. 65) is linear at the levels of enzyme tested. 

Preparation and Assay of Fraction C—Acetone powder (240 g) 
was suspended in 1.2 liters of 0.05 mM KezHPO,-0.001 m EDTA at 
room temperature, stirred at 1° for 8 hours, then centrifuged at 
10,000 x g for 10 minutes. The supernatant fluid (900 ml) was 
heated rapidly to 90°, held at 90-97° for 5 minutes, cooled to 
25°, and adjusted from pH 6.5 to 2.5 with 70% HCIO;. After 
standing at 1° for 2 to 10 hours, the nnuanetis solution was 
clarified by centrifugation or by filtration, adjusted to pH 68 
with 10 m KOH, and after several hours decanted from the KCI0, 
precipitate. The supernatant solution was dialyzed against 4.5 
liters of 0.01 m Tris-0.001 m EDTA, pH 8.0, for 6 hours and then 
against two changes of 4.5 liters of 0.001 m Tris-0.0001 m EDTA, 
pH 7.5, during 18 hours. The solution was then reduced to 4 
volume by lyophilization and dialysis was continued for 2 to 4 
days with buffer changes at 12 hours during the first day and 
daily thereafter. Alternatively, the partially dialyzed solution 
may be concentrated in a rotating-film flash evaporator with 
some reduction in yield. The prolonged dialysis removes GSSG 
and strongly inhibitory materials. This preparation is desig- 
nated as Fraction C-I. 

Fraction C-I was dissolved in water (1200 mg /60 ml), adjusted 
to pH 5, and placed on a 3.5-em diameter column containing 22 
g dry weight of Dowex 50W-X2 (200 to 400 mesh) hydrogen 
form at room temperature. The column was washed with water, 
eluted with about 500 ml of 1 Mm NaCl-0.01 m sodium acetate, 
pH 5, at a rate of 1.5 ml per minute until the pH of the effluent 
became constant at about 4.8 and a dark yellow fraction eluted. 
The eluant was changed to 1 Mm NaCl-0.01 m NaOH and 20-nl 
fractions collected as the pH rose from 4.8 to 10.5. Most of the 
active fractions are yellow, but activity is not strictly correlated 
with color. Each fraction was adjusted to pH 5 and optical 
density determined at 276 my. The yellow fractions and those 
adjacent (having high 276 my absorbancy) were combined and 
dialyzed for 12 hours against two changes of 0.001 m Tris-0.0001 
EDTA, pH 7.5. After lyophilization, about 240 mg of Fraction 
C-IT is obtained. 

Further purification of Fraction C was by electrophoresis of 
100-mg samples on 20-cm wide strips of EDTA, HCl-washed, 
Whatman E-17 paper in 0.05 m acetate buffer, pH 5.0, for 24 
hours at 300 volts and 1°. The active material moves toward 
the cathode with a mobility of about 1 x 10-5 em? sec™ volt* 
and can be located as a bluish white, fluorescent band when ex- 
cited with a 3660 A ultraviolet lamp or by staining with brom- 
phenol blue or ninhydrin. After elution with water at 1°, the 
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Fic. 6. Activity curves for three yeast fractions required in the 
reduction of PAPS. (a) Enzyme A-limiting. Reaction mixture 
contained in wmoles: Tris, pH 7.5, 25; EDTA. 0.7; MgCl, 2.5; glu- 
cose-6-P, 2.5; TPN, 0.3; Na2SO;3, 2.5; S*5-PAPS, 0.5; glucose-6-P 
dehydrogenase (9.4 units per mg of protein), 0.8 units; Fraction 
C-I, 14 mg; Enzyme A as indicated; Enzyme B, 0.10 mg of protein. 
Incubated in a volume of 0.75 ml for 2 hours at 37° and assayed as 


06 0.05 O15 


2040 60 
mg Protein mg Dry Weight 


in Table I. (b) Enzyme B-limiting. Reaction mixture and con- 
ditions as in (a) except Enzyme A, 0.312 mg protein; and Enzyme 
B as indicated. (c) Fraction C-I-limiting. Reaction mixture and 
conditions as in (a) except Enzyme A, 0.15 mg protein; Enzyme B 
(ammonium sulfate stage), 0.35 mg protein; and Fraction C-I as 
indicated. 


Fic. 7. Schlieren patterns of Fraction C-III photographed at 2, 8, 72, and 200 minutes after centrifuge attained a speed of 59,780 


rpm. The solvent is water and the temperature, 20°. 


material was dialyzed against 0.001 m Tris-0.0001 m EDTA for 
6 hours and lyophilized. About 25 mg of Fraction C-III was 
obtained. 

The activity of different Fraction C preparations has been 
determined in regular PAPS assays by adding an excess of En- 
zymes A and B to the reaction mixture. The activity curve 
shown in Fig. 6c demonstrates that sulfite formation is a linear 
function of the amount of Fraction C added over a wide range of 
concentrations. 

Properties of Fraction C—F¥raction C has not been extensively 
characterized except for tests for homogeneity and certain prop- 
erties observed during the course of purification. After paper 
electrophoresis, it appeared to be a homogeneous protein since 


A flaw in the centrifuge optics shows as an irregularity in the base line. 


there were no other ninhydrin or bromphenol blue-reactive sub- 
stances near the Fraction C band. Centrifugation of a 1% 
solution in water at 20° (Fig. 7) disclosed a single major compo- 
nent (S = 1.2) and a trace of very high molecular weight mate- 
rial, possibly polymerized Fraction C. The diffusion coefficient 
in water at 20° was 1.4 by 10-* cm? sec-!. Neutral aqueous solu- 
tions are pale yellow in color, with a minimum at 252 my and 
maxima at 276 and 325 my. No flavin can be detected by photo- 
fluorimetry. The nitrogen content, as determined by the micro- 
Kjeldahl method, is 12.5%. The substance is amphoteric, being 
cationic at pH 4, and anionic at pH 9. Fraction C is stable for 
several hours at room temperature to acid and alkaline conditions 
encountered during column chromatography. In concentrated 
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Fic. 8. Requirements for Fraction C reduction. Each tube 
contained in 1 ml: DI'NB, 0.1 wmole; Tris, pH 8.0, 99 umoles; 
MgCl., 5.0 wmoles; and, as indicated, TPNH, 0.2 umole; Fraction 
C-I11, 0.56 mg; Enzyme A, 312 ug; FAD, 2 ug; DPNH, 0.2 umole. 
Incubation was at room temperature. The optical density change 
at 412 mg, due to release of thionitrobenzoate, is a measure of 
—SH formation (12, 26). 


ad 


aqueous solution, Fraction C-II] denatures as evidenced by a 
stringy turbidity and loss of activity in PAPS reduction and in 
reducibility by TPNH. 


Reaction Mechanism 


Disulfide Reduction— Incubation of crude, dialyzed, sulfate- 
reducing fractions with glucose-6-P and TPN led to the formation 
of DTNB and fuchsin-reactive substances. This reaction did 
not require ATP or sulfate. Later, Fraction C stimulation of 
TPNH oxidation by Enzyme A was observed and after Hilz et al. 
(22) proposed the involvement of lipoate, the system was studied 
for the appearance of —SH. As shown by the data of Fig. 8, in- 
cubation of Enzyme A plus Fraction C in the presence of DTNB 
led to the appearance of —SH. The reaction was dependent 
upon Enzyme A and TPNH, markedly reduced by the omission 
of Fraction C, and slightly stimulated by FAD. The reaction 
can also be followed with the nitroprusside assay (23) as shown 
by the data of Table VI. In this case, the reaction is even 
more dependent upon Fraction C suggesting that the small 
amount of Fraction C contaminant in Enzyme A can be reoxi- 
dized by DTNB. 

Stimulation of PAPS Reduction by Dihydrolipoate and Disul- 
fides— As previously shown by Hilz and Kittler (3) and Hilz et al. 
(22), dihyvdrolipoate stimulates sulfite formation from PAPS and 
can replace the requirement for a TPN H-generating system (Ta- 
ble VII). The stimulation observed with 5.2 equivalents of li- 
poic —-SH is Jess than that observed with approximately 0.1 
equivalents of Fraction C sulfhydryl. 

As shown by the data of Table VIII, pt-a-lipoate. pL-a-lipo- 
amide, and GSSG do not significantly stimulate PAPS reduction. 

Assay for Bound Lipoate in Enzymes | and B and Fraction C— 
Analysis by Mr. J. Matthews and Dr. L. J. Reed indicate that 
Enzyme A» (12) contains less than 0.005 wg and Enzyme B and 
Fraction C-IIT less than 0.001 wg of lipoate per mg. 


DISCUSSION 


The energetically difficult step of sulfate reduction (7) is ac- 
complished enzymatically by a multi-step procedure. There is 
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first the formation of an adenyl-sulfate anhydride catalyzed by 
the “‘sulfate-activating’” enzyme complex as shown in reactions 
1 and 2 above. Ragland (24) has observed a ‘“‘sulfiteless” 
Neurospora mutant which lacks sulfurylase, indicating the ae- 
tivation step to be a major metabolic route. An interesting 
biological heterogeneity appears in that veast (reducing sulfate 
assimilatively) uses APS or PAPS, whereas Desulfovibrio (using 
sulfate as a terminal electron acceptor) uses APS (5, 6). Since 
the concentration of APS in vivo would presumably be lower than 
PAPS (25) and since PAPS is the preferred substrate for the 
yeast system, it would seem that most sulfate reduction by veast 
would involve PAPS as intermediate. 

The reduction of the sulfur of PAPS to sulfite by the veast- 
reducing system requires, at least, two heat-labile components 
(Enzymes A and B) and one heat-stable, low molecular weight 
protein (Fraction C). Fraction C has been purified and appears 
homogeneous on electrophoretograms and in the ultracentrifuge, 


TABLE VI 
Dependency of —SH formation on Fraction C and TPNH 


Reaction mixture as for Fig. 8 except for Fraction C-III, 0.64 
mg, and the omission of DTNB. Incubation was under Nz in 
Thunberg tubes. After 1 hour, the reaction was terminated by 
the addition of 0.2 ml of saturated (NH 4)2SO,, 0.2 ml of 2% 
sodium nitroprusside, 0.2 ml of 1.5 M NasCOs;-0.067 mM NaCN, and 
the optical density at 540 mp determined. 


 —SH/assay tube 


Reaction mixture 


mpmoles 


TABLE VII 
Stimulation of PAPS reduction by dihydrolipote acid 


Reaction mixture and assay as for Fig. 6a except as indicated 
below and 0.31 mg of Enzyme A protein and 0.14 mg of Enzyme B 
protein. 


Substance added $%5QOz2 per vessel 


| mpmoles 
pL-e-Dihydrolipoic acid (2.6 wmoles).......... | 3.9 
Fraction C-III + pi-a-dihydrolipoie acid. ..... | 16.3 


TaBLe VIII 
Comparative activity of various disulfides in PAPS reduction 
Reaction mixture and assay as for Fig. Ga except as indicated 
below and 0.10 mg of purified Enzyme A protein (Cy gel super- 
natant fraction (12)), and 0.14 mg of Enzyme B protein. 


Disulfide added SOx» per vessel 


| mpmoles 
pL-a-Lipoie acid (0.5 | 0.5 
pL-a-Lipoamide (0.5 0.7 
pui-a-Dihydrolipoic acid (2.2 1.6 
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There is suggestive evidence for the involvement of additional 
fractions. ‘The nonlinear dependency of sulfite formation upon 
enzyme concentration using unfractionated enzyme preparations 
(Fig. 2) may indicate a dissociable cofactor. Fractionated ex- 
tracts must be supplemented with high concentrations of Fraction 
C, representing 60 times the concentration probably present in 
the crude extracts. Finally, direct evidence for an as yet uni- 
dentified factor is presented in the second paper of this series 
(12). Thus, a multi-step reaction sequence is indicated. The 
reaction sequence presented in Equations 3 and 4, however, has 
been adopted as a simplified working hypothesis. 


Fraction C-SS + TPNH + Ht 
Enzyme A 


Fraction C(SH)2 + TPN (3) 
Fraction C(SH)2 + PAPS 


Enzyme B 


Fraction C-SS + 
3’-phosphoadenosine-5’-phosphate + SO;~ (4) 


Evidence for reaction 3 is presented here and in a subsequent 
paper (12). That Equation 3 represents a step in PAPS reduc- 
tion is indicated by the requirement for Enzyme A and Fraction 
C, by the apparent homogeneity of Fraction C, by the retention 
of PAPS- and Fraction C-reducing activity of 60-fold purified 
Enzyme A (12), and by the simultaneous loss of reactivity in 
PAPS and in Fraction C reduction when aged samples of Frac- 
tion C were used. 

Reaction 4 is as yet tentative. It is not known whether free 
sulfite is a product of PAPS reduction. Sufficient Fraction C-III 
was present so that all sulfite could be —SH bound. The assay 
system here used, with (a) carrier sulfite and acid, or (6) mercuric 
ion to terminate the reaction, would liberate sulfite from a labile 
anhydride or thiosulfate product. 

Hilz and Kittler (3) and Hilz et al. (22) observed arsenite in- 
hibition and dihydrolipoate stimulation of sulfate reduction and 
we have confirmed these observations. They suggested a reac- 
tion mechanism in which PAPS underwent thiolysis by dihydro- 
lipoate followed by a reductive cleavage of the lipoyl(SH)(SSQ3). 
TPNH then presumably regenerated dihydrolipoate. Our data 
support the reaction mechanism suggested by Hilz, Kittler, and 
Knape except that the dithiol involved is probably not lipoate 
but Fraction C since (a) reduced Fraction C is 50 to 100 times as 
effective as dihydrolipoate in the PAPS reduction assay, (bd) 
neither Enzyme A, Enzyme B, nor Fraction C contain lipoate, 
and (c) Enzyme A and TPNH will not reduce lipoate in the ab- 
sence of Fraction C but will do so if Fraction C is added (12). 
If this latter reaction is reversible, then the stimulation of PAPS 
reduction by dihydrolipoate may be due to reduction of Fraction 
C by dihydrolipoate. 


SUMMARY 


A soluble enzyme system catalyzing the reduction of sulfate 
to sulfite has been obtained from yeast. Sulfate, adenosine 
triphosphate, and magnesium are required and glucose 6-phos- 
phate plus triphosphopyridine nucleotide or reduced triphos- 
phopyridine nucleotide serves as the hydrogen donor. After 
extract fractionation, the sulfate-activating enzymes, adenosine 
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triphosphate sulfurylase and adenosinephosphosulfate kinase, 
must be added, or alternatively, 3’-phosphoadenosine-5’-phos- 
phosulfate substituted for adenosine triphosphate plus sulfate. 
Adenosine-5’-phosphosulfate is reduced at one-half the rate of 
3’-phosphoadenosine-5’-phosphosulfate. The reduction of 3/- 
phosphoadenosine-5’-phosphosulfate has been shown to involve 
at least two heat-labile enzymes and one heat-stable, nondialyz- 
able, low molecular weight protein. The low molecular weight 
protein appears to be homogeneous. Incubation of this protein 
with one of the enzymes leads to the appearance of sulfhydryl] 
and the concomitant oxidation of reduced triphosphopyridine 
nucleotide. A reaction sequence is proposed in which a dithiol 
group of the low molecular weight protein serves as reductant for 
the sulfur of 3’-phosphoadenosine-5’-phosphosulfate. 
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Yeast Sulfate-reducing System 
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The preceding paper of this series (1) reports on the presence 
in yeast of an enzyme system catalyzing the reduction of the 
sulfate of 3’-phosphoadenosine-5’-phosphosulfate to sulfite. It 
was observed that 3 nondialyzable fractions, two of them heat- 
labile (Enzymes A and B) and one heat-stable (Fraction C), 
were required for the reaction. Furthermore, incubation of two 
of the fractions, Enzyme A and Fraction C, with reduced tri- 
phosphopyridine nucleotide led to the appearance of —SH. This 
reaction has been tentatively formulated as follows: 


Fraction C-SS + TPNH + H* 
Enzyme A (1) 


Fraction + TPN 


The purification and properties of Enzyme A are described in 
this paper. It is shown that Enzyme A is relatively specific for 
the reduction of a disulfide group of Fraction C. The system 
Enzyme A plus Fraction C, however, will reduce other disulfides 
such as 5,5’-dithiobis(2-nitrobenzoic acid) or lipoamide. 


EXPERIMENTAL PROCEDURE 
Materials 

Substances not otherwise mentioned were as previously de- 
scribed (1). FAD, 90% purity, was supplied by the Wakamoto 
Pharmaceutical Company, Osaka, Japan. p-Chloromercuri- 
benzoate, N-ethylmaleimide, pL-a-lipoic acid, and cytochrome c 
were products of the Sigma Chemical Company. DTNB! was 
obtained from Dr. G. Ellman or from Aldrich Chemical Com- 
pany, Inc. Quinacrine, riboflavin, and BSA were obtained 
from Nutritional Biochemicals Corporation. Oxidized and re- 
duced glutathione were from Schwarz Laboratories, Inc., co- 
enzyme Qo was a gift from Dr. K. Folkers of Merck and Com- 
pany, Inc., and BAL was from the California Corporation for 
Biochemical Research. p.L-a-Lipoamide was prepared by the 
method of W. J. Wayne.27 DEAE-cellulose and 2,6-dichloro- 
phenolindophenol were obtained from Eastman Kodak Company. 


* The support of the National Science Foundation is gratefully 
acknowledged. This work constitutes departmental contribution 
No. 60-26. 

+ Permanent address, Laboratory of Biochemistry, Faculty of 
Agriculture, Nagoya University, Anjo, Aichi, Japan. 

‘ The abbreviations used are: BAL, British-anti-Lewisite; 
BSA, bovine serum albumin; DTNB, 5,5’-dithiobis(2-nitroben- 
zoic acid); EDTA, ethylenediaminetetraacetate; Fraction C-SS, 
Fraction C disulfide; Fraction C(SH)2, reduced Fraction C di- 
sulfide. 

2 Personal communication from Dr. W. J. Wayne, Central Re- 
search Department, E. I. du Pont de Nemours and Company, 
Inc. 


METHODS AND RESULTS 


Assay of Enzyme A Activity by TPNH Oxidation—Enzymatic 
activity was determined by measuring the decrease in optical 
density at 340 my in a reaction mixture containing 50 umoles of 
potassium phosphate, pH 7.0, 0.1 umole of TPNH, 0.006 umole 
of FAD, 2.0 mg of Fraction C-I, and 1 to 3 units of enzyme solu- 
tion in a final volume of 1.0 ml at room temperature. Correction 
is made for the rate observed in the absence of Fraction C. A 
unit is defined as that amount of enzyme which catalyzes the 
oxidation of 1.0 mumole of TPNH per minute as an initial rate, 
Specific activity is expressed as units of activity per milligram of 
enzyme protein. In this assay, increasing enzyme concentration 
results in a proportional increase in rate over the range of 0 to 
3.5 units as shown in Fig. 1. Protein was determined by the 
trichloroacetic acid-method of Stadtman, Novelli, and Lipmann 
(2) or by the method of Warburg and Christian (3). 

Assay of Enzyme A Activity by —SH Appearance—This assay 
was based on the colorimetric —SH reagent, DTNB, described 
by Ellman (4). In previously described experiments (1) the 
enzymatic reduction of Fraction C was observed at pH 8 in the 
presence of the DTNB reagent, so that the reaction rate could 
be followed as change in optical density at 412 mu. With in- 
creased enzyme purity, it was found that Fraction C reduction 
was inhibited by DTNB, probably owing to reaction of the thio- 
nitrobenzoate with enzyme —SH. In experiments here de- 
scribed, —SH was determined by addition of DTNB after ter- 
mination of the reaction. Stock solutions of DTNB (3.97 mg 
per ml) in 95% ethanol were stored at 1°. Immediately before 
use, 1 volume of the reagent was diluted with 9 volumes of cold 
1.0m Tris, pH 8.0. After completion of the enzymatic reaction, 
0.2 ml of Tris-DTNB was added to the reaction cell and optical 
density determined at 412 my after 5 minutes. The extinction 
coefficient, 13,600, was used. When the rate of —SH appear- 
ance was to be determined the reaction was terminated by boil- 
ing and Tris-DTNB then added. A slow hydrolysis of DTNB 
occurs at pH 8 so the optical density of samples was determined 
against a blank containing Tris-DTNB. 


Purification of Enzyme A 


Chromatography on DEAE -Cellulose—All of the following 
operations were performed at 1° and all buffers contained 1 mw 
EDTA. Twenty milliliters of Enzyme A of the sulfate-reducing 
enzyme system (1) were placed on a 2.2 by 22 em DEAE-cellu- 
lose column (previously equilibrated with 0.02 m Tris, pH 8.0, 
buffer) with a flow rate of 0.7 ml per minute. The column was 
washed with 10 ml of the buffer, and then gradient elution con- 
ducted with 200 ml of buffer in the mixing flask and 250 ml of 1 
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yu Tris, pH 8.0, in the reservoir with a flow rate of 0.5 ml per 
minute. The elution pattern of protein and enzyme activity is 
shown in Fig. 2. The active column fractions were pooled, ad- 
justed to pH 6.0 with H»SO,, collected as the fraction precipitat- 
ing between 55 and 90% saturation with ammonium sulfate, and 
dissolved in 5 ml of 0.01 m Tris, pH 7.5. 

Adsorption on Alumina Gel Cy—After dialysis against 0.01 m 
Tris, pH 7.5, for 4 hours, the protein solution was diluted to 30 
ml with cold distilled water, and the pH adjusted to 6.5 with 0.1 
yw HCl. Three milliliters of 4-year-old alumina gel Cy (27.3 mg 
per ml) were added with stirring and after 5 minutes the gel was 
collected by centrifugation. The gel treatment was repeated 
and the two gel fractions combined and eluted with 30 ml of 
0.05 m sodium phosphate buffer, pH 7.5. The reaction of the 
gel eluates was adjusted to pH 6 and protein again precipitated 
with ammonium sulfate as described above. The protein thus 
collected was dissolved in 3 ml of 0.01 m Tris, pH 7.5, and di- 
alyzed against the same buffer overnight. At this stage of purity 
the preparation is designated as Enzyme A. 

Adsorption on Calcium Phosphate Gel—The enzyme solution 
was diluted to 30 ml with 0.01 m Tris, pH 7.5, and 3 ml of 4-year- 
old calcium phosphate gel (6.1 mg per ml) added with stirring 


> 
l 


mpumoles TPNH oxidized /min. 
nm 


30. 45 60. 75 
Protein 


Fic. 1. Initial rate of TPNH oxidation with Fraction C and 
Enzyme A as a function of enzyme concentration. 
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Fig. 2. Elution pattern of Enzyme A from DEAE-cellulose 
clumn. -—O-O-, protein content in mg per ml; -A-A-, 
Enzyme A activity in units per ml. Tris, pH 8.0, was used in- 
stad of potassium phosphate, pH 7.0, in the assay of enzyme 
activity. The volume of each fraction was 10 ml. 
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TABLE I 
Purification of Enzyme A 


Fraction 


Fraction Protein | | = 
reduc- 
tiont 
| mg | units units/mg 
Original extract................... 2620 «18,600 | 1.0 
Acid-ammonium sulfate precipi- | | 
1420 20,900! 15 | 1.9 
Ammonium sulfate 0.57 to 0.85 | 
DEAE-cellulose eluate............ 7,700 105 3.2 
Alumina gel Cy eluate (Enzyme | | 
Ca;(PO,)2 gel eluate (Enzyme A2)..| 11 4,860 | 442 | 6.8 


* Reaction mixture of 1.0 ml contained in umoles: potassium 
phosphate, pH 7.0, 50; TPNH, 0.1; FAD, 0.006; Fraction C-I, 2.0 
mg; enzyme, 1 to 3 units. 

t Glutathione reductase activity (GSSG reduction) was assayed 
by the method of Racker (5) except that potassium phosphate 
buffer at pH 7.0 rather than 7.6 was used. The ratio of activities 
was computed by setting the initial specific activity for Fraction C 
reduction and for GSSG reduction equal to 1. The activity of 
GSSG reductase in the original extract was 0.082 umole of TPNH 
oxidized per minute per mg of protein. 


TaBLeE II 
Disulfide specificity of Enzyme A, 
Reaction mixture of 1.0 ml contained in umoles: Tris, pH 8.0, 
50; MgCle, 5.0; FAD, 0.006; TPNH, 0.2; Enzyme A,, 54 ug of 


protein. 


Disulfide added Amount of disulfide | initial rate of | 
mpumoles/min 
Precteem 1.0 mg | 2.3 
3.3 umoles | 8.6 
DL-a-Lipoate................ 0.5 umole 0.6 
pL-a-Lipoamide............. 0.5 umole | 0.7 
| 2.0 mg 0.7 


After 10 minutes, the gel was collected by centrifugation and the 
enzyme eluted with 30 ml of 0.1 m sodium phosphate, pH 7.5. 
Protein was precipitated with ammonium sulfate and dialyzed as 
described above. Enzyme at this stage of purity is designated 
as Enzyme Az. As shown by the data of Table I, an approxi- 
mate purification of 60-fold was obtained. 


Substrates and Cofactors for Enzyme A 


Substrate Specificity—The ability of Enzyme A to reduce a 
number of disulfides has been tested. As shown by the data of 
Table II, none of the compounds tested, except Fraction C and 
oxidized glutathione, are reduced by the enzyme. The purified 
enzyme retains a strong glutathione reductase activity, but since 
the ratio of Fraction C-reducing activity to glutathione-reducing 
activity increases with purification (Table I), we believe the en- 
zymes to be different. In addition, Fraction C reduction by 
Enzyme A¢ is stimulated by FAD. whereas glutathione reduction 
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Fic. 3. pH optima for Enzyme A activity. Reaction mixture 
contained 155 wg of Enzyme A protein in 1.0 ml. Other addenda 
as for Table I. -O-O-, 0.05 mM potassium phosphate; -A-A-, 
0.05 m Tris; -@-@-. 0.05 o citrate. 
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mumoles TPNH oxidized /min. 


mg of Fraction C-I 


Fic. 4. TPNH oxidation as a function of Fraction C concen- 


tration. Conditions as for Table I with 21 wg of Enzyme Az. 
-O-O-, initial rate of TPNH oxidation; -A-A-, steady state 
rate of TPNH oxidation after Fraction C reduction is complete. 


is not, and oxidized glutathione does not replace Fraction C in 
the sulfate-reducing svstem (1). Although lipoamide is not re- 
duced by Enzyme <A, it is reduced by the coupled system, En- 
zyme A plus Fraction C, as discussed below. Dihydrolipoate 
(0.5 wmole) did not reduce TPN (0.2 wmole) when tested under 
the conditions of Table II. 

The rate of DPNH oxidation and —-SH appearance when en- 
zyme and Fraction C are incubated with DPNH in phosphate 
buffer at pH 7 is less than one-tenth the corresponding rate with 
TPNH. Racker (6) has reported that yeast glutathione re- 
ductase will utilize DPNH, but, curiously, only in the presence 
of phosphate. 

Reaction Rate as Function of pH and Substrate Concentration— 
The dependency of the initial rate of TPNH oxidation by Frac- 
tion C and Enzyme A; on H* concentration is illustrated in Fig. 
3. The maximal rate is obtained at pH 7 in phosphate buffer 
and at pH 7.5 in Tris buffer. There is a slight stimulation of this 
reaction by phosphate. 

The rate of TPNH oxidation as a function of Fraction C con- 
centration is shown in Fig. 4. From these data, K,, (7) for 
Fraction C in this reducing system has been calculated to be 50 
mumoles of enzymatically reducible disulfide per milliliter. This 
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would correspond to about 5, 2.5, or 1 mg of Fraction C of purity 
Stage I, II, or III, respectively. 

Owing to the molecular weight of Fraction C (about 10,000 
(8)) all experiments reported are conducted at Fraction C con- 
centrations below K,,. Thus, the rate of the reaction changes 
constantly with time (Fig. 5). With 2 mg or more of Fraction 
C-I and 1 to 2 units of Enzyme Az, an essentially linear rate js 
maintained during the first 200 seconds of reaction. 

The rate of reaction as a function of time (Fig. 5) and the 
amount of —SH appearing (Table III and Fig. 5) show that 
—SH appearance is a function of Fraction C concentration and 
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Fic. 5. Time course of TPNH oxidation and —SH appearance. 
-O-O-, optical density at 340 my without Fraction C; -@-@-, 
optical density at 340 my with Fraction C; -A-A-, —SH appear- 
ance without Fraction C; -4-A-, —SH appearance with Fraction 
C. Incubation at room temperature in a volume of 1.5 ml. Each 
cell contained: potassium phosphate, pH 7.0, 75 uwmoles; TPNH, 
0.2 umole; FAD, 0.0075 umole; Fraction C, where indicated, 10 
mg; Enzyme Ao, 35 ug. At the indicated time, 0.16 units of glu- 
cose-6-P dehydrogenase and 2.5 uymoles of glucose-6-P were added. 
—SH values were obtained by removing 0.1-ml aliquots, heating 
to 100° for 1 minute, and adding 0.7 ml of water and 0.2 ml of 
Tris-DTNB. 


TaBLeE III 
Enzymatically reducible disulfide as function of 
Fraction C concentration 
Reaction mixture as for Table I except Enzyme Ag, 21 ug of 
protein and Fraction C-I as indicated. TPNH was increased to 
0.2 umole for the 4-mg assay and to 0.3 umole for the 8- and 12-mg 
Values are corrected for a 2-mumole no Fraction C blank. 


assays. 
Incubation, 45 minutes at room temperature. 
Amount of Fraction C Total —SH appearing | —SH/mg Fraction C 
mg mymoles mymoles 
0.4 4 10.0 
18 15.0 
2.0 32 16.0 
4.0 62 15.5 
8.0 125 15.6 
12.0 187 15.6 
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that Fraction C is completely reduced at the point where the 
slow, steady state oxidation of TPNH begins. Thus, the initial 
rate of TPNH oxidation represents Fraction C reduction. The 
slow, steady state rate is more complicated since Enzyme Ag is 
slowly autoxidizable, and the steady state rate of TPNH oxida- 
tion is increased by Fraction C when it has been completely re- 
duced (Fig. 4). Additional experiments on the time course of 
—SH appearance show a maximum followed by slow —SH loss. 
Attempts to isolate Fraction C(SH). also show its lability to 
oxidation. We have not determined whether this effect of re- 
duced Fraction C upon the steady state oxidation of TPNH is 
caused by oxidative recycling of Fraction C(SH)e. or by some 
stimulatory effect upon autoxidation of Enzyme Ao. 

Effect of Flavin Derivatives and Metal Ions—Table IV shows 
the effect of flavin derivatives on the rate of TPNH oxidation 
with Enzyme A, and Fraction C-I. An approximate 50% 
stimulation is observed in the presence of FAD, as previously 
observed (8), with Enzyme A, and Fraction C-III. Flavin 
mononucleotide gives a smaller stimulation whereas quinacrine 
and riboflavin inhibit. 

None of the metals tested was observed to stimulate the reduc- 
tion of Fraction C; moreover, manganous and cobaltous ions at 
5 X 10-3 mM completely inhibit the reaction. Spectrographic 
examination of 1 mg of Enzyme A, failed to disclose an appreci- 
able heavy metal content. 7 

Ferricyanide and Dye Reduction—As shown by the data of 
Table V, TPNH and Enzyme A, will reduce 2 ,6-dichlorophenol- 
indophenol, methylene blue, and ferricyanide. Thus, the puri- 
fied Enzyme Az» fraction exhibits diaphorase activity. The rate 
of these reactions is not influenced by the addition of Fraction C 
but is stimulated by the addition of FAD. For these reasons, 
the electron pathway, discussed later, is formulated as from 
pyridine nucleotide to Enzyme A and then to dye or to Fraction 
C. 

Effects of Sulfhydryl Compounds and Sulfhydryl Inhibitors— 
The inhibition observed with manganous and cobaltous ions sug- 


TABLE IV 
Effect of flavin derivatives and metal ions 
Reaction mixture of 1.0 ml contained in ywmoles: potassium 
phosphate buffer, pH 7.0, 50 or Tris, pH 7.5, 50 for Mn** and 
Co** experiment; TPNH, 0.1; Enzyme Ay, 30 wg; Fraction C-II, 
2.0 mg; FAD, 0.006. 


Initial rate of TPNH oxidation 
Substance added | a Relative rate 
With 
F | F Cc Difference 
mumole/ | mumoles/ | mpmoles/ 
min min min 
FAD, 0.006 umole.......... 0.3 1.5 1.2 150 
FMN, 0.007 umole......... 0.4 | 1.5 1.1 125 
Quinacrine, 0.010 umole...| 0.3 | 0.6 09.3 37 
Riboflavin, 0.008 umole..... 0.5 | 0.7 , 0.2 25 
| 
0.2 {| 2.8 2.6 100 
MgCle, 5.0 umoles.......... 0.3 2.7 2.4 92 
NasMoO,, 5.0 umoles......| 0.2 2.5 2.3 89 
H;BO;, 5.0 umoles......... |. 28 2.8 108 
0.3 2:3 2.0 100 
MnCl:, 5.0 umoles......... 0.4 0.5 0.1 5 
CoCls, 5.0 umoles.......... 0.4 0.4 0.0 0 


TABLE V 
Diaphorase activity of Enzyme Az 


| TPNH oxidized or dye reduced 


Oxidant | 
| Without With 
Fraction C Fraction C 
| mpmoles/min mymoles/min 
| 0.56 0.65 
2,6-Dichlorophenolindophenolf. . 0.63 0.63 
Methylene bluef.................. | 4.1 3.4 


* TPNH oxidized. Reaction mixture as for Table I except 
Enzyme Ag, 21 ug of protein; Fraction C-III, 0.5 mg; and potas- 
sium ferricyanide, 0.5 umole. The rates are corrected for the 
change in optical density at 340 my» when ferricyanide is reduced 
(9) and for nonenzymatic oxidation. 

t TPNH oxidized. Reaction mixture as above except 0.04 
umole of 2,6-dichlorophenolindophenol. The rates are corrected 
for the change in optical density at 340 mu when the dye is reduced 
(9) and for nonenzymatic oxidation. 

{ Methylene blue reduced. Reaction mixture contained in 
umoles: MgCl., 5.0; glucose-6-P, 2.5; TPN, 0.11; Tris, pH 7.5, 25; 
FAD, 0.006; methylene blue, 0.08; glucose-6-P dehydrogenase, 
0.12 units; BSA, 0.5 mg; Fraction C-II, 1.0 mg; Enzyme Az, 21 
ug of protein. Rates are corrected for reduction in absence of 
Enzyme Az. Incubation at 37° in an argon gas phase. 


TaBLe VI 
Effects of sulfhydryl compounds and sulfhydryl inhibitors 


TPNH oxidation as 
per cent of control rate 
Compound added | 
With With 2,6-di- 
| Fraction C* “ndorhenelt 
p-Chloromercuribenzoate..... 5X 42 29 
N-Ethylmaleimide........... 5X | | 68 


* Reaction mixture as for Table I except with 6.5 ug of Enzyme 
A» protein for cysteine and BAL and 12 yg of protein for the —SH 
inhibitors. 

t Reaction mixture as for Table V. 


gested the participation of sulfhydryl groups in enzyme activity. 
Table VI shows the effects of —SH compounds and —SH in- 
hibitors on TPNH oxidation with either Fraction C or dyes as 
electron acceptors. Cysteine, at high concentration, and BAL 
stimulate TPNH oxidation by enzyme and Fraction C; arsenite, 
cadmium ion, p-chloromercuribenzoate, and N-ethylmaleimide are 
inhibitory. Dye reduction, a step not involving Fraction C, is 
also inhibited by arsenite, cadmium, p-chloromercuribenzoate, 
and N-ethylmaleimide. Inhibition was observed at about the 
same concentrations of the two classes of inhibitors, thiol and 
vicinal dithiol. On the basis of these data, we cannot conclude 
whether the enzyme itself is a thiol or vicinal dithiol enzyme. 
Reaction Reversilility and Other Substrates Tested—TPN is not 
reduced by Enzyme A and electrolytically reduced Fraction C. 
We have, so far, been unable to isolate Fraction C(SH)2 by Seph- 
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adex chromatography or electrophoresis without almost complete 
reoxidation so that enzymatically reduced Fraction C has not 
been tested. No appreciable reduction of FAD is observed in a 
system containing Enzyme A plus TPNH. Alanine, acetalde- 
hyde, or ascorbate will not reduce Fraction C or TPN in the 


0.5+ 
> B,O, MoO, BO; Fraction C- 
@ 0.2+ 
Q 
20 30 40 50 60 
Minutes 
Fic. 6. Requirement for an unfdentified factor. —O-O-, com- 


plete system; —A-A-, without Fraction C-III. The complete 
system contained in 1.0 ml: potassium phosphate, pH 7.0, 50 
umoles; FAD, 0.006 umole; TPNH, 0.1 umole; Fraction C-III, 
0.5 mg; and Enzyme Ao, 41 wg of protein. At the indicated times, 
additions of 1 zmole of sodium perborate, sodium molybdate, boric 
acid, and 0.2 mg of Fraction C-I were made to both cells. Optical 
densities are corrected for volume changes. 


TaBLe VII 
Requirement of Fraction C for lipoamide reduction 


Incubation for 2 hours at 37° in argon-filled Thunberg tubes. 
Each tube contained in 0.8 ml in wmoles: MgCl., 5; glucose-6-P, 


2.5; TPN, 0.11; BSA, 0.5 mg; glucose-6-P dehydrogenase, 0.12 


unit; Tris, pH 7.5, 25; FAD, 0.006; Enzyme Ags, 21 ug; lipoamide, 
1 umole; and Fraction C-II, 2 mg, where indicated. Total —SH 
was estimated with DTNB on an aliquot of the reaction mixture. 
Benzene soluble —SH was estimated after extraction of the reac- 
tion mixture with 5 volumes of benzene, drving the benzene over 
Na,SO,, and extracting the benzene with an equal volume of 0.5 M 
Tris, pH 8, containing 0.5 wmole of DTNB. 


—sH per tube in mumoles 


Addition 
Total | 
Enzyme A; + Fraction C................... 
Enzyme Az + lipoamide................... | 
Enzyme A, + Fraction C + lipoamide...... «154.5 50.7 


TasBLe VIII 
Lipoic acid reduction with Fraction C 


Incubation for 1 hour at room temperature. Reaction mixture 
as for Table VII except Enzyme A), 64 wg; Fraction C-I as indi- 
cated, 1 mg; and lipoic acid as indicated, 1 wmole. 


| —SH per tube 


Addition 
mmoles 
menyme A, + Praction 15.7 
Enzyme A; + Fraction C-I + lipoic acid........ | 24.8 
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Fic. 7. pL-a-Lipoamide reduction with Fraction C and En- 
zyme Az. Complete system of 1.0 ml contained in umoles: po- 
tassium phosphate, pH 7.0, 50; TPNH, 0.1; FAD, 0.006; pL-e- 
lipoamide, 0.5; Fraction C-I, 2.0 mg; Enzyme Ae, 117 ug. -O-O-, 
complete system; -A-A-, without enzyme; —-@-@-, without 
pL-a-lipoamide; -O-O-, without Fraction C. The reaction was 
conducted at room temperature. 


TABLE IX 
Reaction of coenzyme Qio with Fraction C and Enzyme A 


Complete system in 2.0 ml contained in ywmoles: Tris, pH 7.5, 
100; FAD, 0.012; MgCl, 10; TPN, 1.0; glucose-6-P, 10; coenzyme 
Q, 0.08 mg; Fraction C-I, 4.0 mg; glucose-6-P dehydrogenase (9.4 
units per mg of protein), 0.4 units; Enzyme A, 277 ug. Reaction 
was carried out at 30° for 2 hours. Coenzyme Qo was determined 
by the cyclohexane extraction method of Hatefi et al. (10). 


Coenzyme Q1o 
reacting 
| 


presence of Enzyme A. Methionine sulfoxide, cytochrome c¢, 
and menadione are not reduced by TPNH, Enzyme A, and Frac- 
tion C. P-labeled phosphate is not esterified to ADP when 
Fraction C is reduced by TPNH and Enzyme A>. Attempts to 
isolate preparations of Fraction C from hog liver and hog liver 
mitochondrial acetone powders by the methods applicable to 
yeast were not successful. Spinach leaf and spinach leaf chloro- 
plast acetone powders yielded traces of Fraction C although the 
enzymatically reducible disulfide was too low to be certain that 
an analogous reaction was being observed. 

Requirement for Unidentified Cofactor—In the bulk of the ex- 
periments reported, Fraction C of purity stage I or II was used. 
When Enzyme A, and Fraction C-III were tested, TPNH oxi- 
dation did not occur unless small amounts of Fraction C-I were 
added. Results shown in Fig. 6 suggest a requirement for an 
additional factor. Ash of Fraction C-I (500°, 5 hours), borate, 
perborate, molybdate, lipoate, lipoamide, flavin mononucleotide, 
CoA, pyridoxal phosphate, thiamine pyrophosphate, folic acid, 
ADP, GSH, and BSA were found to be inactive. The factor is 
present in Enzyme A and in Fraction C-I. It is present in low 
amount in Fraction C-II and absent in Enzyme Az and Fraction 
C-III. These studies are continuing. 

Reduction of Lipoamide and Lipoic Acid—Tuables VII and VIII 
illustrate the coupling of lipoamide and lipoate to the system 
Enzyme A plus Fraction C. Essentially no reduction of these 
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substances occurs if Fraction C is omitted. For the experiment 
of Table VII, both total —SH and benzene-soluble —SH were 
measured. Despite the amide function of lipoamide, 70% of the 
—SH attributable to that substrate could be extracted into 
benzene and subsequently reacted with DTNB. The data of 
Table VIII illustrate a very slight, but again Fraction C-de- 
pendent, reduction of lipoate. Fig. 7 shows that TPNH oxida- 
tion occurs at the same initial rate in the presence of Fraction C 
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C are stimulated by FAD and inhibited by arsenite, cadmium, 
N-ethylmaleimide, and p-chloromercuribenzoate. Enzyme A 
has not been sufficiently purified to establish Fraction C reduc- 
tion and dye reduction as properties of a single catalytic entity. 
The occurrence of diaphorase activity in Enzyme A is consistent 
with previous reports (11) of an association of dihydrolipoic de- 
hydrogenase and diaphorase activity, and thus may be of interest. 
We have adopted the following scheme shown in Scheme I as a 


alone or Fraction C plus lipoamide. When Fraction C and lipo- working hypothesis to account for our observations. 


Dve-H: 
TPNH + H* Enzyme A-FAD 
(or) 
Fraction C(SH): Lipoamide 
TPN Enzyme A-FADH:; 
Fraction C-SS Dihydrolipoamide 
ScHEME I 


amide are present, TPNH oxidation continues after the time at 
which Fraction C is completely reduced. 

The requirement for Fraction C to obtain lipoamide and lipo- 
ate reduction and the lack of effect of lipoamide on the initial 
rate of TPNH oxidation indicates that Fraction C reduction 
precedes lipoamide and lipoate reduction. 

Reaction with Coenzyme Qio—Incubation of a TPNH-generat- 
ing system, Enzyme A, and Fraction C with coenzyme Qy leads 
to loss of cyclohexane-extractable substance having absorbancy 
at 273 mu (Table IX). The present data are not sufficient to 
determine whether coenzyme Qjo has been reduced since a hemi- 
mercaptal between coenzyme Qo and Fraction C(SH): or a 
reaction of Fraction C(SH)e2 with the olefinic side chain of co- 
enzyme Qo would be possible. 


DISCUSSION 


Incubation of TPNH with a low molecular weight protein 
component of yeast, Fraction C, and Enzyme A results in the 
oxidation of TPNH and the appearance of —SH. The rate of 
TPNH oxidation and —-SH appearance is a function of Enzyme 
A and Fraction C concentration. In systems containing an 
excess of Enzyme A and TPNH, the amount of —SH appearing 
is a function of Fraction C concentration indicating that a di- 
sulfide grouping of Fraction C is being reduced. Owing possibly 
to changes in the optical density of Fraction C at 340 my upon 
reduction (1), and to autoxidation of Enzyme A, a stoichiometry 
of 1.4 to 1.7 (1.65 for Fig. 5) is obtained for the ratio of —SH 
appearance to TPNH oxidation. 

Enzyme A does not catalyze the reduction of cystine, lipoate, 
lipoamide, DTNB (1, 8) or the disulfide bonds of BSA with 
TPNH, or the oxidation of dihydrolipoate by TPN. It does 
have GSSG reductase activity but partial loss of this activity 
during purification suggests a contaminant. Thus Enzyme A is 
specific for the reduction of a disulfide group of Fraction C among 
the disulfides so far tested. 

The system Enzyme A plus Fraction C will reduce lipoate, 
lipoamide, and DTNB (1, 8). After correction for absorbancy 
changes of lipoamide, the stoichiometry of —SH appearance to 
TPNH oxidized is 2.0 (Fig. 7). 

Enzyme A has been observed to have diaphorase activity and 
will couple the oxidation of TPNH to the reduction of ferri- 
cyanide, 2,6-dichlorophenolindophenol, methylene blue, and 
oxygen. Diaphorase activity does not require the addition of 
Fraction C. Both diaphorase activity and reduction of Fraction 


Several previous reports have dealt with the enzymatic reduc- 
tion of protein disulfide (12, 13, 14, 15), and recently a system 
composed of 3 heat-labile components has been reported to cat- 
alyze the reduction of methionine sulfoxide (16). Our system, 
Enzymes A and B with or without Fraction C, will not catalyze 
methionine sulfoxide reduction. Nonetheless, the similarities of 
the systems are striking and suggest that protein dithiol may 
serve as reductant in a number of biological reactions. 


SUMMARY 


The role of Enzyme A and of the heat-stable protein, Fraction 
C, in the yeast sulfate-reducing system has been studied. En- 
zyme A has been partially purified and shown to reduce a disul- 
fide group of Fraction C, with reduced triphosphopyridine 
nucleotide as reductant. Enzyme A is specific for the reduction 
of Fraction C among the disulfide compounds so far tested. The 
coupled system, Enzyme A plus Fraction C, however, will reduce 
5, 5’-dithiobis(2-nitrobenzoate) and lipoamide. The reduction 
of Fraction C is sensitive to inhibition by sulfhydryl reagents 
and stimulated by flavin adenine dinucleotide. An additional 
unidentified component is required for the reduction of Frac- 
tion C. 
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Oxidations by the Initiation of Sulfite Oxidation* 
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The initiation of chain reactions by free radicals can serve as 
the basis for sensitive detectors of the occurrence of these radi- 
cals. Thus, the polymerization of vinyl compounds has been 
used to detect free radicals in Fenton’s reagent (1, 2), in illumi- 
nated solutions of chlorophyll (3) and in solutions of xanthine 
oxidase acting on formaldehyde (4). The utility of the aerobic 
oxidation of sulfite as a free radical-detecting chain reaction 
has been demonstrated in several Systems (5-7). In view of the 
demonstration of unpaired electrons in many enzyme-substrate 
systems, by the technique of electron spin resonance spectrom- 
etry (8-10), it appeared of interest to survey several oxidative 
enzyme systems for the ability to initiate the aerobic oxidation 
of sulfite when acting on their respective substrates. The 
nature of the sulfite-O. chain reaction has been described 
previously (6). 


EXPERIMENTAL PROCEDURE 


Materials and Methods—The ability of various enzymes to 
initiate the oxidation of sulfite when acting on their substrates 
was examined in Warburg respirometers in the manner previously 
used with milk xanthine oxidase (5). All experiments were 
conducted in 0.05 M potassium phosphate, pH 7.8, containing 
0.005% Versene Fe-3, and the flask contents totaled 2.2 ml. 
Because extensive chain breaking (11) by the enzyme preparation 
or its substrate could mask chain initiation, systems to be tested 
for the initiation of sulfite oxidation were first tested for their 
ability to inhibit the oxidation of sulfite as initiated by the milk 
xanthine oxidase system. Only those enzyme and substrate 
combinations in which the components exhibited negligible 
inhibition in this system were tested for their own ability to 
initiate sulfite oxidation. 

Moccasin venom L-amino acid oxidase was prepared according 
to Singer and Kearney (12). Aldehyde oxidase was prepared 
from rabbit liver by the procedure of Hurwitz (13) and was 
further purified by Dr. K. V. Rajagopalan by treatment with 
protamine sulfate and by adsorption-elution on alumina Cy gel. 
Pig heart cytochrome oxidase was prepared according to Smith 
and Stotz (14). Microsomes were prepared from rabbit liver 
according to Mitoma, Posner, Peitz, and Udenfriend (15). 
Calf liver xanthine oxidase was prepared according to Kielley 
(16) by Bernard Jacobson, who also examined its ability to 


* This study was supported in part by Contract AT-(40-1)-289 
between Duke University and the United States Atomic Energy 
Commission and by Grant G-91 from the National Institutes of 
Health, United States Public Health Service. 

t+ Senior Research Fellow, National Institutes of Health, 
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initiate sulfite oxidation. We are indebted to Dr. A. Meister 
and Dr. D. E. Green for their generous gifts of rattlesnake 
venom L-amino acid oxidase (17) and purified, soluble cytochrome 
oxidase, respectively. Some of the properties of this preparation 
were described by Criddel and Bock (18). Tyrosinase, horse-rad- 
ish peroxidase, catalase, milk xanthine oxidase, and lipoxidase were 
products of the Worthington Biochemical Corporation. Cyto- 
chrome ¢ was obtained from the Sigma Chemical Company and 
was reduced with dithionite and dialyzed against cold buffer 
before use. Linoleic acid was a product of the Hormel Founda- 
tion, Minneapolis, Minnesota. Suspensions in buffer were 
prepared immediately before use. 


RESULTS 


Limited Initiation of Sulfite Oxidation by HO.— Before examin- 
ing peroxide-producing or peroxide-consuming enzymes as 
initiators of sulfite oxidation, we investigated the ability of 
hydrogen peroxide, per se, to initiate sulfite autoxidation. A 
continuous supply of hydrogen peroxide, such as would be pro- 
vided by a_ peroxide-generating enzyme, was simulated by 
placing hydrogen peroxide in the center well of Warburg vessels 
and permitting gaseous diffusion to carry the peroxide into the 
main chamber. In control experiments, the center well con- 
tained 0.05 ml of 30% hydrogen peroxide, whereas the main 
compartment contained 2.15 ml of buffer which was sampled 
and assayed for hydrogen peroxide by the iodometric method Of 
Patrick and Wagner (19). This arrangement was found to 
provide a linear rate of transport of hydrogen peroxide from the 
center well into the main compartment over the course of 1 hour. 

Hydrogen peroxide proved to be a poor initiator of the autoxi- 
dation of sulfite. The introduction, by diffusion, of 0.25 umole 


of peroxide per 10 minutes resulted in the aerobic oxidation of } 


only 0.7 umole of sulfite in the same interval, 7.e. about 3 sulfite 
ions oxidized per hydrogen peroxide molecule. In contrast, 
xanthine oxidase causes the oxidation of approximately 10,000 
sulfite ions per molecule of xanthine oxidized under the same 
conditions. 


Dehydrogenases and Oxidases—<After correction for the effects . 
of hydrogen peroxide generation, the L-amino acid oxidases from | 
rattlesnake and mocassin venoms were found not to initiate the } 
oxidation of sulfite in the presence or absence of t-leucine. | 


Mushroom tyrosinase, with or without L-tyrosine, was also 
inactive. Additional enzymes which have been tested for their 


ability to initiate the oxidation of sulfite in the presence of their | 


respective substrates and which were previously reported to be 
inactive (5) include succinic dehydrogenase, glucose oxidase, 
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p-amino acid oxidase, alcohol dehydrogenase, lactic dehydro- 
genase, and uricase. 

Calf liver xanthine oxidase was found to initiate sulfite oxi- 
dation in a manner analogous to that previously observed with 
the milk enzyme (5). Rabbit liver aldehyde oxidase, when 
acting on N-methyl nicotinamide, initiated sulfite oxidation 
about as effectively as xanthine oxidase. 

Metalloporphyrin Enzymes—Catalase did not initiate the 
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O 
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Fic. 1. Initiation of the aerobic oxidation of sulfite by azide- 
catalase and hydrogen peroxide. In addition to 100 ug of dia- 
lyzed catalase and 20 wmoles of sodium sulfite, each flask con- 
tained: @——@, 0.050 ml of 30% hydrogen peroxide in the center 
well or 1 zmole of sodium azide; O——O, 0.050 ml of 30% hydro- 

gen peroxide in the center well and 1 wmole of sodium azide. 


400- 


3p 


10 20 30 
MINUTES 

Fig. 2. Initiation of sulfite oxidation by the peroxidase system. 
All flasks contained 40 umoles of sodium sulfite and the following 
as indicated: 1, 0.05 ml of 10% hydrogen peroxide (center well); 
“, 5 ug of horse-radish peroxidase; 3, 0.05 ml of 10% hydrogen 
peroxide (center well) and 5 ug of horse-radish peroxidase. The 
designations, / Pp, 2p, and 3p, correspond to /, 2, and 3, but each 

contained in addition 5 wmoles of phenol. 
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Fig. 3. Initiation of the oxidation of sulfite by the eytochrome 
oxidase system. Contents of the flasks were: 4A——A, 0.035 
umole of ferrocytochrome ¢ plus cytochrome oxidase; O——O, 
0.035 umole of ferrocytochrome c or cytochrome oxidase, plus 
20 umoles of sodium sulfite; @——@, 0.035 umole of ferrocyto- 
chrome c plus cytochrome oxidase and 20 uwmoles of sodium sul- 
fite; }——@J, same as @ @ plus 0.08 umole of sodium cyanide. 
The cytochrome oxidase catalyzed the oxidation of ferrocyto- 
chrome c¢ at a rate of 0.00065 umole per minute per flask. 


oxidation of sulfite, either in the presence or in the absence of 
hydrogen peroxide. Azide-catalase initiated the oxidation of 
sulfite but only in the presence of hydrogen peroxide. These 
results are shown in Fig. 1. As shown in Fig. 2, horse-radish 
peroxidase initiated the oxidation of sulfite only in the simultane- 
ous presence of hydrogen peroxide and a peroxidizable substrate 
such as phenol. 

Fig. 3 indicates that neither cytochrome oxidase nor ferro- 
cytochrome c, tested separately, significantly initiated sulfite 
oxidation, whereas vigorous sulfite oxidation was initiated during 
the aerobic oxidation of ferrocytochrome c by cytochrome oxidase. 
This could be demonstrated equally well with the particulate 
enzyme of Smith and Stotz (14) or with a highly purified soluble 
preparation (18). Cyanide strongly inhibited the initiation of 
sulfite oxidation by this system. | 

As shown in Fig. 4, the rate of sulfite oxidation was proportional 
to the concentration of cytochrome oxidase only at very low 
concentrations of the enzyme. Within the linear portion of this 
curve, the ratio of the atoms of oxygen consumed to the molecules 
of cytochrome c oxidized is approximately 5000. The variation 
of the rate of initiated sulfite oxidation with the concentration of 
ferrocytochrome c was also investigated. The half-maximal rate 
of oxygen uptake was observed at 2.4 « 10-° m ferrocytochrome c. 
Although not readily interpretable as a binding constant (20), 
this result was in reasonable agreement with results obtained by 
conventional manometric assays of cytochrome oxidase (21). 

Lipoxidase—As shown in Fig. 5, dilute suspensions of linoleic 
acid effectively initiated sulfite oxidation. Addition of lipoxi- 
dase which, of itself, did not initiate sulfite oxidation, greatly 
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augmented the rate of sulfite oxidation observed in the presence 
of linoleate. 

Microsomes—Rabbit liver microsomes and TPNH were found 
to act as chain breakers in the oxidation of sulfite initiated by the 
xanthine oxidase test system. Of necessity, therefore, attempts 
to demonstrate initiation of sulfite oxidation by a microsomal 
hydroxylation system were performed at low concentrations of 
the essential components. Microsomes equivalent to 15 mg 
(wet weight) of liver were found to initiate the aerobic oxidation 
of sulfite in the presence of 4.5 X 10-5'm TPNH, in the absence of 
other substrates. DPNH did not effectively replace TPNH. 

Mechanism of Initiation of Sulfite Autoxidation—It has previ- 
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ml CYTOCHROME OXIDASE SOLUTION MINUTES 
Fias. 4 5 

Fic. 4 (left). Relationship between the concentration of cyto- 
chrome oxidase and the initiated rate of sulfite oxidation. Each 
flask contained 40 wmoles of sodium sulfite, 0.017 wmole of ferro- 
cytochrome c and the indicated volume of a stock cytochrome 
oxidase preparation which catalyzed the oxidation of 1.8 wmoles 
of ferrocytochrome c per ml per minute under these conditions. 

Fic. 5 (right). Initiation of sulfite oxidation by the lipoxidase 
system. Each flask contained 20 wmoles of sodium sulfite and, 
except for flask A, 0.05 ml of a 0.25% suspension of linoleic acid 
in 0.5% erystalline bovine serum albumin. Soybean lipoxidase 
was present in the following amounts: @——®@, 6 ug; O——O, 
3 ug; 11.5 ug; A——A and 0.0. Control flasks, 
containing linoleate and 6 ug of lipoxidase, but no sulfite, ex- 
hibited no detectable oxygen uptake. 


p 
° 


min. 


VOLTS 
Fic. 6. Electrolytic initiation of sulfite oxidation. The indi- 
cated rates of initiated sulfite oxidation correspond to the rate 
of oxygen uptake observed at each impressed voltage corrected 
for the rate of oxygen uptake observed in the absence of an im- 
pressed voltage. 
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ously been suggested that the product of the univalent reduction 
of oxygen, viz. the superoxide anion, O2--, may be the agent 
responsible for initiation of sulfite oxidation in enzymatic systems, 
That this free radical can serve in this regard was demonstrated 
directly by electrolytic initiation of aerobic sulfite oxidation in 
Warburg vessel with sealed-in platinum electrodes. The 
production of O.~- at an inert cathode has been indicated by 
Kolthoff and Jordan (22). When a potential difference of 0.8 
volt was impressed across the electrodes, sulfite oxidation was 
initiated. The rate of sulfite oxidation observed was proportional] 
to the size of the cathode and independent of the size of the 
anode. As shown in Fig. 6, when the rate of sulfite oxidation was 
plotted as a function of the impressed voltage, a polarographic 
reduction wave for oxygen was obtained. Oxidative enzymes 
which effect the univalent reduction of oxygen, therefore, might 
also be expected to initiate the oxidation of sulfite under ap- 
propriate conditions. 


DISCUSSION 


Of the flavoproteins investigated, only the xanthine oxidases of 
milk and calf liver and the aldehyde oxidase of rabbit liver were 
found to initiate the oxidation of sulfite. Beinert (23) has 
presented evidence for the oxidation and reduction of the 
prosthetic groups of several flavoenzymes by successive univalent 
steps with a semiquinoid form of the flavin as an intermediate, 

Nevertheless, it appears that, other than xanthine oxidase and 
the aldehyde oxidase, the flavoproteins examined by the present 
technique do not generate radicals which are capable of initiating 
the sulfite-oxygen chain reaction. The uniqueness of the xanthine 
and aldehyde oxidases among the flavoproteins in the present 
series appears to relate to the possibility that their metal com- 
ponents may, to some extent, be involved in transporting elec- 
trons directly to oxygen. The observation that xanthine oxidase, 
when acting on hypoxanthine in the presence of luminol or 
lucigenin, causes the emission of light (24) has been confirmed in 
this laboratory. It appears likely that the mechanism of this 
induced luminescence is related to that of the initiation of sulfite 
oxidation and depends upon radicals which are generated by the 
enzyme, in agreement with the suggestions of Totter et al. (25). 

The generation of reactive radicals by the xanthine oxidase 
system results in phenomena which may be readily misinter- 
preted. Thus, Westerfeld et al. (26) reported that addition of 
glutathione to xanthine oxidase caused enhancement of the rate 
of oxygen uptake, and concluded that glutathione “enhances” 
the activity of this enzyme. But glutathione has no effect on 
the activity of xanthine oxidase when assayed by spectrophoto- 
metric determination of urate production, as described by 
Kalckar (27). The apparent enhancement of xanthine oxidase 
activity by glutathione or cysteine observed in the manometric 
assay appears to be due to oxidation of these sulfhydryl com- 
pounds induced by the radicals generated by the enzyme system. 

The iron of catalase has been shown to be in the ferric state 
and is thought not to be reduced by interaction with hydrogen 
peroxide. Strong reductants such as dithionite do not effect the 
reduction of this iron (28). The complete inability of catalase 
to initiate the aerobic oxidation of sulfite in the presence or 
absence of hydrogen peroxide is in accord with these observations. 
Keilin and Hartree (29) reported that the iron of azide-treated 
catalase is reduced to the ferrous state by hydrogen peroxide and 
that ferrous azide-catalase is readily reoxidized by oxygen. 
The latter reaction would be expected to generate the superoxide 
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anion which should initiate the oxidation of sulfite, in agreement 
with the observations reported above. 

Peroxidase initiates the oxidation of sulfite only in the presence 
of both hydrogen peroxide and a peroxidizable substrate, but 
not in the presence of either alone. Hence, it appears likely that 
the interaction of peroxidase with hydrogen peroxide involves 
the transfer of an electron pair and does not generate radicals, 
whereas oxidation of peroxidizable substrates by the oxidized 
enzyme or enzyme-peroxide complex proceeds by successive, 
univalent electron transfer and, therefore, generates radical 
intermediates. This concept is in accord with the mechanism 
postulated by George (30). Free radicals produced by the action 
of peroxidase plus hydrogen peroxide on hydroquinone or as- 
corbate have been detected by electron spin resonance spectrom- 
etry (10). Initiation of sulfite oxidation by linoleate and its 
marked enhancement by lipoxidase is in accord with suggestions 
that free radical intermediates occur in the autoxidation of 
unsaturated fatty acids (31) and in the enzyme-catalyzed oxida- 
tion (32, 33). The ability of lipoxidase to catalyze the co-oxida- 
tion of a variety of compounds when acting on linoleic acid (34- 
37) provides further support for the generation of radicals by this 
enzyme system. 

Studies of hydroxylation reactions caused by model systems 
composed of hydrogen peroxide, ferrous salts, and ascorbate have 
led to the proposal that the hydroxylating species in these 
systems is the hydroxyl-free radical (38, 39). The ability of 
rabbit liver microsomes to initiate sulfite oxidation in the pres- 
ence of TPNH, and in the absence of a hydroxyl acceptor, indicates 
the generation of reactive radicals, e.g. HO2- or HO-, by this 
system and strongly suggests that hydroxylations effected by 
microsomes in the presence of TPNH may be mediated by hy- 
droxyl or perhydroxy] radicals. 

The pronounced initiation of sulfite oxidation observed during 
the aerobic oxidation of ferrocytochrome c by cytochrome oxidase 
indicates the participation of free radical intermediates in this 
process, and suggests that the reduction of oxygen by this enzyme 
proceeds by successive univalent steps yielding oxygen radicals, 
probably enzyme bound, which are responsible for the observed 
initiation of sulfite oxidation. The co-oxidation of 3,4-benzpy- 
rene to hydroxylated and quinoid derivatives by the cytochrome 
oxidase system as reported by Pihar (40) probably also relates to 
the reactivity of such oxygen radical intermediates. The ap- 
pearance of molecular species bearing unpaired electrons in the 
cytochrome oxidase system has been demonstrated by electron 
spin resonance spectrometry (8). The initiation of sulfite oxi- 
dation by cytochrome oxidase plus ferrocytochrome c is not in- 
hibited by 3 X 10-3 m bathocuproine sulfonate, a copper chelating 
agent indicating that either the copper moiety is not the locus 
of oxygen binding and reduction or, as recently suggested (41), 
that the copper is unavailable for reaction with this chelating 
agent. A mechanism involving the successive univalent reduc- 
tion of oxygen by cytochrome oxidase has been proposed by King 
and Lee (42). 

Neither uricase nor tyrosinase initiate sulfite oxidation when 
acting upon their substrates. Uricase activity has been found 
to result in peroxide formation (43). Studies with H,O have 
indicated that uricase catalyzes a 2-electron transfer from sub- 
strate to molecular oxygen (44). Since uricase, which contains 1 
atom of copper per mole, catalyzes a 2-electron transfer, it has 
seemed likely that alternate reduction and reoxidation of the 
enzymic copper does not occur in the catalytic mechanism (45). 
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The failure of uricase to initiate the oxidation of sulfite, when 
acting upon uric acid, suggests that reactive radicals are not 
produced as intermediates during the catalytic action of this 
enzyme, in accord with the conclusions of Mason (46). 
Kubowitz (47), who found that enzyme-bound copper is es- 
sential to the activity of tyrosinase, suggested that the copper 
undergoes alternate reduction and reoxidation. However, from 
the behavior of tyrosinase in the presence of a biquinoline-acetic 
acid reagent specific for the cuprous form, Kertesz (48) concluded 
that the copper of tyrosinase is in the reduced state and does not 
change valence in the course of its catalytic activity. This 
concept is supported by the failure of tyrosinase to initiate the 
oxidation of sulfite, indicating that this enzyme probably does 
not produce reactive oxygen radicals when acting upon tyrosine. 
It would be of interest to examine laccase in similar fashion 
since, in contrast to tyrosinase which has 1 copper atom per mole 


and is pale yellow (49), laccase is stated to contain 4 atoms of 


copper per mole and its blue color is bleached by anaerobic addi- 
tion of substrate (50). 


SUMMARY 


Initiation of the aerobic oxidation of sulfite has been used to 
demonstrate free radicals generated by the catalytic action of 
several oxidative enzymes. Xanthine oxidase, liver aldehyde 
oxidase, cytochrome oxidase, lipoxidase, peroxidase, and liver 
microsomes in the presence of reduced triphosphopyridine 
nucleotide were found to generate radicals in the course of their 
respective catalytic actions, whereas diverse other oxidative en- 
zymes failed to do so. The significance of these findings with 
respect to the mechanism of action of each of these enzymes is 
discussed. 


Acknowledgment—Our thanks are due to Mr. Lorrance Green- 
lee who performed the experiments on the electrolytic initiation 
of sulfite oxidation. 
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The biological oxidation of cysteine is known to proceed to 
sulfate via cysteine sulfinic acid, B-sulfinyl pyruvic acid and 
sulfite (1-3). Oxidation of sulfite to sulfate, the final step, is not 
well understood. The ability of rat liver mitochondria to cata- 
lyze the oxidation of sulfite with concomitant synthesis of adeno- 
sine triphosphate has been reported (4). The oxidation of sulfite 
by pea mitochondria, which is stimulated by adenosine diphos- 
phate, appears to involve reduction of cytochrome c (5). The 
ability of a soluble extract of liver to catalyze the oxidation of 
sulfite has also been reported (6). The present communication 
describes the partial purification, from an extract of acetone- 
powdered liver, of a protein, tentatively designated as sulfite 
oxidase, which catalyzes the oxidation of sulfite by a variety of 
electron acceptors including oxygen, cytochrome c, ferricyanide, 
and 2,6-dichlorophenol indophenol. Preliminary reports have 
been made earlier (7, 8). 


EXPERIMENTAL PROCEDURE 


Enzyme Assays—Several assays for sulfite oxidase, which 
utilize a variety of electron acceptors, have been used. 

(a) Reduction of Cytochrome c—Enzyme was added to a cuvette 
containing 1 umole of sodium sulfite and 0.2 umole of cytochrome 
cin 3.0 ml of 0.10 m Tris at pH 8.5. The increase in optical 
density at 550 mu was followed in a Beckman model DU spectro- 
photometer. The cell compartment was maintained at 25°. 

(b) Reduction of Ferricyanide—This technique was used pri- 
marily for monitoring the activity of eluates from chromatogra- 
phic columns. Cuvettes contained 2 yumoles of potassium 
ferricyanide, 2 umoles of sulfite, and enzyme, in a final volume of 
3.0 ml, buffered at pH 7.8 by 0.5 m potassium phosphate con- 
taining 0.005% Versene Fe-3. Reduction of ferricyanide was 
followed at 420 my. Rates were corrected for the nonenzymic 
reduction of ferricyanide by sulfite. 

(c) Direct Spectrophotometric Assay—Sulfite exhibits intense 
absorption in the short ultraviolet range, whereas sulfate does 
not (9). The decrease in optical density at 212.5 mp was ob- 
served in cuvettes which contained 0.75 umole of sulfite and en- 
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zyme in a final volume of 3 ml, buffered at pH 7.8 by 0.05 m 
potassium phosphate which contained 0.005% Versene Fe-3. 
The molar extinction coefficient of sulfite under these conditions 
is 4 X 108. Enzyme was omitted from the control cuvette. 
Because of the strong absorption of protein at the wave length 
used, the direct spectrophotometric assay was used only with 
relatively purified enzyme preparations. 

(d) DPN-Bisulfite Assay—Sulfite forms an adduct with DPN 
which exhibits an absorption maximum at 320 my (10). When 
enzyme was added to a cuvette containing 1.0 umole of sulfite 
and 6.0 umoles of DPN in a final volume of 1.5 ml, buffered at 
pH 7.8 by potassium phosphate, enzymic oxidation of sulfite 
caused dissociation of the nucleotide-bisulfite adduct and _ pro- 
portional decrease of optical density at 320 mu. 

(e) Dye Reduction—2 ,6-Dichlorophenol indophenol is rapidly 
reduced at relatively high concentrations of sulfite but is reduced 
very slowly at the low concentration of sulfite maintained by 
dissociation of the formaldehyde-bisulfite addition compound 
(hydroxymethanesulfonie acid). Sulfite oxidase, however, 
catalyzes rapid reduction of this dye by the minute steady state 
concentration of sulfite present in solutions of formaldehyde- 
bisulfite. In practice, each 18 xX 150-mm tube contained en- 
zyme and 0.4 umole of dye in a final volume of 7.0 ml buffered 
at pH 7.8 by 0.05 m phosphate containing 0.005% Versene Fe-3. 
Reaction was started by addition of 1.0 ml of 0.01 m formalde- 
hyde-bisulfite; bleaching of the dye was followed at 620 my in a 
Coleman spectrophotometer. A control, from which enzyme 
was omitted, was included in each assay series. With each of 
the assays described above, observed rates were proportional to 
enzyme concentration, and in each case enzymic activity was 
destroyed by a brief heating to 100°. 


RESULTS 


Purification of Sulfite Oxidase of Rat Liver—Unless otherwise 
stated, all manipulations were performed at 4° and the buffer 
was 0.05 m phosphate at pH 7.8 containing 0.005% Versene 
Fe-3. Acetone powder, 40 g, prepared from fresh or frozen rat 
liver was extracted for 2 hours by stirring with 400 ml of buffer. 
Insoluble material was removed by centrifugation and the super- 
natant, Stage A, was brought to 50% saturation with ammonium 
sulfate by addition of an equal volume of a neutralized, saturated 
solution. The precipitate, collected by centrifugation, and 
dissolved in buffer to a volume of 300 ml was designated Stage B. 
This solution was brought to 56° in a hot water bath and was 
maintained at that temperature for 5 minutes, after which it was 
rapidly chilled in an ice bath. Denatured protein was removed 
by centrifugation and the supernatant, Stage C, was fractionated 
with ethanol in an ice-salt bath at —10°. The fraction which 
precipitated between 44 and 74% ethanol was collected by 
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centrifugation at —10° and dissolved in 250 ml of buffer (Stage 
D). Preparation D was again fractionated with neutralized 
ammonium sulfate. The 0 to 50% fraction was redissolved in 
125 ml of buffer (Stage E). After dialysis for 48 hours against 
many changes of distilled water, preparation E was stirred for 20 
minutes with 0.3 volume of calcium phosphate gel prepared ac- 
cording to Keilin and Hartree (11). The gel was collected by 
centrifugation and eluated with 110 ml of buffer. The eluate 


TABLE I 
Purification of rat liver sulfite oxidase 


Stage Specific activity® | Recovery 


| | 
| % 

A 0.35 100 
B 0.61 | 
C 0.91 78 
D 2.40 
E 3.90 
F 13.80 23 
G 17.80 15 
H 71.204 


* A unit of activity catalyzes an optical density change of 0.01 
per minute in the 2,6-dichlorophenol indophenol assay. Specific 
activity is in units per mg of protein. 

+ Assayed by direct spectrophotometric assay and converted 
to 2,6-dichlorophenol indophenol units. 


TaBLe II 
Purification of beef liver sulfite oxidase 


Specific Activity | Purifica- 
lactivity* recovered; tion 


| | % | fold 

antes. | 2.4 | 60 | 2.0 
First DEAE-cellulose column............ | 4.4 | 54 | 3.4 
Second DEAE-cellulose column.......... 79.0 | 21 66.0 
Third DEAE-cellulose column........... 280.0 7.8 | 233 .0 
280.0 7.8 | 233.0 


* Specific activity is defined as A O.D. at 550 my per 10 minutes 
per mg of protein in the standard assay for cytochrome c reduc- 
tion. 


TaBLeE III 
Purification of dog liver sulfite oxidase 
Activ- 
Specific ity Purifi- 
activity | recov- | cation 
ered 
% fold 
Protamine sulfate supernatant (F III A) 0.30 42 
First DEAE-cellulose column............. 4.36 24 16 
Second DEAE-cellulose column.......... 27.10 16 | 385 


(Stage F) was fractionated with ammoniacal ammonium sulfate 
(6 parts of 28% ammonia and 94 parts of saturated ammonium 
sulfate), and the fraction collected between 42 and 63% of 
saturation was dissolved in a final volume of 65 ml of buffer 
(Stage G). After thorough dialysis against buffer, this materia] 
was frozen and stored. 

A 2.5- & 25-cm column was packed with DEAE-cellulose! from 
which fine particles had been removed by repeated decantation, 
The column was exhaustively washed with 1.0 n NaOH, then 
with 0.5 m phosphate, pH 6.0, and finally with water. Prepara- 
tion G was placed on the column and a gradient elution with 
phosphate buffer, pH 7.8, from 0.05 to 0.25 m, was applied. The 
protein fraction which came off at 0.18 m phosphate (Stage H) 
was frozen and stored until used. Table I presents the results of 
this purification scheme. 

Purification of Sulfite Oxidase from Beef Liver—Beef liver 
acetone powder was stirred with 5 volumes of phosphate buffer 
for 45 minutes. After removal of insoluble material by centri- 
fugation, the supernatant solution was brought to 50% saturation 
by addition of solid ammonium sulfate. The pH was maintained 
at 7.5 by cautious additions of 1.0N KOH. The precipitate was 
collected by centrifugation and dissolved in phosphate buffer 
equal to one half the volume of the initial extract of acetone 
powder. Thissolution was rapidly brought to 55° in a water bath 
and maintained at this temperature for 3 minutes, after which it 
was chilled in ice. Denatured protein was removed by centrifu- 
gation and the supernatant was dialyzed free of sulfate against 
many changes of distilled water. Two DEAE-cellulose columns, 
9 x 40 cm and 2.5 X 25 cm, respectively, were prepared as de- 
scribed above. Two liters of the dialyzed enzyme solution were 
applied to the larger column. A broad band of inactive protein 
was eluted with 0.05 m buffer. A tan band containing enzyme 
activity was eluted with 0.25 m phosphate, pH 7.8. This eluate 
was brought to 45% saturation with ammonium sulfate by addi- 
tion of a saturated solution adjusted to pH 8.2 with ammonia, 
The precipitate, collected by centrifugation, was dissolved in 
enough buffer to obtain a concentration of 8 mg of protein per ml 
and was dialyzed against distilled water until free of sulfate. 
The protein solution was then placed on the small column of 
DEAE-cellulose and the above procedure repeated. The en- 
zyme solution was then placed on a third column of DEAE- 
cellulose and a gradient elution with phosphate, pH 7.8, between 
0.05 and 0.15 mM was applied. The active eluate, collected at 
0.10 mM, was concentrated by precipitation with ammonium sulfate 
and was stored in the frozen state. Table II summarizes the 
results of this purification procedure. 

Dog Liver Sulfite Oxidase—The partial purification of sulfite 
oxidase from extracts of dog liver acetone powder to Stage F III 
A has been described previously (12). These studies have been 
repeated and extended. In the present instance, activity was 
assayed by the cytochrome c reduction procedure. Fraction F 
III A was dialyzed against distilled water until free of sulfate and 
subjected to chromatography on DEAE-cellulose columns ¢s- 
sentially as described for the beef liver preparation, except that 
only one column was used for batchwise elution, and gradient 
elution from the second column was applied between 0.05 and 
0.25 m phosphate. The results of this purification scheme are 
shown in Table ITI. 

Stability of Enzyme—The purified enzyme from all three 


1 From the Brown Company, Boston, Massachusetts. 
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sources was unstable below pH 7.0 but was quite stable between 
pH 7.0 and 9.5. Dialysis of the dilute enzyme resulted in loss of 
activity unless the dialysis tubing had been previously soaked 
in bovine serum albumin. Storage in the deep freeze for several 
months resulted in very little loss of activity. 

Optimal pH—The effect of variation of pH on the activity of 
the enzyme in the cytochrome c reduction assay was investigated 
in Tris buffer and in a mixed phosphate Tris-glycine buffer. 
Maximal rates were observed at pH 8.5 with the purified en- 
zymes from both beef and dog liver. In the course of these 
experiments it was noticed that the presence of glycine activated 
the enzyme over the pH range 6 to 10. 

Stoichiometry—Under various conditions, 0.5 umole of sulfite 
effected the reduction of 1 umole of cytochrome ce. Accordingly, 
the over-all reaction 1s: 


SO;- + H2O + 2 ferricytochrome c — 
SO,- + 2H* + 2 ferrocytochrome c_ (1) 


Kinetics—The enzyme-catalyzed rate of cytochrome c _ re- 
duction varied with sulfite concentration in accord with Michae- 
lis- Menten kinetics (13). From a reciprocal plot (14) of velocity 
and substrate concentration, A,,, for sulfite was found to be 1.2 x 
10-> m with the beef liver enzyme and 2.7 X 10-5 Mm with the dog 
enzyme. The effect of varying the cytochrome ¢ concentration 
was investigated, at constant sulfite concentration, in cuvettes 
providing a 10.0-cm light path. When plotted reciprocally, the 
data exhibited a straight line from which K,, for cytochrome c 
was calculated to be 3.1 X 10-7 m for the dog liver enzyme and 
93 x 10-7 m for the beef liver enzyme. 

Specificity of Purified Enzyme—The ability of the purified beef 
liver enzyme to catalyze reduction of cytochrome c by a variety 
of substrates was investigated. Sulfite could not be replaced by 
DPNH, TPNH, succinate, thiosulfate, dithionate, cysteine sul- 
finate, cysteine thiosulfonate, lactate, acetaldehyde, hypoxan- 
thine, or selenite. 

With sulfite as substrate and use of the enzyme from beef 
liver the relative rates of reduction of cytochrome c, oxygen, 
ferricyanide, and methylene blue were found to be 100:114: 
1420:6.7. 

Inhibition Studies—Ag*+, Hg++ and p-chloromercuribenzoate 
all inhibited reduction of cytochrome c by the beef liver enzyme. 
The inhibitory effect of these reagents could not be reversed over 
dialysis against cysteine. Inhibition by —p-chloromercuri- 
benzoate was progressive with time, as shown in Fig. 1. In- 
hibition by thiosulfate was completely reversed by dialysis but 
was not competitive with respect to sulfite. Cyanide, azide, car- 
bon monoxide, semicarbazide, o-phenanthroline and quinacrine 
were without effect. The results of the inhibition studies are 
summarized in Table IV. 

Sulfite oxidase was found to be sensitive to trypsin. Incu- 
bation of 70 ug of purified beef liver sulfite oxidase with 3.5 yg of 
crystalline trypsin for 10 minutes at room temperature resulted 
in 90% inhibition of activity in the cytochrome c reduction assay. 
It is of interest that the degree of trypsin inhibition varied with 
the electron acceptor used. Thus, whereas cytochrome c re- 
duction was 90% inhibited in the experiment cited above, oxygen 
reduction was only 50% inhibited and ferricyanide reduction was 
20% inhibited. Trypsin treated with diisopropylfluorophos- 
phate or with crystalline soybean trypsin inhibitor did not inhibit 
sulfite oxidase. 

Spectral Properties of Enzyme—Purified sulfite oxidase from 
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Per cent Inhibition 


30° 


io 20 30 40 50 60 
INCUBATION TIME 
(minutes) 

Fic. 1. Time course of inhibition of sulfite-cytochrome reduc- 
tase activity by p-chloromercuribenzoate. Beef liver enzyme 
was incubated with 6 X 10°-* m p-chloromercuribenzoate for the 
times shown in assay cuvettes. Sulfite and cytochrome c were 
then added in the usual manner. 


beef, dog, or rat liver exhibited the usual absorption maximum of 
proteins at 280 my and an additional peak at 413 my. Anaerobic 
addition of sulfite shifted the latter peak to 423 my in each in- 
stance. With beef enzyme, this treatment also elicited the 
appearance of new absorption maxima at 528 my and 556 mu. 
In all cases, aeration reversed the spectral changes caused by the 
addition of sulfite. The absorption spectrum of the beef liver 
sulfite oxidase and the effect of sulfite thereon are shown in Fig. 2. 
The difference spectrum calculated from these data is shown in 
Fig. 3. Neither DPNH, TPNH, nor succinate, added anaero- 
bically, effected any change in the absorption spectrum of the 
enzyme. 

The absorption spectrum of the reduced beef liver sulfite oxi- 
dase closely resembles that reported for reduced cytochrome 
b; (15). Accordingly, cytochrome 6; was prepared according to 
Velick and Strittmatter (15); it was not reduced by sulfite nor 
did it exhibit sulfite oxidase activity in any of the assay systems. 
Moreover, cytochrome b; failed to replace cytochrome c as elec- 
tron acceptor for the sulfite oxidase. 

Effect of Trypsin on Absorption Spectrum of Sulfite Oxidase— 
Treatment of beef liver sulfite oxidase with trypsin caused no 
change in the absorption spectrum of the oxidized enzyme. 
However, upon exposure of the oxidase to sulfite, the 528 mu and 
556 my peaks failed to appear although the shift of the 413 my 
peak to 423 my did occur and this shift was reversed by subse- 
quent aeration. In contrast, similar treatment of cytochrome b; 
with trypsin was without effect upon the absorption spectra of 
either the oxidized or reduced form. 

Ultracentrifugal analysis of Beef Liver Enzyme—The most 
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purified preparation of beef liver sulfite oxidase was sedimented 
at 180,000 gin the Spinco model E ultracentrifuge. Photo- 
graphs made at 12-minute intervals are shown in Fig. 4. The 
preparation was heterogeneous but a red-colored material was 
seen to sediment at the same rate as the main protein peak. This 
is shown as a shaded area in Fig. 4. The upper, middle, and 
lower thirds of the fluid in the ultracentrifuge cell were carefully 
withdrawn. Assay of these fractions indicated that sulfite 
oxidase activity and the red protein sedimented together. These 
data are shown in Table V. 

Porphyrin Movety of Beef Liver Enzyme—Beef liver sulfite 


TaBie IV 
Inhibition of cytochrome c reduction by sulfite oxidase 

All experiments were conducted as described in the text for 
enzyme assay with cytochrome c¢ as acceptor. In addition, no 
inhibition was observed with the following: iodoacetate, a,a’- 
dipyridy!, Tiron, o-phenanthroline, azide, cyanide, carbon 
monoxide, thiourea, cysteine sulfinic acid, borate, quinacrine, 
mannitol, semicarbazide, antimyein A, Amytal, pteridyl alde- 
hvde, sulfate, selenite, dithionate, cysteine thiosulfonate, di- 
isopropyl! fluorophosphate, snake venom phosphodiesterase. 


Inhibitor Concentration Inhibition 

p-Chloromercuribenzoate . 3.3 & 10°43 4] 
p-Chloromercuribenzoate 6.6 SI 
Arsenite... ... 3.3 & 10°? 14 
Thiosulfate 3.3 X 10-3 30 
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Fig. 2. Absorption spectra of oxidized and reduced sulfite oxi- 
dase. Sulfite concentration was 5 10°' Mo. 
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Fic. 3. Caleulated difference absorption spectrum of oxidized 
and reduced sulfite oxidase. 


Fic. 4. Ultracentrifugal sedimentation of a 2.23, solution of 
sulfite oxidase in 0.050 mM phosphate, pH 7.8. The first exposure 
was made after 30 minutes at 144,000 K g and successive exposures 
were made at 12-minute intervals. 


TABLE V 
Distribution of sulfite-cytochrome c reductase activity by 
ultracentrifugation 


Layer | Total activity | Specific activity 
units/ml | unils mg protein 
Upper | 20.2 | 52.0 
Middle | 27.0 | 60.0 
Lower | 165.0 | 70.0 
| | 
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oxidase, 40 mg, was treated with 20 ml of acid acetone. The 
acetone extract was evaporated to dryness and the residue dis- 
solved in pyridine and reduced with sodium sulfite. The spec- 
trum of the pyridine hemochromogen thus obtained corresponded 
to that of protohemin (16). 

Peroxide Production by Sulfite Oxidase—When sulfite was 
oxidized aerobically by the beef or rat liver enzyme, the oxygen 
consumption and sulfite disappearance were always in the stoi- 
chiometric proportions expected from the equation 


SO3* + O2 (2) 


However, since sulfite is readily oxidized nonenzymatically by 
peroxide, this stoichiometry would also be observed if reduction 
of oxygen by the enzyme resulted in peroxide formation. As 
shown in Fig. 5, addition of catalase plus ethanol to flasks con- 
taining enzyme, and sulfite resulted in doubling of the oxygen 
consumption, indicating formation of HO. in the aerobic reoxi- 
dation of the reduced enzyme. 

Intracellular and Tissue Distribution—Fresh beef liver was 
homogenized in isotonic sucrose and separated into nuclei, 
mitochondria and microsomes according to Schneider and 
Hogeboom (17). These fractions were then powdered with 
acetone, extracted with buffer, and assayed for sulfite oxidase. 
The results, summarized in Table VI, indicate that most of the 
activity is found in the microsomal fraction. It is of interest 
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Fic. 5. Demonstration of the production of hydrogen peroxide 
by beef liver sulfite oxidase. Flasks contained 10 pmoles of so- 
dium sulfite and 275 units of purified beef liver sulfite oxidase 
(cytochrome ¢ reduction assay) in a final volume of 2.2 ml buffered 
at pH 7.8 by 0.050 m potassium phosphate and containing 0.005% 
Versene Fe-3. In addition, O——O contained 1500 units of 
catalase and A——A contained the same amount of catalase 
plus 1% ethanol. The gas phase was air and the flasks were 
maintained at 37.5°. 
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TABLE VI 


Distribution of sulfite-cytochrome e reductase activity in 
| beef liver 


Fraction Specific activity Total units 
Mitochondria................. 0.90 25.5 
Microsomes................... | 234.0 
Supernatant, 10° XK g......... 0.70 4.2 


> 


TaBLe VII 


Sulfite-cytochrome ¢ reductase activity of rat tissues 


Tissue Activity* 
Liver 472.5 
Heart | 227 .2 
Spleen | 48.0 
Lung 11.8 
Kidney 189.2 
Brain 41.0 
Testes 44.0 


* Activity is expressed in units per g of acetone-powdered 
tissue. 


that direct assay of freshly prepared microsomes before acetone 
powdering, indicated very slight activity in this fraction. 

Extracts of acetone powder of various bovine tissues were 
tested for their ability to catalyze the reduction of cytochrome ¢ 
by sulfite. As shown in Table VII, liver, kidney, and heart were 
rich sources, whereas brain, testis, lung, and spleen exhibited 
relatively little activity. It is of interest that cysteine desul- 
finicase activity, the source of sulfite in mammalian metabolism, 
is also high in liver and kidney and low in brain (18). 


DISCUSSION 


The rapid autoxidation of sulfite solutions is a metal-catalyzed, 
free radical, chain reaction. This process, which requires a 
relatively high concentration of sulfite (10-3 m) for effective 
propagation of the SO;-—O, chain reaction, is not likely to oceur 
in animal tissues wherein ‘‘chain breakers’? abound while the 
effective intracellular concentration of free metal ions (not 
protein-bound) such as Fe*+*, Cu**+, Ni**+*+, Co*+, ete. may be 
trivial. Indeed, a boiled rat liver homogenate completely in- 
hibits the autoxidation of 10-* m sulfite (6), although it is pos- 
sible that metal ions which exist free in normal intracellular fluid 
may be bound to protein after heat denaturation. — 

It follows that tissues in which sulfite is generated as a con- 
sequence of the metabolism of sulfur-containing amino acids, 
must possess a mechanism to catalyze the oxidation of sulfite to 
sulfate. The enzyme whose partial purification from several 
sources is described in this report catalyzes the oxidation of sul- 
fite to sulfate by a variety of electron acceptors and operates 
efficiently at very low concentrations of sulfite. This enzyme 
may well represent the sulfite-oxidizing mechanism of tissues. 
It is not clear which electron acceptor may be normally operative, 
although Ov» could readily so serve. 

That sulfite oxidation is the sole function of the enzyme re- 
ported here remains to be established. To date, however, the 
enzyme appears to be specific for this substrate. Available 
evidence indicates that the enzyme is a hemoprotein with an 
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absorption spectrum resembling that of cytochrome 6;.  Al- 
though the difference spectrum of the reduced and oxidized form 
gave no suggestion of the presence of a functional flavin group, 
the demonstration of peroxide formation suggests the participa- 
tion of a flavin or hydroquinonoid group in oxygen reduction. 


SUMMARY 


The partial purification and properties of a sulfite oxidase from 
the livers of three mammalian species are described. The en- 
zyme is a hemoprotein; the absorption spectrum of the reduced 
enzyme resembles that of cytochrome b;. Oxygen, cytochrome 
c, and various dyes serve as electron acceptors from the reduced 
enzyme. Reduction of oxygen is accompanied by equivalent 
formation of peroxide. The enzyme is localized largely in the 
microsomal fraction of liver, heart, and kidney. 
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When a search for the enzyme system responsible for the 
biological oxidation of sulfite was begun in this laboratory, it was 
recognized that sulfite oxidation might be accomplished by the 
action of enzymes with other, more specific biological roles but 
which might also, nonspecifically, effect the oxidation of sulfite. 
Indeed, this possibility remains, although no other substrate has 
yet been found for the sulfite oxidase whose preparation and 
properties are described in the accompanying paper (1). How- 
ever, we were not aware that certain oxidative enzymes, par- 
ticularly xanthine oxidase, when acting upon their specific sub- 
strates, initiate the free radical, chain reaction autoxidation of 
sulfite (2,3), whereby several thousand sulfite ions are oxidized per 
molecule of the specific substrate of the initiating enzyme. 
Recognition of this mechanism and isolation of an apparently 
sulfite-specific oxidase prompted a reconsideration of the mech- 
anism of sulfite oxidation in liver extracts and of the reported 
role of hypoxanthine in that process (4). 


EXPERIMENTAL PROCEDURE 


Aerobic sulfite oxidation was assayed in standard Warburg 
respirometers as described previously (2). Methylene blue 
reduction was followed spectrophotometrically in evacuated 
Thunberg tubes. The preparation of Fraction F III A from dog 
liver acetone powder has been described previously (4). Human 
hemoglobin was a gift from Dr. Amos Chernoff. Horse-radish 
peroxidase was a product of the Worthington Biochemical 
Corporation. 


RESULTS AND DISCUSSION 


Aerobic Oxidation of Sulfite—Fraction F III A of dog liver, 
which catalyzes the rapid oxidation of sulfite, was subdivided 
into two fractions, collected between 0 to 50% and 50 to 75% 
saturation with ammonium sulfate. These are referred to as 
Fractions A and B, respectively. When tested individually, 
neither subfraction exhibited sulfite oxidase of the order observed 
with Fraction F III A. However, when recombined, the ob- 
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Commission and by Grant G-91 from the National Institutes of 
Health, United States Public Health Service. The data are 
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partial fulfillment of the requirements for the degree of Doctor 
of Philosophy. 

t Predoctoral Fellow, National Institutes of Health. Present 
address, Department of Biochemistry, University of Virginia, 
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served catalytic activity was manyfold in excess of that expected 
from simple addition of their separate activities. This is il- 
lustrated in Fig. 1. Spectrophotometric examination of Fraction 
B indicated the presence of significant quantities of hemoglobin. 
Whereas hemoglobin, of itself, was devoid of sulfite oxidase 
activity, it completely replaced Fraction B in enhancing the oxi- 
dation of sulfite caused by Fraction A. Fraction B was also 
replaceable with horse-radish peroxidase. 

Fraction A was found to contain “sulfite oxidase”’ and could be 
replaced by a highly purified preparation of this enzyme (1). 
Indeed, combination of hemoglobin with small amounts of sulfite 
oxidase effected sulfite oxidation at a rate manyfold greater than 
that observed with the sulfite oxidase alone and this rate was 
again enhanced severalfold by the addition of peroxidizable sub- 
strates such as phenol, aniline, or hypoxanthine. 

The generation of peroxide by the purified sulfite oxidase of 
liver has already been described (1). It appeared possible, 
therefore, that the principal role of sulfite oxidase in the recon- 
structed system was to serve as a peroxide generator. The suc- 
cessful replacement of sulfite oxidase by the combination of p- 
amino acid oxidase and DL-alanine is in accord with this concept. 

The extremely rapid aerobic oxidation of sulfite catalyzed by 
liver extracts such as Fraction F III A, may now be explained as 
the consequence of a combination of circumstances. Sulfite 
oxidase, shown to be present in such extracts, oxidizes sulfite 
with the concomitant production of hydrogen peroxide. Hemo- 
globin, also shown to be present in such extracts, possesses 
peroxidatie activity and, like peroxidase, in the presence of per- 
oxide and a peroxidizable substrate, generates reactive radicals 
which can initiate the rapid chain reaction between sulfite and 
oxygen. Fraction F III A contains only limiting amounts of 
peroxidizable components, so that the addition of phenol or 
aniline markedly stimulates the oxidation of sulfite. 

Free radical chain reactions, such as the autoxidation of sulfite, 
are susceptible of inhibition by substances which, by reacting 
with the chain-propagating radicals, act as “‘chain breakers.”’ 
The aerobic oxidation of sulfite by reconstituted Fraction F III A 
(Subfraction A + B) is inhibited by mannitol, cysteine, as- 
corbate, and other known “chain breakers,’’ thus supporting the 
suggestion that sulfite oxidation in this system occurs largely by a 
free radical, chain reaction. The routine assays for sulfite 

oxidase, described in the preceding paper (1) are performed at 
concentrations of sulfite insufficient to support the chain reaction 
and no inhibition was observed with any of the “chain breakers” 
tested. 

Methylene Blue Reduction—The ability of fraction F III A to 
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Fig. 1. Oxidation of sulfite by Fractions A and B. Each War- 
burg flask contained 20 wmoles of sodium sulfite and 0.50 ml of 
the indicated enzyme fractions in a final volume of 2.2 ml buffered 
at pH 7.8 by 0.05 m potassium phosphate and containing 0.005% 
Versene Fe-3. 
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catalyze reduction of methylene blue in the presence of sulfite, 
loss of this activity upon dialysis and its restitution by addition 
of hypoxanthine which had been isolated from the dialysate, 
have all been previously reported (4). The report (5) that dog 
liver extracts are devoid of xanthine oxidase activity was con- 
firmed in preliminary trials conducted by conventional assays, 
viz. dye reduction and oxygen consumption. More careful study 
since has revealed that treatment of Fraction F III A with 
cyanide or with 2-amino-4-hydroxy-6-formyl pteridine, known 
inhibitors of xanthine oxidase, reduced the ability of the prepara- 
tion to catalyze dye reduction by sulfite to negligible levels. 
These reagents do not inhibit purified sulfite oxidase (1). 

The presence of xanthine oxidase activity in dog liver Fraction 
F III A was then demonstrated by following the aerobic forma- 
tion of uric acid from hypoxanthine with the spectrophotometric 
procedure of Kalckar (6). The xanthine oxidase activity of such 
preparations is only a small fraction of that found in similar 
preparations from rat liver. Reexamination of the reduction of 
methylene blue in Thunberg tubes revealed that, when all solu- 
tions were exhaustively bubbled with nitrogen before final 
evacuation and closure of the vessels, Fraction F III A slowly 
catalyzed dye reduction by either sulfite or hypoxanthine without 
a significant lag time. When this precaution was not taken, the 
combination of hypoxanthine plus sulfite was required and dye 
reduction was then observable only after a lag time of varying 
duration. 

It had previously been suggested that hypoxanthine is a co- 
factor for the oxidation of sulfite by liver preparations. This 
argument was made on the usual formal grounds: dialysis in- 
activated the system; hypoxanthine was isolated from the ‘de- 
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proteinized preparation, shown to be present in the dialysate, 
and fully restored activity to the dialyzed preparation; in the 
absence of sulfite no dye reduction was observed when hypo- 
xanthine was added to the dialyzed preparation. These observa- 
tions may now be explained as follows. 

Oxygen is reduced about 10 times as rapidly as is methylene 
blue by sulfite oxidase. In the presence of residual oxygen in the 
Thunberg tubes, dye reduction can not be observed for jong 
periods. At the slow rate at which dye reduction is effected, it is 
readily reoxidized by the residual oxygen. Similarly, the 
extremely small amount of xanthine oxidase in the liver fraction 
does not accomplish the accumulation of significant quantities of 
leukomethylene blue in the presence of the residual oxygen. 
However, when both hypoxanthine and sulfite are present, the 
enormously enhanced (greater than 100-fold) rate of oxygen 
consumption due to the sulfite-oxygen chain reaction initiated 
by the action of xanthine oxidase (2) rapidly consumes the 
available oxygen and methylene blue reduction can then be ac- 
complished both by xanthine oxidase + hypoxanthine and by 
sulfite oxidase + sulfite. 

The suggestion that hypoxanthine is a cofactor for sulfite 
oxidation in liver must, therefore, be withdrawn. In liver and 
other tissues, sulfite oxidation appears to be catalyzed by sulfite 
oxidase and perhaps by other systems. But the extremely low 
steady state concentration of sulfite and the high concentration 
of chain breakers in tissues obviate the possibility of a free radical 
chain reaction analogous to the artifact observed in these studies 
with Fraction F III A. 

There have been several other reports that hypoxanthine can 
serve as a cofactor for biological oxidations. Thus, the oxidation 
of phospholipids in liver homogenates has repeatedly been re- 
ported to be stimulated by hypoxanthine (7-12). Hypoxanthine 
has also been implicated as a cofactor for the enzymic oxidation of 
sulfide (13) and cysteine (14), for the desaturation of fatty acids 
(15) and for the reduction of tetrazolium salts by various crude 
enzyme systems (16). It appears likely that each of these in- 
stances may also be an artifact of the isolated system, resulting 
from the formation of the perhydroxy] radical, HOz-, during the 
oxidation of hypoxanthine by xanthine oxidase. 


SUMMARY 


The oxidation of sulfite in animal tissues is catalyzed by sulfite 
oxidase and perhaps, nonspecifically, by other enzymes. At 
high concentrations of sulfite, several purified oxidative enzymes, 
particularly xanthine oxidase, when operating on their substrates, 
initiate a free radical chain reaction between sulfite and oxygen. 
The previous requirement for hypoxanthine as a cofactor for 
hepatic sulfite oxidation was found to be an artifact of this type, 
unrelated to the biological oxidation of sulfite. It appears likely 
that various other systems in which hypoxanthine has been 
found to stimulate a biological oxidation may involve similar 
artifacts. 
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The cytochrome oxidase system, which catalyzes the oxida- 
tion of reduced cytochrome c by molecular oxygen, has been 
isolated from beef heart particles in solubilized form by many 
investigators (1-6). The Smith and Stotz preparation (2) and 
its modifications (3, 7) which show high activity and good 
spectral purity are obtained by fractionation in the presence of 
bile salts after an initial tryptic digestion. The preparations of 
the Japanese workers (4, 5), although of high spectral purity, 
have low activities and are obtained by salt fractionation after 
extraction with high concentrations of bile salts. The present 
paper describes the isolation and general properties of a cyto- 
chrome oxidase preparation from beef heart mitochondria. 
This preparation is of high spectral purity and exhibits the 
highest activity recorded to date. 


EXPERIMENTAL PROCEDURE 
Materials and Methods 


Estimation of Protein—Protein was estimated by the biuret 
reaction (8) and deoxycholate by the method of Mosbach, et al. 
(9). 

Lipid Determination—Lipid was determined colorimetrically 
(10) after extraction with chloroform-methanol (4:1 volume for 
volume). 

Estimation of Copper—Copper was estimated by two methods: 
(a) as the cuprous-neocuproine complex after wet ashing with 
concentrated sulfuric acid and hydrogen peroxide by a micro- 
adaption of the method of Smith and McCurdy (11); (6) as the 
cuprous-biquinoline complex after quantitative release of pro- 
tein-bound copper by glacial acetic acid. The method is essen- 
tially that described by Felsenfeld (12). To 1.0-ml aliquots of 
cytochrome oxidase solution, containing 2 to 5 mg of protein, 
was added 1.0 ml of a 0.1% (weight per volume) solution of 
2,2 biquinoline in glacial acetic acid. The mixture was stirred 
well, and 0.05 ml of 5% (weight per volume) hydroxylamine 
HC! and 0.95 ml of ethanol were added. The mixture was 
spun in a clinical centrifuge for 5 minutes and the optical den- 
sity of the supernatant at 535 my was estimated. The two 
methods showed good agreement. 

Estimation of Iron—Iron was estimated as the ferrous-batho- 
phenanthroline complex (13) after wet ashing with concentrated 
sulfuric acid and hydrogen peroxide. Protein samples were 
prepared for Fe and Cu analysis by batch treatment with a 
chelating resin with high affinity for transition element ions 
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(Dowex A-1 chelating resin Dow Chemical Company). The 
usual precautions in the estimation of trace metals were taken, 

Analysis of Cytochrome Oxidase Activity—Cytochrome oxidase 
activity was assayed manometrically in the Warburg apparatus 
at 38° essentially as described by Slater (14). The final con- 
centrations of reactants were: potassium phosphate, pH 7.3, 
20 mm; ascorbate, pH 6.6, 20 mm; EDTA,! 0.1 mM; cytochrome 
c, 0.01 to 0.1 mM; phospholipid sol, 1 mg; cytochrome oxidase, 
4 to 20 wg of protein; final pH 7.1 to 7.2. Final volumes of 1.0 
and 1.5 ml were used in 6-ml and 15-ml Warburg flasks, respec. 
tively. Ascorbate was tipped in from the side arm after incv- 
bation for 5 minutes. Readings were commenced 1 to 2 min- 
utes after tipping. Activity is expressed as Qo, (ul O2 per mg 
of protein per hour) or as ymoles cytochrome c oxidized per mg 
of protein per minute at infinite cytochrome c concentration 
(14). Spectrophotometric assays were carried out as described 
by Smith (15). Mitochondria and other particulate fractions 
were pretreated for 15 minutes with 1 mg of deoxycholate per 
mg of protein in 0.01 m phosphate buffer pH 7.4 before assay. 

Phospholipid Sols—The coenzyme Q-lipoprotein (16) was used 
for initial studies. This was replaced for routine use by a crude 
mixture of soybean phosphatides (‘‘Asolectin” Associated Con- 
centrates, Woodside, Long Island, New York). The ‘‘Asolec- 
tin’ sol was prepared by sonic oscillation of a 20 mg/ml aqueous 
suspension for 10 minutes at 5-10°. The opalescent suspension 
was clarified by addition of deoxycholate to 0.01%. Maximal 
enhancement of activity was attained by adding approximately 
0.7 mg of the phospholipid sol. No significant change in ace- 
tivity was noted at the higher levels of sol tested. For routine 
assays a level of 1 mg of the phospholipid sol per 1.5 ml solution 
in the manometric flasks was used. 

Determination of Cytochrome a Concentration—Cytochrome 4 
concentration was determined spectrophotometrically with the 
use of the extinction coefficient Ae (605 my — 630 my reduced) 


= 16.5 mm cm= (17). We have confirmed this value on the | 


basis of heme iron analysis of purified cytochrome oxidase prepa- 
rations (see Table IV). The solutions examined contained 0.1 
mM Tris-acetate buffer, pH 8, and were reduced by the addition 
of a few grains of dithionite. Particulate preparations were 
solubilized beforehand in 1°% (weight per volume) deoxycholate. 

Cytochrome c (type III) was obtained from the Sigma Chem 
cal Company, and used without further purification. Commer- 
cial samples of cholic acid and deoxycholic acid were purified 


1The abbreviations used are: BAL, 2,3-mercaptopropandl; 
EDTA, ethylenediamine tetraacetate. 
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by recrystallization from 70% ethanol and methyl! ethy! ketone, 
respectively. 


Isolation of Purified Cytochrome Oxidase 


The method described is a modification of a procedure previ- 
ously described by Hatefi (6). All operations were carried out 
at 0-5°, and all centrifugations were performed in the Spinco 
model L ultracentrifuge. 

The first step is essentially the procedure described previously 
for the preparation of the succinic dehydrogenase complex (18). 

Step 1. Tert-Amyl Alcohol Treatment—A suspension of beef 
heart mitochondria (250 ml) (19) in 0.25 m sucrose (approxi- 
mately 65 to 70 mg of protein per ml) was diluted with 4 vol- 
ume of 0.9% KCl. This mixture was warmed to 15° and $ 
volume of tert-amyl alcohol added with constant stirring. The 
temperature was maintained at 20° for 5 minutes and the mix- 
ture then cooled rapidly to 3-4°. After centrifuging for 15 
minutes at 30,000 r.p.m. the clear red supernatant and the red 
layer containing the succinic dehydrogenase complex were 
poured off and the greenish brown residue collected. The resi- 
due was washed by resuspension in a mixture of 0.9% KCl and 
mM succinate and centrifuged for 5 minutes at 30,000 r.p.m. 
The washed residue was resuspended in 0.25 mM sucrose contain- 
ing mM succinate at a concentration of 40 to 45 mg of protein 
per ml. (The addition of succinate maintains the cytochrome 
oxidase in a partially reduced form in which it appears to be 
more stable). 

Step 2. Extraction with Cholate and KCl—Cytochrome oxidase 
was extracted from the amyl residue by adding 20% (weight 
per volume) cholate solution to a concentration of 2 mg of 
cholate/mg of protein and solid KC] to 3m. After being stirred 
for 30 minutes the mixture was centrifuged for 5 minutes at 
30,000 r.p.m. (It is important to avoid prolonged centrifuga- 
tion as the major portion of the cytochrome oxidase is extracted 
as small particles which become solubilized on standing over- 
night). The greenish red turbid supernatant was collected and 
allowed to stand overnight at 4°. The greenish brown residue 
was discarded. 

Step 3. Dialysis Against Phosphate Buffer—After standing 
over night at 4° the cholate-KCl extract was centrifuged for 10 
minutes at 30,000 r.p.m. and the residue discarded. This resi- 
due contained cholate and insoluble red cytochromes. The 
greenish supernatant was dialyzed for 2 to 3 hours against 0.01 
M phosphate buffer, pH 7.4. Dialysis was discontinued when 
a marked turbidity appeared in the dialysis bag, the contents 
of which were then centrifuged for 10 minutes at 30,000 r.p.m. 
The green residue contains the major portion of the cytochrome 
oxidase present in the cholate-KCl extract. The red-brown 
supernatant contains cytochromes 6 and c; and was discarded. 
The green residue was suspended in 0.25 m sucrose to give a 
green turbid suspension (10 mg of protein/ml) of cytochrome 
oxidase contaminated with cytochromes 6 and c¢). 

Step 4. Deoxycholate- Ammonium Sulfate Fractionation—Deox- 
oxycholate (10% weight per volume solution) was added to the 
green residue to give a final concentration of 1 mg of deoxy- 
cholate/mg of protein and the mixture was then fractionated 
with saturated ammonium sulfate solution (adjusted to pH 8 
with ammonium hydroxide). After 7.5 ml of saturated ammo- 
nium sulfate solution/100 ml had been added the enzyme sus- 
pension was centrifuged. The supernatant was a clear green 
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color and the brownish red insoluble residue was discarded. 
More red cytochromes can be removed by increasing the ammo- 
nium sulfate concentration to approximately 15°% by addition 
of 10 ml of saturated ammonium sulfate solution/100 ml of 
enzyme solution and centrifuging. The residue is usually red- 
dish brown and the supernatant clear green. The major portion 
of the cytochrome oxidase was precipitated by increasing the 
ammonium sulfate concentration gradually to 25 to 27°%. After 
the suspension was centrifuged for 5 minutes at 40,000 r.p.m. 
the residue, a dark red oil, was taken up in 0.25 m sucrose to 
give a clear reddish green solution of cytochrome oxidase. The 
pale green supernatant was discarded. 

The preparation at this stage is usually contaminated with 
small amounts of cytochromes b and ¢,. The major portion of 
this contamination can be removed by refractionation with 
ammonium sulfate as described above but in the absence of 
added deoxycholate. The final solution of cytochrome oxidase 
in 0.25 M sucrose was stored at —15°. It is important to carry 
out the final fractionations in the presence of deoxycholate as 
rapidly as possible. Prolonged action of deoxycholate and am- 
monium sulfate results in a final preparation of markedly lower 
specific activity. 


RESULTS 


Purification of Cytochrome Oxidase—The results of a typical 
fractionation procedure for the isolation of cytochrome oxidase 
are summarized in Table I. 

A 5- to 8-fold increase in specific activity over the initial mito- 
chondria has been attained with a concomitant purification of 
heme a, t.e. the specific activity per unit heme a in the final 
preparation approximated that of the initial mitochondria. 
Preparations with a Qo, of 50,000 to 60,000 at 38° were ob- 
tained consistently. 

Composition of Cytochrome Oxidase—The composition of the 
purified cytochrome oxidase preparations is summarized in 
Table II. The copper to heme a ratio approximates 1:1 (analy- 
sis of many preparations showed that this ratio ranged from 
1.05 to 1.25). Occasionally preparations were obtained which 
had a copper to heme a ratio approaching 2. However, since 
on refractionation of such preparations with ammonium sulfate 
the ratio dropped to the usual level; contamination by ionic 
copper is indicated in these instances. The copper was not 
removed by dialysis against cyanide and other copper chelating 
agents. 

Chromatographic analysis of the lipids in cytochrome oxidase 
preparations showed a high percentage of phospholipids to be 
present. Coenzyme Q and other neutral lipids as yet unidenti- 
fied were also present. The coenzyme Q content varied from 
1.8 to 3.0 mumoles/mg of protein. 

No acid extractable flavin was detected before or after tryptic 
digestion. No enzymic activities were detected with succinate 
and DPNH as substrates and ferricyanide, cytochrome c, and 
oxygen as electron acceptors. 

The content of deoxycholate in the final preparation could be 
reduced by dialysis overnight at 0° against 0.01 m Tris, pH 8.0. 
This treatment, however, caused a marked turbidity and a con- 
comitant decline in the specific activity of the enzyme. The 
resulting suspension could be resolubilized by the addition of a 
small amount of deoxycholate or by sonic treatment for 10 
minutes in a 10 ke. Raytheon sonic oscillator. These treat- 
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TABLE I 
Fractionation of cytochrome oxidase from beef heart mitochondria 
Specific Activity® 
Fraction Totalhemea Hemeacontent 
| AC | BS 
pmoles mumoles/mg protein | 

1. Mitochondria. . 19.8 1.44 19.3 (6,500 ) 35.0 | (11,800) 
2. Washed amyl residue... Sa | 18.0 1.8 7.9 (2,700) 12.1 | (4,000) 
3. Cholate-KCI] supernatant... .. 12.5 3.28 29 0 (9,800) 46.0 (15,500) 
4. Cholate-KC] supernatant after stand- 

ime overmiant............... 10.5 3. 25.0 (8,400) 35.0 (11,800) 
7.4 4.75 35.0 (11,800) 45.0 (15,100) 
6. Ammonium sulphate fraction 15-27°,.. 5.85 6. S8O.0 (26,900) 122 | (41,000) 
7. Ammonium sulphate fraction 20-27¢;... 5.15 8.15 109.0 (36,600 ) 185 | (62, 100) 


protein/hr). 
*’ Standard assay contains 0.67 mg of cytochrome c per ml. 
¢ Extrapolated to infinite evtochrome c concentration. 


¢ The heme a content of initial mitochondrial preparations varied from 1.0-1.4 mumoles/mg of protein and the Qo, varied from 8,000 


to 12,000. 


Tasee Il 
Composition of cytochrome oxidase preparations 


— ——— 


Component 1/mg Protein 
Iron... S.2-9.4 mumoles 


* Preparations containing 12 to 14 mymoles of copper/mg of 
protein were obtained occasionally. This high value is probably 
due to contamination (see text). 

®’ All eytochrome oxidase preparations contained variable 
amounts of coenzyme Q (1.8 to 3 mumoles/mg of protein). 
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ments increased the specific activity of the enzyme to 80% of 
the original value. 

Further fractionation with ammonium sulfate, methyl and 
ethyl alcohols, calcium phosphate, and alumina Cy gels, all led 
to a marked loss of enzymic activity, although an increase in 
the spectral purity of the preparation was attained. A limiting 
factor in further purification of the oxidase preparation appears 
to be the lability of the cytochrome a in the preparation. It 
was noted that on repeated fractionation with ammonium sul- 
fate the cytochrome a content of the preparation was diminished 
and there was a loss of iron. The reason for this degradation 
is not known but is probably related to the high lipid and deoxy- 
cholate concentration in the final preparation. (cf. 7). 

Physical Properties and Stability of Cytochrome Oxidase Prepa- 
ration—The final preparation is readily soluble in 0.25 m sucrose, 
Tris, and phosphate buffers (pH 7.2 to 8.0) to give a clear dark 
green solution suitable for spectrophotometry. Solutions of 
cytochrome oxidase in phosphate buffers become turbid after 
a few days and storage in phosphate buffer is not recommended. 
On storage in Tris buffers the enzyme appears to aggregate as 
evidenced by its increased rate of sedimentation on centrifuga- 
tion at 40,000 r.p.m. for 30 minutes. The enzyme is stored 
routinely in 0.25 m sucrose (pH 7 to 7.5) at —15° at a concen- 
tration of 1 mg of protein/ml. Under these conditions the en- 


* A = specific activity as w~moles of eytochrome c oxidized per mg protein per minute. B = specific activity as Qo, (ul oxygen/mg 


zyme retains maximal activity for 5 to 7 days and is stable to 
repeated freezing and thawing. Enzyme dilutions were made 
in cold 0.25 M sucrose to maintain maximal activity. 

The enzyme preparation exists in solution as a polymolecular 
aggregate of varying molecular weight (0.2 to 1 xX, 10°) (20). 
Reversible aggregation and dissociation phenomena are readily 
discerned from the sedimentation behavior on addition of deter- 
gents such as deoxycholate and sodium dodecyl] sulfate, e.g. a 
freshly prepared cytochrome oxidase preparation behaved as a 
polydisperse aggregated system with four or more components 
on sedimentation in the ultracentrifuge. The same preparation 
on treatment with 0.7% (weight per volume) deoxycholate 
shows one major component, indicating depolymerization by 
deoxycholate. 

Absorption Spectrum—The absorption spectrum of the final 
cytochrome oxidase preparation is shown in Fig. 1. 

In the oxidized form (bubbled with oxygen) the preparation 
exhibits the peaks at 599 my and 424 my characteristic of cyto- 
chrome oxidase. A low broad peak with absorption maximum 
near 340 my is also apparent in some preparations. This peak 
is probably due to the presence of extraneous copper in the prep- 
aration as noted also by Takemori et al. (21). In addition a 
weak band with absorption maximum at 830 my was noted 
(Fig. 2). On reduction with sodium dithionite or with ascor- 
bate + cytochrome c this band disappears but reappears on 
shaking in air. The reduction of the 830 mu band concomitant 
with the changes at 605 my and 444 mu, coupled with the fact 
that cyanide blocks the reoxidation of the 830 my band, suggest 
that it is an integral part of the cytochrome oxidase spectrum. 

On reduction with sodium dithionite the oxidase preparation 
has the a- and y-peaks at 605 my and 444 my, respectively. In 
addition, a small but distinct peak is observed at 516 to 518 
mu, probably the 8-band of cytochrome oxidase. 

All reduced oxidase preparations exhibit a marked inflection 
on the short wave length side of the a-band extending from 599 
my with a maximum in the region 562 to 565 mu. The height 


of this inflection is variable but in highly purified preparations 


is equal or slightly greater than the height of the @-band at 518 


my. Similar inflections are seen in the puritied preparations y 
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Fig. 1. Absorption spectra of cytochrome oxidase. The oxidized preparation (bubbled with oxygen) ----- ; reduced preparation (so- 
dium dithionite added), ——-. Enzyme dissolved in 0.25 m sucrose containing 0.06 m Tris buffer pH 8.2 and 0.02% deoxycholate. 0.85 


mg of protein/ml. 


Fic. 2. Absorption spectrum of cytochrome oxidase 580 to 900 mu. The oxidized preparation (bubbled with oxygen), ——-; the re- 
duced preparation (sodium dithionite added), ----- . Enzyme dissolved in 0.25 mM sucrose containing 0.06 m Tris buffer, pH 8.2 and 0.02% 


deoxycholate. 8.0 mg of protein/ml. 


Fic. 3. Pyridine hemochromogen of heme a extracted with 10 volumes of acid acetone (0.025 Nn HCl in 99% acetone) from puri- 
fied cytochrome oxidase. The acid acetone extract was evaporated to near dryness and the heme was dissolved in 50% pyridine in 
0.1 m KOH. All manipulations were carried out aerobically in the cold and in the dark. Oxidized heme a, ----- ; reduced with 


dithionite, ——. 


Fig. 4. Cuvette contained 33 mumoles of cytochrome c; in 0.1 m phosphate buffer pH 7.0, EDTA 1 mm. Total volume, 1 ml. At 
time A 2 wg of cytochrome oxidase were added. At time B 0.2 mymole of cytochrome c was added. 


of Smith and Stotz (2), Smith (3), and Yonetani (5). In less 
purified cytochrome oxidase preparations this inflection is very 
marked and in most cases takes the form of a broad absorption 
maximum. This is probably due to contamination by small 
amounts of cytochrome 6 and c,; the major portion of which 
can be removed by refractionation. Although it is difficult to 
prove the total absence of cytochromes 6 and c; (native or de- 
natured) the following observations are worthy of attention. 
(a) Examination of the pyridine hemochromogens of the acid- 
acetone extracted hemes does not reveal any spectral evidence 
for the presence of cytochrome 6 contamination. (b) Treatment 
of the reduced preparations with thioglycolate and urea, reagents 
which cause depolymerization, causes a disappearance of the 
562 to 565 mu band. This effect is not reversible as the band 
dpes not reappear when thioglycolate and urea are removed by 
dialysis. The over-all effect of this treatment is an apparent 
enhancement of the 6-band at 516 to 518 mp. (c) Treatment 
with cyanide causes a slow drop in the inflection at 562 to 570 
my. This change is also apparent in the spectra published by 
Yonetani (5) and is reversed by removal of cyanide. Treat- 
ment with carbon monoxide also causes a drop in the 560 to 570 
my region with the concomitant appearance of a new band at 


545 to 550 mu. The 8-band at 516 to 518 muy is unaffected by 
these treatments. 

It is unlikely that all of the spectral changes described above 
are due to contamination by native or denatured cytochromes 
b and c,;. The modifications introduced by depolymerization 
agents such as thioglycolate and urea and inhibitors such as 
cyanide and carbon monoxide all result in loss of over-all oxidase 
activity. It is a matter for conjecture whether these changes 
are merely a modification of the binding of the heme to the 
apo-protein or whether they represent a specific effect on an 
unknown component of the cytochrome oxidase system. 

The band ratios of the various absorption maxima of oxidized 
and reduced cytochrome oxidase are summarized in Table III 
and the extinction coefficients in Table IV. These values are 
for freshly prepared active preparations. 

Storage for 2 to 3 days at 0-5° or for several weeks at —15° 
results in modification of both the Soret and a-bands of cyto- 
chrome oxidase. The a-band of the dithionite-reduced prepa- 
ration measured by the 605 myu:630 my ratio drops to 60 to 70% 
of the original value. The height of the Soret band at 444 my 
also decreases with a concomitant increase in a band at 425 mu. 
These spectral changes are under investigation and appear to 
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TaB_e III 
Band ratios of purified cytochrome oxidase preparation 
Spectra were measured as described in Fig. 2. 
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Peaks measured 


444 mu (reduced):605 my (reduced) :1 (+0.3) 

444 mu (reduced):424 my (oxidized) (40.05) 

280 my (oxidized):424 my (oxidized) 

605 mu (reduced):518 my (reduced) | 2.5:1 (40.3) 

599 mu (oxidized):830 my (oxidized) 6.3:1 (40.1) 
| 2.121 (40.1) 


605 my (reduced):599 my (oxidized) 


TaBLe [V 
Extinction coefficients of cytochrome oxidase 
Coetficients are based on iron analysis of a purified cytochrome 
oxidase preparation. Over 95° of the iron content of the prepa- 
ration was shown to be hemeiron. Absorption spectra were meas- 
ured in Tris-acetate buffer, 0.06 mM, pH 8.2, containing 0.02% de- 
oxycholate. 


Absorption bands Extinction coefficients 


AGO5 my-630 my (reduced ) 
A605 mu (reduced-oxidized) | 
605 mu absolute (reduced) 


16.5 (16.3-17.0) 
10.4 (10.0-10.6) 
18.8 (18.7-19.0) 


599 my absolute (oxidized) 9.0 
444 my absolute (reduced) | 100 
424 my absolute (oxidized) | 75 
A444 my (reduced-oxidized ) | 71-72 
830 my (oxidized) | 1.4 


be due to incomplete reduction of cytochrome oxidase by dithio- 
nite. The results of this investigation will be reported in detail 
in a later communication. 

Pyridine Hemochromogen—The absorption spectrum of the 
reduced pyridine hemochromogen of the hemin extracted by 
acid-acetone from a typical cytochrome oxidase preparation is 
shown in Fig. 3. The a- and y-bands are evident at 587 mu 
and 431 muy, respectively. No 6-band was observed. No bands 
corresponding to the hemochromogens of cytochromes 6 or c, 
were detected. The oxidized pyridine hemochromogen has ab- 
sorption maxima at 410 my and 633 my. The small peaks at 
430 my and 585 my seen in Fig. 3 are probably due to partial 
reduction of the oxidized hemochromogen. 

Specificity for Cytochrome c—The specificity of the cytochrome 
oxidase preparation for cytochrome c from various sources is 
illustrated in Table V. Vertebrate cytochrome c’s are all oxi- 
dized by the beef heart oxidase. However, the rates of reaction 
vary with the species from which the cytochrome c was isolated. 
Cytochrome c samples that have been modified by acid treat- 
ment during isolation (22) exhibit markedly lower activities and 
higher rates of auto-oxidation. No oxidation of reduced cyto- 
chrome c; by beef heart cytochrome oxidase was observed except 
in the presence of cytochrome c (Fig. 4). Cytochrome c, had 
no effect on the rate of oxidation of cytochrome c when measured 
in the manometric assay (Table VI). 

Effect of Inhititors—The effect of various inhibitors on cyto- 
chrome oxidase is shown in Table VII. Marked inhibition was 
observed with the classical respiratory inhibitors, cyanide, azide, 
sulfide, and hydroxylamine. Other thiol compounds, such as 


TaBLE V 
Specificity of cytochrome oxidase 
The assay conditions have been described under ‘‘Materials 


and Methods’’; the cytochrome c concentration was varied in the } 


range 0.01 to 0.05 mM. 


Relative 

Type of cytochrome c Maximal 

velocity 
Horse heart (Sigma Chemical Co., Type III)........ 100 


Pigeon breast muscle (crystalline)*.................. 88 
Bonito muscle (erystalline)*......................... 73 
Horse heart (Boehringer and Co.)................... 63 
Bonito muscle 24 
Beef heart cytochrome 0 


* These samples were obtained through the courtesy of Dr, 
Bungi Hagihara. 


TaBLeE VI 
Specificity of Cytochrome Oxidase 
Each Warburg flask contained 20 mm ascorbate; 20 mmo potas- 
sium phosphate buffer, pH 7.0; 1 mm ethylenediaminetetraace- 
tate; 0.20 mumole of cytochrome oxidase (25 wg of protein). To- 
tal volume 1.5 ml. Temperature 38°. 


Cytochrome 
Cytochrome added 

Oz uptake 

pl/30 min 
Cytochrome c; (10 mumoles)......................... 3 
Cytochrome c (10 74 
Cytochrome c (10 mumoles) + Cytochrome c; (10 

TaBLeE VII 


Effect of inhibitors on cytochrome oxidase activity 


Inhibitors were added to the standard manometric assay sys- 
tem containing 0.05 mm cytochrome c. 


Inhibitor | 

mM % 

Sodium diethyldithiocarbamate.......... 1.0 25 
8-hydroxyquinoline...................... 1.0 0 
2.0 78 

5.0 90 

0.01 100 

Sodium thioglycollate. ................... 0.1 65 
1.0 76 

BAL (2,3-dimercaptopropanol).......... 1.0 44 
, 2.0 78 

1.0 90 
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thioglycolate and BAL showed marked inhibitory power. The 
inhibition by BAL was surprising as it was reported previously 
by Slater (7) that this compound had no effect on cytochrome 
oxidase activity. 

No inhibition was observed on adding antimycin A or 2-nony]- 
4-hydroxy-quinoline-N-oxide. No inhibition was observed on 
addition of chelating agents such as EDTA and 8-hydroxyquino- 
line. The slight inhibition observed with sodium diethyldithio- 
carbonate may be due to breakdown of this compound to a thiol 
compound (23) which is inhibitory. These experiments suggest 
that if copper is necessary for cytochrome oxidase activity it is 
bound in such fashion that it is not readily available for chela- 
tion. In this respect, we have also shown that copper is not 
released from cytochrome oxidase by dialyzing the enzyme 
against a number of chelating agents (24). 


DISCUSSION 


The present fractionation procedure results in a 6- to 8-fold 
purification of cytochrome oxidase from beef heart mitochondria. 
A marked purification with respect to other electron transport 
components of mitochondria has been achieved as evidenced by 
the lack of contamination by flavoproteins and the presence of 
trace amounts only of cytochromes 6 and c,. Preparations of a 
similar degree of spectral purity have been described by Okunuki 
et al. (4), Yonetani (5), and Elliott et al. (7). It is difficult to 
make a comparison with preparations described by other workers 
as no details of heme a or iron and copper content were given. 
The high lipid content and the fact that the preparation exists 
in various polymeric forms makes it difficult to assess the purity 
of the preparation by the usual physical techniques. Criddle 
and Bock (20) have shown that the enzyme exists as a mixture 
of polymeric forms which can be dissociated to the monomer by 
treatment with thioglycolate and Duponol C (20, 25). Such 
treatments result in complete loss of enzymic activity and have 
not been investigated further. 

The present preparation is 2 to 3 times more active than those 
reported by other authors with a Qo, of 60,000 at 38° (Qo, = 
28,000 to 30,000 at 25° as compared with Qo, of 14,000 reported 
by Elliott et al. (7)). The turnover number (umoles of O2 per 
umole heme a per minute) is 5000 at 38°. The 6- to 8-fold in- 
crease in activity parallels the increase in concentration of 
heme a, 7.e. the activity per unit heme a is similar to that of 
the initial mitochondria. This indicates that we have isolated 
the enzyme (or enzyme complex) from mitochondria in a fully 
active intact form without degradation. The heme a-activity 
relationship does not remain constant throughout the fractiona- 
tion procedure (see Table I) due to difficulties in measuring the 
maximal activities of certain fractions. It was noted that 
maximal activities were obtained only after solubilization of 
particulate fractions and poor or partial solubilization resulted in 
submaximal activity. In the case of the green residue, for ex- 
ample, maximal activity was not obtained on treatment with 
deoxycholate (see Table I). However, after addition of deoxy- 
cholate and ammonium sulfate to 7% saturation, the superna- 
tant after centrifugation shows the theoretical activity per unit 
heme a. From this stage onwards the increase in activity par- 
alleled the increase in heme a concentration. An increase in 
activity in the final preparation proportional to the increase in 
heme a concentration has been claimed by Smith (3) and by 
Wainio et al. (26). However, no such relationship has been 
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noted by other authors and in some cases the activity of the 
final preparation is less than that of the original starting mate- 
rial (4). The explanation for these anomalies can be ascribed 
in some cases to denaturation and in other cases to a faulty 
assay procedure, as the state of dispersion of the enzyme and 
addition of detergents and phospholipids have a marked effect 
on enzyme activity? (6, 27). 

The isolation of a very active cytochrome oxidase preparation 
as described above is due, in large measure, to the use of a 
starting material of high specific activity, namely beef heart 
mitochondria. It should be noted that the cytochrome oxidase 
activity of these mitochondria is similar to that of many purified 
cytochrome oxidase preparations quoted in the literature (2, 3, 
7). It is possible that the techniques of preparation of beef 
heart particles used by other workers (2, 3, 4, 7) result in a start- 
ing material of lower specific activity per unit heme a. We have 
prepared beef heart particles by the standard techniques (2, 3, 
4) and have found the activity per unit heme a to be variable 
and at best only 50% of the activity of freshly prepared mito- 
chondria. We have noted also some variation even in freshly 
prepared mitochondria and final preparations of high specific 
activity are obtained only if the starting material shows high 
specific activity. It is thus apparent that the activity of the 
final cytochrome oxidase preparation is a function of the mode 
of preparation of heart muscle particles and mitochondria. The 
reason for the degradative changes which undoubtedly occur is 
not known but the work of Elliott et al. (7) suggests that lipid 
peroxidation leading to degradation of heme a may be a major 
factor. 

The spectral properties of the present preparation are similar 
to those reported by other authors (3, 5, 7, 28) except for the 
weak absorption band at 830 mu which has not been reported 
previously. The fact that this band undergoes spectral changes 
concomitant with the spectral changes at 605 my, and that its 
reoxidation is blocked by cyanide indicates it is an integral part 
of the cytochrome oxidase spectrum. The similarity of the 
spectral changes at 830 my to the spectral changes shown by 
typical copper-containing oxidases such as ascorbic acid oxidase, 
laccase, and ceruloplasmin, raised the possibility that the 830 
my band might be due to the copper present in the preparation. 
This possibility has been investigated but the results have been 
inconclusive as we have been unable to remove the protein- 
bound copper by a variety of treatments with chelating agents. 
The spectral changes on reaction of cytochrome oxidase with 
inhibitors such as cyanide, carbon monoxide, and hydroxylamine 
will be reported in a later communication. 

Specificity studies with samples of cytochrome c from various 
sources show that the beef heart oxidase is relatively nonspecific 
with respect to the oxidation of cytochrome c from vertebrate 
sources. We have not tested samples of cytochrome c from 
other sources although other workers (29, 30, 31) have estab- 
lished that cytochrome c from microbiological sources is not 
oxidized by mammalian cytochrome oxidase. 

Beef heart cytochrome c; is not oxidized in the manometric 
assay system and addition of cytochrome c, has no effect on the 
rate of oxidation of cytochrome c by cytochrome oxidase (Table 
VI). Similar results have been obtained by Sekuzu et al. (32). 
Cytochrome c, is rapidly oxidized by cytochrome oxidase on 


2 —D. E. Griffiths and David C. Wharton, unpublished observa- 
tions. 
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addition of trace amounts of cytochrome c (Fig. 4). These 
results indicate that the reaction between cytochrome oxidase 
and cytochrome c; is mediated by cytochrome c as reported by 
Estabrook (33). 

The significance of the presence of copper in cytochrome oxi- 
dase has been emphasized for many years by Wainio et al. (1, 
26, 34), and by Green et al. (35) in this laboratory. However, 
it is only recently that the role of copper in the cytochrome oxi- 
dase reaction has been intensively studied. Sands and Beinert 
(36) demonstrated by paramagnetic resonance spectroscopy that 
the copper present in cytochrome oxidase underwent a valency 
change after addition of reduced cytochrome c. We have shown 
a similar valency change by chemical methods (24) and similar 
results were reported recently by Takemori (37). An approxi- 
mate 1:1 relationship between copper and heme a holds in all 
preparations (see Table II) and we have been unable to change 
this 1:1 relationship by a variety of treatments with chelating 
agents, including dialysis against cyanide. 

The isolation of a highly active oxidase as described above 
and the isolation of a highly purified cytochrome a preparation 
with a 1:1 heme a to copper ratio by Japanese workers (4) to- 
gether with the evidence for cepper valency changes during cy- 
tochrome oxidase activity (24, 36, 37) all suggest that copper is 
an integral part of the cytochrome oxidase complex and neces- 
sary for the overall reaction catalyzed by cytochrome oxidase. 
In this respect it is significant that the common respiratory in- 
hibitors which inhibit eytochrome oxidase activity, namely, 
cyanide, azide, sulfide, and hydroxylamine are all capable of 
forming strong complexes with copper and thus inhibit oxida- 
tion-reduction. However, final proof that copper is directly 
involved in the cytochrome oxidase reaction is still lacking and 
many anomalies such as the spectral evidence for the combina- 
tion of CO and cyanide with cytochrome a and the light-sensitive 
inhibition by CO remain to be explained. Elucidation of the 
mechanism of the reduction of molecular oxygen will undoubt- 
edly define the role of copper. 


SUMMARY 


A fractionation procedure is described for the isolation of 
cytochrome oxidase from beef heart mitochondria. This prepa- 
ration has a Qo, of 60,000 at 38°. 

The increase in cytochrome oxidase activity over the original 
mitochondria parallels the increase in heme a content (as deter- 
mined from the 605 my absorption). A correlation between 
activity and heme a content has been established. 

The final cytochrome oxidase preparations contain copper in 
amounts equimolar with the heme a content. 

The spectral properties of the purified cytochrome oxidase 
preparation are described. 
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The presence of significant amounts of copper in heart muscle 
preparations was first noted by Keilin and Hartree (1) which 
led them to propose that the terminal oxidase might be a copper 
enzyme. However, their demonstration that cytochrome a3 
satisfied all the criteria of the terminal oxidase cast doubt on 
the role of copper in the oxidase reaction (2). Their conclusions 
have been confirmed and strongly advocated by Chance et al. 
(3-7), despite the large body of evidence from nutritional studies 
that copper is associated with cytochrome oxidase activity 
(8-13). The possibility that cytochrome oxidase is a copper 
protein was revived by Wainio e¢ al. (14, 15), who claimed that 
there was a correlation between the copper content and the 
height of the 601-my absorption band. However, their demon- 
stration (15) that there was no copper in the heme prosthetic 
group of cytochrome oxidase led them to return to the classical 
view that cytochrome oxidase was an iron hemoprotein. Later 
studies in this laboratory on the fractionation of heart muscle 
particles showed that copper concentrated with the cytochrome 
oxidase moiety of the respiratory chain (Green et al. (16), Mackler 
and Penn (17)). The latter authors reported a 4-fold increase in 
heme a and copper content concomitant with a 4-fold increase in 
evtochrome oxidase activity on fragmentation of a reduced di- 
phosphopyridine nucleotide oxidase particle. 

More recently, the problem has been studied in several labora- 
tories and evidence is accumulating which suggests that copper 
is involved in cytochrome oxidase activity. Sands and Beinert 
(18) have demonstrated by electron spin resonance techniques 
that the copper in cytochrome oxidase undergoes valence changes 
during the cytochrome oxidase reaction. Wainio et al. (19) ina 
recent publication claim to have established a correlation be- 
tween the copper content, the heme a content, and the cyto- 
chrome oxidase activity of a cytochrome oxidase preparation. 
On the other hand, Yonetani (29) claims that copper in cyto- 
chrome oxidase is not involved in cytochrome oxidase activity. 
He has shown that 60 to 70% of the enzymically reduced copper 
in his cytochrome oxidase preparation can be trapped in the 
cuprous state by reaction with 2,9-dimethyl-4 , 7-dipheny]-1 , 10- 
phenanthroline sodium disulphonate with no effect on cyto- 
chrome oxidase activity. None of the copper in our preparation 
reacts with this chelating agent and all the spectral changes 
noted by Yonetani can be duplicated by addition of ionic copper. 

The present communication deals with the properties of cop- 
per in a purified cytochrome oxidase preparation from beef heart 
mitochondria, with the distribution of copper during fractiona- 


* Postdoctoral trainees of the Institute for Enzyme Research, 
University of Wisconsin. 


tion of cytochrome oxidase, and with the oxidation-reduction 
properties of copper during electron transfer catalyzed by cyto- 
chrome oxidase. While this work was in progress, studies similar 
in many respects to the present work were described by Take- 
mori (20). 


EXPERIMENTAL PROCEDURE 
Materials and Methods 


Cytochrome Oxidase Preparations—The preparations used for 
these studies were made as described in a previous communica- 
tion (21). They contained 7.5 to 9 mumoles of cytochrome a 
and iron and 8.5 to 10 mumoles of copper per mg of protein. 
Copper, iron, cytochrome a, protein, and cytochrome oxidase 
activity were estimated as described previously (21). 

Oxidation-Reduction State of Copper in Cytochrome Oxidase— 
This was determined by a slight modification of the method used 
by Felsenfeld' (22, 23) in his studies on hemocyanin. Both 
p-CMS and EDTA? were incorporated into the final reaction 
mixture to prevent nonspecific reduction of copper by protein- 
bound—SH groups. To 0.5-ml aliquots of cytochrome oxidase 
solution containing 4 to 6 mg of protein were added 50 umoles 
of Tris-acetate buffer, pH 7.5; and the appropriate additions of 
0.25 M potassium ascorbate, potassium cyanide (0.1 mM), and 
cytochrome c (1% weight per volume) to give a final volume of 
0.6 ml. The oxidation-reduction state of copper was determined 
by first adding 0.1 ml of a solution of 0.2 m EDTA and 0.001 m 
p-CMS followed by 0.7 ml of a 0.1% (weight per volume) solu- 
tion of 2,2-biquinoline or neocuproine (2 ,9-dimethyl-1, 10-phen- 
anthroline) in glacial acetic acid and stirring well with a glass 
rod. After 0.7 ml of redistilled ethanol was added the mixture 
was centrifuged in a microcentrifuge for 10 minutes at 10,000 
r.p.m. The optical densities were read at 535 my and 454 mu 
for biquinoline and neocuproine, respectively. Solutions treated 
with glacial acetic acid alone were used in the blank cell. By 
use of this method, nonspecific reduction of copper by protein- 
bound—SH groups and the reducing agent (ascorbic acid) was 
avoided (22, 23). 

Cytochrome ¢ was a product of Sigma Chemical Company. 
Preparations of succinic cytochrome c reductase (24) and DPNH- 
cytochrome c reductase (25) were obtained from Drs. L. Fowler 
and Y. Hatefi, respectively. 


1 We are indebted to Dr. G. Felsenfeld for details of his method 
before publication. 

2 The abbreviations used are: BCS, 2,9-dimethyl-4,7-diphenyl- 
1,10-phenanthroline sodium disulfonate; p-CMS, p-chloromer- 
curiphenylsulfonic acid; EDTA, ethylenediaminetetraacetate; 
EPR, electron paramagnetic resonance, DOC, deoxycholate. 
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All solutions were treated with a chelating resin with high 
affinity for transition metal ions (Dowex A-1 resin, Dow Chemical 
Company) to reduce contamination by ionic copper. 


RESULTS 


Relationship of Copper to Cytochrome Oxidase Activity—We 
have shown previously (21) that on purification of cytochrome 
oxidase there is an increase in activity proportional to the in- 
crease in cytochrome a concentration. We also attempted to 
show a similar relationship with respect to activity and copper 
content with the results shown in Table I. At first sight it 
appears that there is no relationship between copper content, 
cytochrome a content, and activity. However it is known that 
purified cytochrome oxidase preparations contain an amount of 
copper equimolar with cytochrome a which is not removed by 
dialysis against cyanide (20, 21). We then examined the copper 
content of cytochrome oxidase preparations which had been 
dialyzed against cyanide (0.01 mM) as shown by the results in 
Table II. It can be seen that an approximately 1:1 relationship 
between cytochrome a and copper is maintained throughout the 
fractionation procedure. The results in Table II also show 
clearly a relationship between cytochrome oxidase activity, cyto- 
chrome a, and the copper content of the preparation. A similar 
equimolar relationship between copper and cytochrome a in 
cytochrome oxidase at all stages of purification has been shown 
by Takemori (20). However, the latter worker was unable to 
show an increase in cytochrome oxidase activity concomitant 
with an increase in cytochrome a and copper content. This 
anomaly is probably due to denaturation during the purification 
procedure used by Takemori as the activity of the final purified 
cytochrome oxidase preparation is less than that of the original 
starting material. 

Properties of Copper in Purified Cytochrome Oxidase—Copper 
in purified cytochrome oxidase preparations is not extracted by 
acid acetone (0.025 n HCl in 99°% acetone)—a reagent which 


TABLE I 
Distribution of copper and cytochrome a during fractionation 


| | $e 
Fraction® Cytochrome a Copper? | 
| mol mumoles 
pmoles | /mg | pmoles | /mg 
| protein protein 
1. Mitochondria... 14.3 | 1.18 | 36.3 | 3.0 | 8,500 | 2.54 
2. Cholate-KCl su- | | | | 
pernatant....... 8.1 | 1.4 | 18.75 | 3.25 | 2.3 
3. Green residue..... 7.4 , 4.1 | 10.06 | 5.8 1.41 
4. Ist Ammonium | | : | | 
sulfate-DOC | | | | 
fractionation | | | | 
20-27%  frac-. | | | 
6.3/6.3 9.4 | 9.45 | 45,000 | 1.49 
5. 2nd Ammonium > | | 
sulfate-DOC | | | 
fractionation | | | | | 
20-27% frac- | | | | 
a ae | 5.70 | 8.2 | 6.45 | 9.2 | 55,000 | 1.12 


@ These fractions have been fully described in a previous paper 
21). 
’ Copper was estimated after pretreatment of cytochrome oxi- 
dase samples with Dowex A-1 chelating resin. 
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TABLE II 
Distribution of copper and cytochrome a during fractionation 
| 
Fraction | | commer | 
| mumoles/mg  mpmoles/mg | 
protein | protein | 
1. Mitochondria‘............... 1.47 0.97 
2. Cholate-KCl supernatant.... 3.5 
3..Green residue............... 4.65 
4. Ist Ammonium sulfate-DOC | 
fractionation 20-27% frac- | 
5. 2nd Ammonium sulfate-DOC | 
fractionation 20-27% frac- | | 


* These fractions have been fully described in a previous paper 
(21). 

’ Copper was estimated after dialysis of cytochrome oxidase 
samples for 16 hrs against 0.01 m KCN, in 0.01 m phosphate buffer 
PH 8. 

¢ The Qo, of this fraction was 12,000. 

4 The Qo, of this fraction was 57,500. 


removes heme a quantitatively from cytochrome oxidase. Cop- 
per is found in the protein residue after this treatment and can 
be liberated by further treatment of the residue with 50% (vol- 
ume for volume) acetic acid. Copper can be liberated from cyto- 
chrome oxidase by treatment with 50% (volume for volume) 
acetic acid with no liberation of heme a into the supernatant 
solution. Similar results have been reported by other workers 
(15, 20, 26, 27). The above observations indicate that copper 
is tightly bound to the protein moiety of cytochrome oxidase 
and not to the iron-containing heme a moiety. However, these 
results do not preclude the possibility that copper and heme a 
are linked in a functional manner in intact cytochrome oxidase. 

Further evidence of the firm binding of copper to cytochrome 
oxidase was obtained by studying the dialysis of the enzyme 
against copper chelating agents. Dialysis for 16 hours against 
0.01 m cyanide, diethyldithiocarbamate, thioglycolate, and hy- 
droxylamine did not reduce the copper content of the prepara- 
tion to any marked degree and the copper to cytochrome a ratio 
did not drop below unity. No marked reduction in the copper 
content of the preparation was noted after dialysis against 0.01 
mM cyanide at pH 8 and pH 11 or on dialysis of the reduced en- 
zyme against a number of chelating agents. 
sodium diethyldithiocarbamate, potassium ethyl xanthate, and 
8-hydroxyquinoline led to destruction of cytochrome a as indi- 
cated by modification of the absorption spectrum of the prepara- 
tion. Dialysis against hydroxylamine also led to changes ip 
the absorption spectrum which may be due to the reaction of 
hydroxylamine with the formyl group of heme a (28). As stated 
above, dialysis of cytochrome oxidase against 0.01 m cyanide and 
thioglycolate dia not alter the copper content of the preparation 
appreciably and on removal of these reagents by dialysis against 
Tris buffer, the activity of the preparation was restored to 80 to 
90% of that of the original activity. We have been unable to 
remove the copper from cytochrome oxidase by dialysis against 
cyanide as claimed by Wainio e¢ al. (19, 27). 


Dialysis against 


In this respect, it | 


should be emphasized that many cytochrome oxidase prepara- 
tions contain copper in excess of a 1:1 copper to cytochrome 4 [ 


ratio. On dialysis of such preparations against cyanide, this | 


excess copper is removed (Tables I and II) but in no instance ~ 
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have we been able to reduce the level of copper below that of 
cytochrome a. Similar results have been found by Takemori 
(20) t.e. that the copper to cytochrome a ratio of a purified cyto- 
chrome oxidase preparation was 4.5, and that 80% of the copper 
could be removed by dialysis against cyanide. 

There was little or no inhibition of the cytochrome oxidase 
reaction by a number of chelating agents known to chelate copper 
(EDTA, 8-hydroxyquinoline, diethyldithiocarbamate, neocu- 
proine, potassium ethylxanthate). These results suggest that if 
copper is involved in cytochrome oxidase activity, it is bound in 
such a structural configuration that complexes with these chelat- 
ing agents are not formed. 

Oxidation-Reduction State of Copper in Cytochrome Oxidase— 
Analysis of the valency state of copper by the method of Felsen- 
feld (22, 23) showed that copper was in the cupric state in oxi- 
dized cytochrome oxidase (bubbled with oxygen) and in the 
cuprous state in reduced cytochrome oxidase (reduced with ascor- 
bate and traces of cytochrome c). Vander Wende and Wainio 
(27), however, claim that 85% of the copper in the air-oxidized 
enzyme is in the cuprous state. The results of the latter authors 
may be a consequence of the fact that no precautions were taken 
to exclude nonspecific reduction of copper by protein-bound—SH 
groups during acid denaturation of the oxidase. Incorporation 
of EDTA and p-CMS into the assay mixture preclude the non- 
specific reduction of cupric ions by protein-bound—SH groups 
(22, 23). Experiments which summarize the copper valency 
changes under various conditions are shown in Table III. It 
can be seen that the oxidation state of copper closely follows 
that of cytochrome a under all experimental conditions. No 
significance should be attached to the differences in the relative 
amounts of reduction of cytochrome a and copper under steady- 
state conditions as the degree of error in the copper assay in- 
creases at low copper concentrations. Cyanide does not inhibit 
the reduction of copper in the preparation, although the reoxida- 
tion of copper and cytochrome a by air is inhibited. The results 
summarized in Table III have been confirmed by EPR spectro- 
scopic studies,? thus providing independent evidence for the 
validity of the Felsenfeld method for assay of the oxidation- 
reduction state of copper. 

It appears that not all of the copper in the oxidase preparation 
is reducible by substrate in a cyanide-blocked system (Table 
III). The fact that the oxidase preparation used had a copper 
to cytochrome a ratio of 1.15 suggests that only an amount of 
copper equivalent to the cytochrome a in the preparation was 
reducible by substrate. This hypothesis was checked in an ex- 
periment with a cytochrome oxidase preparation containing 
copper in large excess over the cytochrome a content (copper to 
cytochrome a = 1.66; copper content of 13.6 mumoles/mg of 
protein; cytochrome a content of 8.1 mumoles/mg of protein). 
Addition of ascorbate and cytochrome c to such a preparation 
in a cyanide-blocked system led to 57% reduction of the copper 
under conditions in which the cytochrome a was fully reduced; 
(.e., 7.7 mumoles of copper/mg of protein were reduced, an 
amount equivalent to the cytochrome a and iron content of the 
preparation.) 

Cytochrome c-Dependent Copper Reduction—In some instances 
a cytochrome c-dependent reduction of cytochrome a and copper 
by ascorbate can be shown. This behavior is not typical as 
most preparations show slow reduction of cytochrome a and 


7D. E. Griffiths, David C. Wharton, and Helmut Beinert, 
unpublished observations. 


D. E. Griffiths and D. C. Wharton 


TaBLeE III 


Oxidation-reduction state of copper and cytochrome a 
tn cytochrome oxidase 


Cytochrome a® Coppper’ % 


Oxidation state of cytochrome oxidase % reduction sadaction 


a. Oxidized (bubbled with oxygen)¢.... 0 0-5 
b. Steady-state condition after adding 
5 uwmoles ascorbate and 1 mumole 


c. Reduced (same as b, but solution an- 

d. Reduced form c, shaken in air........ 10-15 15-30 
e. Reduced form, conditions same as b, 

but 0.1 mm cyanide added.......... 100 85-95 
f. Reduced enzyme e, plus cyanide, 


* The per cent reduction of cytochrome a was estimated from 
the increase in absorbancy at 605 my between the fully oxidized 
and fully reduced forms. 

® The total copper content of the preparation was estimated by 
adding hydroxylamine as reducing agent and adding EDTA and 
p-CMS after addition of the glacial acetic acid solution of 2.2 
biquinoline. 

¢ In the absence of added p-CMS and EDTA, copper was found 
to be 90 to 100% reduced in the oxidized form of cytochrome oxi- 
dase; cf. Takemori (20). Copper reduction was markedly reduced 
by addition of either p-CMS or EDTA. In the presence of p- 
CMS alone a small (10 to 20%) reduction of copper was observed. 
Similar results were obtained in the presence of EDTA alone. 
In the presence of both p-CMS and EDTA, this nonspecific reduc- 
tion was reduced to negligible proportions. 


TaBLE IV 
Reduction of copper by succinate and DPNH 


Each tube contained 5 mg of oxidized cytochrome oxidase (40 
myumoles of cytochrome a), 10 mumoles of cytochrome c, and 5 
ymoles of Tris buffer pH 7.5. Incubated for 20 minutes at 26° 
under anaerobic conditions (gassed with N2). Reaction stopped 
by adding 2,2-biquinoline in glacial acetic acid containing EDTA 
and p-CMS. The final solutions were turbid and made quanti- 
tative assay impossible. The results are presented, therefore, in 
a semiquantitative fashion. 


Additions Copper reduction 
2. Succinate (10 uwmoles)......................... 0 
3. Succinate (10 umoles) + succinic cytochrome c 
4. Succinic cytochrome c reductase (0.2 mg)..... 0 
§. (2 pmoles)...... 0 
6. DPNH (2 umoles) + DPNH = cytochrome 
7. DPNH cytochrome c reductase (0.1 mg)...... 0 


copper by ascorbate and this rate is greatly increased by addition 
of small amounts of cytochrome c. These differences are ob- 
viously related to the degree of contamination of the cytochrome 
oxidase preparations by trace amounts of cytochromes c and ¢ . 
Incubation of cytochrome oxidase with succinic- and DPNH- 
cytochrome c reductases in the presence of cytochrome c, succi- 
nate, and DPNH led to reduction of copper and cytochrome a 
(Table IV). No reduction of copper and cytochrome was ob- 
served in the absence of succinate or DPNH, respectively. 


| 
1859 | 
| 
/cyto- 
ome @ 
17 
| 
| 
Cop- 
d can | 
(vol- | 
cyto- 
lume) | 
atant | 
orkers 
opper 
xidase 
eme 4 
dase, 
rome | 
zyme 
gainst 
hy- 
»para- 
1 ratio | 
t 0.01 | 
od en- | 
gainst 
> and 
3 indi- 
para- | 
Fes in | 
ion of 
stated | 
le and | 
ation 
gainst | 
80 to | 
ble to : 
oct, it | | 
>para- | 
ome @ | 
, this | 
| 


1860 


Reaction of Cytochrome Oxidase with Bathocuproine (BCS)—In 
a recent communication, Yonetani (29) has concluded that cop- 
per is not involved in cytochrome oxidase activity as a result of 
the following observations. 

1. Copper in cytochrome oxidase can be reduced by the follow- 
ing reducing systems: ascorbate-cytochrome c, ascorbate-p- 
phenylenediamine, succinic-heart muscle preparation, dimercapto- 
propanol, dithionite, and borohydride and can be trapped in the 
cuprous state by BCS as evidenced by an increase in absorption 
at 479 my, the absorption maximum of cuprous BCS. 

2. On addition of oxygen to an anaerobic solution of the re- 
duced preparation, the absorption at 605 my and 445 my drops 
to the steady-state level and then returns to the reduced level 
when the solution becomes anaerobic. No change was noted at 
461 my indicating that there was no change in the oxidation- 
reduction state of Cu-BCS; 7.e. copper in cytochrome oxidase is 
trapped in the cuprous state. 

3. On addition of cyanide, the Cu-BCS absorption at 479 my 
disappears, indicating transformation of Cu-BCS to Cu-CN in 
addition to the effect of evanide on the heme absorption. 

4. On treatment with CO, the Cu-BCS absorption shows no 
change, whereas the heme absorption shows the typical changes 
due to formation of the CO compound of reduced cytochrome a3. 

5. On reduction with borohydride, 70 to 90% of the copper 
in the preparation was reduced but there was no reduction of 
cytochrome a. 

6. BCS does not inhibit cytochrome oxidase activity. 

It was concluded that copper does not contribute to the spec- 
trum of cytochrome oxidase at 605 my and 445 my and that the 
reduction of copper in cytochrome oxidase by various reducing 
systems is a nonspecific reaction independent of the enzyme re- 
action of cytochrome oxidase. - 

As these observations are at variance with the results and con- 
clusions presented in this paper, we deemed it necessary to ex- 
amine the effect of BCS on our cytochrome oxidase preparation. 
On treatment of cytochrome oxidase (15 um cytochrome a, 18 
uM copper in 0.02°% (weight per volume) DOC) with 100 um 
BCS at pH 7.2 there was no change in the absorption spectrum 
in the oxidized state. On reduction with dithionite or ascorbate- 
cytochrome c there was no increase in absorption at 479 my (Cu- 
BCS formation) as observed by Yonetani (29). No formation 
of Cu-BCS was observed after several cycles of oxidation-reduc- 
tion by ascorbate-cytochrome ¢ and incubation with BCS for 
30 minutes at 25°. No formation of Cu-BCS was observed after 
addition of borohydride. It is apparent that none of the copper 
in our cytochrome oxidase preparation reacts with BCS. When 
these experiments were carried out in the presence of a nonionic 
detergent (0.5% weight per volume Tween 80) and with a cyto- 
chrome oxidase preparation which had been refractionated in the 
presence of Tween 80, no formation of Cu-BCS was observed. 
We have been unable, therefore, to confirm any of the observa- 
tions on which Yonetani (29) bases his conclusion that copper is 
not involved in cytochrome oxidase activity. Our only point of 
agreement is that BCS does not inhibit cytochrome oxidase ac- 
tivity, a property we have previously shown for other copper 
chelating agents (EDTA, potassium ethy! xanthate, 8-oxyquino- 
line, and neocuproine). We have been able to show all of the 
spectral changes at 479 my reported by Yonetani after addition 
of 15 um CuSO, to our cytochrome oxidase preparation. Under 
these conditions added ionic copper is rapidly reduced by dithio- 
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nite and ascorbate-cytochrome ¢ and is trapped in the cuprous 
state by BCS. 

It is our contention that copper is involved in cytochrome 
oxidase activity and is firmly bound in a specific configuration 
such that it is not chelated by many copper chelating agents, 
Modification of this configuration so that copper is able to react 
with chelating agents results in the loss of a specific catalytic 
function exhibited by copper in the cytochrome oxidase reaction, 
The observations reported by Yonetani (29) are probably due to 
contamination of his cytochrome oxidase preparation by ionic 
copper or modification of the binding of copper or both in his 
preparation such that it is able to react with BCS. A significant 
amount of copper in Yonetani’s preparation (30 to 40° of the 
total copper, equivalent to a copper to cytochrome a ratio of 
0.5 to 0.65) is not enzymically reducible so that it will react with 
BCS. We contend that it is this copper moiety which is active 
during cytochrome oxidase activity and that a major portion of 
the catalytically active copper has been modified in the isolation 
procedure used by Yonetani. In this respect it should be pointed 
out that, whereas the activity per unit cytochrome a of our puri- 
fied cytochrome oxidase preparation approximates that of mito- 
chondria (21), the activity per unit cytochrome a of Yonetani’s 
preparation is less than 20°% that of the original activity in mito- 
chondria (30). Finally, EPR spectroscopic studies* have shown, 
(a) that BCS has no effect on the reduction and reoxidation of 
copper in cytochrome oxidase; (6) copper in cytochrome onidase 
is not reduced by borohydride. It is thus apparent that the 
conclusions of Yonetani (29) regarding the role of copper in cyto- 
chrome oxidase are not valid. 


DISCUSSION 


The results presented in this communication, together with the 
recent work of Takemori (20), provide strong evidence that cyto- 
chrome c oxidase is a copper hemoprotein containing equimolar 
amounts of copper and cytochrome a. Many of the criteria 
listed by Vallee (31) as characteristic of metallo-enzymes have 
been satisfied and are summarized below: (a) copper is bound 
firmly to the protein molecule and the copper-protein bond is 
maintained throughout the purification procedure; copper is non- 
dialyzable at physiological pH and is not removed by treatment 
with ion exchange resins; copper can be removed only by drastic 
procedures which result in complete loss of activity; (6) during 
purification, the ratio of copper to protein increases; (c) there is 
an equimolar relationship between copper and heme a, a known 
coenzyme of the cytochrome oxidase reaction, at all stages of 
purification; (d) as a result of purification, the copper to protein 
ratio was increased in proportion to the increase in specific activ- 
ity of the enzyme; (e) the common inhibitors of cytochrome ox- 
dase activity such as cyanide, azide, sulfide, thioglycolate, and 
hydroxylamine, are all agents known to have a high affinity for 
copper; (f) copper in cytochrome oxidase has been shown to 
undergo oxidation-reduction, a necessary requirement if copper 
is involved in the electron transport process. In this respect it 
is noteworthy that the oxidation-reduction state of copper in 
cytochrome oxidase is similar to the oxidation-reduction state of 
cytochrome a under a variety of conditions; (g) copper is present 
in mitochondria and electron transport particles in amounts 
equivalent to other known electron carriers such as the flavo- 
proteins and cytochromes. 

In view of the fact that the degree of purity of cytochrome 
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oxidase has not been ascertained due to the difficulties in estimat- 
ing the homogeneity of the preparation, it should be pointed out 
that the above evidence does not prove conclusively that cyto- 
chrome oxidase is a copper hemoprotein. Such proof must await 
the isolation of cytochrome oxidase in a homogeneous form and 
the evidence that copper undergoes valence change at a rate 
compatible with the rate of electron transfer catalyzed by cyto- 
chrome oxidase. However, the evidence listed above provides 
strong support for the contention that cytochrome oxidase is a 
copper hemoprotein and that copper is involved in cytochrome 
oxidase activity. The increase in copper and cytochrome a con- 
centration concomitant with the increase in cytochrome oxidase 
activity as well as the demonstration that a 1:1 copper to cyto- 
chrome a relationship is maintained at all levels of purification, 
suggests that the presence of copper in cytochrome oxidase is not 
merely coincidental. The reduction of copper by substrates of 
cytochrome oxidase (Table III) and succinic and DPNH-cyto- 
chrome c reductases (Table IV), together with evidence that only 
an amount of copper equivalent to cytochrome a is reducible by 
substrates of the oxidase, all suggest that copper plays a signifi- 
cant role in the eytochrome oxidase reaction. Similar results 
have been obtained by Takemori (20). Sands and Beinert (18) 
examined a similar cytochrome oxidase preparation by EPR 
spectroscopy and found also that only a portion of the total 
copper was reduced by substrate. Such results indicate that re- 
ducible copper is bound in a specific configuration in cytochrome 
oxidase and that modification of this specific configuration results 
in loss of reducibility of copper. It is also possible that such a 
modification results in a marked diminution of the rate of copper 
reduction and thus lowers the over-all rate of cytochrome oxidase 
activity. The lability of cytochrome oxidase may well be due 
to such a modification and these possibilities are under investiga- 
tion by chemical and EPR spectroscopic techniques. Sands and 
Beinert (32), using EPR spectroscopy, have also shown changes 
in the valence state of copper in intact mitochondria and sub- 
mitochondrial particles; and in addition that the oxidation state 
of copper parallels that of other electron carriers, thus providing 
accessory evidence for the role of copper in cytochrome oxidase 
and mitochondrial electron transport. 

The commonly used inhibitors of cytochrome oxidase, such as 
cyanide, azide, sulfide, hydroxylamine, and carbon monoxide are 
all assumed to react by combining with the heme a moiety of 
cytochrome oxidase as marked changes in the cytochrome oxidase 
absorption spectrum are observed on the addition of some of these 
compounds. In view of the fact that all of the above inhibitors 
are known to be capable of combining strongly with copper, the 
question may be raised as to whether the site of inhibition of 
cytochrome oxidase activity is the copper moiety and not the 
cytochrome a moiety as has also been suggested by Wainio and 
Greenlees (33). There is as yet very little evidence to support 
this hypothesis other than the EPR studies of Sands and Beinert 
(18), who found that cyanide modified the EPR spectrum of 
copper in cytochrome oxidase, an indication that some interac- 
tion between copper and cyanide has taken place. 

The available evidence does not permit any firm conclusions 
to be drawn as to the sequence of electron flow during electron 
transfer catalyzed by cytochrome oxidase. However, the se- 
quence 


Ferrocytochrome c — copper + cytochrome a — Oz 
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can be eliminated on the basis of the results presented in Table 
III which show that the reduction of copper and cytochrome a is 
not inhibited by cyanide, whereas their reoxidation is inhibited. 
Preliminary experiments, in which the rate of reduction of copper 
and cytochrome a by ascorbate and limiting amounts of cyto- 
chrome c in the presence of cyanide were measured, indicate that 
90% of the copper is reduced in 30 seconds, whereas only 35% of 
the cytochrome a (as measured at 605 mu) was reduced. These 
results suggest that copper comes after cytochrome a in the 
sequence of electron flow, e.g. 


Ascorbate — cytochrome c — cytochrome a 


CN 
copper +> oxygen. 


They do not, however, preclude the possibility that copper is re- 
duced by a pathway which is independent of cytochrome a, 
although all the available evidence indicates that the oxidation- 
reduction state of copper is closely related to the oxidation-reduc- 
tion state of cytochrome a. 


SUMMARY 


The properties of copper in a purified cytochrome oxidase 
preparation are described. During purification of cytochrome 
oxidase an increase in copper proportional to the increase in 
cytochrome a and specific activity of the preparation has been 
shown. 

An equimolar relationship between copper and cytochrome a 
is maintained at all levels of purification. 

Copper in cytochrome oxidase is reduced by the substrates of 
cytochrome oxidase and its reoxidation is inhibited by cyanide. 

The results suggest that copper is involved in cytochrome oxi- 
dase activity. 
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Previous investigations have shown that isotopically labeled 
o8. precursors are incorporated into diphosphopyridine nucleotide 
more slowly than into the other acid-soluble, adenine-containing 
nucleotides, adenosine-5’-phosphate, adenosine diphosphate, and 
| adenosine triphosphate (1-3). The present studies have been 
concerned with the incorporation of labeled precursors into the 
oxidized and reduced forms of both pyridine nucleotide coen- 
zymes. Also, the relative rates of incorporation into the various 
parts of the molecules were studied. From such work, it was 
hoped to obtain information regarding the synthesis of these 
compounds. In addition, it was desirable to ascertain the de- 
gree to which the coenzymes (oxidized and reduced) are in equi- 
librium with each other. 


EXPERIMENTAL PROCEDURE 


The tissue studied in these experiments was the liver of the 
adult male rat. The animals were treated by intraperitoneal 
injection of precursor compounds and were killed by decapita- 
tion. The precursors used were inorganic phosphate-P*®, uni- 
formly labeled C'4-glucose, nicotinic acid, nicotinamide with C4 
in position 7, and tritiated adenine. An initial homogenate of 
liver was made in 5 volumes of cold (0°) sucrose (0.25 mM) and 
nicotinamide (0.05 m). When labeled nicotinamide or nicotinic 
acid was the precursor being studied, the homogenization was 
performed in sucrose alone. A portion of this homogenate was 
made 5% in trichloroacetic acid by adding 100% trichloroacetic 
acid. The trichloroacetic acid-soluble fraction was then used 
to prepare an acetone precipitate which contained DPN, TPN, 
and other nucleotides (acetone precipitate I) (4). 

To examine the reduced coenzymes, a portion of the sucrose 
homogenate was made 0.1 m in Na2CO; by the addition of an 
equal volume of 0.2 m Na2CO;. This was placed in a boiling 
water bath for 5 minutes, and after cooling the pH was brought 
to 7 by the addition of 1.0 m Tris buffer, pH 7, and then 2.0 n 
HCl. Under alkaline conditions the reduced pyridine nucleo- 
tides are quite stable in contrast to the oxidized forms (5), and 
analysis at this stage revealed virtually no oxidized pyridine 
nucleotides. Analysis was performed as described elsewhere (6). 
The reduced coenzymes were then converted to the oxidized 
form by the addition of phenazine methosulfate (7) (0.6 ml of 
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10-? m phenazine methosulfate per rat liver). After incubation 
at room temperature for 15 minutes, the homogenate was made 
5% in trichloroacetic acid and an acetone precipitate was pre- 
pared from the trichloroacetic acid-soluble fraction (acetone 
precipitate II). The DPN and TPN in this acetone precipitate 
were then derived from the DPNH and TPNH of the intact 
organ. Since in rat liver TPN is predominantly in the reduced 
form (8, 9), the acetone precipitate II contained 3 to 4 times 
as much TPN as acetone precipitate I. For this reason most 
of the studies of TPN have been done on TPN obtained from 
acetone precipitate II (TPNH, before oxidation by phenazine 
methosulfate). 

The individual acetone precipitates were dissolved in water; 
DPN and TPN were separated with the use of Dowex 1-formate 
anion exchange resin and a formic acid gradient elution system 
(10). The formic acid was evaporated off, and DPN and TPN 
were reisolated after paper electrophoresis. 

A crude prostatic acid phosphatase which was obtained from 
Dr. Grossman of our laboratory was used to cleave TPN into 
DPN and P;. DPN was isolated from the incubation mixture 
after application to Dowex 1-formate anion exchange resin. 
After addition of Norit A acid-washed charcoal to a portion of 
the incubation mixture, P; was assayed and counted in the 
supernatant portion. Pj; is not adsorbed to charcoal whereas 
DPN and TPN are adsorbed (3, 11). 

Snake venom diesterase was used to cleave DPN into NMN 
and AMP or TPN into adenosine-2,5-diphosphate and NMN. 
The degradation products were isolated by paper electrophoresis. 

Paper electrophoresis and subsequent elution were performed 
with the use of a triethanolamine-Versene (the disodium salt of 
ethylenediaminetetraacetic acid) system, as described elsewhere 
(4). It was convenient to elute the desired spots in 1 ml of 
water. Amounts were applied to the paper so that 30 to 50 
mumoles of the compound being isolated would be present in the 
eluate. 

Compounds were located on paper by their ultraviolet quench- 
ing spots. DPN, TPN, and NMN could also be located by 
their fluorescence after spraying with cyanide; they then could 
be eluted from a similar strip to which cyanide had not been 
added (4). 

DPN, TPN, and NMN were assayed by the cyanide addition 
method (6); DPN and TPN were also measured by a micro- 
fluorometric method which used methylethyl ketone and the 
Neurospora DPNase (6). Because DPN and TPN had already 
been separated from each other, the Neurospora DPNase could 
be used to assay the two coenzymes. AMP and adenosine- 
2 ,5-diphosphate were assayed by absorption of light at 260 mu, 
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relative to a paper blank. An extinction coefficient of 14.6 was 
used for AMP and 14.5 for adenosine-2,5-diphosphate, when 
both were measured at acid pH (12). P; was measured by the 
Fiske-SubbaRow method (13). 

Compounds containing P*® or C'™ were counted in a propor- 
tional gas flow counter, whereas samples containing tritium were 
counted by the Packard Tri-Carb liquid scintillation counter. 

Cell fractions were prepared by differential centrifugation in 
0.25 m sucrose-0.05 M nicotinamide, as described elsewhere (8). 

Tritiated adenine was obtained by exposure to tritium gas 
(New England Nuclear Corporation), and was subsequently re- 
isolated from Dowex 50 cation exchange resin. Labile tritium 
atoms were removed by successively dissolving the adenine in 
water and evaporating off the water three times. 

PMS was obtained from Sigma Chemical Company. Snake 
venom diesterase was prepared from lyophilized venom of Crota- 
lus adamanteus (14) and Neurospora DPNase by the method of 
Kaplan (15). 

RESULTS 

Incorporation of Radioactive Inorganic Phosphate—At 1 and 
13 hours after the injection of P;5* the radioactivity of the mono- 
ester phosphate of TPNH considerably exceeded the combined 
activity of the other two phosphates (those constituting the 
pyrophosphate portion) (Table I). The DPN portion of TPNH 
showed much less incorporation of the tracer than did either 
DPN or DPNH. DPN and DPNH had very similar specific 
activities, but in DPN the activity of the AMP phosphate was 
about twice that of the NMN phosphate at 15 hours. As ex- 
pected in TPNH, the adenosine-2,5-diphosphate portion con- 
tained nearly all the radioactive tracer, with very little present 
in the NMWN part of the molecule. ° 

At 6 hours after injection of P #2, DPN and DPNH had similar 

specific activities, and the same was true for TPN and TPNH. 
The specific activity of the DPN portion of TPNH was equal 
to that of the monoester phosphate, but still less than that of 


TABLE [| 
Relative specific activities of pyridine nucleotides of rat liver after 
injection with P?O, 

The specific activity of all measurements have been compared 
to DPNH as 100 at each time interval. In the 1- and 6-hour ex- 
periments, each rat received a total of 0.25 umole of P;, and in the 
13-hour experiment, a total of 0.50 umole of P; . 


Relative specific activity 


Nucleotide | 
14 hrs after 6 hrs after 
injecton | injection injection 
100 , 100 | 100 
(Monoester P)..... (94) (108) (60) 


* The values in parentheses represent the products obtained 
from the various coenzymes. 
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TaBLe II 
Specific activities of pyridine nucleotide coenzymes after injection 
of C'4-nicotinic acid or C'4-nicotinamide 


The total amount injected per rat was 0.7 mg of nicotinic acid 
and 1.4 mg of nicotinamide. 


Specific activity 


Coenzyme Time killed 
DPNH TPNH 
hrs c.p.m./mpmole 
3 32 19 
1 16 4 
3 24 12 
TaBLeE III 


Relative specific activities of pyridine nucleotide coenzymes after 
injection of isotopically labeled precursors with and without 
unlabeled nicotinamide 

The rats were killed 2 hours after injection. In each experi- 
ment the specific activity of the various nucleotides was compared 
to the DPNH value of 100 obtained without injected nicotinamide. 


| 


| 
Isotopic Unlabeled 


precursor | nicotina- DPN | 
| mg/kg 
1 ,* none 100 105 
P 650 380 325 
2 P ;*? none 100 (26) TF, (191) 
P 750 330 (83) | (330) 
3* Adenine none 100. 20 | 
| 


100 | 


* In Experiment 3 each rat received a total of 5 mg of adenine. 
* Values in parentheses represent the products obtained from 
the TPNH. 


DPN or DPNH. The AMP phosphate of DPN was only slightly 
more labeled than the NMN phosphate; the NMN portion of 
TPNH accounted for 25% of the radioactivity of that molecule 
at this time interval. 

Injection of Radioactive Glucose—At 1 hour after injection of 
uniformly labeled C'-glucose, the specific activity of the ribose 
in the DPNH exceeded that of TPNH by 9-fold. 

_ Incorporation of C™ Nicotinic Acid and Nicotinamide—Studies 
with labeled nicotinic acid and nicotinamide revealed the specific 
activity of DPNH to be higher than that of TPNH at all times 
examined from 1 to 3 hours after injection (Table II). How- 
ever, with time the activity of TPNH was approaching that of 
DPNH. 

Effect of Nicotinamide Injection on P** Incorporation—lIn this 
study P ;** was injected with and without enough unlabeled nico- 
tinamide to markedly increase the DPN level (2-fold in this 
case). The incorporation of the isotope into both DPN and 
DPNH increased in response to the increased synthesis of DPN, 
but there was no significant difference between the specific ac- 
tivities of DPN and DPNH. These results are summarized in 
Table ITI. 

P32 was then injected with and without a large amount of 
unlabeled nicotinamide, and the specific activity in DPNH and 
TPNH was compared. With P;* alone the specific activity of 
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DPNH was 50% that of TPNH (Table III). When nicotin- 
amide was also injected, although the absolute values of both 
increased, the specific activity of DPNH approached 80% that 
of TPNH. Also, when P;*? was injected alone the monoester 
phosphate of TPNH had a specific activity twice that of DPNH; 
when nicotinamide was also injected the specific activities of 
DPNH and of the monoester phosphate of TPNH were about 
equal. 

Effect of Nicotinamide Injection on Adenine Incorporation— 
Tritiated adenine was injected with and without a large dose of 
unlabeled nicotinamide. When adenine alone was injected, the 
specific activity of DPNH was 5 times that of TPNH. When 
nicotinamide was also injected, the specific activity of DPNH 
became 15 times that of TPNH, as indicated in Table III. 

Specific Activities of DPN of Various Cellular Fractions after 
Injection of P;**—As shown in Table IV, the specific activity of 
nuclear DPN exceeded that of any other cellular fraction, whereas 
the mitochondrial fraction appeared to have a quite low turn- 
over. In this experiment oxidized DPN was analyzed for spe- 
cific activity. 


DISCUSSION 


The experiments with labeled inorganic phosphate demonstrate 
that the oxidized and reduced forms of the individual coenzymes 
are in relatively rapid equilibrium with each other. The dis- 
tribution of the labeled phosphate in TPNH is quite striking 
with a high incorporation into the monoester phosphate as com- 
pared to the DPN portion of the molecule. This is consistent 
with a very rapid turnover of the monoester phosphate and a 
relatively slow turnover of the DPN portion of TPNH. 

It appears then that for the individual coenzymes the oxidized 
and reduced forms are in fairly rapid equilibrium with each 
other; on the other hand, the DPN portion of TPN is very slow 
and has not equilibrated by 6 hours. 

The results with phosphate also confirm previous work which 
shows more rapid incorporation into the AMP portion of DPN 
than into the NMN portion (16). These same studies also 
demonstrated, however, that with ribose incorporation the re- 
verse was true. 

The studies with labeled nicotinic acid, nicotinamide, adenine, 
and glucose again show the more rapid incorporation into DPNH 
as compared to TPNH. This is also consistent with the slow 
equilibration which exists between the two coenzymes. 

Previous work has demonstrated enzymic synthesis of TPN 
from DPN in vitro (17) and the above findings would be evidence 
for DPN as a precursor of TPN in vivo. 

It has been shown in mice that injection of nicotinamide causes 
a marked increase in liver DPN with very little increase in TPN 
or in the level of the reduced coenzymes (18). Under such 
conditions, it is of interest that the labeling of DPN and DPNH 
is influenced equally (Table III). On the other hand, under 
similar conditions, there is an increased labeling of DPNH rela- 
tive to TPNH. These last experiments again are evidence for 
a fairly rapid equilibrium between DPN and DPNH as opposed 
to the situation which exists between DPNH and TPNH. 

Our results indicate that the synthesis of DPN may be oc- 
curring in the cell nucleus, as might be suspected from the pres- 
ence of DPN pyrophosphorylase in the nucleus (19). From 
other results we have obtained, it appears that DPN kinase 
activity is found in the soluble fraction of pigeon liver. Whether 
the localization of the enzymes is of importance for the slow 
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TaBLe IV 
Specific activities of DPN from different cell fractions 
Rats were killed 1 hour after injection of P®O,. 


Cell fraction Specific activity 


| ¢€.p.m./mpmole 


equilibration of the DPN moiety of TPN with that of DPN 
remains to be determined. 


SUMMARY 


1. The incorporation of several isotopic precursors into the 
pyridine nucleotide coenzymes of rat liver has been studied. 

2. A rapid turnover of the monoester phosphate of reduced 
triphosphopyridine nucleotide (TPNH) has been demonstrated. 
This contrasts with a much slower turnover of the other two 
phosphates of this molecule. The incorporation of tritiated 
adenine, C'*-glucose, and C'-nicotinic acid into reduced diphos- 
phopyridine nucleotide (DPNH) occurs at a much faster rate 
than into TPNH. 

3. The data indicate that there is a rapid equilibrium between 
the oxidized and reduced forms of the individual pyridine nu- 
cleotide coenzymes. This is in contrast to the slow equilibra- 
tion between DPN and the DPN portion of TPN. 

4. The administration of nicotinamide leads to an increased 
labeling of phosphate in DPN and DPNH relative to TPNH. 
However, the specific activity of the TPNH monoester phosphate 
group is also increased after the injection of nicotinamide. 
Adenine incorporation into DPNH relative to TPNH is also 
greatly increased after nicotinamide administration. 

5. Of various cellular fractions examined 1 hour after the 
intraperitoneal injection of labeled inorganic phosphate, the 
nuclear DPN of the liver had the highest specific activity; the 
lowest activity was found in the mitochondria. 
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The carboxylation of phosphoenolpyruvate to yield oxalo- 
acetate has been described by Utter and Kurahashi (1), who used 
phosphoenolpyruvic carboxykinase isolated from avian liver. 
The enzyme catalyzes the following reversible reaction: 


P-enolpyruvate + CO. + GDP (IDP) @ 
oxaloacetate + GTP (ITP) (1) 


Bandurski and Greiner (2) have purified from spinach phos- 
phoenolpyruvic carboxylase, which catalyzes an irreversible for- 
mation of oxaloacetate: 


P-enolpyruvate + CO. — oxaloacetate + Pj (2) 


Later, Tchen and Vennesland (3) found a similar enzyme in 
wheat germ and reported that P; stimulated the conversion. 

This report presents evidence of a third enzyme which catalyzes 
the formation of oxaloacetate from P-enolpyruvate. The en- 
syme, which has been named phosphoenolpyruvic carboxytrans- 
phosphorylase, has been obtained from sonic extracts of Propiont- 
bacterium shermanii and catalyzes Reaction 3: 


P-enolpyruvate + CO, + Pi = oxaloacetate + PP; (3) 


The enzyme has been purified approximately 15-fold by cal- 
cium phosphate gel treatment, ammonium sulfate and ethanol 
fractionations, and column chromatography on diethylamino- 
ethyl cellulose. It is assayed spectrophotometrically by coupling 
the reaction with malic dehydrogenase and DPNH and deter- 
mining the optical density change at 340 mu. The complete 
system contains the following constituents expressed as umoles 
per 3 ml: P-enolpyruvate, 3; NaHCQs, 50; potassium phosphate 
buffer (pH 7.0), 10; Tris-HCl buffer (pH 7.5), 50; DPNH, 0.5; 
MgCl., 4; 0.2 unit of malic dehydrogenase and phosphoenol- 
pyruvic carboxytransphosphorylase. Under these conditions 
with our best preparation, 0.5 umole of DPNH is oxidized per 
minute per mg of protein. There is little or no oxidation of 
DPNH if either P-enolpyruvate, NaHCOs;, Pi, or MgCl, is 
omitted. Mg++ can be replaced by Mn++. Pyruvate does not 
replace P-enolpyruvate nor does PP; replace P;. A preliminary 
incubation of the enzyme with 1.3 units of avidin does not inhibit 
_ the enzymic activity. Addition of pyrophosphatase to the re- 
action mixture causes an increase in the rate of oxaloacetate 
synthesis. 

With the use of P;*? in the above reaction mixture, radioactive 
PP; was identified as a product of the reaction. After incubation, 


the P; was removed by extracting the phospho-molybdate com- 
plex with an isobutanol-benzene solvent (4). The nonextract- 
able material in the aqueous layer contained a radioactive com- 
pound which chromatographed like authentic PP; in two different 
solvent systems (5) and the micromoles of PP;® in the nonex- 
tractable fraction was equivalent to the oxaloacetate formed in 
the reaction. Further characterization of PP; was accomplished 
by coupling the reaction with UDPG pyrophosphorylase (6). 
In this experiment, UDPG, UDPG pyrophosphorylase, and P ;? 
were incubated with the complete system described above and 
the products were chromatographed on paper with two different 


TABLE I 


Stoichiometry of phosphoenolpyruvic carbory- 
transphosphorylase reaction 


The reaction mixture contained the following expressed as 
umoles: P-enolpyruvate, 3; MgCle, 4; potassium phosphate buffer 
(pH 7.0), 3; Tris-HCl buffer (pH 7.5), 50; DPNH, 0.5; NaHC"O;, 
31 (1.6 X 104 c.p.m. per umole); and also 0.2 unit of malic dehy- 
drogenase and 3.8 mg of the enzyme. The total volume was 3 
ml; incubation was at 25° for 3.5 minutes. The reaction was ter- 
minated by addition of 0.5 ml of 10% trichloroacetic acid. The 
oxaloacetate was determined from the change in optical density 
at 340 my, P-enolpyruvate with pyruvic kinase and lactic dehy- 
drogenase, and the C'*O, from the total counts fixed, the P; by 
the method of Fiske and SubbaRow (7) and the PP; by conversion 
to P; with pyrophosphatase. 


Complete system 
Component measured Net change 
Zero time After incubation 
pmoles pmole 

Oxaloacetate........... 0 0.58 +0.58 
P-enolpyruvate........ 2.80 2.20 —0.60 
0 0.61 +0.61 
incornorated..... 0 0.56 +0.56 

TABLE II 


Formation of P-enolpyruvate from oxaloacetate and PP; with 
phosphoenolpyruvic carborytransphosphor ylase 


The reaction mixture contained the following expressed as 
umoles: oxaloacetate, 10; sodium pyrophosphate (pH 7.4), 5; Tris- 
HCl buffer (pH 7.5), 200; MgCl, 40; MnClo, 1; and 1.9 mg of en- 
zyme. The total volume was 1.0 ml; incubation was at 30° for 
10 minutes. The reaction was terminated by the addition of 0.5 
ml of 10% trichloroacetic acid. The P-enolpyruvate and P; were 
determined as described in the legend of Table I. 


Products measured 
Condition 
P-enolpyruvate Pj 
pmoles 
Complete system............. 0.93 1.18 
No oxaloacetate.............. 0 0.09 
No enzyme................... 0 0.06 
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PC22 Fixation 
solvent systems (5). Three radioactive areas were observed 
corresponding to authentic UTP, PP;, and Pi. 

The stoichiometry of the reaction was determined by meas- 
uring the oxaloacetate and PP; formed and the P-enolpyruvate 
utilized. The amount of CO, fixed and the P; uptake were also 
determined. The results in Table I show that oxaloacetate and 
PP; are formed in equivalent amounts from P-enolpyruvate, P;, 
and COs. 

The reaction is reversible; P-enolpyruvate is formed from 
oxaloacetate and PP;; see Table II. The reverse reaction is of 
great interest since it is the first example of PP; serving as a 
donor of high energy phosphate. 

The net fixation of CO, in the fermentation of glycerol by 
propionic acid bacteria with equivalent formation of succinate 
(8) almost certainly occurs via the reaction sequence illustrated 
below: 


Glycerol 


—2H 


triose-P >» P-enolpyruvate 


P-enolpyruvate + CO: + Pj = oxaloacetate + PP; 


Oxaloacetate + 4H — succinate 


of COz 


Vol. 236, No. 6 


Inasmuch as succinate is converted to propionate via reactions 
catalyzed by methylmalonyl isomerase, methylmalony]-oxalo- 
acetic transcarboxylase, and propionyl-CoA transferase (9-11), 
the fixed CO: will occur in propionate. 
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Despite certain similarities in the contractile proteins of smooth 
and striated muscle (1), recent electron microscope studies 
showed only thin filaments (approximately 50 <A) in rabbit 
uterus (2), whereas myosin has been convincingly localized in 
thick filaments (100 A) of the striated mvyofibril (3). Needham 
and Williams (4) reported differences in the enzymatic (adeno- 
sine triphosphatase) activity of actomyosin from striated and 
from uterine muscle. These authors were unable to isolate the 
light meromyosin subunit from uterine actomyosin by ionic 
strength fractionation. In view of these findings, we have begun 
a physicochemical characterization of actomyosin from rabbit 
uterus. 

Preparations were made with fresh pregnant uteri, and all 
operations were carried out at 5°, or less. The tissue was gently 
comminuted in the Waring Blendor in neutral phosphate buffer, 
ionic strength 0.05. It was then extracted for at least 4 hours 
with 1 m KCl containing 1 mg per ml of adenosine triphosphate. 
At this stage, the extracting agent contained actomyosin and a 
lesser amount of slower sedimenting component(s). We were un- 
able to extract actin-free uterine myosin directly by shorter pe- 
riods of extraction. The actomyosin was separated by precipi- 
tation at an ionic strength of 0.3. By this method, an 80-g 
uterus yielded approximately 300 mg of actomyosin. The final 
solvent for subsequent measurements was 0.6 mM KCI-0.05 m 
PO,, pH 6.4 to 7.0. 

Uterine actomyosin, upon reaction with ATP, formed an 
ultracentrifugally homogeneous myosin component and F-actin 


* This investigation was supported in part by a research grant, 
A-2633 from the National Institutes of Health, United States 
Public Health Service. 

+ Postdoctoral Fellow of the National Institutes of Health, 
1959 to 1960. 


(Fig. 14). The intrinsic viscosity of smooth muscle actomyosin 
before and after addition of ATP (2 mg per ml, 0.001 m MgCl.) 
was very similar to that of striated muscle; in the presence of 
ATP, [n] was determined to be 2.6 + 0.2 dl per g. 

Myosin was prepared from ATP-cleaved uterine actomyosin 
by differential centrifugation (Fig. 1B), although vields were 
necessarily low. The intrinsic sedimentation constant of uterine 
myosin, S°20,, was determined to be 6.10 + 0.2 8S, in close 
agreement with values reported for striated muscle myosin 
(5). 

The tryptic digestion of uterine myosin was examined. To 
1 ml of uterine myosin (concentration, approximately 0.5%), 
0.01 ml of 0.5% trypsin (twice crystallized) was added. After 
gentle stirring for 7 minutes at room temperature, the reaction 
was stopped by the addition of 0.01 ml of 1.0% soybean trypsin 
inhibitor. Two components were observed in the ultracentrifuge 
(Fig. 1C). The slow, monodisperse peak had a sedimentation 
constant of 3.0 + 0.28, which corresponded to light meromyosin; 
this value may be considered as close to the intrinsic sedimenta- 
tion constant. The other more polydisperse component had a 
sedimentation constant of 6.058. This peak was distinguishable 
from that of undigested myosin, which had a lower sedimentation 
rate (5.2 + 0.2 S) at comparable protein concentrations (Fig. 
1D). Thus, we have demonstrated that smooth muscle myosin 
from the uterus contains subunits with essentially the same 
sedimentation rates as the meromyosins from striated muscle 
myosin. 

These preliminary investigations reveal only similarities in 
the two systems. Further physicochemical characterization is 
required to provide a molecular basis for the observed differences 
in organization and dimensions of smooth and striated muscle 
myofilaments. 
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Fic. 1. Sedimentation at 59,780 r.p.m. at room temperature. 


A, Uterine myosin and actin (plus any undissociated actomyosin) 
in the presence of 2 mg per ml of ATP and 0.001 m M,Cl2; time, 
32 minutes; bar angle, 50°. 8B, Uterine myosin separated from 
actin. Concentration, 0.169%, time, 64 minutes; bar angle, 50°. 
C, Uterine myosin digested 7 minutes, as described in text. Time, 


D, Incompletely digested uterine 
Digested with 0.025 mg 


32 minutes; bar angle, 40°. 
myosin in presence of ATP and actin. 
of trypsin per ml of final solution, for 20 minutes at room tempera- 
ture, pH7.5. Three peaks from left to right are light meromyosin, 
myosin, and heavy meromyosin. 
Time, 64 minutes; bar angle, 35°. 
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Changes in Diphosphopyridine Nucleotide 
and Triphosphopyridine Nucleotide Levels 
Produced by Thyroid-stimulating 
Hormone in Thyroid Slices 
in Vitro 
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of Arthritis and Metabolic Diseases, National Institutes 
of Health, Bethesda, Maryland 


(Received for publication, November 28, 1960) 


The presence of the hexose monophosphate pathway for glu- 
cose oxidation in the thyroid has been previously reported, and 
it has also been shown that the addition in vitro of thyroid-stimu- 
lating hormone stimulates the the oxidation of glucose-1-C'™, and 
to a lesser extent glucose-6-C', to CO, in thyroid slices (1-3). 
Since stimulation of glucose oxidation was noted 5 minutes after 
the addition of TSH,! it was suggested that TSH acted primarily 
on glucose oxidation or a closely related step, and that previously 
reported stimulation by TSH of oxygen consumption, phospho- 
lipid, and iodine metabolism was secondary to changes in glu- 
cose oxidation (1, 2). This report shows that TSH increases the 
level of TPN and decreases that of DPN equivalently. It is 
suggested that the increases in glucose oxidation caused by TSH 
are secondary to these changes in pyridine nucleotides. 

Thyroids were obtained from dogs killed by exsanguination. 
The glands were chilled, slices prepared on a Stadie-Riggs micro- 
tome, and 40 to 200 mg of slices were incubated in Krebs-Ringer 
bicarbonate buffer without glucose under 95% O.-5% COs at 
37° for 40 minutes on a Dubnoff metabolic shaker. TSH was 
dissolved in buffer. At the end of the incubation, slices were 
removed for nucleotide determinations. TPN and DPN were 
extracted and measured by the method of Lowry et al. (4). 
TPNH and DPNH were extracted in 0.1 M NasCO3 and measured 
by a modification of the method of Jacobson and Kaplan (5). 
The fluorescent product was measured on a Farrand photo- 
fluorometer after treatment with 6 N NaOH. Preparations of 
TSH at 7 units per-mg and 0.6 unit per mg were gifts of Dr. 
Peter Condliffe and Dr. Robert Bates, National Institutes of 
Health. 

The data of Table I show that in the presence of TSH there is 
a large increase in the level of TPN and an equivalent fall in 
DPN. This represents one of eight closely agreeing experiments. 
Boiled slices show no change in nucleotide levels with TSH. In 
the absence of TSH there is very little change in the levels of 
these cofactors compared to values obtained on slices, incubated 
for 5 seconds in the presence or absence of TSH, or slices placed 
directly into extracting fluid. The rise in TPN cannot be at- 
tributed to oxidation of TPNH, because in the presence of TSH 
there is no significant change in the level of TPNH. Inasmuch 
as these studies were done in the absence of glucose, an increase 
in TPNH levels secondary to an increase in TPN would not be 
expected as very little substrate would be present to oxidize the 
reduced nucleotide. The fall in DPN cannot be due to its re- 
duction to DPNH because TSH does not significantly change 


' The abbreviation uesd is: TSH. thyroid stimulating hormone. 
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TABLE 


Pyridine nucleotide levels in thyroid slices incubated with 
thyroid-stimulating hormone 


Results are the averages of closely agreeing duplicates. In- 
cubation was in 2 ml of Krebs-Ringer bicarbonate without glucose. 
TSH concentration was 0.3 unit per ml. The data in the upper 
and lower half of the table are from separate experiments. 


Time | Hormone | DPN | DPNH 
min mumoles/g wet weight 
40 | TSH | 3 


the DPNH level. Furthermore, the increase in TPN can be 
completely accounted for by the fall in DPN; this suggests that 
DPN is being converted to TPN. A kinase affecting the con- 
version of DPN to TPN has been described in mammalian tissue 
(6). This represents the only known method for TPN synthesis. 
The situation may be more complex and other explanations are 
possible. The increase in TPN could represent a slowing of its 
rate of degradation, and the fall in DPN to an independent 
change in its rate of synthesis or destruction. 

Inasmuch as evidence has been presented that TPN may be 
a limiting factor in the metabolism of glucose by the hexose 
monophosphate pathway (7), an increase in TPN would stimu- 
late the oxidation of glucose by an alternate pathway. In the 
presence of glucose, TPN could then be converted to TPNH, 
which would be available for the synthetic reactions recently dis- 
cussed (1,2). How arise in TPN associated with a fall in DPN 
would stimulate the oxidation of glucose-6-C™ to CO, is not 
entirely clear. However, there is no way to estimate how much, 
if any, a 30% fall in DPN level would inhibit oxidation of glu- 
cose by the glycolytic pathway because DPN levels are always 
much higher than TPN ones, and DPN is present mainly in the 
oxidized form. On the other hand, inasmuch as more glucose is 
being oxidized by the hexose monophosphate pathway, the C® 
glucose atom would reenter the glycolytic route by the trans- 
aldolase and transketolase reactions and be finally oxidized to 
COrn. 

Whether stimulation of glucose oxidation observed in epididy- 
mal fat pad and mammary tissue by a variety of hormones and 
the stimulation of thyroidal glucose oxidation by acetylcholine 
(8) is related to similar changes in DPN and TPN is currently 
under investigation. 
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Preliminary Communications 


Actinomycete Antibiotics 


I. PARTICIPATION OF THE METHIONINE METHYL 
GROUP IN THE BIOGENESIS OF t-CLADINOSE, A 
BRANCHED CHAIN MONOSACCHARIDE* 
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Branched carbon chain monosaccharides constitute a rare 
group of sugars for which the biological origin has not been es- 
tablished (1). Several of these sugars are found in antibiotic 
glycosides produced by actinomycetes, and the group as a whole 
seems to be restricted to the products of either plant or microbial 
metabolism. The branching is due to the presence of a 1- 
carbon group attached to an aldose or deoxyaldose. The branch 
substituent may be a formyl group, as in L-streptose (5-deoxy-3- 
C-(formy])-L-lyxose), a hydroxymethyl! group, as in apiose (3-C- 
(hydroxymethy])-p-glycero-aldotetrose) and hamamelose (2-C- 
(hydroxymethyl)-p-ribose), or a methyl group, as in L-mycarose 
(I) (2-4) and x-cladinose (II) (4, 5) (cf. Fig. 1). 

The biogenesis of erythromycin, the antibiotic containing 
L-cladinose, is under investigation in this laboratory (6). To 
determine if C-methylations are involved in the biogenesis of 
erythromycin, formate-C' and L-methionine-C“H; (5 x 109 
d.p.m. per mmole) were tested as precursors of the antibiotic. 
Although formate-C™ is not incorporated into erythromycin, 
t-methionine-C“H; was found to be incorporated efficiently.! 
The radioactivity from the t-methionine-C“H3; was found to be 
located exclusively in L-cladinose (~1.2 X 10° d.p.m. per mmole) 
and desosamine (~0.8 xX 10° d.p.m. per mmole), the sugars in 
erythromycin. This communication presents evidence that the 
branch methyl group and the O-methy! group of L-cladinose are 
equally radioactive and account for all the C™ introduced into 
this sugar from the labeled L-methionine. 

Erythromycin, which was synthesized by the washed my- 
celium of Streptomyces erythreus in the presence of L-methionine- 
C4H;, was diluted with unlabeled erythromycin and reduced 
with sodium borohydride. The resulting dihydroerythromycin 
was then treated with 0.3 m HCl at room temperature. The 
L-cladinose which was liberated by this procedure (7) was purified 
by partition chromatography on a cellulose column with the 
solvent system II of Renkonen and Schindler (8), and then 
reduced with potassium borohydride in borate buffer at pH 10 
(9). The resulting L-cladinitol (Fig. 2, 7V) was purified, again 
by partition chromatography. .1-Cladinitol ({a]?’ —25° (c, 1, 
95% ethanol)) was a colorless syrup which proved to be homoge- 


* This study has been supported by a grant from the American 
Heart Association. 

t This work was done during the tenure of an Established In- 
vestigatorship of the American Heart Association. 

1T. Kaneda, J.C. Butte, S. B. Taubman, and J. W. Corcoran, 
unpublished data. 


nous in the solvent systems of Renkonen and Schindler 
(Ry-cleandrose = 1.6 in system III). tu-Cladinitol was also 
characterized by the preparation of the tri-O-3 , 5-dinitrobenzoate 
(m.p. 194.5-195.2°, [a]3’? —12° (c, 0.25, chloroform)). Infrared 
analyses of both .-cladinitol and its tri-O-3,5-dinitrobenzoate 
were consistent with the structures proposed. 

Although L-cladinose (II) resists periodate oxidation under the 
conditions usually used (7), t-cladinitol ([V) in aqueous solution 
was oxidized slowly by sodium metaperiodate, giving one equiva- 
lent of acetaldehyde (Fig. 2) which was characterized as the 2,4- 
dinitrophenylhydrazone. Although the .L-cladinitol contained 
3 X 10*c.p.m. per mmole, the acetaldehyde was not radioactive, 
indicating that neither carbon-5 nor carbon-6 of the L-cladinitol 
had been labeled from the methionine-C'H;. Kuhn-Roth oxi- 
dation (10) of the same sample of L-cladinitol gave two equiva- 
lents of acetic acid which upon Schmidt degradation proved to 
contain significant radioactivity (7 x 10% ¢.p.m. per mmole) 
in the methyl group. The carboxy! group was not radioactive. 
Half of this acetic acid comes from carbon-5 and carbon-6 of 
L-cladinitol (Fig. 2), and these positions were shown by the 
periodate degradation to be nonradioactive. Consequently, the 
radioactivity is confined to the acetic acid which is derived from 
carbon-3a and carbon-3, and the labeled position is carbon-3a 
whose actual radioactivity is 1.4 x 104 ¢.p.m. per mmole. 
The specific activity of carbon-3a in the undiluted L-cladinose, 
synthesized by S. erythreus in the presence of the L-methionine- 
C“4H3;, was calculated to be approximately 0.6 * 10° d.p.m. per 
mmole. This represents about a 10-fold dilution of the pre- 
cursor L-methionine-C“H; and indicates that the carbon-3a 
methyl branch group of t-cladinose must have arisen rather 
directly from the methyl group of tL-methionine. Although 
C-methylations by methionine are well established (e.g. 11, 12), 
the present example appears to be the first noted in the biogenesis 
of the carbon chain of a monosaccharide. 

Further degradation of the t-cladinitol (IV) showed that a 
large amount of radioactivity was present in the O-methyl 
group. For this analysis (cf. Fig. 2), the t-cladinitol was treated 
with HI under the usual conditions of the Zeisel alkoxyl deter- 
mination (13). The methoxyl group of t-cladinitol was con- 
verted to methy! iodide and isolated as tetramethylammonium 
iodide. The latter compound contained 1.5 X 104 c.p.m. per 
mmole. This shows that the methoxy] carbon of L-cladinose is 
also derived efficiently from the methyl group of L-methionine. 

The present data suggest strongly that an unbranched mono- 
saccharide accepts a 1 carbon group, possibly from an activated 
form of methionine, to form the branched chain of t-cladinose. 
A clue to the possible nature of the acceptor monosaccharide is 
given by the structure of t-cladinose (II). It and the very 
similar sugar L-mycarose (I) are both C-methyl] derivatives of 
2 ,6-dideoxyaldohexoses, a class of sugars already well known 
as constituents of steroidal cardiac-active glycosides (3, 14). 
These straight chain sugars, or some activated precursor of them, 
may be the acceptors of methyl groups in the biogenesis of 
branched chain monosaccharides like t-cladinose. 1L-Oleandrose 
(Fig. 1, ZJZ), which would be the straight chain precursor of 
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L-Cladinitol (IV) 
Fic. 2. Degradation of L-cladinose synthesized by S. erythreus 
in the presence of methionine-C'H;. 


L-cladinose, occurs naturally in certain steroidal glycosides (15). 
In view of its suggested role as a precursor of L-cladinose it is 
significant, perhaps, that L-oleandrose occurs also in oleando- 
mycin (16), an actinomycete antibiotic glycoside which, except 
for the substitution of L-oleandrose for L-cladinose, closely re- 
sembles erythromycin. 
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Enzymatic Formation and Decarboxyla- 
tion of Phosphatidylserine* | 
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Evidence has been obtained for the occurrence of the following 
reaction sequence in cell-free extracts of liver: 


Phosphatidylethanolamine + L-serine = 
phosphatidylserine + ethanolamine (1) 

Phosphatidylserine 
phosphatidylethanolamine + CO, (2) 


Sum: L-serine — ethanolamine + CO, 


We have found that homogenates of rat liver convert L- 
serine-3-C'4 to a radioactive lipid when supplemented with 
calcium ions, but in the absence of any added source of metabolic 
energy. Similar results were previously reported by Hiibscher 
et al. (1), who suggested that the calcium-activated reaction 
might be caused by the reversible action of a phospholipase 
cleaving serine from phosphatidylserine. We have also found, 
however, that ethanolamine! is readily incorporated into a lipid 
by the same enzyme preparation and have obtained evidence 
that ethanolamine and serine compete for the same enzyme site. 
This is shown by the experiment described in Fig. 1, in which 
ethanolamine-1 ,2-C"™ is effectively displaced from the enzyme 
site by unlabeled L-serine. pD-Serine and choline, in contrast, 
do not displace ethanolamine from the enzyme and are them- 
selves only feebly converted to lipid under these conditions. 

The effect of unlabeled L-serine in the experiment shown in 
Fig. 1 is not the result of decarboxylation of the free amino 
acid, with the resultant production of unlabeled ethanolamine 
which might act as an isotope diluent, because control exper'- 
ments with pL-serine-1-C"™ showed that the free amino acid is not 


* This work was supported by grants from the Life Insurance 
Medical Research Fund, the Nutrition Foundation, Inc., and the 
National Institute of Neurological Diseases and Blindness (Grant 
B-2946 (C1)). 

1 Note added in proof—A similar calcium-activated incorpora- 
tion has also been observed by Artom (Fed. Proc., 20, 280 (1961)). 
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significantly decarboxylated. The amounts of C“O:2 recovered 
were about equal to those expected from the occurrence of 
Reactions 1 plus 2 and insufficient to account for the effect 
noted. 

The converse experiment has also been done (data not shown) 
and unlabeled ethanolamine was found to compete with L-serine- 
3-C for the active site. The interpretation of these studies is 
somewhat complicated by the fact that phosphatidylserine, once 
formed, is largely decarboxylated to phosphatidylethanolamine, 
but there is good evidence that ethanolamine and L-serine are 
converted to lipid as a result of the action of the same enzyme. 

Analysis of the labeled lipids derived from t-serine-3-C and 
from ethanolamine-1 ,2-C'* by the method of Dawson (3) re- 
vealed that, as expected, the principal labeled phospholipid 
derived from ethanolamine was_phosphatidylethanolamine. 
However, when .L-serine-3-C' was the labeled compound, the 
principal radioactive lipid recovered was also phosphatidyl- 
ethanolamine, with only about one-fourth to one-third of the 
radioactivity present as phosphatidylserine. This is in contrast 
to the findings of Hiibscher et al. (1), who reported that the 
principal labeled lipid derived from uniformly labeled serine was 
phosphatidylserine. 

It became clear that serine must be decarboxylated at some 
step in the reaction sequence. Experiments with carboxyl- 
labeled and 3-labeled serine bore out this conclusion when it 
was found (Table I) that the radioactivity of the lipid fraction 
was much higher when 3-labeled serine was the substrate. 

These results, together with the prior studies of Wilson, Gib- 
son, and Udenfriend (4) and Bremer et al. (5), strongly suggest 
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1. Competitive displacement of ethanolamine-1,2-C 
from enzyme site by unlabeled t-serine. Each flask contained Tris 
buffer of pH 7.4 (final concentration, 0.025 m), CaCle (0.015 m), 
0.50 ml of rat liver homogenate (2.0 g of fresh liver in 8.0 ml of 0.02 
M Tris buffer of pH 7.4), and varying amounts of ethanolamine- 
1,2-C14as shown. The final volume was 1.0 ml. To one set of tubes 
no further additions were made; unlabeled t-serine (0.002 mM) was 
added to the other set. The tubes were incubated at 37° for 1 
hour. The reaction was stopped by the addition of 5.0 ml of 0.3 
N trichloroacetic acid. The total lipid fraction was extracted 
repeatedly with ethanol, taken up in chloroform, washed, and 
counted essentially as described in a previous publication (2). 
The results are plotted as the reciprocal of the incorporation of 
— versus the reciprocal of the ethanolamine concentra- 
ion. 
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TABLE I 
Conversion of pxL-serine-1-C'4 and pL-serine-3-C'4 to labeled lipid 
Experimental conditions were the same as for the experiment 
shown in Fig. 1, except that pL-serine-1-C** (0.003 mM) or pL-serine- 
3-C!4 (0.003 M) was used as the labeled substrate. 


| 


Substrate | Conversion to lipid 
mpmoles 
31.2 


TaBLeE II 
Enzymatic decarboxylation of phosphatidylserine 


Each tube contained EDTA (0.004 Mm), pyridoxal phosphate 
(0.001 m), dipalmitoy] -L-a-glycerophosphory] - pL - serine 
(0.001 mM) with a specific activity of 33,000 counts per minute per 
micromole, 0.10 ml of toluene, and 0.31 ml of a suspension of rat 
liver mitochondria in isotonic sucrose containing 17.3 mg of pro- 
tein per ml. The pH of the mitochondrial suspension was 6.5. 
No buffer was added. The final volume of the system was 0.50 
ml. The tubes were incubated at 37° for 2 hours in special flasks 
provided with a center well containing 0.2 ml of 2N KOH. The 
radioactive CO. was collected as BaCO:;, plated, and counted 
with correction for self absorption. In tube No. 3, the mito- 
chondrial enzyme suspension was boiled for 5 minutes before 
addition to the flask. In tube No. 2, the toluene was omitted. 


Conditions of incubation | oars 

| mpmoles 
3. Complete; boiled enzyme.............. | 0 


that phosphatidylserine may undergo an enzymatic decarboxyla- 
tion in this system (Reaction 2). Accordingly, dipalmitoyl-L-a- 
glycerophosphoryl-pL-serine-1-C'* was prepared from labeled 
serine by methods based on those of Baer and Maurukas (6). 
With this labeled substrate, a phosphatidylserine decarboxylase 
has been found in liver and other tissues of the rat. The liver 
enzyme is present in mitochondria and is strongly activated by 
certain organic solvents such as toluene (Table I). 

Neither free serine or phosphoserine is an intermediate in the 
enzymatic decarboxylation of phosphatidylserine, since these 
compounds when added in large excess in unlabeled form do not 
reduce the amount of C“O2 produced from phosphatidylserine-1- 

The phospholipids in Reactions 1 and 2 act as catalytic in- 
termediates in a cycle leading to the conversion of serine to 
ethanolamine and CQO:2. It is important to note that the free 
ethanolamine thus produced is not derived directly from serine, 
but from phosphatidylethanolamine. This offers an explanation 
for some of the puzzling observations by Nemer and Elwyn (7) 
and by others (4, 5), who have reported that radioactive free 
ethanolamine is not readily produced from labeled serine in 
tracer studies in vivo or in vitro. 
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A Possible Mechanism for the Stimu- 
lation of Some Metabolic Functions 
during Phagocytosis* 
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From the Biophysical Laboratory and the Department of 
Biological Chemistry, Harvard Medical School, 
Boston, Massachusetts 


(Received for publication, March 3, 1961) 


It has been shown previously that in guinea pig polymorpho- 
nuclear leukocytes, phagocytosis under aerobic conditions is 
accompanied by a doubling of oxygen uptake and an increase of 
about 7-fold in the conversion of glucose carbon-1 to CQz (1). 
Conversion of glucose carbon-6 to COz increased only 2.5-fold, 
and lactate production rose by about one-fifth. Phagocytosis 
was shown, in these cells, to be insensitive to cyanide, antimycin 
A, dinitrophenol, or anaerobiosis, but to be inhibited by iodo- 
acetate and fluoride. The increases in respiration and. conrer- 
sion of glucose carbon-1 to COs, which accompanied particle 
uptake, were apparent in the presence of those metabolic in- 
hibitors that did permit normal phagocytosis (1). 

A further metabolic concomitant of phagocytosis was the 
increased incorporation of labeled building blocks into lipids 
(2,3). This was consistent with the apparent increase in direct 
hexosemonophosphate oxidation and an increased availability of 
reduced triphosphopyridine nucleotide. The great stimulation 
of oxygen consumption during phagocytosis was not explicable, 
however, because glycolysis seemed to provide the energy for 
particle ingestion (1, +). Factors that underlie the two most 
notable metabolic concomitants of phagocytosis mentioned abov 
have been investigated as follows: , 

(a) Beck (5) has shown that in human leukocytes the availa- 
bility of TPN is a factor controlling the extent of the hexose- 
monophosphate oxidative pathway. A system that might reoxi- 
dize reduced pyridine nucleotides and that would not be in- 
hibited by conventional concentrations of cyanide was therefore 
sought. Such an enzymatic ability was found in a preparation 
of the specific granules of guinea pig neutrophilic granulocytes. 


* Supported by the Eugene Higgins Trust through Harvard 
University and by grants from the Institute of Allergy and In- 
fectious Diseases, National Institutes of Health, United States 
Public Health Service. 

+ This investigation was carried out during the tenure of a 
Predoctoral Fellowship from the National Cancer Institute, 
United States Public Health Service. Present address, National 


Cancer Institute, National Institutes of Health, Bethesda 14, 
Maryland. 
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The cells were homogenized in isotonic KCI containing a small 
amount of bicarbonate (6), and the granules were obtained by 
centrifugation at 10,000 x g for 15 minutes after removing 
debris and nuclei at low centrifugal forces (approximately 800 x 
g for 2 minutes). 

Surprisingly, this preparation was four times more active with 
respect to DPNH than to TPNH in the initial period of linear 
reaction and was inhibited by the supernatant fraction. The 
uptake of oxygen by granules equivalent to 700 ug of cellular 
phosphorus (approximately 4 x 10° cells) (1) in the presence of 
cyanide (1 & 10-* mM) and DPNH or TPNH (1.55 uwmoles) was 
determined on the Warburg microrespirometer. After 90 min- 
utes of incubation, the results (ul of O2 uptake) are summarized 
as follows. Granule fraction: endogenous, 4; with DPNH, 19. 
with TPNH, 14. Supernatant fraction: endogenous, 10; with 
DPNH, 17; with TPNH, 16. Further centrifugation of the 
supernatant fraction at 30,000 x g for 15 minutes yielded another 
crop of granules with the oxidase activity. The granules are 
very variable in size. When the reaction had gone to comple- 
tion, 1 g atom of oxygen was used per mole of DPNH. 

It is important to note that mature polymorphonuclear cells 
have been reported to contain very few mitochondria (7, 8). 
Examination of the granules for heme enzymes indicated no 
absorption bands in the absorption spectrum of the oxidized 
form of the enzyme. With sodium hydrosulfite a sharp peak 
appeared at about 558 mu (4). The peroxidase activity of the 
granules was weak with respect to DPNH, and powerful with 
respect to guaiacol. Both activities were completely inhibited 
by cyanide. Flavin analyses on the granule fraction indicated 
that flavin components could occur only in concentrations less 
than 4 K 10-" mole per mg of cellular dry weight. 

(b) Cohn and Hirsch (9) have recently described a preparation 
of the granules of rabbit polymorphonuclear cells by vigorous 
drawing up and expulsion of the cell suspension in 0.34 Mm sucrose 
with a pipet, followed by differential centrifugation. Granule 
fractions prepared from guinea pig leukocytes by this method 
and centrifuged at 8000 x g for 20 minutes were identical with 
respect to their ability to oxidize reduced pyridine nucleotides 
to those described in (a) above. Repeated freezing and thawing 
of these granules (9) followed by centrifugation at 20,000 x g for 
15 minutes yielded a water-clear supernatant fraction which now 
contained most of the oxidase for reduced pyridine nucleotides, 
measured by oxygen uptake. Furthermore, determination of 
activity could also be done spectrophotometrically on the Beck- 
man model DU spectrophotometer by measuring the decrease in 
absorption of reduced pyridine nucleotides at 340 mu. Dissolved 
oxygen was not limiting and served as the final electron acceptor. 
A pH optimum of pH 4.6 to 4.8 was determined with respect te 
DPNH at 25° in MclIlvaine’s citrate-phosphate buffer (0.05 m) 
(10). The activity rose almost linearly with decrease in pH 
from 7.4 to 4.7, and at the latter pH was about double that found 
at the former. At all pH values studied, the activity toward 
DPNH was about 10-fold that for TPNH. The observations 
for TPNH oxidation were not carried below pH 5 because of the 
high spontaneous decrease in optical density of TPNH at low 
pH. Heating the granules, or the preparation obtained by 
freezing and thawing, for 5 minutes at 100° completely elimi- 
nated activity. The specific activity of five enzyme prepara 
tions obtained from granules by freezing and thawing, with 
respect to DPNH at pH 5 and 25°, was 0.07 + 0.01 mmole 
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DPNH oxidized per 10 minutes of incubation and mg of protein 
(mean + average deviation). Cyanide (1 X 10-3 M) was always 
present. 

(c) These observations would not of themselves offer a reason 
for the stimulation of the direct oxidative pathway for hexose- 
monophosphate without the participation of enzymes that would 
allow concomitant regeneration of TPN from TPNH. Trans- 
hydrogenase was thus exhaustively sought in the whole homoge- 
nate of polymorphonuclear cells by the method of Kaplan et al. 
(11). No activity was found. It was then considered that if 
DPNH from triose-P dehydrogenase was rapidly reoxidized by 
the granule enzyme during phagocytosis, pyruvate might be 
available to reoxidize TPNH. The effect of pyruvate on the 
conversion of glucose carbon 1 to CO: by intact cells was studied 
(Table I), and a stimulation of this process was found. The 
presence of a TPNH-linked lactic dehydrogenase was thus 
sought, and such activity was found in the supernatant fraction 
of the homogenates of (a) above, after centrifugation at 30,000 x 
g for 15 minutes. The activity of this enzyme, measured by a 
procedure similar to that described by Kornberg (12) was very 
low at pH 7.4, but increased at least 35-fold as the pH was 
lowered from 7.4 to 5.6 (cf. 13). Over this range, the activity 
with respect to DPNH decreased by one-third. Between pH 5.6 
and 6.0, the TPNH-linked activity exhibited a plateau at 0.34 
umoles of TPNH reacted per minute and 100 yg of original 
cellular phosphorus, and was about one-quarter that with 
respect to DPNH. 

Suggested Basis for Metabolic Changes during Phagocytosis— 
Cohn and Hirsch (9) have shown that the isolated granules of 
polymorphonuclear leukocytes lyse at low pH values, the “half- 
lysis point” being at about pH 5. Further, they have demon- 
strated that degranulation of the cells occurs during phagocytosis 
(14), which, it has previously been intimated, is accompanied by 
a decrease in intracellular pH (15). Lytic enzymes, such as 
cathepsin, phosphatases, 6-glucuronidase, etc., were shown to 
be released from the specific granules during phagocytosis (16, 
cf. 17, 18). It is possible that the DPNH-oxidase could be 
released in a similar manner in guinea pig granulocytes during 
phagocytosis, and it is suggested that this is responsible for the 
increased respiration (due to DPNH oxidation) that accompanies 
phagocytosis. A lowered intracellular pH during phagocytosis 
would stimulate the TPNH-linked formation of lactate from 
pyruvate, now in excess of available DPNH, and stimulation of 
the direct oxidative pathway for glucose could occur through 
the enhanced regeneration of TPN (Fig. 1) (5). 

In the one case in which the activity of the intact granules 
toward DPNH was compared in the Warburg respirometer at 
pH 7.4 in the presence of cyanide with the respiratory increment 
due to phagocytosis (1), a value of 27% of that respiratory incre- 
ment was obtained. When the DPNH oxidase was obtained 
by freezing and thawing granules from a known number of 
cells, the total activity of the enzyme recovered, measured 
spectrophotometrically at 37° and pH 4.8, was found to be 
equivalent to 35% of the respiratory stimulation that accom- 
panies phagocytosis. However, it has not yet been possible to 


obtain the granules quantitatively after either method of cell 
disruption, or to release more than 80% of the DPNH oxidase 
from the granules by freezing and thawing. Further, optimal 
conditions for the operation of the oxidase have not yet been 
established. The TPNH-linked lactic dehydrogenase activity 
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and conversion of glucose C-1 to COs. 
crease in intracellular pH leading to stimulation of granule 
DPN H-oxidase activity and TPNH-linked conversion of pyruvate 
to lactate. 
oxidative pathway for glucose 6-phosphate. 
used is: glyceric-1 ,3-diP; yceeric-1,3-diphosphate. 
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TABLE I 
Effect of pyruvate* on conversion of glucose 
carbon-1 or carbon-6 to CO> 
eal | Activity in CO2 
ante: | Additions 
C-1f C-6 C-1:C-6 
| c. p.m. c.p.m. c. p.m. 
5 None 1586 + 318 | 30 + 12 53 
Pyruvate | 3227 + 247 | 35 + 15 92 


* Experiments were performed conventionally in Warburg mi- 
croflasks (1). CO2 was recovered from the center well as BaCQs. 
Pyruvate was 1 X 10°? mM. No significant effects of pyruvate on 
oxygen consumption or lactate production were detectable. Glu- 
cose utilization was slightly depressed. 

t Substrate glucose was labeled at C-1 or C-6. Results are ex- 
pressed as the mean + standard error on the basis of 100 ug of 
cellular phosphorus and 20 minutes of incubation, normalized to 
a specific activity of 1 K 10° ¢.p.m. per umole of glucose. 
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Fic. 1. Possible mechanism of stimulation of oxygen uptake 
Phagocytosis causes de- 


More rapid regeneration of TPN stimulates the direct 
The abbreviation 


at pH 5.6 was about 10-fold in excess of the equivalent of the 
respiratory increment with intact cells during particle ingestion 
(1). Measurement of the activity of this enzyme was made 
after many fewer steps than were required for the DPNH oxi- 
dase. 
(Fig. 1) as an explanation for the changes in metabolic pattern 
of polymorphonuclear leukocytes during particle ingestion. 


These data would not preclude the mechanism outlined 


Finally, one might speculate on the utility to the leukocyte of 


the oxidase for reduced pyridine nucleotides (especially DPNH) 
in the specific granules. 
large volume pathway for regeneration of DPN to couple with 
oxidative enzymes involved in the “disposal” of molecular 
fragments formed from ingested particles by the action of lytic 
enzymes released from the granules, and to permit adequate 
glycolytic activity. 


This enzyme might provide a final 
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The initial reactions in purine biosynthesis lead to the forma 
tion of glycinamide ribonucleotide (2-amino-N-ribosyl-acetamide 
5’-phosphate) by way of an unstable intermediate, 5-phosphoribo- 
sylamine (1). Although earlier work has indicated that 
5-phosphoribosylamine is the product of an enzymatic reaction 
between PP-ribose-P and glutamine (1, 2), we find that this 
compound can also be produced directly from ribose-5-P, am- 
monia, and adenosine triphosphate. 

The results presented in Table I show that in the presence of 
glycine and ATP a preparation from chicken liver (Extract A), 
or-a crude extract of Aerobacter aerogenes (Extract B) can form 
glycinamide ribonucleotide either from PP-ribose-P and gluta- 
mine, or from ribose-5-P and NH3. Similar results were also 
obtained with extracts of Escherichia coli. — 

A partial purification of the A. aerogenes extract yields a 
preparation (Table I, Extract C) which is no longer able to form 
PP-ribose-P from ribose-5-P and ATP,! but is nevertheless 


* This work was supported by a grant from the United States 
Public Health Service (CY -2864). 

+t Predoctoral Fellow of the National Institutes of Health. 

1 This was shown in a separate experiment which demonstrated 
that the crude fraction could catalyze the formation of GMP from 


TABLE I 
Formation of glycinamide ribonucleotide 


The preparations used were: Extract A, the material in an ex- 
tract of chicken liver precipitable between 15 and 30% ethanol 
concentration (5); Extract B, an extract of a purine-requiring 
mutant of A. aerogenes strain PD-1 (3) (grown with an adenine 
limitation in a New Brunswick Continuous Culture Apparatus) 
prepared by sonic disruption of the cells and centrifugation at 
78,000 X g for 2 hours; and Extract C, a fraction prepared from 
Extract B. A 2% solution of protamine sulfate (approximately 
0.2 volume) was added until all of the glutaminase (4) had been 
precipitated and the portion of the supernatant fluid precipitable 
by (NH,4)2SO, between 45 and 65% saturation was collected and 
used after dialysis. Phosphate buffer, 0.03 m, pH 7.5, 0.002 m in 
reduced glutathione was used for the extraction of the bacterial 
cells, suspension of precipitates, and dialysis. The glycinamide 
ribonucleotide formed after 5 minutes of incubation at 37° was 
assayed by its ability to accept a single carbon unit from IMP 
in the presence of chicken liver extract (2). The reaction vessels 
contained in 0.35 ml: glycine, 4 wmoles; ATP, 0.25 umole; lithium 
acetylphosphate, 4 umoles; MgCle, 2 umoles; GSH, 1 umole; Tris, 
pH 8.0, 30 uwmoles; and where indicated, PP-ribose-P, 2 umoles; 
ribose-5-P, 2 umoles; glutamine, 4 wmoles; NH,Cl, 4 wmoles; Ex- 
tract A (20 mg of protein per ml), 0.04 ml; Extract B (9.5 mg of 
protein per ml), 0.02 ml; and Extract C (1.0 mg of protein per ml), 
0.02 ml. The reactions were stopped with 0.05 ml of 0.3 m ethyl- 
enediaminetetraacetate. To these mixtures, 0.05 ml of 0.05 u 
IMP and 0.1 ml of chicken liver extract, 20 mg per ml (same as 
Extract A) were added. After incubation for 30 minutes at 37°, 
0.05 ml of 30% trichloroacetic acid was added and the diazotizable 
amine produced was measured (2). 


Glycinamide ribonucleotide 
Incubation mixture 


| Extract A | Extract B Extract C 

| mumoles mmoles mmoles 
Glutamine + PP-ribose-P*..... 40.0 7.2 0.0 
Glutamine + ribose-5-P........ os ae 4.2 0.7 
NH,Cl + PP-ribose-P*......... | 68 | 38 4.1 
NH,Cl + ribose-5-P........... ; 43.8 | 10.4 11.3 


* The PP-ribose-P used (Pabst, Mg salt) was converted to the 
sodium form by passage through Dowex 50-Na and was shown 
chromatographically to contain a significant amount of ribose- 
5-P. 


capable of catalyzing the production of glycinamide ribonucleo- 
tide from ribose-5-P, ammonia, ATP, and glycine. This prep- 
aration, however, cannot utilize PP-ribose-P and glutamine. 
To confirm the results obtained with the enzymatic assay 
described in Table I, glycine-1-C™ was used in the preparation 
of radioactive glycinamide ribonucleotide by the partially puri- 
fied preparation. The conditions here were the same as in the 
reaction of ribose-5-P and ammonia given in the table, but the 
volume was increased to 20 ml. After 30 minutes, the reaction 
was stopped by adding trichloroacetic acid, and the product 
formed was purified by passage through Dowex 50 and Dowex 1 
columns and precipitated as the barium salt as described by 
Hartman (5). At each step of the purification after the passage 
through Dowex 50, the amount of glycinamide ribonucleotide 
as measured by its C“ content and as measured by the engy- 
matic assay was the same. Finally, the purified product was 


guanine and either PP-ribose-P or ribose-5-P and ATP, whereas 
the purified preparation could utilize only PP-ribose-P. 
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TABLE II 
Accumulation of phosphoribosylamine 


The formation of glycinamide ribonucleotide was measured 
after 1 two-step incubation procedure. The final composition of 
the reaction mixtures (except for the omission of acetyl-P and 
the use of pH 9.0 Tris buffer) and the assay procedure were as 
described in Table I. The volume of the first incubation mixture 
was 0.25 ml and that of the second 0.31 ml. The partially purified 
extract (Extract C) was incubated with the components listed in 
Column 1 at pH 9.0 for 5 minutes; the mixture was chilled, the 
pH lowered to 7 by the addition of 0.04 ml of 1.0 m KH2PO,, and 
the incubation continued for 5 minutes more after the addition 
of glycine and the components listed in Column 2. When the 
first incubation with the complete mixture was carried out at pH 
7, 1.1 mumoles of glycinamide ribonucleotide were formed, and 
when the complete mixture was incubated at pH 9 with glvcine 
for 5 minutes, 11.0 mumoles were formed. 


First incubation Second incubation Glycinamide 
at pH 9 | at pH 7 with glycine | ribonucleotide 
mpmoles 
Ribose-5-P, NH,Cl, ATP 5.7 
Ribose-5-P, NH,C!1 ATP | 1.7 
Ribose-5-P, ATP NH,Cl | 1.8 
Ribose-5-P 0.8 


NH,Cl, ATP 


shown to have the same electrophoretic mobility at pH 8.0 as a 
sample of glycinamide ribonucleotide generously furnished by 
Dr. Hartman. 

Additional experiments (Table II) indicate that 5-phosphoribo- 
svlamine is an intermediate in the synthesis of glycinamide ribo- 
nucleotide ribose-5-P, ammonia, and glycine. These 
experiments are based on observations indicating that in this 
system the rate of glycinamide ribonucleotide formation can be 
dependent on the concentration of NH3. Therefore, an appro- 
priate amount of NH,Cl will permit rapid glycinamide ribo- 
nucleotide formation at pH 9, but not at pH 7. The results 
presented in Table II show that the incubation of the enzyme, 
ribose-5-P, ATP, and 0.016 m NH,Cl produces at pH 9 a com- 
pound which in a subsequent incubation at pH 7 reacts with 
glycine (and presumably ATP) to form glycinamide ribonucleo- 
tide. 

However, this mechanism of 5-phosphoribosylamine formation 
does not seem to be the only one the cell possesses. Examina- 
tion of Table I reveals that whereas ribose-5-P is most active 
with ammonia as a precursor of glycinamide ribonucleotide, 
PP-ribose-P is most active with glutamine. These results 
cannot be explained by the interconversion of the reactants. 
Moreover, the formation of 5-phosphoribosylamine from PP- 
ribose-P and glutamine in chicken liver (1, 2) and bacterial 
extracts? has been clearly demonstrated. It appears therefore 
that 5-phosphoribosylamine can be formed independently by 
two enzymes in the same cell, each using a different set of sub- 
strates. 


Acknowledgment—We wish to thank Dr. Standish Hartman 
for valuable advice concerning the procedures used in this work. 
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genation Complex* 
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(Received for publication, March 24, 1961) 


The coenzyme A and diphosphopyridine nucleotide-linked 
pyruvate oxidation system of Escherichia coli has been isolated 
as a soluble complex of enzymes with a molecular weight of 
approximately 4.8 million (1). The present communication 
reports the separation of this enzyme complex into three essen- 
tial components and the apparent reconstitution of the complex 
from the isolated components. 

In the presence of 0.02 mM ethanolamine (pH 9.0 to 9.5), the 
pyruvate dehydrogenation complex (s20,.. = 61.7 8S) separated 
into two components, one colorless and the other vellow, which 
were isolated by chromatography on a calcium phosphate gel- 
cellulose column (2). The colorless component (9.3 8), desig- 
nated pyruvic carboxylase, catalyzed a thiamine pyrophosphate- 

* Supported in part by Research Grant RG-6590(Cl) from the 


Division of General Medical Sciences, United States Publie Health 
Service. 


TABLE I 


Composition and activities of pyruvate dehydrogenation complez, 
constituent enzymes, and reconstituted complex 


| Specific activities* 


Fraction | Ferri- | Dihydro-|.Dihydro- 
acid* _Dismu- cyanide tipoic _lipoic 
tation reduc- trans- dehydro- 
| tion | acetylase genase 
Pyruvate dehy-— | | | | 
drogenation | | | | | 
complex........ | 10 | 2.7; 800 | 13.8 | 139 | 1240 
Lipoic reductase-_ | | | | | 
transacetylase.. 33  <0.2_ 0 0.2 259 76 
Reconstituted py- | | | | | 
ruvate  dehy-— | | | | 
drogenation | | | | | 
complex. ....... 3.7 800 | 10.2 | 121 | 1620 


* All assays were carried out as described previously (1). 
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TaBLe II 
Reconstitution of pyruvate dismutation activity 
| Acetyl! phos- 
Fraction phate produced 
pemoles 30 min 
Lipoic reductase-transacetylase.................... 0 
Carboxylase + flavoprotein....................... | 0 
Carboxylase + lipoic reductase-transacetylase.... 0.08 
Lipoic reductase-transacetylase + flavoprotein..._ 0.25 
Carboxylase + lipoic reductase-transacetylase + | 


* The amounts of protein per ml were: carboxylase, 2 ug; lipoic 
reductase-transacetyvlase, 2 wg; flavoprotein, 3 wg. Other com- 
ponents and conditions were as described previously (1). 


Fic. 1. Ultracentrifuge schlieren patterns obtained with en- 
zyme preparations in 0.05 M potassium phosphate buffer (pH 7.0) 
at 5°. A, Pyruvate dehydrogenation complex; B, lipoie reduc- 
tase-transacetylase; and C, reconstituted complex after 19 minutes 
at 42,040 r.p.m.; D, pyruvic carboxylase and E£, flavoprotein after 
43 and 39 minutes, respectively, at 59,780 r.p.m. Sedimentation 
proceeds from right to left. Protein concentrations were, respec- 
tively, 4.7, 3.8, 4.7, 4.25, and 3.0 mg per ml. Sedimentation coeffi- 
cients (S20...) given in the text correspond to the major component 
in each picture. 


dependent oxidation of pyruvate with ferricyanide as electron 
acceptor (Table I). The yellow fraction (32 S) was separated 
into two additional components by chromatography on gel- 
cellulose in the presence of 4 M urea (3). One of the latter 
components (6.3 8) was the flavoprotein, dihydrolipoic dehydro- 
genase (2). The other component (21.2 8S) was colorless, con- 
tained essentially all of the protein-bound lipoie acid of the 
complex, and exhibited dihydrolipoic transacetylase activity 
(Table I). This component is tentatively designated lipoic 
reductase-transacety lase. 

All three components, carboxylase, lipoic reductase-transace- 
tylase, and flavoprotein, were required to reconstitute the CoA- 
and DPN-linked oxidation of pyruvate (Table IT). Examina- 
tion of a mixture of the three components (ratio of 1.3:1.0:0.5 
by weight) in a Spinco model E ultracentrifuge revealed the 
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virtual absence of peaks corresponding to the individual com- 
ponents and, instead, a major peak (52.8 8) with which the 
boundary of the yellow color of the flavoprotein was associ:ited 
(Fig. 1). The mixture was centrifuged for 2 hours at 173,000 x g 
in a Spinco model L ultracentrifuge and the composition and 
enzymatic activities of the vellow pellet were determined (Table 
I). The results indicate that the three isolated components 
combined to produce a large unit resembling the original com- 
plex. Other sedimentation studies indicated that the car- 
boxylase and the flavoprotein did not combine with each other, 
but that each of these components did combine with the lipoie 
reductase-transacetylase. Experiments are in progress to de- 
termine the stoichiometry of the reconstitution of the complex. 
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An Action of Gonadotropin In Vitro* 


NORMAN R. Mason,t JoHN M. MARsuH, AND 
KENNETH SAVARDT 


/ 


From the Endocrine Laboratory, University of Miami 
School of Medicine, Miami, Florida 
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The synthesis in vitro of progesterone by luteal tissue from 
the sow (1) has recently been reported. We wish at this time 
to report the stimulation in vitro of this biosynthesis in cow 
corpus luteum by means of gonadotropin preparations of pi- 
tuitary and urinary origin. 

Bovine corpus luteum was obtained from nonpregnant cows at 
the abattoir and immediately chilled. The tissues were sliced 
by means of a Stadie-Riggs hand microtome, and the slices from 
a single corpus luteum were distributed among the incubation 
vessels of each experiment. By this means, the effects of added 
substances were assessed on tissue from the same corpus luteum. 
Incubations were carried out at 37° in a Dubnoff metabolic 
shaking incubator for 2 or 3 hours and were terminated by 
rapidly freezing the contents of the vessels. A trace amount 
of progesterone-4-C™ of high specific activity was added to 
each vessel, and tissue and medium homogenized and extracted 
according to the method of Short (2). The residue from each 
extract was subjected to a 5-transfer countercurrent distribution 
between petroleum ether (boiling range, 65-110°) and methanol- 
water (9:1). The fraction containing the polar lipids was 
purified by chromatography on silica gel, eluting with benzene 
containing increasing concentrations of ethyl acetate. The pro- 
gesterone fraction was chromatographed on paper in the ligroin- 
propylene glycol system (3). The progesterone zone (ultra- 
violet-absorbing area coincident with radioactive tracer) was 
eluted and the amount of the steroid measured quantitatively 


* Supported in part by grant No. C-4004, National Institutes of 
Health, United States Public Health Service. 
t Investigator, Howard Hughes Medical Institute. 
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by its absorption at 240 my in methanol, with use of the correc- 
tion suggested by Allen (4). The recovery of the tracer pro- 
gesterone-4-C!* permitted correction for mechanical losses. 
This extensive procedure was necessary to remove the large 
amount of substances which interfered with the spectroscopic 
measurement of progesterone. In this regard, the method of 
Legault-Demare et al. (5) for the measurement of progesterone 
in incubated corpus luteum, based on the ultraviolet absorption 
of crude methylene dichloride extracts, does not achieve this 
purification and in our hands is totally unreliable. 

Our results on bovine tissues, summarized in Table I, fully 
confirm those of Duncan et al. (1) in demonstrating the ready 
formation of progesterone in surviving corpus luteum slices. 
The results also reveal the considerable variability in progester- 
one content (Column 2) and in the biosynthetic capacity of luteal 
tissues (Column 3), attributed by these authors to the age of 
the corpus luteum (1). True de novo synthesis of progesterone 
was demonstrated in our system by the significant incorporation 
wm vitro of acetate-1-C™, a point also established by Sweat et al. 
(6) while our work was in progress. 

Addition to the incubation medium of three gonadotropin 
preparations was found to increase significantly progesterone 
synthesis in luteal tissue slices above that of control tissues to 
which none was added (Columns 3 to 6). It may be noted that, 
although the concentrations of gonadotropins used in the experi- 
ments described in Table I are high, we have achieved stimula- 
tion of biosynthesis at significantly lower levels of both luteinizing 
hormone and human chorionic gonadotropin. However, minimal 
effective concentrations have not yet been established. Addition 
of 5 units of porcine follicle-stimulating hormone (Armour 
Laboratories, Chicago, Illinois, lot no. 377-201) to the incuba- 
tion medium, in a single experiment, also was found to stimulate 
synthesis. This may well be due to its luteinizing hormone 
content, reported to be 3 to 4% of the activity of an equivalent 
weight of Armour luteinizing hormone standard. On the other 
hand, this effect may be a true stimulation by the follicle-stimu- 
lating hormone component. The addition of adrenocortico- 
tropic hormone (commercial ACTH, 1 unit per 5.0 ml of medium) 
or of bovine serum albumin (0.2 mg per 5.0 ml of medium) did 
not increase the steroid biosynthesis of bovine luteal tissue above 
that of controls. It is therefore concluded that progesterone 
synthesis by surviving luteal slices can be stimulated by the 
addition in vitro of both pituitary and urinary gonadotropin 
preparations, and that this demonstration reflects the similar 
action of the hypophysial hormones upon luteal tissue in the 
intact animal (7). 

The role of certain cofactors in the action in vitro of ACTH 
on the biosynthesis of corticosteroids in adrenocortical tissue 
slices (8) prompted us to explore the effect of TPNH on the 
synthesis in vitro of progesterone by luteal tissue. As shown in 
Column 7 of Table I, a TPNH-generating system consisting of 
TPN, glucose-6-P, and a crude glucose-6-P-dehydrogenase prep- 
aration was markedly effective in raising the synthesis of pro- 
gesterone to as high as 8 to 10 times that of control tissues. 
Progesterone synthesis in the presence of TPNH usually, but 
not always (Experiments 10b and 11a) exceeded that occurring 
in identical tissues in the presence of added gonadotropin. 
It is apparent that TPNH exerts its effect as a cofactor in enzy- 
matic reactions in this system, inasmuch as it afforded no in- 
crease in measurable progesterone when added to incubating 
boiled tissue preparations. The specificity of TPNH was shown 
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TABLE [ 
Effect of gonadotropins and TPNH on progesterone biosynthesis 
in bovine luteal tissue 
The vessels contained Krebs-Ringer bicarbonate buffer (pH 
7.4, 5.0 ml), glucose (10 mg), luteal slices (0.3 to 1.0 g) and appro- 
priate additions when present. 


Progesterone 
| Synthesized? 
Experiment No. | ites Additions 
_ before 
incubation | Human? | Equine® Ovine4 | 
None | chorionic | pituitary | pituitary | 
| tropin | tropin | tropin 
ug/g tissue (wet weight) 
2 16 At 63 74 80 183 
3 19 19 136 178 169 195 
9a 25 44 142 
9b 43 12 127 
8 | 63 37 288 239 
10b 58 37 163 444 
lla 53 ~ 58 | 451 250 


¢ The values in these columns represent the final quantity of 
progesterone per vessel less the amount measured in an unincu- 
bated portion of tissue from the same corpus luteum (Column 2), 
corrected to 1 g wet weight. 

®’ Human chorionic gonadotropin, 1000 to 4000 units per vessel; 
Ayerst Laboratories, New York, New York; A.P.L.; kindly sup- 
plied by Dr. John B. Jewell. 

¢ Horse pituitary gonadotropin, 0.15 mg per vessel; Armour 
Laboratories, Chicago, Illinois; lot no. HF-369-61; kindly supplied 
in 1955 by Dr. Sanford L. Steelman. 

4 Sheep-luteinizing hormone, 0.15 to 0.35 mg per vessel; Armour 
Laboratories, Chicago, Illinois; lot no. 227-80; also supplied by 
Dr. Sanford L. Steelman. 

¢ TPNH-generating system composed of 10 umoles of TPN, 10 
umoles of glucose-6-P and 10 mg of crude yeast glucose-6-P de- 
hydrogenase (‘‘hexokinase type II’’); all obtained from Sigma 
Chemical Company, St. Louis, Missouri. 


by the failure of DPN or DPNH, in concentrations comparable 
to those of added TPN, to stimulate progesterone synthesis. 
We are unable to explain this disagreement with the observations 
of Duncan e¢ al. (1), who have reported that DPN increases the 
rate of progesterone synthesis in sow luteal tissue. 

In some experiments, it was found that certain corpora lutea 
did not respond to added gonadotropin or showed very small 
increases in biosynthetic rates. These same tissues, however, 
invariably responded fully to the addition of TPNH. This 
interesting phenomenon may be related to the age of the corpus 
luteum and is under study at this time. The variability of re- 
sponse may explain the inability of Duncan et al. (9) to demon- 
strate a stimulation of progesterone synthesis by gonadotropin 
preparations. 
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Previous communications from this laboratory have reported 
the recognition and partial purification of'a flavoprotein pyruvate 
oxidase which catalyzes the oxidative decarboxylation of pyru- 
vate to acetate and CO: (1, 2). This enzyme is obtained from 
an acetate auxotroph of Escherichia coli and is formed in re- 
sponse to the accumulation of pyruvate in the growth medium 
(3). We now wish to report the isolation of this flavoprotein 
in crystalline form and to describe some of the properties of the 
purified enzyme. 

The purified flavoprotein has the typical behavior of a globular 
protein. It is insoluble in aqueous solutions of low ionic strength 
but readily dissolves in solutions of ionic strength of 0.2 and 
higher. Purification and crystallization of the flavoprotein is 
accomplished by the following steps: (a) rupture of the Escher- 
ichia coli cells by grinding with glass beads in 0.02 m potassium 
phosphate buffer, pH 7, in a colloid mill (4); (6) preparation of a 
0.25 to 0.75 saturated ammonium sulfate fraction; (c) protamine 
sulfate treatment to remove nucleic acids; (d) preparation of a 
0.36 to 0.55 saturated ammonium sulfate fraction; (e) heat 
treatment at 60° for 5 minutes to denature inactive protein; 
(f) chromatography on DEAE-cellulose! at pH 5.7 with a gra- 
dient elution between 0.02 m and 0.3 m potassium phosphate 
buffer; (g) protamine sulfate precipitation and elution of the 
flavoprotein with 0.2 m potassium phosphate buffer, pH 5.7; 
and (h) dilution and crystallization of the flavoprotein in 0.05 to 
0.1 mM potassium phosphate buffer. A typical purification pro- 
cedure for preparation of the crystalline enzyme is given in 
Table I. A photograph of the crystalline protein showing the 
rhombohedral character of the crystals is shown in Fig. 1. 

The crystalline flavoprotein has a molecular weight of ap- 
proximately 265,000 as determined by the Archibald method (5). 
The sedimentation constant (s%o,..) of the enzyme in 0.2 m 
potassium phosphate buffer, pH 5.7, is 11.58. Flavin analyses 
(6-8) performed on the enzyme indicate that FAD is the sole 
flavin component and is present in a ratio of 4 moles of FAD per 
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TaBLeE 
Purification of flavin pyruvate oxidase 


700 g of Escherichia colt paste. 


| Enzyme activity 


} 
Fraction Volume Protein 
| | _ Total | Specific | 9— 
| | 
| units/mg. 
ml msg 10-3 & 


| protein | 


Crude extract.......... 698, 7.2 100 
Ammonium sulfate, | 


0.25-0.75, saturation. .| 2,100 130, 600 0.6 1,700 13.0 10 
Protamine sulfate su- 

pernatemt: .......:... 3,480 | 33,200 1.2, 1,592) 26.2 
Ammonium sulfate, | | 

0.36-0.55, saturation.., 520 26,500 1.6 1,200 48 £7 
Supernatant fraction 

from heat treatment. . 598 10,000, 1.5 | 1,130, 113 67 
DEAI:-cellulose frac- 

520 582 1.5 754 1,300 45 
Eluate fraction from 

protamine sulfate..... 15 294, 1.3 587:2,000 | 3 
First crystallization. ... 5 134 1.3 4693,500 2% 
Second crystallization. . 5 69 1.2 4186,000 3% 
Third crystallization. ... 4 50 1.2 300 6 ,000 
Mother liquor of third 

crystallization........) 12 1.2 1186, 000 


mole of enzyme. The crystalline enzyme does not contain 
thiamine pyrophosphate but has an absolute thiamine pyro- 
phosphate requirement for reduction of the enzyme-bound FAD, 

The reduced flavoprotein-substrate complex is nonautoxidiz- 
able. However, in confirmation of previous reports (9, 10), it is 
air oxidizable in the presence of a cytochrome-containing partie. 
ulate fraction or in the presence of a soluble cytochrome 0, prep- 
aration derived from the particulate fraction. When fully satu- 
rated with soluble cytochrome h, the flavoprotein has a turnover 
number of 10,000 (moles of pyruvate oxidized per minute per 
mole of enzyme). The incubation of reduced flavoprotein with 
soluble cytochrome b; leads to the oxidation of the flavoprotein 
followed by the autoxidation of cytochrome b;. These results 
suggest that oxidation of the flavoprotein 7n vivo is accomplished 
via a cytochrome pathway. 

When supplemented with pyruvate as substrate and thiamine 
pyrophosphate as coenzyme, the purified flavoprotein will also 
react sluggishly with electron acceptors such as 2,6-dichloro- 
phenolindophenol and ferricyanide (turnover number = 1800, 
ferricyanide). Maximal activity (turnover number = 53,000, 
ferricyanide) can be achieved in these reactions by a variety of 
methods. Partial hydrolysis of the flavoprotein by trypsin (II) 
or chymotrypsin (12) produces an altered protein which 3 
approximately 25 times more active than the native protein 
with ferricyanide as electron acceptor. Exposure of the flavo 
protein to certain ionic surface active agents, such as sodium 
lauryl sulfate, also converts the flavoprotein to an activated form 
in the ferricyanide reaction. Finally, the cytochrome-containing 
particulate fraction (10), soluble cytochrome }; (10), or lipid 
extracts derived from the particulate fraction (13) activate the 
flavoprotein in the ferricyanide reaction. The mechanism o 
activation of the flavoprotein by these various agents is under 
investigation. 
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